Tus or Broroeicat Cusmistry 


Vol. 236, No. 11, November 1961 
Printed in U.S.A 


Isolation and Characterization of Glycolipids from Erythro- 
cytes of Human Blood A (Plus) and B (Plus)* 


Hakomorif AND RodER W. JEANLOZ 


From the Departments of Biological Chemistry and Medicine, Harvard Medical School, and the Massachusetts 
General Hospital, Boston 14, Massachusetts 


(Received for publication, March 30, 1961) 


The presence in horse erythrocytes of a glycolipid composed of 
sphingosine, fatty acids, hexoses, and neuraminic acid was 
reported by Yamakawa and Suzuki (1). A similar product was 
isolated by Klenk and Lauenstein (2) from human erythrocytes; 
it contained galactosamine, but no neuraminic acid. Further 
studies by Klenk and Lauenstein (3) and by Yamakawa and 
Suzuki (4) and Matsumoto (5) showed that the composition of 
the glycolipids varies with the source of the erythrocytes. 

Blood group activity has generally been associated with 


| substances of glycoprotein nature, isolated from glandular 


tissues and secretions (6). The chemical nature of the sub- 


stances responsible for blood group activity in erythrocytes has 
not been clearly established, and contradictory statements have 


been made in the past concerning their chemical nature (7-9). 
Recently, Yamakawa et al. reported blood group activity in a 
glycolipid fraction (10), but it could not be related to a definite 
chemical structure (11). 

The purpose of the present work was to purify glycolipid 
fractions possessing blood group activity starting from two 
different types of human blood, A (+) and B (+), and further to 
study the chemical differences between the purified substances. 
In agreement with the evidence presented by Yamakawa and 
lida (10), it was shown that each glycolipid isolated was able to 
inhibit the hemagglutination of its parent erythrocyte by the 


corresponding antibody. 


After the present work had been completed, independent 
investigations by Radin (12), and by Koscielak and Zakrzewski 
(13), as well as a reinvestigation by Klenk of substances pre- 


viously isolated (14), led to the same conclusions. 


EXPERIMENTAL PROCEDURE 


Analytical Methods—The presence of the major constituents 
was established after hydrolysis of a 1% solution of the sample 
with 1 & sulfuric acid for 5 hours. The fatty material was 
filtered off or extracted with chloroform, and the water solution 
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was neutralized with barium carbonate, filtered, and evaporated 
to dryness under nitrogen. 

Hexose, hexosamine, and N-acetylhexosamine were detected, 
respectively, by the Molisch test, the Elson and Morgan (15), 
and the Morgan and Elson (16) reactions. Differentiation be- 
tween glucosamine and galactosamine was obtained by nin- 
hydrin degradation, followed by chromatography (17). Sphin- 
gosine was identified by reaction with ninhydrin, or with Ehrlich’s 
reagent after oxidation with hypobromite (18), and the fatty 
acids by the hydroxamate-ferric ion test (199. 

The hexosamines were quantitatively estimated by the 
procedure of Rondle and Morgan (20), after hydrolysis with 4 n 
hydrochloric acid for 5 hours. The hexoses were quantitatively 
estimated by the reaction of Dische with tryptophan (21), after 
hydrolysis with 2 & sulfuric acid for 6 hours, followed by extrac- 
tion of fatty acids and sphingosine-like material with chloroform, 
and centrifugation of the fine precipitate of sphingosine sulfate. 
It was necessary to remove sphingosine, because it reacted with 
carbohydrates in the presence of sulfuric acid. After separation 
by paper chromatography, the hexoses were quantitatively 
estimated by the benzidine method of Jones and Pridham (22). 

The total reducing power was measured by the modified 
Hagedorn and Jensen reaction (23), after hydrolysis with 6 * 
hydrochloric acid for 30 minutes (24). 

The quantitative estimation of the fatty acids was kindly 
performed by Professor H. Klenk by gas chromatography with a 
Barber-Colman instrument. 

Optical rotations were determined in semimicro tubes 200 mm 
long with a polarimeter equipped with a Rudolph model 200 
photoelectric attachment, on solutions of water or of chloroform- 
methanol (1:1). 

Determination of Blood Group Activity—<A solution of 2 mg of 
glycolipid per ml in 0.85% NaCl solution was prepared. When 
the material was sparingly soluble in the NaCl solution, it was 
first dissolved in water, then diluted with the same volume of 
1.9% NaCl solution. A volume of 1.2 ml of this solution was 
used in a 2-fold serial dilution. To each tube was added 0.2 
ml of a standard anti-A or anti-B serum! with a standard titer of 
16 hemagglutinin units. The mixture was shaken well, in- 
cubated at 37° for 2 hours, and then left at 5° overnight. Two 
drops of a 5% suspension of A or B red cells were added to each 
tube containing the anti-A and anti-B sera, respectively, and the 
mixture was incubated at 37° for 30 minutes. Then the tubes 


1The anti-A and anti-B sera were obtained from the Blood 
, Boston 15, Massachusetts. 
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SUBSTANCE IN mg 


CHLOROFORM: 
ME THANOL : 
MOLISCH: 
ELSON-MORGAN: + + 0 
PHOSPHORUS : + + 


Fic. 1. Purification of 555 mg of glycolipid, isolated from human 
blood A (+), by adsorption chromatography on 100 g of silica gel. 
Each fraction of effluent contained 50 ml. The Molisch and phos- 
phorus determinations were carried out on 300 to 500 yg, and the 
Elson and Morgan test on 1 to 2 mg of substance. 


were gently shaken two or three times. The limit of dilution 
was determined by visual observation. One or two large clumps 
of red cells were read as +++, several large clumps as ++, a 
fine flocculation with free cells as +, no flocculation as 0. 

No standard blood group substances were used for comparison, 
since the various fractions were compared between themselves. 
The activity of the most potent fractions was kindly determined 
by Dr. E. A. Kabat and Professor W. T. J. Morgan. 

Preparation of Glycolipids The extraction was carried out 
conventionally (25). Sedimented red cells from human blood 
groups, A (+) and B (+), were suspended in 5 volumes of 0.85% 
NaCl solution. After sedimentation, the supernatant solution 
was siphoned off and the sediment was centrifuged. The 
packed red cells (20 and 18 liters of packed red cells, A (+) and 
B (+), respectively) were stirred with 5 volumes of 0.5% acetic 
acid (pH 4 to 5) and left at 0° for 1 day. The aggregated stroma 
particles were centrifuged in a Sharples centrifuge, and the 
resulting paste was stored at —20° (yield, 1.68 kg of A (+) and 
1.07 kg of B (+)). 

The paste was shaken successively with 8 volumes, 5 volumes, 
and finally 3 volumes of acetone, each time for 24 hours. The 
extracts, containing cholesterol and neutral fats, were filtered, 
combined, and evaporated. The residue (470g of A (+); 359 g of 
B (+)) was shaken twice with 5 volumes of hexane. This second 
extract, containing glycerophospholipids, was filtered, evaporated 
under reduced pressure to a small volume, and precipitated with 
an excess of acetone. 

The insoluble residue was dried in a vacuum over calcium 
chloride, then extracted under reflux with 5 volumes of chloro- 
form-methanol (1:1). It was filtered while hot and washed with 
the hot solvents. This extraction was repeated three times. 
The combined extracts were concentrated under reduced pressure 
to 300 ml, and an equal amount of chloroform was added. The 
solution was treated with Darco G-60, filtered, and concentrated 
to 150 ml. An equal volume of methanol was added; the mixture 
was cooled overnight at 0° and centrifuged at 0°. The precipi- 


tate gave a strong Molisch reaction, whereas the supernatant 
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reacted only faintly. The latter, containing glycerophospho. 
lipids, was evaporated under reduced pressure. 

The precipitate was purified by dissolution in hot methanol 
and, after precipitation by cooling at 0°, it was filtered, washed 
with acetone, and dried in a vacuum. The acetone washings 
gave a negative Molisch reaction. The precipitate was ex. 
tracted twice with 100 ml of dry ether to remove the last traces 
of glycerophospholipids. A few milliliters of acetone were added 
to the ether before centrifugation, to facilitate the deposit of the 
sediment. The centrifugate containing the sphingolipid fraction 
was dried in a vacuum. 

The sphingolipid fraction of both types of blood (8.5 g of 4 
(+); 5.7 g of B (+)) was fractionated into sphingophospholipids 
and sphingoglycolipids, according to Klenk and Renkamp (26), 
It was dissolved in 60 ml of pyridine and allowed to stand 
overnight at room temperature. The solution was filtered 
through Celite, then through a column of activated alumina 
(20 g; diameter, 0.8 mm) prewashed with 30 ml of pyridine. 
The filtrate was evaporated-under reduced pressure to a sirup, 
which crystallized by addition of a large volume of acetone, 
Recrystallization from acetone gave 2.5 g of glycolipid from A 
(+) blood and 2.0 g from B (+) blood. Both substances were 
soluble in warm methanol, chloroform, and benzene, but 
sparingly soluble in acetone, hexane, and ether. They showed 3 
strong Elson and Morgan reaction after hydrolysis, a strong 
Molisch reaction, but only a faint reaction for phosphate. 

Purification of Glycolipid by Adsorption Chromatography—A 
sample of 0.5 to 0.6 g of glycolipid was dissolved in 50 ml of 
chloroform and passed through a column containing 100 g of 
activated silica gel (Davison Company, Grade 950, 60 to 100 
mesh) suspended in chloroform. Elution was carried out with 
fractions of 50 ml. The main peak was eluted in the first five 
fractions. Solvent mixtures of increasing methanol concentra- 
tion eluted the remaining substance (see Fig. 1). The main 
fraction was recrystallized from methanol, and its properties are 
reported in Table I. The yield varied from 65 to 80%. 

Purification of Glycolipid by Partition Chromatography—The 
main fraction (300 to 400 mg) was further purified according to 


Svennerholm (27), dissolved in 30 ml of chloroform saturated | 


with water, and adsorbed on a cellulose column (3 X 15 em, 
Solka-Floc), which had been previously washed with water, 
then with methanol, and finally with chloroform, and equilibrated 
for 1 day with chloroform saturated with water. The column 
was eluted at room temperature with chloroform saturated with 
water (Solvent I), then with the following mixtures of chloro- 
form-methanol-water: Solvent II, 270:30:5; Solvent III, 40: 
10:1; Solvent IV, 2:2:1. Aliquots of 15 ml were collected ata 
rate of 20 to 40 drops per minute. The fractions were evaporated 
under reduced pressure, and fractions of identical peaks were 
combined and crystallized from methanol. 

Properties and Composition of Various Fractions of Glycolipids— 
The main peaks were analyzed for hexosamines and hexoses, and 
the optical rotations were determined. The results for the 
fractions obtained from blood type A (+) are reported in Fig. 2 
and from blood type B (+) in Fig. 3. 

Qualitative analysis by paper chromatography showed the 
presence of galactose, glucose, galactosamine, and a trace of 
glucosamine in the third peaks of both blood samples (Fractions 
P-3-A and P-3-B). 

The elementary analysis, fatty acids, hexose, hexosamine, and 
sphingosine content, reducing value, optical rotation, and 
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melting point of Fractions P-3-A and P-3-B are reported in 
Table II. 

The quantitative estimation of the fatty acids of Fractions 
p-1-A, P-3-A, P-1-B, and P-3-B is reported in Table III. 

For both types of blood, the two first peaks (Fractions P-1-A, 
p-2-A, P-1-B, and P-2-B) gave opalescent, nonviscous solu- 
tions in water, and they were readily soluble in chloroform, but 
sparingly in methanol. The third peaks (Fractions P-3-A and 
P-3-B), in both cases, gave a clear and viscous solution in water, 
but were sparingly soluble in salt solution. 
their solubility decreased with the decrease of polarity. 

The results of the inhibition test of the various fractions are 
reported in Fig. 2 and Fig. 3. Both peaks, P-3-A and P-3-B, 
showed maximal inhibition against anti-A and anti-B sera 
respectively, but no reaction at amounts up to 500 ug against 
anti-B and anti-A sera, respectively. The activity of these two 
fractions was compared to standard substances, isolated from 
mucous secretions, and is reported in Table IV. 

Determination of Hexose Components of P-3-A and P-3-B—A 
sample of 3 to 5 mg of glycolipid was dissolved in 0.5 ml of 1 N 
sulfuric acid in a sealed tube and heated at 100° for 5 hours. 
After neutralization with barium carbonate and filtration, the pH 
was adjusted to 6 with 0.01 & sulfuric acid and the solution was 
evaporated to dryness under nitrogen. The residue was dis- 
solved in 50 ul of water and 5 ul portions were applied to What- 
man No. 54 paper. Qualitative standard spots and quantitative 
spots of 20, 40, 60, and 80 ug of glucose and galactose were also 
applied. Descending chromatography was performed for 24 
hours with n-butanol-pyridine-water, 5:3:2. After drying, the 
procedure was repeated twice. The standard spots were cyt off 
the paper and detected with the modified silver nitrate method 
(17, 28). The areas containing the remaining spots were eluted 
separately with water by the capillary method, and the solutions 
were concentrated to dryness with nitrogen. The residues were 
dissolved in 1.0 ml of water and then treated with benzidine (22). 
The amount of galactose and glucose was determined by com- 
_ parison with the standards. The results are reported in Table 
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Determination of Hexosamine Components of Fractions P-3-A 
end P-3-B—A sample of 1.0 to 1.5 mg of glycolipid was hy- 
_ drolyzed with 0.1 ml of 4 & hydrochloric acid in a sealed tube for 
8 hours. After cooling, the hydrolysate was extracted twice 
with chloroform, and the chloroform extract was washed with 
water. The water extracts were evaporated under nitrogen and 
tze residue was dissolved in 50 ul of water. Spots of 15 ul 
of solution were applied to Whatman No. 54 paper with quanti- 
tative standards of 20, 40, 60, and 80 ug of galactosamine and 
one reference standard. 

The chromatogram was run, descending, for 24 hours with 
butyl acetate-acetic acid-ethanol-water, 3:2:1:1. After the 
spots were located, the remaining strips of paper were cut off into 
small pieces and treated for 20 minutes with 2 ml of water and 2 
ml of a solution containing 1 ml of acetylacetone in 50 ml of 0.7 
x sodium carbonate. After addition of Ehrlich’s reagent, the 
amount of hexosamine was determined as usual and the results 
are reported in Table II. 


Periodate Oxidation of Fractions P-2-A, P-3-A, P-2-B, 
and P-3-B 


I. Quantitative Estimation—In a first experiment, samples of 
22 to 23 mg of the glycolipid, and of 6.5 mg of methyl a-p- 
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In organic solvents, — 
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TABLE I 
Properties of glycolipids purified by silica gel adsorption 
lal® (c. 0.6) 
Glycolipid | ia chlor. Melting point Hexosamine | Reducing 
anol (1:1) 
% 
A (+) +21° 210-215° 7 30 
B (+) +28° 212-218° 7 31 


0 
t 
SOLVENT: I I II N 
FRACTION: P+-A P2A P-3-A 
ACTIVITY IN gg: 5125 9500 9500 1-2 
FY, : +19 +10° 
HEXOSE %: 3 34 48 
HEXOSAMINE %: 7 8 


Fic. 2. Purification of 380 mg of glycolipid, isolated from hu- 
man blood A (+), by partition chromatography on a cellulose 
column (3 X 15cm). The solvents used for elution (J, II, III, 
and JV) are described in ‘Purification of Glycolipid by Partition 
Chromatography. Each fraction contained 30 ml of effluent. 


* 


500 

t t t 

SOLVENT: I 1 m 
FRACTION : P-I-8 P-2-B P-3-B 
CTIVITY IN gg: 200 1200 5-10 
A, : +16° +27° 
HEXOSE 32 42 

HEXOSAMINE % : 6 8 


Fig. 3. Purification of 340 mg of glycolipid, isolated from hu- 
man blood B (+), by partition chromatography on a cellulose 
column (3 X 15 em). The solvents used for elution (J, II, and 
III) are as in Fig. 2. Each fraction contained 50 ml of effluent. 


glucopyranoside were dissolved in 4 ml of water. To this solu- 
tion were added 2 ml of 2 m sodium acetate-acetic acid buffer 
solution and 3.0 ml of 0.05 m sodium metaperiodate solution. 
The solution was diluted to 25 ml and left in the dark at about 
5°. Aliquots of 5 ml were taken at 30 minutes, 2 hours, 12 
hours, 48 hours, and 96 hours, and the excess periodate was 
determined by the arsenite method (29). 

In a second experiment, only 1.5 ml of 0.05 m sodium meta- 
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TaBLe II 
Properties and analytical data of the glycolipids fractions P-3-A and P-8-B 
Properties and analyses 
| 2 Fatt ie 
Melting {a} in chloroform. acid 
point — } jing sub-|Glucose® 
8 osine stance 
2 = 
% % % % % % % % % % 
Calculated for 
His O 52.25 9.02 1.86 12 48 42 60 
Fraction P-3-A..... 215-225° | —6° (c, 0.8) | +10° (e, 1.0) | 59.04 9.35 1.80 8 48 53 44 46 22-27 10 
Fraction P-3-B..... 220-230° | +38° (c, 1.0) | +26° (c, 0.2) | 59.13 | 9.41 | 1.89 8 42 56 40 46 30-32 10 


* These microanalyses were carried out by Dr. K. Ritter, Basel, Switzerland. 


Direct Rondle and Morgan procedure (20). 
¢ Direct Dische procedure (21). 


4 Jones and Pridham procedure (22) after hydrolysis and paper chromatography. 
* Rondle and Morgan procedure (20) after hydrolysis and paper chromatography. 
4 Corresponds to a N-lignocery1!-O-(tetrahexosyl-N -acetylhexosaminy])-sphingosine. 


TABLE III 
Fatty acid determinatién of glycolipid fractions 
by gas chromatography 
Column of 20% Reoplex 400 (Geigy) on Celite; temperature of 
column 188-195°. 


Fractions 
No. of carbons in chain 
Crude A P. -A P-3-A P-1-B P-3-B 

% % % % % 
16 7 8 5 5 5 
18 26 15 75 16 41 
20 + 3 5 1 
22 12 15 3 13 10 
23 5 3 3 
24 46 56 12 61 33 


periodate was used. The reaction was not estimated at 30 
minutes, but at 144 hours. Blank solutions were run also. 

The results of these two experiments are reported in Table V. 

2. Estimation of Oxidized Components—Samples of 8 mg of 
Fractions P-3-A and P-3-B were oxidized under the same condi- 
tions as described in the first experiment above. After 2 and 144 
hours, half the amount was mixed with 0.2 ml of ethyleneglycol. 
The solution was left standing at room temperature for 1 hour, 
then dialyzed against running tap water for 2 days, and against 
distilled water for 1 day. The content of the dialyzing tube was 
concentrated to dryness under reduced pressure, and the residue 
was dissolved in chloroform-methanol, 1:1. The solution was 
centrifuged and evaporated to dryness under nitrogen. Aliquots 
of the residues were hydrolyzed with sulfuric and hydrochloric 
acids and analyzed for glucose, galactose, and hexosamines. 
The results are reported in Table VI. 

When the same oxidation was carried out with half the amount 
of sodium metaperiodate for 2 hours, similar results were ob- 
tained. 


Hydrolysis Studies of Fractions P-3-A and P-3-B 


1. Qualitative Experiment—A 0.2% solution of each glycolipid 
in 0.025 wn sulfuric acid was heated at 100° for 14, 3, 6, and 15 
hours. After neutralization with barium carbonate, centrifuga- 


tion, and concentration, each hydrolysate was examined by 
paper chromatography run with the n-butanol, pyridine, and 
water (5:3:2) mixture. For both substances, galactose was 
released after a hydrolysis of 14 hours, concurrently with a 
faster moving, unknown substance. After 3 hours, galacto- 
samine release was observed, and the two other spots were 
more intense; but even after a 15-hour hydrolysis, glucose was 
not released. 

2. Quantitative Estimation—Samples of 15.5 mg and 15.0 mg 
of Fractions P-3-A and P-3-B, respectively, were hydrolyzed 
with 6 ml of 0.025 & sulfuric acid for 53 hours at 100°. The 
hydrolysates were then dialyzed against many changes of 
distilled water for 3 days. The combined dialysates of each 
glycolipid were neutralized with barium carbonate and, after 


TaBLe IV 
Blood group activity of P-3-A and P-8-B 
Tests under I were carried out by Dr. E. A. Kabat, using anti-A 
and anti-B sera with 20 hemagglutinin units. Tests under Il 
were carried out by Dr. W. T. J. Morgan. 


Minimal inhibiting 
Substance Concentration _| Dilution end point 
Anti-A | Anti-B 
ue 
Test I 
Fraction P-3-A............ 10 500 
Fraction P-3-B............ 500 500 
Standard hog A........... 0.1 
A,B phenol-insoluble hu- 
man saliva A............ 0.5 
Standard human saliva B.. 0.5 
1.0 
Test II 
Fraction P- 3. 16,400 
Fraction P-3-B............ 1:1,600 
Standard ovarian cyst 
1:1, 600, 000 
Standard ovarian cyst 
1:810, 000 
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filtration, concentrated under reduced pressure to give 6.5 and 
6.3 mg of residue (Fractions D-1-A and D-1-B). The solutions 
inside the dialyzing tubes were concentrated under nitrogen to 1 
ml (Fractions R-1-A and R-1-B). 

Chromatography of 25 ul aliquots of Fractions R-1-A and 
R-1-B in n-butanol-pyridine-water (5:3:2) gave no reducing 
spot, but a spot was observed for both substances with the 
periodate-starch reagent (30). It moved with a Ry 0.14 in 
n-butanol-pyridine-water (10:3:3). The bulk solutions of 
Fractions R-1-A and R-A-B were hydrolyzed for 5 hours at 
100° after addition of an equal volume of 0.1 N sulfurie acid. 
The hydrolysates were dialyzed and concentrated in the same 
way as described for the first hydrolysis. Flocculation appeared 
inside the dialysis sacs, affording 3.0 and 1.5 mg after centrifuga- 
tion (Fractions R-2-A and R-2-B). The supernatant fluids 
inside the saes (Fractions R-3-A and R-3-B) and the dialysates 
(Fractions R-4-A and R-4-B) were concentrated under reduced 
pressure or under nitrogen. Attempts to purify the dialysates 
R-4-A and R-4-B, as described below for Fractions D-1-A and 
D-1-B, gave only galactose, galactosamine, and a trace of an 
unknown substance. 

Fractions R-2-A and R-2-B were readily soluble in chloroform, 
but sparingly in methanol or water. Chromatographed in the 
solvent system n-butanol-pyridine-water (10:3:3), they gave 
single spots with Ry 0.16, that were detected with the periodate- 
starch reagent (30). 

Fractions D-1-A and D-1-B were purified by descending 
paper chromatography on Whatman No. 54 paper, which had 
previously been washed with 2 N sodium carbonate, water, 2 N 
acetic acid, and finally water. The development was carried out 
in the solvent system, n-butanol-pyridine-water (10:3:3), for 48 
hours, with an intermediate drying. Guide strips corresponding 
to 10% of the total amount applied were cut on both edges, and 
detected with the silver nitrate and the periodate-starch reagents. 
Four spots were identified, galactosamine, galactose and two 
unknown spots with Nestes 1.7 to 1.8 (Fractions D-2-A and 
D-2-B) and Nets 2.5 (Fractions D-3-A and D-3-B). 

The areas corresponding to the bulk of Fractions D-2-A, 
D-2-B, D-3-A, and D-3-B were cut out, and extracted in a 
Soxhlet apparatus with boiling chloroform-methanol (1:1) for 24 
hours. The extracts were evaporated under reduced pressure to 
give, respectively, 2.2, 1.2, 2.0, and 1.3 mg. 

The various fractions were analyzed for the presence of 
glucose, galactose, glucosamine, galactosamine, sphingosine, and 
fatty acids. They were hydrolyzed with 1 & sulfuric acid for 5 
hours, as described above, and the chromatography was per- 
formed on Whatman No. 54 paper with n-butanol-pyridine- 
water (5:3:2). The relative amounts were estimated by visual 
comparison and the results are reported in Table VII. 


The present work describes an attempt to elucidate the chemi- 
cal nature of the substance contained in erythrocytes responsible 
for blood group antigenicity, and to establish a difference in the 
chemical constitution of the substances isolated from human A 
(+) and B (+) blood with antigenic properties. 

During the fractionation, it was found that the biological 
activity was carried with substances possessing both a lipid and a 
carbohydrate moiety. The possibility of a contamination of the 
glycolipids by substances of high molecular weight consisting of a 
polysaccharide linked to amino acids, such as the ones isolated 
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TABLE V 
Determination of periodate reduced by P-2-A, P-3-A, 
P-2-B, and P-3-B 
The amount of periodate added was 3.5 mmoles and 7 mmoles 
per g of glycolipid. For calculation, a molecular weight of 1500 
was assumed for the glycolipids. 


Periodate reduced 
Time When 3.5 mmoles of periodate were added L 
Fraction | Fraction | Fraction | Fraction | Fraction | Fraction 
P-2-A P-3-A P-2-B P-3-B P-3-A P-3-B 
hours | mole/mole glycolipid mole/mole glycolipid 
0.5 1.35 1.3 
2 1.2 1.4 1.25 0.95 1.85 1.7 
12 1.65 2.0 1.6 1.45 2.3 2.0 
48 1.9 2.4 1.85 1.65 2.65 2.2 
96 2.15 2.7 2.1 2.0 3.1 2.35 
144 2.35 2.9 2.5 2.0 
TaBLe VI 
Components of Fractions P-3-A and P-3-B oxidized 
by periodate 
Content of carbohydrate components 
Time of Fraction P-3-A Fraction P-3-B 
Glucose | Galactose | Glucose | Galactose) Hexos- 
hours % % % % % % 
0 5 25 10 5 30 10 
2 5 11 4 5 6 5 
144 4 6 3 4 5 3 
VII 


Components of degradation products obtained by partial 
hydrolysis of Fractions P-8-A and P-3-B 
The conditions of the experiment are reported in Experimental 
Procedure.“ The amount of glucosamine was too small to be 
identified. 


Components 
Fractions 
Galactose | Glucose 222 and fatty 

D-2-A 0 + ++ + 
D-2-B 0 + ++ + 
D-3-A 0 + 0 + 
D-3-B 0 + 0 + 
R-2-A +4 ++ 0 + 
R-2-B 0 ++ + — 
R-3-A + + + + 
R-3-B + + + — 
R-4-A + 0 + 0 
R-4-B + 0 + 0 
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from mucous secretions investigated in the past by the groups of 
Kabat ((6) p. 122) and Morgan (31), is remote. These amino 
acid-containing polysaccharides would certainly be insoluble in 
the chloroform-methanol (1:1) used for the extraction, and any 
trace amount carried along would be removed by the successive 
passages through activated alumina, activated silica gel, and by 
partition chromatography on cellulose.? 

These findings are in agreement with the evidence presented in 
1953 by Yamakawa and lida (10), that a glycolipid substance, 
isolated from human erythrocyte stroma, was able to inhibit 
hemagglutination of erythrocytes of a given blood group by its 
corresponding antibody. Later on, this evidence was questioned 
by Kabat (6), who suggested the possibility of contamination. 

Both substances were found to be specific, in their hemag- 
glutination properties, to the antibodies of the red cells from 
which they had been obtained. Their low activity might be 
explained by the fact that they are present at the surface of the 
stroma combined in a special structure, partially destroyed during 
the extraction with hot organic solvents, and during the frac- 
tionation on columns. Whereas lyophilized B-stroma was active 
at the 2 ug-dilution, the chloroform-methanol extract was only 
active at 25 wg, but the residue was inactive. A similar ob- 
servation was made with the A-stroma. The fractionation on 
columns was also responsible for a loss of activity, and after the 
removal of a large proportion of inactive components, the final 
product was less active than the starting material. The high 
activity of glycolipids at the early stage of purification has been 
shown by Koscielak and Zakrzewski (13). The loss of activity 
may be also related to a change in the macromolecular char- 
acteristics during fractionation, as indicated by the loss in 
viscosity (32, 33). Compared to the blood group substances of 
secretion (Table IV), Fractions P-3-A and P-3-B showed very 
little activity, but compared to other fractions of the stroma they 
clearly indicated hemagglutination properties. The reason for 
these discrepancies may be because a short chain of carbohydrate 
linked to a large structural complex through a molecule of 
sphingosine amidified with a long chain fatty acid is less active 
than the same chain reproduced many times as end groups of a 
highly branched polysaccharide. The low solubility in water and 
a strong aggregation, preventing a large part of the glycolipid 
molecule to react, may also explain this low activity, as pointed 
out by Klenk (14). 

The chemical homogeneity of the two active substances ob- 
tained from A (+) and B (+) blood, respectively, Fractions 
P-3-A and P-3-B, could not be ascertained, and lack of material 
did not allow further attempts at purification. The presence of a 
complex mixture of fatty acids and of a small amount of gluco- 
samine is not compatible with a pure material, if it is assumed that 
a molecule of glycolipid is built of one sphingosine, one fatty acid, 
and a definite number of sugars. However, if the active sub- 
stances consist of high polymers, in which a basic unit made of 
sphingosine, fatty acids, and a variable number of sugars is 
repeated, it is possible to have variation in the composition of the 


? Blood group A substance, obtained from ovarian cyst. fluid, 
was adsorbed on a column of silicic acid-Celite (1:1, weight for 
weight). Elution was followed by anthrone reaction and blood 
group activity. No active substance was eluted with organic 
solvents, but only with pure water. Under identical conditions, 
the active glycolipid A was eluted with chloroform-methanol (4:6) 
(personal communication of Dr. T. Yamakawa, Tokyo Univer- 


sity). 
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fatty acids and the sugars, and still consider the substance as 
pure. 

Additional evidence for high molecular substances is the fact 
that they were practically not adsorbed on silica gel, which has 
been shown not to adsorb and degrade high molecular complexes 
of lipid (34). Thus, the two active glycolipids would be similar 
to strandin, considered as a high molecular substance by Folch 
et al. (35) and Rosenberg and Chargaff (36). 

On the other hand, it is difficult to reconcile a high molecular 
structure with the known chemical properties of glycolipids, 
since no group seems to be present for cross linkage between the 
basic units. In the case of ox brain glycolipid, cross linkage 
through neuraminic acid has been proposed by Karkas and 
Chargaff (37), but no neuraminic acid had been detected in 
Fractions P-3-A and P-3-B. 

The physical properties and the chemical composition of 
Fractions P-3-A and P-3-B (Table II) show great similarities, 
the only difference being in their optical rotations. The elemen- 
tary analyses suggest a N-lignoceryl-O-(tetrahexosyl-N -acetyl- 
hexosaminy!)-sphingosine with an approximate molecular 
weight of 1500. This assumption is not in complete agreement 
with the fatty acid analyses, since the composition cf both 
compounds, especially Fraction P-3-A, shows a large pre- 
ponderance of acids with a skeleton of 18 carbon atoms. To 
have this composition agree with the carbon and hydrogen 
values would require less carbohydrate in the molecule than 
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‘Fic. 4. Determination of the carbohydrate components of 
Fractions R-2-A and R-2-B, obtained by hydrolysis of the sub- 
stances P-3-A and P-3-B. The hydrolysis was done with 1 x sul- 
furic acid for 5 hours, and after removal of the fatty acid and 
sphingosine, as described in Experimental Procedure, the car- 
bohydrate components were separated by paper chromatography, 
on Whatman No. 54 paper, in the mixture n butanol-pyridine- 
water, 5:3:2. 
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is suggested by the carbohydrate analysis. The reason for this 
discrepancy has not been established. 

The proportions of glucose to galactose to galactosamine (not 
taking into account the small amount of glucosamine present) 
for Fractions P-3-A and P-3-B is 1:5:2 and 1:6:2, respectively. 
The precision of the determination does not warrant great 
significance to this difference, but both proportions are difficult to 
reconcile with a pure substance of low molecular weight with a 
five carbohydrate component skeleton. 

In two recent publications, Yamakawa et al. (33, 38) have 
reported the isolation of active substances from human blood 
with A-B-O group specificity. Besides an inactive substance 
with the general composition of a N- lignoceryl- O- (trihexosyl- V- 
acetylgalactosaminyl)-sphingosine, they reported the presence 
of active substances containing glucosamine and sialic acid. On 
the other hand, Koscielak and Zakrzewski (13) found the 
activity to be linked to a hexosamine-sphingosine-trihexoside 
component and their determination of the proportion of galacto- 
gamine to glucosamine as 6:1 is in agreement with the present 
work. 

Periodate oxidation indicates a remaining core resistant to 
degradation, composed for both substances of one glucose, two 
galactoses, and one hexosamine. Since most of the galactose is 
already oxidized after 2 hours, the presence of a free cis-glycol 
can be assumed in all moieties reacting with periodate, indicating 
the presence of a linkage at position 2. A linkage at position 6 
would require a much larger amount of periodate than observed. 

The consumption of periodate of Fraction P-3-A is in agree- 
ment with the analysis of components resistant to oxidation, and 
suggests a skeleton composed of one glucose and two galactoses 
linked at position 3; the other galactoses would be linked at 
position 2, and one of the galactosamines in the chain linked at 
position 3 or 4, whereas the second galactosamine would be 
located at the extremity of the chain. 

For Fraction P-3-B, the consumption of periodate is signifi- 
cantly below the one of Fraction P-3-A, and difficult to reconcile 
with the amount of carbohydrate components degraded. 

Study of the partial hydrolysis of Fractions P-3-A and P-3-B 
(Table VII) shows that both substances release first some 
galactose, then some galactosamine very rapidly. Consequently, 
both sugars should be at, or near, the extremities of the chains. 
Glucose is always found with sphingosine, and is most probably 
directly linked to it in both substances. 

The only significant difference observed between the two sub- 
stances was in the cores resistant to two successive hydrolyses. 
Fraction P-3-A gave a * (R- 2-A) composed of fatty acid, 
sphingosine, glucose, and galactose, whereas the glycolipid 
(R-2-B) obtained from Fraction P-3-B was composed of fatty 
acid, sphingosine, glucose, and galactosamine (Fig. 4). 

From the above observations, it can be concluded that the two 
glycolipid fractions, isolated from erythrocytes of human A (+) 
and B (+) blood, and possessing hemagglutination properties, 
possess nearly similar chemical structures, differing by the loca- 
tion or mode of attachment of one unit of galactosamine. Fur- 
ther work to elucidate this difference will require the preparation 
of larger amounts of starting material, further purification, and a 
better knowledge of the physical state of the active substances. 


SUMMARY 


Extraction of erythrocytes of human A (+) and B (+) blood 
_ afforded glycolipids possessing blood group activity. Purifica- 
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tion was obtained by adsorption on activated alumina and 
activated silica gel, followed by partition chromatography on 
cellulose. 

The active substances isolated from the two different blood 
types and possessing specific activity showed great similarities 
in their physical properties and chemical composition, the only 
noticeable difference being in optical rotation. 

Periodate oxidation showed some difference in the amount of 
oxidant consumed, but none in the constituents oxidized. 

Partial hydrolysis showed a resistant core composed of fatty 
acid, sphingosine, glucose, and galactose for the substance iso- 
lated from A (+) blood, and a resistant core composed of fatty 


acid, sphingosine, glucose, and galactosamine for the substance 
isolated from B (+) blood. In both substances, part of the 


galactose and of the galactosamine constituents were located at, 
or near, the extremities of the carbohydrate chain. 
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The oxidative metabolism of gentisic acid by bacteria has 
been demonstrated to proceed through the formation of maleyl- 
pyruvic (1) and fumarylpyruvic acids (2, 3). Maleylpyruvate, 
the initial product of aromatic cleavage, is isomerized by cell- 
free extracts to fumarylpyruvic acid in the presence of gluta- 
thione, and it is this product which is then hydrolyzed to fumaric 
and pyruvic acids. This sequence of isomerization and hydroly- 
sis has been described for a crude cell-free preparation (1). In 
order to study further the enzyme catalyzing the cis-trans 
isomerization it became necessary to separate the hydrolase and 
isomerase. Maleylpyruvate isomerase could then be assayed in 
the presence of an excess of hydrolase. This method of enzyme 
assay was described by Edwards and Knox for the analogous 
mammalian enzyme maleylacetoacetic acid isomerase (4). We 
wish to describe the separation and partial purification of the 
bacterial enzymes, as well as some of the characteristics of 
maleylpyruvate isomerization. 


EXPERIMENTAL PROCEDURE 


Biological Materials and Preparation of Cell-free Extracts—The 
bacteria, a strain of Pseudomonas were grown and harvested as 
previously described (1). The preparation of cell-free extracts 
was slightly modified in that just before the freezing and dis- 
rupting of the cells, 20 mg of sodium gentisate were added to 
each 20 g of bacterial paste. This provided cell-free extracts 
with greater enzymic activity. These crude extracts were treated 
with small amounts of 2% protamine sulfate until no further 
precipitation occurred and were used as starting material for the 
preparation of the isomerase, the hydrolase, and the gentisic 
acid oxidase. 

Preparation of Maleylpyruvate and Other Substrates—The 
protamine-treated bacterial extracts from 20 g of bacteria were 
treated with solid ammonium sulfate to a final concentration of 
50% of saturation. The precipitate was redissolved in 20 ml of 
0.05 M potassium phosphate buffer at pH 7.2 and reprecipitated 
with 25 ml of saturated ammonium sulfate which had been ad- 
justed to pH 7.2 with concentrated ammonia. After centrifuga- 
tion the precipitate was redissolved in 10 ml of 0.1 M potassium 
phosphate buffer, pH 7.2. Sodium gentisate was oxidized in 
125-ml Warburg flasks. Each flask contained 5 ml of the en- 
zyme, 300 umoles of sodium gentisate, 150 umoles of ferrous am- 
monium sulfate, and 200 Amoles of potassium phosphate buffer 
at pH 7.2. The total volume was 12 ml. The incubation was 
carried out at 37° in the presence of air. When oxygen con- 
sumption had ceased, the flask contents were combined and 


*This research was supported by a grant from the United 
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diluted with an equal volume of water, and the pH was read 
justed to 7.2 with molar potassium hydroxide to neutralize the 
acid formed in the course of oxidation. The solution was then 
treated with 5 times its volume of cold alcohol and centrifuged 
at 0°. To the clear yellow supernatant solution was added 
an equal volume of absolute ether. The precipitate was dis- 
carded after centrifuging at 2000 x g for 40 minutes. The 
supernatant solution was treated with 3 times its volume of an- 
hydrous ether. A yellow flocculent precipitate was formed 
which was allowed to settle for 1 hour at 0°. After decanting 
the bulk of the ethereal supernatant solution, the yellow am- 
monium maleylpyruvate was recovered by centrifugation, and 
immediately placed in a vacuum desiccator containing concen- 
trated sulfuric acid. It was found essential to evacuate the 
desiccator for 1 hour with a mechanical pump. Final traces of 
solvent were removed by permitting the material to remain in 
the evacuated desiccator for 12 hours with fresh sulfuric acid 
desiccant. The product, calculated as ammonium maleylpyru- 
vate, was prepared in 40% yield which was usually between 85 
and 90% pure. The molar extinction coefficient at 330 my at 
pH 7.3 has been approximated at 13,000 (1). 

Fumarylpyruvate was prepared as previously described (1) 
and had the physical properties originally reported (2, 3). 

Succinylpyruvate was prepared by hydrolyzing the potassium 
salt of the diethyl ester (5) with sulfuric acid (6). This product, 
after crystallization from benzene, melted at 127-129° (reported 
100-125°). Bacterial acylpyruvase readily hydrolyzed this ma- 
terial to succinic and pyruvic acid. It was possible to isolate 
the former by sublimation. Pyruvic acid was isolated as the 
2,4-dinitrophenylhydrazone. The melting points of these com- 
pounds were the same as those of authentic samples and the 
mixed melting points were unaltered. The chromatographic 
behavior of isolated succinic acid was the same as authentic ma- 
terial, whereas the absorption spectra in alkali of the pyruvic 
acid derivative was the same as that of synthetic 2,4-dinitro- 
phenylhydrazone of pyruvic acid. 

Fumarylacetoacetic acid was prepared according to the pro- 
cedure of Ravdin and Crandall (7). Solutions of maleylaceto- 
acetic acid were prepared by the method of Knox and Edwards 


(8). 

Enzymic Assays—Spectrophotometric assays were performed 
on the Beckman model DU spectrophotometer. When enzymic 
activity was high, a Brown recording strip chart potentiometer 
was employed. This instrument recorded automatically the 
photoelectric output of the spectrophotometer by means of the 
Beckman model 5800 energy recording adapter. Unless noted 
otherwise, 10-mm quartz cuvettes were used. 
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Fic. 1. Fumarylpyruvate hydrolase activity as a function of 
—— concentration. The conditions of assay are described in 
text. 
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Fic. 2. Maleylpyruvate isomerase activity as a function of 
enzyme concentration. 


The acylpyruvate hydrolase assay system consisted of 2.0 ml 
of 0.05 M potassium phosphate buffer (pH 7.4) and 0.2 ml of 
0.0015 m fumarylpyruvate, and 0.1 ml of enzyme. Hydrolase 
activity was followed by measuring the disappearance of ab- 
sorbancy at 340 mu. Under conditions of the assay the reaction 
follows zero order kinetics and is proportional to enzyme concen- 
tration (Fig. 1). 

Maleylpyruvate isomerase was measured by following the dis- 
appearance of this material at 330 my in cuvettes containing 
excess hydrolase. The cuvette contained 2.0 ml of 0.05 M. potas- 
sium phosphate buffer (pH 7.6); 0.1 ml of maleylpyruvate of 
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with 0.05 M. potassium phosphate buffer containing 5 mg of bo- 
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sufficient concentration to provide an absorbancy reading at 330 
mu of 1.0; 0.1 ml of hydrolase; and 0.1 ml of 0.005 M GSH. The 
reaction was initiated by adding 0.1 ml of the diluted isomerase. 
One may also add isomerase to the cuvette and initiate the reac. 
tion with GSH. The initial concentration of substrate must 
always be the same since, as will be discussed below, isomerage 


activity varies with initial substrate concentration. The activity 
of this enzyme may be expressed as the first order constant, 
Aso at 71 
Axo at 7. 
é, T; — T; (minutes) 


The specific activity is defined as k calculated for a concentration 
of I mg of enzyme protein per ml under assay conditions. | 
Enzymic assays of isomerase were performed routinely at tuo 
or three concentrations of isomerase. Proportionality of activity | 
with enzyme concentration gave assurance that hydrolase was 
present in excess. All absorbancy values were corrected by sub- 
tracting the residual absorbancy at 330 mu. When maleylpyru- 
vate of 85 to 90% purity was employed, the absorbancy remain. — 
ing at the end of the reaction was usually less than 8% of the 
original absorbancy. Under these conditions the enzymic a- 
tivity is proportional to enzyme concentration (Fig. 2). : 
Preparation of Fumarylpyruvate Hydrolase (Bacterial Acylpyru- 
vase)—The ammonium sulfate-treated bacterial extract was fur- 
ther fractionated with ethanol. Ten milliliters of this protein 
solution were treated with ethanol at —14°. Fractions were 
taken at 33, 50, and 66% ethanol. The 0 to 33% and 33 to 0% 
fractions, which were rich in isomerase, were discarded. The 
material precipitating between 50 and 66°; ethanol was dissolved 
in 10 ml of 0.1 M potassium phosphate buffer of pH 7.2, containing 
1 umole of disodium Versenate (ethylenediaminetetraacetate) 
per ml. This solution was refractionated at —10° with ethanol, 
the fractions from 0 to 33% and 33 to 50% were discarded, and 
the 50 to 67% fraction was taken up in 10 ml of the Versene 
(disodium salt of ethylenediaminetetraacetic acid)-phosphate 
buffer. After the protein concentration had been determined, 
10 mg of bovine serum albumin were added for each milliliter of 
enzyme solution. This material can be stored at —20° for sev- 
eral months without loss of activity. : 
Preparation of Maleylpyruvate Isomerase—The bacterial e- 
tracts that had been treated with protamine sulfate were placed 
in a water bath at 53° for 5 minutes with stirring and then chilled 
immediately in an ice bath. The supernatant solution was 
treated with cold saturated ammonium sulfate to 55% satura- 
tion and the resulting precipitate was taken up in 5 ml of O- I | 
potassium phosphate buffer of pH 7.2. This solution was dia- 
lyzed for 12 hours against 0.025 m potassium phosphate buffer — 
(pH 7.2), and was then clarified by centrifugation. Sufficient 
molar buffer at pH 7.2 was added to make the final concentration 
0.1 u when the final volume was adjusted to 10 ml. The pro- 
tein concentration was determined and bovine serum albumin 
was added (10 mg per ml). This material can be stored for 
several months at —20°. All dilutions of enzymes were made 
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vine serum albumin per ml. The hydrolase and isomerase con- 
tents of the various bacterial fractions are given in Table I. 
Preparation of Rat Liver Maleylacetoacetic Acid Isomerase and 
Fumarylacetoacetic Acid Hydrolase—It was found convenient to 
separate the two enzymes by cellulose ion exchange chromatog: 
raphy. Accordingly, the supernatant solution from the 32% 
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alcoholic fraction (8) was treated at —10° with enough alcohol 
to make a final concentration of 75% and the precipitate con- 
taining both enzymes was dissolved in a volume of distilled water 
equal to half the original homogenate. This was placed on a 
washed DEAE-cellulose column (Brown Company) and eluted 
with sodium chloride solutions of varying concentrations. For 
a column made up from 5 g of dry DEAE-cellulose, 50-ml eluting 
solutions were used of 0.01 m, 0.05 u, and 1.0 u NaCl. The 
hydrolase was eluted from the column at 0.0076 M NaCl, and the 
isomerase was eluted when the eluate was 0.08 mu NaCl. No 
further attempts at purification were undertaken. 

Enzymic Incubations in D. O Each reaction mixture contained 
47 pmoles of substrate and its complement of enzymes and re- 
agents as described in Table v. D. O concentrations were always 
in excess of 98%. The course of the reactions was followed by 
observing the absorbancy changes at 330 my for maleylpyruvate 
and 340 my for fumarylpyruvate. It was necessary to use a 
cuvette of 2-mm light path length. Incubation with fumarate 
was carried out for a comparable period of time. After the reac- 
tion had reached completion, 0.05 volume of concentrated sul- 
ſurie acid was added and the supernatant solution was centri- 
fuged and extracted three times with 8 volumes of washed ether 
each time. The ether solutions were combined and extracted 
twice with 60-ml portions of 0.05 m potassium phosphate buffer, 
pH 7.6. Traces of ether were removed by gentle heating. The 
presence of fumaric acid in these solutions was detected by paper 
chromatography. The amount of fumaric acid was approxi- 
mated by measuring the decrease in absorbancy at 250 my after 
addition of fumarase to an aliquot. Fumarase was generously 
supplied by Dr. Robert Langdon. Such changes in absorbancy 
were compared with similar changes using known amounts of 
fumaric acid. The average equilibrium constant for the fu- 
marase reaction under these conditions was found to be 4.0. In 
the deuterium experiments apparent recoveries of fumaric acid 
ranged from 70 to 83%, based on initial substrate. As a control, 
maleylpyruvate was incubated under the above conditions with 
isomerase which had been heat-inactivated at 100° for 5 minutes; 
no material was extracted which reacted with fumarase, and 
maleylpyruvate and fumarylpyruvate could be detected enzy- 
mically in the extract. 

Known amounts of carrier fumaric acid were added and fuma- 
ric acid was isolated by ether extraction of the acidified solutions. 
The recovered material was recrystallized four times out of water 
and sublimated once in a vacuum. These samples were com- 
busted to yield water which was reduced to hydrogen gas for 
deuterium analysis in the mass spectrometer. The author is in- 
debted to Dr. Anthony San Pietro of the Johns Hopkins Univer- 
sity and Miss Laura Ponticorvo of Columbia University for 
performing the deuterium analyses. 

Preparation of GSH Addition Products—To neutral solutions 
of 0.003 u fumarylpyruvate were added 1, 2, and 3 mole equiva- 
lents of GSH. The final concentration was 1 mm fumarylpyru- 
vate in 0.05 m potassium phosphate buffer. Aliquots were 
removed periodically, diluted, and the spectral changes were ob- 
served. When changes in absorbancy ceased, fumarylpyruvate 
hydrolase was added. The absence of spectral changes indicated 
that no fumarylpyruvate remained, and the reaction was assumed 
to be complete. Aliquots of the solutions were used to delineate 
the spectra at pH 1, 7.5, and 13. The molar extinction coeffi- 
cients were approximated by assuming complete reaction of the 
fumarylpyruvate. Since the spectra and extinction coefficients 
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Tasie I 
Purification and separation of bacterial isomerase and hydrolase 
Volume Hydrolase | Isomerase 
— imi) | | specie 
Fractionation of fumaryl- 
pyruvic acid hydrolyase 
Crude bacterial extract*...| 54.0 | 3.5 30.0 | 500.0 
50% Ammonium sulfate 
Z 11.0 | 7.8 25.0 1200.0 
Second 50 to 67% ethanol 
. 10.0 | 0.475 | 80.0 0.23 
Fractionation of isomerase 
Crude bacterial extract*...| 60 3.8 21.0 615.0 
Heat-treated enzyme...... 52 2.3 0.56 | 1200.0 
Final preparation.......... 10 2.2 0.05 | 3200.0 


* Bacteria grown on Trypticase soy broth (without the gentisic 
acid inducer) yielded crude bacterial extracts with approximately 
1% of these activities. 

Specific activities in crude extracts of noninduced cells: hydro- 
lase, 0.28; isomerase, 6.3. 


were essentially the same at all three levels of GSH it is as- 
sumed that 1 mole of this thiol reacted with 1 mole of fumaryl- 
pyruvate. 

In order to form the succinylpyruvate-GSH compound, greater 
concentrations of GSH were required. The incubation solution 
contained 0.55 mM succinylpyruvate in 0.15 1 GSH at pH 7.5, 
in 0.1 M potassium phosphate. After 2 hours spectral changes 
had stopped, and the material in solution was found to be resist- 
ant to bacterial hydrolase. Aliquots of these solutions were used 
for determinations of spectra; extinction coefficients were ap- 
proximated on the basis of the initial succinylpyruvate concen- 
tration. 

Control solutions containing fumarylpyruvate or succinyl- 
pyruvate without GSH were stable during the periods of incu- 
bation. Upon the addition of hydrolase both compounds under- 
went enzymic cleavage. 

The analytical methods employed for protein determination, 
manometric measurements, and chromatographic identification 
of organic acids were the same as those cited previously (1). 


Effect of pH—Isomerase activity was measured at pH values 
varying between 6.0 and 8.0. The enzymic activity was un- 
varied between pH 7.2 and 8.0. However, at lower pH values 
the activity decreased and at pH 6.0 it was 60% of the activity 
at pH 7.6. 

Specificity of Bacterial Enzymes—The bacterial enzymes were 
incubated with maleylacetoacetate, the substrate for the liver 
isomerase, and fumarylacetoacetate, the substrate for the liver 
acylpyruvase. The mammalian enzymes in turn were incubated, 
with maleylpyruvate and fumarylpyruvate. The data presented 
in Table II demonstrate that the bacterial enzymes catalyze the 
isomerization and hydrolysis of the respective pyruvic acid 
derivatives more readily than the maleyl and fumaryl derivatives 
of acetoacetate. The enzymes from rat liver are not as highly 
selective. 

Substrate Inhibition When the initial concentration of maleyl- 
pyruvate was increased, the first order constant decreased. 
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Taste II 
Substrate specificities of mammalian and bacterial enzymes 

In the case of each enzyme an aliquot from the same preparation 
was used with each substrate, to enable comparisons of activities. 
The conditions for the assays are described in the text with the 
important modification that all isomerase assays had an excess of 
both mammalian, and bacterial hydrolase present simultaneously. 
Hydrolase activity was determined with protein concentration of 
1 mg per ml. 


Enzyme Substrate — 
! k/min at 
hydrolysed/ 
min lm g/ml 
Bacterial acylpyru- | Fumarylpyruvate 2.65 


vase 
Bacterial acylpyru- | Fumarylacetoacetate| 0.02 
vase 
Rat liver acylpyru- | Fumarylpyruvate 0.19 
vase 
Rat liver acylpyru- | Fumarylacetoacetate 0.24 
vase 


Bacterial isomerase | Maleylpyruvate 3850 
Bacterial isomerase Maleylacetoacetate 155 
Rat liver isomerase Maleylpyruvate 6.51 
Rat liver isomerase | Maleylacetoacetate 4.90 


This phenomenon of substrate inhibition was observed with the 
crude as well as the purified enzymes. Preincubation with GSH 
and ascorbic acid, either together or separately, did not change 
this effect. When the reaction was allowed to run to completion 
and more substrate then added, there was no additive inhibition 
(Fig. 3). This demonstrates that the inhibition is not caused by 
the presence of a stable impurity in the substrate, or by the 
accumulation of the products of reaction, or by the formation 
in situ of a stable inhibitor. 

Nonenzymic Isomerization—Increased amounts of GSH added 
to cuvettes containing maleylpyruvate and the bacterial acyl- 
hydrolase caused a decrease in absorbancy at 330 my which 
followed first order kinetics (Table III). That this reaction con- 
sisted of isomerization of maleylpyruvate and subsequent hy- 
drolysis was demonstrated by the identification of pyruvic and 
fumaric acids as products. In order to eliminate the possibility 
that the isomerization was due to small amounts of isomerase 
present in the hydrolase, the incubation was repeated at double 
concentration of hydrolase. The rate remained unchanged. 

Fumarylpyruvate-GSH Addition Product—GSH added to a 
solution of fumarylpyruvate caused a change in its near ultra- 
violet absorption. A product was formed which had the ab- 
sorption spectra shown in Fig. 4. This material was not hy- 
drolyzed by the bacterial acylpyruvase, and although it did not 
interfere with the hydrolysis of fumarylpyruvate, it inhibited the 
isomerization of maleylpyruvate, Table IV. 

Isomerization Undertaken in Presence of Excess D:O—Large 
scale incubations were run in a medium containing 98% D.O, 
with isomerase, hydrolase, and GSH. Individual incubations 
were carried out with maleylpyruvate, fumarylpyruvate, and 
fumarate. In each case the fumaric acid which accumulated at 
the end of the incubation was diluted with carrier, isolated, and 
the excess percent deuterium was determined. The results given 
in Table V indicate that in the course of enzymic isomerization 


of maleylpyruvate no deuterium was incorporated into the ethyl. 
ene positions of fumaric acid. On the basis of this data one may 
say that none of the sequential substances (t.e. maleylpyruvate, 
fumarylpyruvate, or fumaric acid) exchange their olefinic hy. 
drogen atoms with the solvent. 

Maleylpyruvate was also subjected to nonenzymic isomeriza. 
tion catalyzed by GSH in a DO medium containing hydrolase, 
The resulting fumaric acid did not contain deuterium (Experi- 
ment E, Table V). 


The isomerase and hydrolase isolated from bacteria which 
have been inductively grown on gentisate as a sole carbon source 
are more specific for their own sequential metabolites than for 
the homologues obtained from tyrosine metabolism, maleyl. 
acetoacetate and fumarylacetoacetate. These bacterial enzymes 
can be considered not identical with those found in rat liver by 
Knox. Nevertheless, strong similarities between the two sets of 
enzymes do exist. The absolute requirements for GSH, reported 
earlier, is the most striking. The substrate inhibition of maleyl- 
pyruvate upon isomerase activity has also been observed by Knox 
with the mammalian enzymes. The data presented in Fig. 3 
eliminate the possibility that this effect is due to contamination 


ABSORBANCY 330mw 


MINUTES 


Fic. 3. Substrate inhibition of isomerase. The isomerase 
reaction was run at three levels of substrate concentration 3 
shown in brackets above the respective activity courses. The 
first order rate constants (k) are indicated. When the reactions 
had run to completion, not shown in the figure, 0.033 umole per 
ml of malevlpyruvate was added to cuvettes A and B. The 
second reaction is shown on the left, cuvette 4 (X) and 


cuvette B (O——O). 


Each cuvette initially had substrate at the specified concentra 
tion; bacterial acylpyruvase, 28 ug per ml (specific activity, 54); 
GSH, 1.9 X 10-‘m. At the time indicated by the arrow, isomerase, 
0.038 wg per ml (specific activity, 2500) was added. The volume 
of the reaction mixture was 2.62 ml and the buffer was 0.005 ¥ 
potassium phosphate, pH 7.6. The ubsorbancies presented in 
this plot were all corrected for residual absorbancies. 
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thyl. of the substrate by an inhibitor or to the formation of a stable TaBLE V 
may inhibitor during the reaction. At present we cannot explain Cis-trans isomerization in D:O medium 
vate, this phenomenon. The reaction mixtures for Experiments A, B, C, and D contained 
: hy- The data from the deuterium experiments demonstrate that in a total of 57 ml: 47.0 moles of substrate; 2.84 mg of bacterial 
no labilization of the olefinic hydrogen atoms takes place during hydrolase, specific activity 50; and 22 ug of isomerase, specific 
rina. the cis-trans conversion. It is well established that fumaric acid activity 3200; potassium phosphate buffer 0.05 u, pH 7.6; GSH, 
ren can reversibly add D- O to form malate (9) or add ammonia in 6.8 X 10 u. D: O concentration was greater than 9800. 
D.0 to form aspartic acid which contains 1 atom of deuterium In Experiment E the complete system contained in a total vol- 
in the B-carbon (10, 11) yet, under these circumstances, the fu- — — — pmoles — bacterial 
of the ‘libri | — — „4.7 X m. D: O content 
chich III — 
ource Nonenzymic isomerization of maleylpyruvate 
m for The conditions used are those of the isomerase assay with the a. Substrate Conditions 2 Atom 
aleyl. | GSH concentration modified as shown. ment Atom % mole 
— Concentration of GSH Hydrolase 1 — 
ete of 1 A | Maleylpyruvate | Isomerase present 20 0.012 0.010 
orted 0.044 17 0.053 B | Maleylpyruvate | Isomerase present | 20 0. 009 0.008 
aleyl- 0.044 34 0.054 C | Fumarylpyruvate| Isomerase present 40 | 0.011) 0.017 
Knox 0.087 17 0.091 D | Fumarate Isomerase present 20 | 0.014 0.011 
Fig. 3 0.087 34 0.092 E | Maleylpyruvate | GSH-catalyzednon-| 28 | 0.0¢ | 0.00 
nation — enzymic isomer- 
ization 
* Experimental values. 
127 * t The experimental values were corrected for dilution. In- 
, corporation was determined on the basis that 1 atom of deuterium 
ol per molecule of fumarie acid would correspond to a deuterium 
concentration of 24.5 atom % excess. 
{ t The experimental value was actually 0.005 atom % deuterium 
9 8 less than the normal abundance of deuterium. Atom per cent 
0 excess is presented as 0.00. 
N deuterium. An analogous stereospecific reaction with GSH 
' 3 N could conceivably result in an addition product which would 
8 then eliminate GS H to form fumarylpyruvate without deuterium 
f i= incorporation. However, in the nonenzymic GSH-catalyzed re- 
8 8 2 action there is no incorporation of deuterium. Therefore, such 
a mechanism seems unlikely. 
oss” 705 — A possible explanation of these findings is depicted schemati- 
: cally in Fig. 5. It is postulated that GSH attacks (Reaction A) 
* | the double bond to form a transition complex, represented with 
~~ its stabilizing resonance forms as the bracketed figures. This 


Fic. 4. Absorption spectra of the age of — complex now has inereased free rotation between the former 
| OH 76 — ), olefinic carbons. If the complex were to add a proton, conven- 
— ' ' tional addition of GSH at the double bond would result (Reac- 
TaBLe IV tion C). However, if the complex eliminated the GSH, simple 

Inhibition of bacterial isomerase by fumarylpyruvate- reversal of Reaction A might not necessarily follow, but rather 

— GSH Compound a different olefin could result if the thermodynamic conditions 
s. The The experiments were conducted under the standard conditions Were suitable (Reaction B). The combination of Reactions A 


sactions | of the assay except for the addition of stated amounts of fumaryl- and B would result in isomerization without incorporation of 
nole pet | pyruvate-GSH compound. deuterium. It should be noted that if Reaction B were relatively 
2 — = rapid the collision of the complex with a proton (i.e. Reaction C) 
x) ee k Inhibition might not occur to a significant extent. Isomerization would 
ncentra- 

ity, 54); compas 2a 1 The reviewer has pointed out the possibility that: The addi- 
merase, 0.00 0.051 tion may occur by either a cis or trans mechanism and the elimina- 
volume 0.03 0.038 26 tion from the addition product by the reverse mechanism. This 
0,005 1 0.06 0.028 46 would result in the isomerization of the maleyl moiety to fumarate 
ented in 0.09 0.019 63 with the elimination of the deuterium atom introduced in the 

3 addition reaetion.“ 
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O =O 2 0 
fromm, 10 C-0 
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ne HC—SG 
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OOH 
Fic. 5. Proposed scheme for the interaction of GSH with 
maleylpyruvate. 


Extinction x 1073 
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300 320 340 360 380 400 


my 
Fic. 6. Absorption spectra of succinylpyruvate (O——O); 
succinylpyruvate-GSH addition product (@——@), and the 
fumarylpyruvate-GSH addition compound (X——X). The pH 
of all is 13.0. 


then proceed exclusively without the formation of the GSH addi- 
tion product. 

The nature of the compound formed between fumarylpyruvate 
and GSH must be elucidated in order to better understand the 
nature of the isomerization process. This compound is stable 
in the presence of both isomerase and hydrolase and, therefore, 
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as Edwards and Knox (4) have pointed out in the case of the 
higher homologues, it cannot be assumed to be in the sequence 
of the enzymic reactions of isomerization and hydrolysis. II 
GSH were added across the double bond to form an addition 
product, the scheme proposed in Fig. 5 would not be likely since 
the GSH-fumarylpyruvate transition state would be expected to 
be similar to the GSH-maleylpyruvate transition state. How. 
ever, such a similarity can not be inferred because reaction of 
GSH with maleylpyruvate results in isomerization, whereas re. 
action of GSH with fumarylpyruvate results in a stable addition 
compound. Knox et al. (4, 12) postulated that the complex 
formed with GSH and fumarylacetoacetic acid involved the 
addition of the sulfhydryl compound across the double bond 
since this compound has the same absorption spectrum as sue- 
cinylacetoacetate. However, the spectra of the fumarylpyru- 
vate-GSH complex and succinylpyruvate are not identical (Fig. 
6). Furthermore, if succinylpyruvate, which has no olefinic 
group, is allowed to react with a large excess of GSH a compound 
is slowly formed which is also stable to enzymic hydrolysis by 
fumarylpyruvate hydrolase. The absorption spectra of the sub- 
stance is also shown in Fig. 6. Therefore, the structure of the 
compound formed by the addition of GSH to fumarylpvruvate 
remains to be determined. 


SUMMARY 


The bacterial enzymes catalyzing the isomerization of maleyl. 
pyruvate and the hydrolysis of fumarylpyruvate have been 
effectively separated from each other. These enzymes are more 
specific for the above substrates than for the substrates involved 
in tyrosine metabolism, maleylacetoacetate and fumarylaceto- 
acetate. Enzymic and nonenzymic cis-trans isomerization of 
maleylpyruvate proceed in deuterium oxide-enriched solutions 
without incorporation of deuterium into the olefinic hydrogen 
positions. It is postulated that the mechanism of enzymic cis 


trans isomerization involves an unstable transition complex of , 


the GS- with maleylpyruvate, rather than the addition of glu- 
tathione across the double bond and its subsequent elimination. 
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In previous reports (2, 3) it has been demonstrated that the 
type-specific substances of Hemophilus influenzae, types a, b, and 
e, are members of a new class of immunologically active com- 
pounds, polysugarphosphates. The present investigation is 
concerned with the isolation, purification, and investigation of 
the chemical and physical properties of type-specific substances, 
types e and f. Substance f has previously been isolated in a 
nonviscous form and found to contain organic phosphorus and 
nitrogen (4). The isolation and study of substance e has not 
been reported before. 


EXPERIMENTAL PROCEDURE 


Alkaline phosphatase (lot PC619) was obtained from the 
Worthington Biochemical Corporation. The sugars were ob- 
tained from the California Corporation for Biochemical Research. 
We are indebted to Dr. P. Hoffman of this department for a 
sample of mannosamine. 

Estimations were carried out by micromodifications (one- 
tenth scale) of existing methods for the determination of in- 
organic and total phosphorus (5, 6), protein (7), reducing groups 
(8, 9), hexosamines (10-12), hexose (13, 14), uronic acids, and 
pentoses (15). Nitrogen was determined by a micro-Kjeldahl 
method (16). Periodate oxidation was followed spectrophoto- 
metrically (17) in a 0.5-ml solution (0.1 M acetate buffer, pH 4.5). 

Titrations were carried out with a pH meter by a microproce- 
dure in which 0.005-ml portions of 0.1 V HCl or NaOH solutions 
were added with thorough mixing and exclusion of carbon dioxide 
below the surface of the 1.0-ml solution to be titrated. Viscosity 
measurements were performed in an Ostwald-Fenske micro- 
viscosimeter (water value, 16.8 seconds) at 37°. 

Paper chromatography (Whatman No. 1 paper, descending 
technique, at room temperature) was performed in three solvent 
systems: (A) n-butanol-95% ethanol-water (52:32:16 by vol- 
ume); (B) water-saturated phenol (18); and (C) pyridine-ethyl 
acetate-acetic acid-water (5:5:1:3 by volume) (19). After 
developing and air-drying, duplicate chromatograms were 
searched for sugars and polyols by alkaline silver nitrate (20, 21) 

*This investigation was supported by research grants NSF 
G-10777 and G-15637 from the National Science Foundation, and 
by a Senior Research Fellowship SF-241-R from the Public Health 
Service. An abstract of a part of this investigation has been pre- 
viously presented (1). 

t Public Health Predoctoral Fellow of the National Cancer 
Institute (CF-8980). Some of the studies reported in this paper 
were taken from a thesis submitted by this author to the Faculty 
of Pure Science, Columbia University, in partial fulfillment of 
the requirements for the degree of Doctor of Philosophy. 


and for amino acids and hexosamines by dipping in a 0.2% solu- 
tion of ninhydrin in acetone, which contained 2% of pyridine, 
added just prior to use, followed by heating at 105° for 2 to 3 
minutes. 

Isolation of Type-specific Substance, Type f 

One hundred Levinthal agar plates (15 x 100 mm) were 
inoculated, each with 0.5 ml of an overnight culture of type f, 
H. influenzae, and incubated 7 hours at 37°. After refrigeration 
(4°) overnight, the cells were removed by 3 ml of chilled 0.85% 
NaCl solution per plate. The combined yield was filtered 
through gauze and then centrifuged at 475 x g for 5 minutes to 
remove any agar fragments. The cells were then collected by 
centrifugation, washed three times, each time with 50 ml of 0.85% 
NaCl solution, and suspended in 100 ml of saline. After adding 
1 ml of 40% formaldehyde solution, the culture was left at room 
temperature for 48 to 96 hours, or until no evidence of definite 
capsule could be demonstrated when the cells were exposed to 
type-specific antiserum. Gram stain preparations demonstrated 
that, after loss of the capsular material, the cells were in good 
condition. 

After centrifugation, the supernatant was dialyzed 16 hours 
against cold running water, it was concentrated in a vacuum at 
25-30° to 10 ml, deproteinized by sodium lauryl] sulfate (22, 23), 
and substance f was precipitated three times, each time with 
two volumes of 95% ethanol. The final sediment was washed 
extensively with 95% ethanol, dissolved in 10 ml of water to give 
a clear, viscous solution, and lyophilized. The vield of dried 
material was 27.8 mg from 100 plates, which corresponds to 
approximately 5.1 X 10 ug per cell. 


Isolation of Type - speciſic Substance, Type e 
The substance e was isolated from H. influenzae, type e (same 
growth conditions as above), and was purified by the same 
method as described for substance f, except that three volumes 
of 95% ethanol were required to precipitate substance e. The 
yield from 100 plates was 10.3 mg of dried material, which cor- 
responds to approximately 2.2 x 10 ug per cell. 


Properties of Intact Substances e and f 
Viscosity—The specific viscosities of 0.2% solutions in water of 

substances e and f were 3.53 and 6.45, respectively. 
Absorption Spectra—The ultraviolet absorption spectra of 


1 This amount is of the same order of magnitude as the amount 
of deoxyribonucleic acid per cell (2 X 10 wg) (23). 
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Fic. 1. Infrared absorption spectrum of type-specific substance f of H. influenzae. Sample incorporated into KBr pellet. 


TABLE I 
Properties of substances f and e 
f e 
|, | Intact 
Reducing groups*.................... 0.09 0.08 0.00 
Total phosphorus, %................. 4.3 <0.5 
Inorganic phosphorus, %............. 0.0 0.1 0.0 
Inorganic phosphorus after phospha- 
tase digestion, %.................. 0.4 4.5 
Hexosamine, CP. 49 49 32 
NalO. oxidation 0.07 1.02 
Hexosamine-phosphorus, molar rat io. 2.0 


* Expressed as moles per moie of sugar. 
1 Hexosamine was determined after acid hydrolysis (1.0 N 
HCl, 100°, 6 hours). 


1 
1.0 
0.5 
2 
' 2 3 4 6 8 


HOURS 
Fic. 2. Periodate oxidation of intact (curve 2) and alkali-hy- 
drolyzed (curve 1) substance f. The moles of sodium m-periodate 
consumed per mole of hexosamine are plotted as the ordinate. 
The abscissa indicates the duration of oxidation (0.1 m acetate 
buffer, pH 4.5). 


substances e and f (2400 to 3000 A) showed no maxima. The. 
optical density of each substance at 2600 A corresponded to less 
than 0.1% nucleic acid (24). 

The infrared absorption spectra of purified type-specific sub- 
stances of bacteria have proven to be characteristic of the 
corresponding bacteria (25, 26). Fig. 1 shows the infrared 
absorption spectrum of substance f (2 to 15 h). The spectrum is 


compatible with the structure of substance f that is presented 
below, and the following assignments can be made (27): 7.8 to 
8.3 u (PO), 3.0 ½ (O—H), 3.45 w (C—H), 10.2 uw (8-C,—H), 
and 5.75, 6.0, 6.4, and 7.25 uw for the typical acetamido group. 

Chemical Properties Table I summarizes some of the prop- 
erties of substances e and f. Each value represents the average 
of at least three determinations. 

Elementary analysis indicates that substance f contained 4.8% 
nitrogen and 4.31% phosphorus, whereas substance e contained 
8.2% nitrogen and less than 0.5% phosphorus. Titration of 
substance f indicated that, in this substance, the phosphorus was 
present in diester linkages. Also, alkaline phosphatase failed to 
liberate inorganic phosphorus from the intact substance f. 

Both intact substances gave negative orcinol (15) and biuret 
reactions (7), and only substance e gave positive cysteine-sulfuric 
acid (13) and anthrone (14) reactions for the presence of hexoses. 

The failure of intact substance f to consume any periodate in § 
hours (Fig. 2) indicated that this substance contained no vicinal 
hydroxyl groups. Also, the action of excess periodate for 3 
week at 4° did not decrease the amount of hexosamine (10). 


Nature of Sugar Components of Substances e and f 


Ten milligrams of substance f and 2 mg of substance e were 
dissolved in 2.0 and 0.4 ml of 0.5 M HCl, respectively, and kept 
at 95-100° for 8 hours, at which time the maximal amount of 
reducing power was obtained. The solutions were then evap- 
orated to dryness at 20°; water was added and they were again 
evaporated to dryness. This procedure was repeated four times. 
Each residue was then dissolved in water (final concentration, ö 
mg per ml). 

The acid hydrolysate of both substances gave positive ninhy- 
drin (12) and Elson-Morgan tests (11). They also gave positive 
indole tests (10) after deamination, further indicating the 
presence of hexosamines in both substances. Quantitative 
determination by the deamination method (10) indicated that 
substance f contains 49% and substance e 32% of hexosamine 
(glucosamine as a standard). Substance e, in addition to 
hexosamine, contained 21% of hexose (13) (p-glucose as 4 
standard). 

The presence of hexosamines was studied by paper chroms- 
tography in Solvents A, B, and C. The acid hydrolysate oi 
substance f revealed only one spot, which separated from glucot 
amine and mannosamine in Solvent C, but did not separate from 
galactosamine. The acid hydrolysate of substance e revealed 
two spots, a hexose and a hexosamine. The hexosamine 
separated from galactosamine, but not from glucosamine of 
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mannosamine in Solvent C. However, mannosamine gave a 
brown color with ninhydrin-pyridine in acetone, whereas glu- 
ecosamine and the hydrolysate of substance e gave purple - brown 
colors. The distances moved, relative to glucosamine in Solvent 
C, were as follows: glucosamine, 1.00; galactosamine, 0.86; 
mannosamine, 1.04; f hydrolysate, 0.85; and e hydrolysate, 1.01. 
Further study of the nature of the hexosamines was performed 
by ninhydrin degradation of the acid hydrolysates to pentoses, 
and identification of the pentoses by paper chromatography (28). 
This procedure, applied to substances e and f, revealed arabinose 
and lyxose, respectively. 

In Solvents A or B, the unknown hexose component of sub- 
dance e separates from galactose and mannose, but not from 
pglucose. However, the neutralized hydrolysate fails to give a 
positive D-glucose oxidase test. Since the addition of a small 
qantity of p-glucose to the hydrolysate results in a positive 
pglucose oxidase test, the hydrolysate does not contain an 
ahibitor for this test. 

Mild Alkali Hydrolysis 

The solution containing 2.5 mg of substance f per ml of water 
sas adjusted to pH 13 with 1 * NaOH and kept at 37° for 12 
hours. The hydrolysate was then cooled and neutralized (pH 
60 8) with 1 HCI. Some of the properties of the neutralized 
dkaline hydrolysate are summarized in Table I. 

The action of mild alkali on substance f brought about an al- 
most complete loss in viscosity. The specific viscosity of the 
seutralized hydrolysate was less than 0.5% of the intact sub- 
dance. Further evidence for extensive depolymerization by 
the alkali treatment was obtained by measuring the extent of 
dalysis. After dialyzing 2 ml of the hydrolysate against 1000 
nl of water for 15 hours, only 2% of the organic phosphorus 


oganic phosphorus had dialyzed out. The ratio of hexosamine 
to organic phosphorus in the dialysate remained at 2.0. 

Titration of the hydrolysate indicated that the phosphorus re- 
mained organically bound, but existed now practically entirely 
in the monoester form. Intestinal phosphatase (0.1 m glycine 
buffer, pH 8.3, 37°) could now convert 96% of the organic phos- 
phorus into the inorganic form. 

A portion of the hydrolysate was adjusted to pH 1.0 by the 
dition of 1 * HCl, mixed, and immediately immersed in boiling 
nter. After 2 minutes, only 5% of the organic phosphorus was 
tydrolyzed by this treatment. 

Fig. 2 shows the rate of periodate uptake by intact and alkali- 
tydrolyzed substance f. The periodate consumption began 
beveling off after 4 hours, and, after 6 hours, the periodate 
‘nsumption remained constant for at least 16 hours (1.02 moles 
i periodate consumed per mole of hexosamine). 
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rmained in the dialysis bag, whereas the remainder of the 


RESULTS AND DISCUSSION 


Substance f 


On acid hydrolysis, the purified substance, free of nucleic acid 
and proteins, liberates 2 moles of hexosamine for each gram atom 
of phosphorus. The hexosamine was identified as galactosamine 
by paper chromatography and ninhydrin degradation to lyxose. 
However, since talosamine would also yield lyxose by ninhydrin 
degradation, this rare hexosamine has not been excluded. 

Since the dephosphorylated alkaline hydrolysate is a non- 
reducing, small oligosaccharide (extent of dialysis), possibly a 
disaccharide, it would appear that the hexosamine molecules are 
linked by 1:1’ glycosidic linkages, as are ribose molecules in 
substance b (2). The infrared absorption maxima at 10.2 u 
suggest that the glycosidic linkage is of the 8-pyranosy] form. 

The existence of the phosphorus in the intact substance in a 
diester linkage is established by (a) titration, (6) failure of 
intestinal phosphatase to liberate inorganic phosphorus, and (c) 
susceptibility of the linkage to mild alkali. After mild alkali 
treatment, the phosphorus appears as a monoester (titration and 
quantitative conversion to inorganic phosphorus by phos- 
phatase). The cleavage of diester linkage may proceed by the 
formation of intermediate cyclic phosphates (2,29). In the case 
of galactosamine, two cyclic phosphates are sterically possible: 
3:4 and 4:6 cyclic phosphates. The latter is suggested here as 
fitting the periodate data. The 4:6 cyclic phosphate would then 
be broken preferentially to yield the more stable primary ester. 

Since the original polymer consumed no periodate, the 3- or 4- 
position of each hexosamine must be substituted. The phos- 
phate diester linkage from the 3- or 4-position of one sugar residue 
to the 4-position of the next would satisfy this requirement. The 
alkali treatment would yield predominantly a more stable 6- 
phosphate (from the intermediate 4:6 cyclic phosphate); each 
mole of hexosamine would be now free to consume 1 mole of 
periodate. The possibility of a 1-phosphate ester must be 
excluded because of the slow rate of acid hydrolysis of the 
monoester. 

The data presented above suggest that the major portion of 
substance f contains the grouping shown in Fig. 3. Because of 
the difficulty of securing enough material, neither the water and 
ash content nor the acid with which the galactosamine was N- 
esterified (Fig. 1) was determined. The identification of the 
hexosamine is based solely on paper chromatography. It is not 
yet known whether substance f exists in a linear or branched 
form (with side chains branching off from the 3-, 4-, or 6-posi- 
tions, or possibly in the form of amide or unstable tertiary phos- 
phate linkages). 

The structural basis of the immunological activity of substance 
f is unknown. It is of interest that substance f, containing 
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nitrogen in addition to the sugar-phosphate chain, presents the 
possibility of hydrogen bonding through the acetamido group; 
this feature is a step towards the complexity of the nucleic acids, 
although thus far the only biological specificity found was the 
immunological specificity of substance f. Preliminary experi- 
ments suggest that hydrogen bonding may play a role in main- 
taining the structure of substance f. Heating for 30 minutes at 
65° (0.1 m Tris buffer, pH 7.3) resulted in a 35% drop in the 
specific viscosity of substance f.: Heating at 65° for 20 hours 
caused a loss of over 95% of the specific viscosity; however, no 
loss in immunological activity could be demonstrated. 


Substance e 


Substance(s) e is (are) a nondialyzable, nonreducing polymer, 
containing at least two sugars, a hexose and a hexosamine. The 
hexosamine appears to be glucosamine by paper chromatography 
and ninhydrin degradation to arabinose. The hexose remains 
unidentified. It is not galactose or mannose (paper chroma- 
tography). Although its R, is similar to that of glucose on 
paper chromatography, the unknown hexose is not oxidized by 
p- glucose oxidase. The question as to whether the unknown 
hexose is I- glucose or one of the other five hexoses remains un- 
answered. 

The data presented clearly distinguish between substance e 
and the other capsular substances of H. influenzae. Only in 
substance e could more than one sugar component be detected. 
In this regard, it is interesting to note that two immunologically 
distinct capsular antigens have been reported in type e (30). 
The study presented here does not answer the question whether 
the two sugars detected correspond to two different chemical 
substances or whether one substance contains at least -two 


sugars. 
SUMMARY 


The type-specific substances of Hemophilus influenzae, types e 
and f, have been isolated and studied. Both substances are 
nonreducing, viscous polymers. Substance f appears to contain 
2 moles of N-acetyl-galactosamine for each gram atom of phos- 
phorus. From a study of the chemical and physical properties 
of the intact substance and mild acid and mild alkaline hy- 
drolysates of substance f, it is tentatively suggested that the 
polymer consists of a 1:1’ disaccharide of N-acetylgalactosamine 
connected by 3 (or 4), 4 phosphodiester linkages. Unlike the 


2 When substance b (no nitrogen) was heated in the same con- 
ditions, only a 6% loss of viscosity was observed 


Substances e and f of H. influenzae 
other capsular substances, substance(s) e contain(s) two sugars: 
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glucosamine and a hexose, but no phosphate. 
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In previous reports (2, 3) it has been demonstrated that the 
type-specific substance of Hemophilus influenzae, type b, is a 
polymer of ribose and phosphate, i.e. a polyribophosphate. 
Similar to ribonucleic acid, PRP" consists of a long chain of ribose 
units connected by 3,5-phosphate diester linkages. However, 
instead of a purine or pyrimidine on carbon 1 of ribose, as is the 
case in ribonucleic acid, each carbon 1 of one chain is bound to 
the carbon 1 of a second similar chain by 1:1’ glycosidic bonds. 
Since the identity of the pentose had been based solely on paper 
chromatography, the optical configuration, as well as the 
anomeric configuration, was not established. Structural 
studies presented below prove that the pentose is p-ribose and 
suggest that the anomeric linkage is 8. The presence of 1:1’ 
ribosyl-riboside units in PRP has been confirmed by their 
comparison with synthetic disaccharide. Some physical 
measurements on PRP are also presented. 

It was originally reported (2, 3) that the PRP was slowly 
depolymerized by crystalline pancreatic ribonuclease, even 
though PRP contains no pyrimidines. Takemura et al. re- 
ported (4) that riboapyrimidinic acid was slowly depolymerized 
by crystalline pancreatic RNase, but was unaffected by RNase A 
or RNase B, or both (5). These authors suggested that com- 
mercial crystalline pancreatic RNase contains a small amount of 
nonspecific diesterase and that this diesterase is responsible for 
the slow hydrolysis of riboapyrimidinic acid and PRP. In order 
to find out the nature of the enzyme attacking PRP and to 
obtain quantitative data on the rate of depolymerization, the 
action of RNase on PRP was studied in more detail. 


EXPERIMENTAL PROCEDURE 


PRP was isolated from H. influenzae, type b, by a procedure 
previously described (3) in an abstract; the procedure is identical 
to that described in detail for the isolation of substance f (6). 
The quantity of purines and pyrimidines was less than 0.1% of 
the amount of ribose. 

Crystalline pancreatic RNase (lot R561), alkaline phosphatase, 
and DNase were obtained from the Worthington Biochemical 


* This investigation was supported by research grants NSF 
G-10777 and G-15637 from the National Science Foundation, and 
by a Senior Research Fellowship SF-241-R from the Public Health 
Service. An abstract of a part of this investigation has been pre- 
viously presented (1). 

t Public Health Predoctoral Fellow of the National Cancer 
Institute (CF-8980). Some of the studies reported in this paper 
were taken from a thesis submitted by this author to the Faculty 
of Pure Science, Columbia University, in partial fulfillment of 
the requirement for the degree of Doctor of Philosophy. 

The abbreviation used is: PRP, polyribophosphate. 


Corporation. Samples of RNase A and polynucleotide phos- 
phorylase were gifts of Drs. A M. Crestfield and S. Moore, 
Rockefeller Institute, and Dr. S. Ochoa, New York University 
School of Medicine, respectively. Streptodornase was obtained 
from Lederle Laboratories. Russell's viper venom and purified 
venom diesterase were gifts of Dr. T. D. Price of this department. 
Cobra venom was obtained from Haffkine Institute, Bombay, 
India. Viscous RNA was prepared by the method of Ginnan 
and Mosher (7). §-p-Ribofuranosy]-8-p-ribofuranoside was 
chemically synthesized by the authors. 

Estimations were carried out by micromodifications (one - 
tenth scale) of existing methods for the determination of in- 
organic phosphorus (8, 9), reducing groups (10), and pentoses 
(11). Periodate oxidation was followed spectrophotometrically 
(12) in a 0.5-ml solution (0.1 M acetate buffer, pH 4.5). Viscosity 
measurements were performed in an Ostwald-Fenske micro- 
viscosimeter (water value, 16.8 seconds) at 37°. Measurements 
of optical activity were performed at room temperature with a 
sodium lamp; use was made of a 1-de. polarimeter tube that 
required only 0.3 ml of sample. The sedimentation behavior of 
PRP was studied in a Spinco model E ultracentrifuge equipped 
with a schlieren optical system. 

Paper chromatography (Whatman No. 1 paper, descending 
technique, room temperature) was performed in three solvent 
systems: A, n-butanol-95% ethanol-water (40:19:11 by volume) 
(13); B, n-butanol-water (14); and C, n-butanol-acetic acid- 
water (40:10:50 by volume) (14). Duplicate chromatograms 
were searched for sugars and polyols by alkaline silver nitrate 
(15, 16), and for pentose by modifying a spray method (17) as 
follows. The chro were dipped in a solution con- 
taining 10 mg of orcinol, 20 ml of 6 * HCl containing 0.5% FeCls, 
and 180 ml of acetone, and then heated for 10 minutes at 100 
105°. With the use of the latter technique, pentoses appear as 
blue spots on a pale green background. Since the blue com- 
pound formed is insoluble in water, the papers were passed 
through water to clear the background. 


Identification of Pentose in PRP 


Thirty milligrams of PRP were hydrolyzed in 10 ml of 0.5 x 
HCl for 16 hours at 95-100 in a sealed tube. The hydrolysate 


was evaporated to dryness at 30°; water was added and evap- 
orated at 30° four times. The residual yellow sirup was dis- 
solved in 0.02 M sodium borate and chromatographed on a borate 
ion exchange column, as described by Khym and Zill (18) and 
Zill et al. (19). All of the orcinol-positive material (12 mg) was 
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Fic. 1. The sodium m-periodate oxidation of the dephospho- 
rylated alkaline hydrolysate of PRP. The moles of periodate 
consumed per mole of disaccharide are plotted as the ordinate. 
The abscissa indicates the duration of oxidation (0.1 mM acetate 
buffer, pH 4.5). 
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Fic. 2. The specific viscosities () of two different prepara- 
tions (curves 1 and 2) of PRP. The abscissa indicates concentra- 
tion in milligrams per ml and volume per cent (37°, 0.1 u Tris 
buffer, pH 7.3). 


eluted off the column between 50 and 300 ml of 0.02 m sodium 
borate. The 50 to 300-ml eluate was then passed through a 
column of ion exchange resin, IRC-120 (H?“ form), and evap- 
orated to dryness at 35°; methanol was added and removed 
(flash evaporator) four times to insure complete removal of the 
volatile methyl borate (20). The remaining white solid (11.3 
mg of pentose) was dissolved in 0.5 ml of water. Paper chro- 
matography of 1 ul of the solution (Solvent B) revealed only one 
spot which separated from lyxose, arabinose, and xylose, but not 
from ribose. The solution had a specific rotation of —17.3° + 6°. 

The 2,4-dinitrophenylhydrazone of the pentose (10 mg) from 
PRP was prepared by a micromodification of a known method 
(21). After two recrystallizations from 95% ethanol, the 
derivative melted at 163-164°. The melting point was not 
depressed by authentic p-ribose-2,4-dinitrophenylhydrazone 
(m.p., 163°). 


Characterization of I: J. Ribosyl-Riboside of PRP 


The postulated 1:1’ ribosy]-riboside, suggested by Zamenhof et 
al. (2) to be the basic unit of PRP, was isolated from PRP by the 
same procedure. Ten milligrams of PRP were hydrolyzed for 
16 hours (pH 13, 37°). The neutralized alkaline hydrolysate 


was then treated with alkaline phosphatase (0.1 u glycine buffer, 
pH 8.5) (2). Without further purification, the postulated 1:1’ 
ribosyl-riboside was characterized by paper chromatography, 
periodate oxidation, and optical rotation measurements. 

On paper chromatography, the dephosphorylated alkaline 
hydrolysate of PRP revealed only one spot which migrated with 
a velocity slower than that of ribose and faster than that of 
sucrose, but identical to the velocity of synthetic g- p- ribo- 
furanosy]-8-p-ribofuranoside.2 The Ry values in Solvents A, 
B, and C, respectively, were as follows: ribose, 0.35, 0.19, and 
0.31; sucrose, 0.13, 0.02, and 0.14; ribosyl-riboside (from PRP), 
0.21, 0.05, and 0.18; and ribosyl-riboside (synthetic), 0.20, 0.05, 
and 0.18. The ribosyl-riboside appears as a dark brown spot in 
3 to 5 minutes with the alkaline silver nitrate (15, 16) method, 
and as a blue spot with the orcinol method. 

Fig. 1 shows the rate of periodate consumption by the dephos- 
phorylated alkaline hydrolysate of PRP. The specific rotation of 
the dephosphorylated alkaline hydrolysate of PRP was —60°. 
After periodate oxidation, the specific rotation was —158° for 
the natural product, and —180° for the synthetic product. 

Physical Properties of PRP 

Viscosity of PRP—Fig. 2 shows the change in specific viscosity 
as a function of concentration for two preparations of PRP. 

Ultracentrijugation Studies of PRP—Three milligrams of 
freshly prepared PRP were dissolved in 1.0 ml of 0.2 m NaCl to 
give a clear viscous (1. % = 14) solution. From the sedimenta- 
tion behavior, PRP appeared to be heterogeneous with respect 
to molecular weight. The material sedimented from 8 = 1.3 
to 15 8, with most of the material sedimenting between 8 = 3 
and 8.5 8. 


Action of RNase on PRP 


Effect of RNase on Viscosity of PRP—Fig. 3 shows the decrease 
of specific viscosity of PRP upon treatment with commercial 
RNase and with RNase A. Similar experiments with viscous 
liver RNA as the substrate (not shown on Fig. 3) indicate that 
RNase and RNase A both depolymerize RNA approximately 
2500 times faster than PRP. Since these viscosity measure- 
ments do not lend themselves very well to quantitative compari- 
son with RNA, the rate of action of RNase on PRP was also 
measured by another method, as described below. 

Liberation of Monophosphate Groups from PRP by RNase— 
The usual methods of assaying for RNase activity (22) on RNA 
as the substrate are not applicable for PRP, since PRP does not 
absorb in the ultraviolet and is an acid-soluble polymer. The 
less frequently used method of titrating the liberated secondary 
phosphate groups is theoretically possible with PRP, but in 
practice it requires more material than was available. A 
modification of a method that was reported to be of little value for 
assaying RNase on RNA (23) was developed for PRP as the 
substrate. PRP in various concentrations was incubated with 
RNase (100 ug per ml) and excess alkaline phosphatase (50 
ug per ml) in 0.1 M Tris buffer, pH 7.5, at 37°. At selected times, 
aliquots were removed and assayed for inorganic phosphorus. 
Corrections were made for a small amount of diesterase activity 
in the alkaline phosphatase and some spontaneous depolymeriza- 
tion of PRP at pH 7.5 and 37° (always less than 5% of the 
enzymatic rate). The method is suitable in the case of PRP 
since the rate of formation of monoesters of phosphate is slow 
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Fic. 3. Loss in viscosity of PRP upon treatment with commercial RNase and RNase A. PRP (700 wg) was incubated with 


(1) no enzyme, (2) 4.3 wg of RNase, (3) 43 wg of RNase, (4) 77 ug 


of RNase, and (5) 60 wg of RNase A, in a final volume of 1.0 


ml. The specific viscosity in per cent of starting value is plotted as the ordinate; the abscissa indicates the duration of the ineu- 


bation (0.1 u Tris buffer, pH 7.3, 37°). 
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Fic. 4. Activity ef RNase as a function of PRP concentration. 
The reciprocal of the velocity ((mg of RNase, min) X 10% (mmole 
of phosphorus)) is plotted against the reciprocal of the PRP con- 
centration (milliliters per mg) (24). The reaction mixture also 
contained RNase (100 wg per ml) and alkaline phosphatase (50 yg 
per ml) in 0.1 u Tris buffer, pH 7.5, 37°. 


compared to their release by the phosphatase.“ The corrected 
initial rates for RNase action on PRP, obtained in this manner, 
are presented in a Lineweaver-Burk (24) plot (Fig. 4). The 
maximal velocity for PRP, (5 to 7 mumoles of phosphorus) / 
(minutes, mg of RNase), was approximately 2500 times lower 
than with RNA, (17 mmoles of phosphorus) /(minutes, mg of 
RNase), as a substrate. The K, for PRP was 2.9 mg per ml. 

Diesterases may split the 3,5-phosphate diester linkages to 
yield either 2’-, 3’-, or 5’-phosphates. After extensive treatment 
with RNase, PRP consumed periodate to the extent of only 0.2% 
of the ribose. However, now alkaline phosphatase liberated 
4.8% of the phosphorus as inorganic phosphorus. Subsequently, 
PRP consumed periodate to the extent of 5.1% of the ribose. 
Therefore, the action of RNase on PRP resulted in the formation 
of 2’- or 3’-phosphates. 


With RNA as a substrate, the method is applicable only when 
the concentration of phosphatase is 200 times greater than RNase 


Heat Stability of Enzyme Attacking RV After adjusting 200 
ug per ml of RNase to pH 5.0, the enzyme solution was kept at 
100° for 30 minutes. The solution was then cooled and brought 
to pH 7.3. The heat-treated RNase was as active towards 
PRP as the unheated enzyme.“ The same results were obtained 
if RNA was used as a substrate. 


Action of Other Enzymes on PRP 


The following enzyme preparations were also tested for their 
activity toward PRP: Russell’s viper venom, cobra venom, DNase, 
snake venom diesterase, streptodornase, and polynucleotide 
phosyphorylase. None of these preparations imparted reducing 
power to PRP. Russell's viper venom, cobra venom, and snake 
venom diesterase (each 1 mg per ml, 0.1 u Tris buffer, pH 7.3, 
37°) slowly liberated secondary phosphate group from PRP. 
These same three enzyme preparations effected a slow drop in 
viscosity of PRP, indicating that their action was of an exonuele- 
ase nature. These results are presented only as an example of 
how PRP might be utilized to study the substrate specificity of 
enzymes. X series of autolyzing cultures (8 hours up to 3 weeks 
old) of H. influenzae, type b, was tested for the appearance of 
enzymes in the medium capable of depolymerizing PRP. The 
PRP liberated into the medium by the autolyzing cells was 
neither depolymerized nor did it lose any immunological activity. 
Also, the autolysates were unable to depolymerize purified PRP 
(0.1 u Tris buffer, pH 7.5, 37°, 10 hours). 


RESULTS AND DISCUSSION 


Structure of PRP 


The pentose of PRP, which separates from xylose, lyxose, and 
arabinose, but not ribose (paper chromatography), has a specific 
rotation of —17.3° +6° (p-ribose, [a]? —21°), and the melting 


‘The Worthington RNase is heated during the commercial 
preparation in order to destroy proteolytic activity. Therefore, 
the heat treatment used in this work constituted a second treat- 
ment. 
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Fic. 5. The spatial orientation of the 2’-hydroxyl group in the 
aglycon of uridylate and PRP with respect to the ribose-phos- 
phate chain (Stuart and Briegleb atom models, Arthur 8. LaPine 
& Company, Chicago, Illinois)... The ribose considered as the 
aglycon in PRP is part of a similar ribose-phosphate chain (see 
text). 


point of its 2,4-dinitrophenylhydrazone (m. p., 163-164°) is not 
depressed by authentic p-ribose-2,4-dinitrophenylhydrazone 
(m.p., 163°). It is, therefore, concluded that the pentose of 
PRP is p-ribose. 

The ribosyl-riboside from PRP, postulated previously (2) to 
be a 1:1’ ribosyl-riboside, appears to be 6-p-ribofuranosy]-8-p- 
ribofuranoside. The disaccharide isolated from PRP behaves on 
paper chromatography like synthetic 6-p-ribofuranosyl-6-p- 
ribofuranoside. Since the nonreducing disaccharide consumes 1 
mole of periodate per mole of ribose, the ribose must be in the 
furanose configuration. 

After periodate oxidation of the 1:1’ p- ribofuranosyl- p- ribo- 
furanoside, three oxidation products are possible, namely those 
originating from , a, a, GB, or 8,8 disaccharides. Application of 
van’t Hoff’s “principle of optical superposition” would predict 
specific rotations of +150°, —20°, and —190° for the a,a, , G. 
and 8,8 isomers, respectively (25, 26). Since the product of 
the periodate oxidation of ribosy] riboside has a specific rotation 
of —158°, it would appear that it is the 8,8 isomer. Although 
the periodate oxidation was done on unpurified disaccharide, the 
value of —158° for its specific rotation strongly suggests that 
the 8,8 isomer predominates. 

The limiting slope of Fig. 2, 11,300, indicates that the PRP 
molecules are highly asymmetrical (27). Since PRP is het- 
erogeneous with respect to molecular size (ultracentrifuge), the 
slope of Fig. 2 represents a viscosity average. At present, it 
cannot be stated whether PRP is polydisperse in its native 
state,” or if the polydispersity is a result of the isolation proce- 
dure. 


Action of RNase on PRP 


The enzyme present in pancreatic RNase preparations that 
attacks PRP is a heat-stable endoesterase (rapid drop in viscosity 
of PRP) that forms 3’ (or 2’)-phosphomonoesters. These are all 
properties of pancreatic RNase itself. In addition, if the enzyme 
attacking PRP differs from the enzyme attacking RNA, that 


Polyribophosphate 


are antigenic, whereas corresponding N-glycosides, RNA and 
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enzyme is also found with the same activity in RNase A is in 
commercial RNase. These results indicate that the ame 
enzyme that hydrolyzes RNA, namely RNase, slowly hydrolyzes 
PRP. Thus, the hydrolysis does not appear to be due to 
contaminations in the commercial preparations, as suggested by 
Takemura et al. (4). Since PRP is equally poor as a substrate 
for RNase in regard to both the formation of cyclic phosphates 
(measured by loss in viscosity) and the hydrolysis of the cyelie 
phosphates (measured by the liberation of phosphomonoesters), 
there is no evidence for more than one active site for the two-step 
reaction (28) that is catalyzed by RNase. 

Since RNase hydrolyzes neither riboapyrimidinic acid nor 
methyl (a or 8)-ribofuranoside-2 ,3-cyclic phosphate (29), the 
ribose-phosphate structure is not a sufficient requirement for 
RNase activity. In order to explain the hydrolysis of PRP, an 
additional similarity between PRP and RNA must be suggested. 
As can be seen from Fig. 5, instead of a pyrimidine on the C-1, 
PRP has another ribose moiety. This ribose moiety has a 
hydroxyl group (on C-2) which is spatially oriented with respect 
to the ribose-phosphate chain in the same manner as the hy- 
droxyl on the C-2 of the pyrimidines. Consideration of the 
highly cross-linked nature of the two chains in PRP does not 
distort the position of the critical hydroxyl group. It is sug- 
gested that such a hydroxyl group (or sulfhydryl group in the 
case of thiouracil) plays a role in the substrate specificity for 
RNase. Witzel (30) has proposed that the carbonyl oxygen at 
C-2 of the pryimidine ring interacts by hydrogen bonding with 
the sterically properly situated 2’-hydroxyl groups of the ribose. 
This makes the oxygen at the C-2’ a better nucleophile and 
facilitates its attack on the phosphorus. If one is to accept this 
hypothesis, the 2-hydroxy] in the ribose aglycon of PRP may act 
as a weak nucleophile. Other factors may be involved since 
polyadenylic acid is also attacked by RNase (31). 


RNA and PRP 


Certain structural similarities between PRP and RNA can be 
emphasized: both polymers are composed of ribose-3 ,5-diphos- 
phoester linkages, have a high axial ratio, and are B-glycosides. | 
In the case of RNA, the 8-glycoside is an N-glycoside, whereas 
in PRP it is an O-glycoside. The more complicated RNA 
molecule, containing nitrogenous bases in addition to the ribose- 
phosphate “backbone,” can be considered a chemical derivative 
of the simpler PRP. 

Since the energy of the O-glycosidie bond is similar to that of 
the N-glycosidie bond, it is thermodynamically possible for 
either RNA or PRP to serve as a precursor for the other. Since 
the chemical structure of PRP is now known in some detail, it is 
practicable to explore the possibility of metabolic relationships 
between RNA and PRP. 

In the last few years, several different examples of this new 
class of compounds, polysugarphosphates, have been reported 
(32-36). It should be pointed out that, if PRP occurs fre- 
quently in nature, it may have been overlooked by having been 
classified as RN A because of its orcinol reaction. It is interesting 
to note that PRP and glycosylated DNA (37), both 0-glycosides, 


DNA, are not antigenic. 


SUMMARY 


The study of the structure and properties of polyribophosphate 
(PRP) has been extended. The pentose of PRP has been 
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isolatecl and shown to be p- ribose. The previously isolated non- 
reducing disaccharide of PRP appears to be 8-p-ribofuranosyl- 
p-p-ribofuranoside by comparison with the synthetic disac- 
charide and by the optical rotation of its periodate oxidation 
product. PRP has been isolated as a polydisperse polymer with 
a high axial ratio. Commercial crystalline ribonuclease and 
ribonuclease A both hydrolyze PRP approximately 2500 times 
slower than ribonucleic acid. Evidence is presented that the 
action of commercial crystalline ribonuclease on PRP is not due 
to a contaminant in this enzyme preparation. A mechanism 
for the action of ribonuclease on PRP has been discussed. 
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It has been previously reported that the heterofermentative 
lactic acid coccus, Leuconostoc mesenteroides, strain 39, ferments 
glucose to equimolar amounts of lactate, ethanol, and carbon 
dioxide (1). A later paper in this series (2) showed that this 
microorganism ferments glucose by an anaerobic hexose mono- 
phosphate pathway, eventually yielding carbon dioxide (carbon 
1), ethanol (carbon atoms 2 and 3), and lactic acid (carbon atoms 
4, 5, and 6). Data obtained in the fermentation of galactose 
are comparable to the results obtained using glucose as a sub- 
strate (3). Since it has been known for some time (4, 5) that 
fructose is fermented by Leuconostoc mesenteroides, yielding man- 
nitol and acetic acid in addition to carbon dioxide, ethanol, and 
lactic acid, it became of interest to determine whether the same 
pathway was involved in the dissimilation of a ketohexose. 

The present experiments were designed to test this possibility 
and to ascertain whether the organism could serve as a means 
whereby the distribution of isotope in fructose could be deter- 
mined. 

EXPERIMENTAL PROCEDURE 

Bacteriological Method—Leuconostoc mesenteroides, strain 39, 
(ATCC 12291) was employed throughout these experiments. 
The growth medium and fermentation conditions employed pre- 
viously were used (1) with the exception that fructose was sub- 
stituted for glucose. Cells were harvested from gassing cultures 
grown at 30° and were resuspended in 0.33 m potassium phos- 
phate buffer at pH 6.0. The fermentations were carried out at 
30° in 150-ml Warburg vessels with two side arms in a total vol- 
ume of 15 ml, with nitrogen as the gas phase. The reaction was 
started by tipping in the cells from one side arm. 

Isolation and Assay of End Products—After CO: production 
had ceased, CO, was collected in 0.5 ml of CO: free NaOH intro- 
duced into the second side arm through the venting plug. The 
cells were removed from the fermentation solutions by centrifu- 
gation at 4°. The supernatant fluid and the cell washings were 
made up to a volume of 40 ml. Aliquots of the solution were 
analyzed for residual fructose by the method of Roe, Epstein, 
and Goldstein (6), for ethyl alcohol with brewers’ yeast alcohol 
dehydrogenase (7), for acetic acid with acetate kinase from 
Escherichia coli (8), and for lactic acid by the Barker-Summerson 


* Supported by grants from the National Science Foundation, 
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and Development Command, under contract No. AF 49 (638) 798. 
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method (9). Mannitol was oxidized with periodate and the 
formaldehyde formed was determined with chromotropic acid 
(10). As this method is unspecific, mannitol was purified in 3 
Celite column with the procedure of Neish (10). 

For chemical degradation, ethanol was collected by distilling 


the neutralized fermentation solution. The solution was then 
adjusted to less than pH 2 (Congo red) with H,SO, and the | 


organic acids were extracted with ether. After the removal o 


the ether from the neutralized extract, lactic acid and acetic acid 


were separated on a Celite column according to the procedure ol 


Swim and Utter (11). The Celite analytical filter aid (Mallinck- — 
rodt Chemical Works) was washed with concentrated HCl 
since poor recovery of lactic acid was obtained without this treat- 
ment. To determine if there was a complete separation of the 
acids from mannitol, a mixture of unlabeled acetic acid and lactic 
acid together with mannitol-1,6-C' was passed through the 
column. No radioactivity was found in either the acetate or 
lactate fraction. The ether-extracted solution which contains 


the mannitol was deionized with Dowex 50W-X8 (50 to 100 
mesh, H* form) and Amberlite CG-45 type 1 (chromatographie 
grade, OH- form). The mannitol was identified by co-chro- 
matography with authenic mannitol on paper with butanol- 
ethanol-water (52:32:16) as solvent. 

Chemical Degradation of Fermentation Products—The CO, 
ethanol, acetic acid, and lactic acid were degraded according to 
the procedures of Bernstein and Wood (12). All C™ assays were 
carried out as barium carbonate at infinite thickness in a meth- 
ane flow beta proportional counter. 

Preparation of Labeled Fructose—Fructose-1-C™, fructose-2- 
Cie, and fructose-6-C" were prepared from the respective specifi- 
cally labeled glucoses (Volk Radio-Chemical Company). Glu- 
coses containing 10 yc (6.7 wmoles of glucose-1-C'*; 10 umoles of 
glucose-2-C™; 11.6 umoles of glucose-6-C™) were incubated with 
20 umoles of Tris buffer, pH 7.5, 10 umoles of MgCle, 20 umoles 
of ATP, 400 units of hexokinase type III (Sigma Chemical Com- 
pany), and 4000 units of phosphoglucose isomerase (13) in s 
total volume of 1 ml. At intervals, aliquots were assayed for — 
glucose 6-phosphate with glucose 6-phosphate dehydrogenase. 
Approximately 94% of the glucose was phosphorylated. After — 
approximately 45 minutes the incubation mixtures were placed 
in a boiling water bath for 3 minutes and protein was removed 
by centrifugation. The hexose phosphates were dephosphoryl- 
ated with acid potato phosphatase (14). Fructose and glucose 
were separated by one-dimensional paper chromatography with — 
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butanol-ethanol-water (52:32:16) as solvent. The sugars were 
eluted and rechromatographed in the same solvent. 

Enzymology—Approximately 0.5 g of freshly harvested wet cells 
was ground with 2.5 times the weight of levigated alumina in a 
chilled mortar. After the mixture had become pasty a total of 
4 ml of ice-cold 0.02 M NaHCO, was added in small portions with 
continuous grinding. The alumina and the undisrupted cells 
were centrifuged off at 5000 x g for 10 minutes. All operations 
were performed in the cold room. Protein was determined with 
the methods of Lowry et al. (15) with crystalline egg albumin 
as standard. 


RESULTS AND DISCUSSION 


Fermentation Products from Fructose—Under anaerobic condi- 
tions L. mesenteroides converts fructose essentially to CO,, 
ethanol, acetic acid, lactic acid, and mannitol (Table I). The 
oxidation-reduction balance was 1.01 to 1.04; 95 to 97% of the 
carbon was recovered in these products. 

In contrast to glucose some of the fructose is reduced by L. 
mesenteroides to yield mannitol. In Table I the mannitol ac- 
counts for 30 to 35% of the original fructose. Another product 
not found in glucose fermentation by L. mesenteroides, strain 39, 
is acetic acid (1). In both experiments of Table I, 0.6 mole of 
acetate per mole of mannitol is produced. The calculated value 
would be 0.5 since for each mole of acetate not reduced to ethanol 
2 moles of mannitol can be formed. Apparently, an important 
difference between fructose and glucose fermentation by L. 
mesenteroides is that fructose may act as a hydrogen acceptor 
mainly at the expense of ethanol formation, whereas glucose does 
not. 


Distribution of CM in Fermentation Products—In Table II the 
degradation data for the specifically labeled fructoses are sum- 
marized. In addition, the first column shows the degradation 
data for glucose-2-C" isolated from the phosphatased incubation 
mixtures after conversion of glucose to fructose. The data in- 
dicate that the desired fructoses had been synthesized since any 
spreading of Cie should also be reflected in the glucose. 

With fructose-1-C™ as a substrate, radioactivity was highest 
in the COs. With fructose-2-C™ the tracer is found mainly in 
the methyl group of ethanol and in the acetic acid, respectively. 
The amount of acetic acid formed was too small to determine the 
distribution of activity between both carbons. However, the 
average specific activity of the acetic acid is essentially the same 
as that of the ethanol and, therefore, it is felt that the distribu- 
tion of Cie is the same in both compounds. On fermenting fruc- 
tose-6-C™, specific activity was highest in the methyl group of 
the lactate. The mannitol formed during the fermentations was 
not degraded since Blakley and Blackwood (5) showed that its 
specific activity is the same as that of the original fructose. 

The degradation data for CO,, ethanol, acetic acid, and lactic 
acid show that the majority of the tracer found in these products 
is distributed in the same way as in glucose fermentation (2). 


I, is therefore concluded that the breakdown of fructose to these 
_ products follows principally the same pathway as in the fermen- 
nation of glucose. 


As shown by the spreading of tracer to other positions among 


_ the fermentation products, some additional pathways must be 


operating in L. mesenteroides when glucose is replaced by fructose. 


_ With fructose-1-C" as substrate, tracer is found in the methyl 
_ Group of the lactate which is derived mainly from the 6-position 
| of the fructose as shown by the degradation data for fructose-6- 
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I 
Products of fructose fermentation by Leuconostoc mesenteroides 

The Warburg vessel contained 200 or 300 umoles of fructose, 
5000 moles of potassium phosphate buffer, pH 6.0, and 0.3 g of 
wet cells. The total volume was 15 ml. The fermentation was 
run at 30° under nitrogen. After CO: production had ceased the 
products were assayed as outlined under Experimental Proce- 
dure. 


Products Experiment Experiment 2 
— umoles/ 100 

Initial fructose...... 200 300 
Final fruetose <2 <2 
Carbon dioxide... ... 136.0 68 190.1 63.0 
Acetic acid.......... 36.6 18 64.6 21.5 
Ethanol............. 104.0 52 130.5 43.5 
Lactic Acid.......... 126.4 63 173.1 58.0 
Mannitol............ 61.5 31 103.1 35.0 
Percentage of carbon 

recovered.......... 97.0 95.4 
Oxidation-reduction 

1.01 1.04 

II 


Distribution of Ci in fermentation products formed from glucose - 
2-C™, fructose-1-C™, fructose-2-C™, and fructose-6-C™ 

For each degradation a total of 750 umoles of hexose was fer- 
mented in three Warburg flasks. Each flask contained 250 umoles 
of hexose, 500 umoles of potassium phosphate buffer, pH 6.0, and 
0.4 g of wet cells. The fermentations were run at 30° under ni- 
trogen. After fermentation the contents of the flasks were cooled 
and the fermentation products were isolated and degraded as 
outlined under Experimental Procedure.“ 


Specific activity 
Products 
Glucose | Fructose Fructose - Fructose 
myc/ mg of C 
Carbon dioxide 0.00 5.54 0.00 0.32 
Ethanol, CH;— 1.20 0.31 9.50 0.16 
—CH,0OH 0.00 0.03 0.67 0.03 
Acetic acid, CH;—COOH 4.68 | 0.09 
Lactic acid, COOH— 0.00 | 0.04 | 0.01 0.01 
—CHOH 0.00 0.00 2.26 0.02 
—CH; 0.00 0.34 0.03 4.56 
Hexose totally oxidized 0.21 | 1.07 | 2.18 | 0.94 


Ci The CO, carbon also appears to be derived from two 
sources. Most arises from carbon 1 of the fructose but a smaller 
amount arises from carbon 6 of the fructose chain. On ferment- 
ing fructose-2-C™, tracer is found in the a group of lactate which 
presumably is derived mainly from carbon 5 of the fructose. 
Apparently, part of the tracer is exchanged between both halves 
of the fructose molecules. A mechanism by which this may be 
achieved is the reoxidation of some of the mannitol formed from 
fructose. 

To check this possibility further, fructose was fermented in 
presence of increasing amounts of mannitol. Either the fructose 
or the mannitol was labeled. The amount of CO, formed and its 
total radioactivity was measured (Table III). The values re- 
corded show that the amount of CO, produced is increased by 
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TABLE III 
Amount and total activity of CO: produced in fermentation 
of miztures of fructose and mannitol 

Each Warburg flask contained 500 umoles of fructose, mannitol 
as indicated by the mannitol-fructose ratio, 5000 wzmoles of potas- 
sium phosphate buffer, pH 6.0, and 0.4 g of wet cells. The total 
volume was 15 ml. 

Experiment 1: unlabeled fructose and mannitol-1,6-C™ (2.17 
myc per mg of C). 

Experiment 2: fructose-1-C™ (0.94 mye per mg of C) and un- 
labeled mannitol. 

Experiment 3: fructose-6-C™ (0.96 myc per mg of C) and un- 
labeled mannitol. 


14 Experiment 1 Experiment 2 Experiment 3 
fructose 

mg of C myc mg of C myc mg of C myc 
0 3.4 18.90 4.2 1.97 
0.5 4.0 6.32 3.7 18.00 4.7 1.50 
1 4.4 18.42 4.9 1.18 
2 4.8 17.32 5.5 0.93 
3 5.4 19.70 5.3 18.65 5.9 0.71 


TABLE IV 


Examination of several enzymatic activities in extracts 
of Leuconostoc mesenteroides 


Each Beckman cell (I-em light path) contained 100 umoles of 
Tris buffer, pH 7.8, 5 wumoles of MgCl, 0.5 umole of reduced gluta- 
thione, 0.15 wmole of DPN or 0.05 umole of DPNH, respectively, 
and crude extract. Substrate was added in amounts of 10 umoles, 
except for fructose 6-phosphate of which 1 umole was used. 
Where indicated, 10 amoles of ATP were added. The final volume 
was 1 ml. The change of optical density at 340 my during the 
interval between the Ist and 2nd minute after addition of the 
pyridine nucleotide was recorded. In each experiment a control 
sample containing all additions except substrate was included. 
Protein concentrations of the samples were adjusted to give 
changes in optical density between 0.020 to 0.170 per minute. 
When sorbitol and glucose (No. 8.9) were substrates, a protein 
concentration 10 times higher than used with mannitol as sub- 
strate was employed. 


8 DPN reduced or 
2 DPNH oxidized 
8 Substrate Other additions 
Glucose- | Fructose- 
i crore | 
umole/mg protein/min 
1 | Glucose 6-phosphate DPN 6.14 6.00 
2 | Fructose 6-phosphate | DPN 0.87 1.15 
3 | Glucose DPN + ATP 0.21 0.21 
DPN 0 0 
4 | Fructose DPN + ATP 0.09 | 0.21 
DPN 0 0 
5 | Fructose DPNH 0.23 0.27 
6 | Mannitol DPN + ATP | 0.33 0.39 
DPN 0.30 0.40 
7 | Mannitol TPN 0 0 
8 | Sorbitol DPN, TPN 0 0 
9 | Glucose DPNH 0 0 


the addition of mannitol. With a mannitol-fructose ratio of 3 
approximately 50% more CO, is formed than from fructose 
alone. In Experiment 1 where mannitol-1,6-C" and unlabeled 


fructose have been fermented, the total activity increases with 
the mannitol-fructose ratio, thus indicating that mannitol is 
oxidized in presence of fructose. In Experiment 2, fructose-I-Cu 
was fermented together with unlabeled mannitol and in Experi- 
ment 3 fructose-6-C" was used as the labeled substrate. The 
data for total activity (Experiments 2 and 3) show clearly that 
mannitol has essentially no influence on the amount of C, 
produced from carbon 1 of fructose (Experiment 2) whereas the 
production of C, from carbon 6 of fructose is greatly dimin- 
ished with increasing amounts of added mannitol (Experiment 
3). With a mannitol-fructose ratio of 3 the total activity found 
in CO, is only one-third of the activity in CO: produced from 
fructose-6-C™ alone. 

These data strongly support the assumption that C, derived 
from carbon 6 of fructose is due to an exchange mechanism via 
mannitol. Apparently, the added mannitol dilutes out the 
labeled mannitol formed from fructose-6-C™ which results in 9 
decrease of the total activity transferred to carbon 1 of fructose 
and CO:, respectively. With fructose-1-C", however, approxi- 
mately 90% of CO, is produced by direct oxidation of the frue- 
tose as may be seen from a comparison of the values found in the 
fermentation of fructose alone (Experiments 2 and 3). In this 
case, any dilution of labeled mannitol can not be expected to have 
a pronounced influence on the total activity of CO.. 

In addition to the hexose monophosphate pathway and the 
pathway giving rise to mannitol, another mechanism must be 
operating to explain activity in the methyl group of the ethanol 
derived from fructose- I- CM and the activity in the carbinol group 
of the ethanol derived from fructose-2-C“ (Table II). This 
seems to indicate that in L. mesenteroides, fructose phospho- 
ketolase (16-18) is present. Acting on carbon 1- or carbon 2- 
labeled fructose 6-phosphate, this enzyme would yield methyl- or 
carbinol-labeled acetyl phosphate. This result contrasts with 
those of Blakley and Blackwood (5) who did not find radioactir- 
ity in the methyl group of ethanol on fermenting fructose-1 ,6-C¥ 
with L. mesenteroides. 

A significant amount of isotope was located in the methyl 
group of ethanol with a specific activity approximately 50% that 
of CO, when fructose-6-C™ was the substrate (Table II). By 
the action of phosphoketolase, tracer in ethanol may be derived 
from carbon 1 of fructose which in turn is labeled by the mannitol 
exchange mechanism. However, since the degradation data for 
fructose-1-C™ and fructose-2-C™ (Table II) indicate that only a 
small amount of the fructose is split by phosphoketolase, the 
relatively high specific activity in the ethanol cannot be ex- 
plained in this way. It seems evident, therefore, that some 
other mechanism must exist by which carbon is transferred from 
carbon 6 to the methyl group of ethanol. Possibly erythrose 
phosphate formed by phosphoketolase is metabolized to yield 
methyl-labeled ethanol. 


Enzyme Studies To obtain a further insight into fructose | 


metabolism by L. mesenteroides and particularly its interconver- 
sions with glucose and mannitol, an investigation of some perti- 
nent enzymatic reactions was undertaken. Crude extracts of 
glucose-grown and fructose-grown cells were used. The results 
obtained are summarized in Table IV. 

Extracts of both types of cells contain an active glucose 6 
phosphate dehydrogenase whose specific activity is comparable 
to that reported by DeMoss (19). The reduction of DPN with 
fructose 6-phosphate as substrate indicates the presence of 3 
phosphoglucose isomerase. Kinases for glucose and fructose are 
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indicated by the lack of DPN reduction in the absence of added 
ATP. ‘These data indicate that the dissimilatory pathways 
taken by glucose and fructose have glucose 6-phosphate as a 
common intermediate. 

Evidence was sought for the presence of mannitol dehydro- 

and mannitol 1-phosphate dehydrogenase in these prep- 
grations since the former has been reported to be in crude extracts 
of Lactobacillus brevis (20) and the latter has been found in ex- 
tracts of the strain of L. mesenteroides used in this study (21). 

The data recorded in Table IV show that the extracts contain 
3 readily reversible, DPN-specific mannitol dehydrogenase. 
These observations contrast with those reported by Eltz and 
Vandemark (20) who could readily show with extracts of L. 
brevis the oxidation of DPNH with fructose but could not demon- 
strate the reduction of DPN by mannitol unless the dye, 2,6- 
dichlorophenolindophenol, was included in the reaction mixtures. 

The occurrence of mannitol 1-phosphate dehydrogenase could 
not be demonstrated unequivocally in our extracts. As shown 
in Table IV, addition of ATP did not increase the rate of DPN 
reduction by mannitol. The same result was found with extract 
dialyzed overnight against 0.02 M NaHCO;. Possibly our nega- 
tive results are due to lack of phosphorylation of mannitol under 
our conditions. When fructose 6-phosphate was incubated with 
DPNH, optical density at 340 my decreased approximately 25% 
compared to a fructose 6-phosphate-free control. After approxi- 
mately 4 to 5 minutes, the pyridine nucleotide was again fully 
reduced. This transient change of optical density may be due 
toa dismutation reaction between glucose 6-phosphate dehydro- 
genase and mannitol 1-phosphate dehydrogenase. 

On the basis of the published data (20, 21) and that presented 
here, glucose-grown and fructose-grown L. mesenteroides contains 
dehydrogenases for mannitol I- phosphate and mannitol. In the 
conversion of fructose to mannitol, mannitol dehydrogenase is 
probably of greater importance since during the fermentation of 
fructose, the substrate is readily available. 

It is of interest to speculate on the reason why mannitol is not 
an end product during glucose fermentation, since this hetero- 
lactic acid bacterium apparently possesses the enzymes capable 


oof catalyzing this conversion. Fructose 6-phosphate is pre- 


sumably an intermediate in this pathway but either its concen- 
tration is low because of the very active glucose 6-phosphate 
dehydrogenase or it is not available to mannitol 1-phosphate de- 
hydrogenase. It would appear, therefore, that a number of 
factors may block the conversion of glucose to mannitol. 

From the data given in Table II it is evident that the technique 
using L. mesenteroides for the degradation of glucose and galactose 
(12) cannot be applied to the degradation of fructose. 


Leuconostoc mesenteroides ferments fructose to carbon dioxide, 
ethanol, acetic acid, lactic acid, and mannitol. Degradation 
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data for specifically labeled fructoses show that most of the tracer 
is distributed among the fermentation products in the same way 
as in the case of glucose fermentation. Some tracer, however, is 
spread to other positions in the fermentation products. These 
data indicate that some of the mannitol formed is reoxidized 
resulting in an exchange of radioactive carbon 14. The pattern 
of radioactive carbon 14 distribution among the fermentation 
products also indicates the action of fructose phosphoketolase. 
In crude extracts of Leuconostoc mesenteroides, a reversible, di- 
phosphopyridine nucleotide-specific mannitol dehydrogenase has 
been found. The organism cannot be used to determine isotope 
distribution in fructose. 
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Extraction of glycogen from rabbit liver and from Ascaris 
muscle at low temperatures and without the use of alkali or acid 
yields a product, the sedimentation characteristics of which differ 
considerably from those of glycogen isolated by more drastic 
procedures (1). Glycogen extracted with cold water not only 
exhibits a markedly higher weight average sedimentation coe- 
ficient, but also a much greater polydispersity. This polydis- 
persity is characterized by two more or less distinct regions of 
sedimentation coefficients. An attempt was made to determine 
whether rapid changes in the glycogen concentration of a given 
organism or tissue affect these two regions differentially. To 
this end, the sedimentation coefficient distributions of glycogens 
from the parasitic trematode, the liver fluke, Fasciola hepatica, 
were examined under conditions which alter the total glycogen 
concentration of the organism. This parasite was selected be- 
cause its glycogen content is influenced readily by the presence 
or absence of glucose in the medium in which the organism is 
incubated (2). It was found that changes in the total glycogen 
content were associated with much greater variations in the 
concentration of the heavier component than in that of the lighter 
fraction. 


EXPERIMENTAL PROCEDURE 


The parasites were obtained as described by Mansour (2), and 
the glucose-free and glucose-containing media had the same com- 
position as those used by that author for the determination of 
glycogen utilization and resynthesis (2). After arrival in the 
laboratory, the liver flukes were divided into three groups. Gly- 
cogen was extracted immediately from the first group (control 
group); the second and third groups were incubated for 24 hours 
at 37° in the glucose-free medium. Four milliliters of medium 
were used per liver fluke. At the end of this period, glycogen 
was extracted from the second group (starved group). After 
the third group was incubated for another 24 hours at 37° in the 
glucose-containing medium (refed group), glycogen was extracted 
from these organisms. Glycogen was isolated essentially by the 
same method as employed previously for rabbit liver and Ascaris 
muscle glycogen (1), except for some modifications adopted for 
the smaller amounts of available material. A description of the 
procedure used in the present study follows. 


The organisms were homogenized in water by using 4 ml of 


* Supported by a contract with the Office of Naval Research 
(Nonr-3417(00)) and by a research grant (E-3515) from the Na- 
tional Institutes of Health. 

t Predoctorate fellow under Training Grant 2E-149 from the 
United States Public Health Service. 


water per g (wet weight) of parasite tissue. This and unles 


stated otherwise—all subsequent operations were carried out be- 
tween 2° and 4°. To each milliliter of homogenate, 0.015 ml of 
ZnSO, (5%) and of Ba(OH), (0.2 m) were added with stirring. 
The mixture was centrifuged for 10 minutes at 800 x g and the 
supernatant was stored overnight in the frozen state. After 
thawing and centrifugation at 800 x g for 10 minutes, the result- 
ing supernatant solution was centrifuged in a preparative ultra- 


centrifuge (Spinco, model L) for 4 hours at 160,000 x 9. The 
gelatinous residue was homogenized in a volume of water equal 


to one-third of that used for the initial homogenization. Freez- 
ing and thawing, and centrifugations at 800 g and at 160,000 x 
g, were repeated in the same manner as for the first fractionation. 
The residue was then homogenized and enough water was added 
to adjust the concentration of glycogen to between 0.6 and 0.8%. 
This solution was shaken for 24 hours at room temperature with 
one-third of its volume of a mixture containing chloroform and 
n-octanol in a ratio of 3:1 (3). After centrifuging this mixture 
for 10 minutes at 800 X g, the supernatant aqueous solution was 
separated from the interphase and the lower, solvent phase. 
After addition of a few crystals of Li Cl to the aqueous phase, 
glycogen was precipitated by addition of 1.1 volume of ethanol 
(95%). After centrifugation at 3000 x g for 20 minutes, the 
supernatant was discarded and the residue was suspended in 8 
volume of ethanol (100%) equal to that used in the previous 
step. After centrifugation, the residue was dried in a vacuum 
at room temperature over silica gel. By means of this procedure, 
84.5 to 98% of the glycogen present in the original homogenate 
was recovered. 

Glycogen was determined by the use of the anthrone method 


(4). The sedimentation coefficient distribution curves of the 


glycogen samples from each of the three groups were determined 


in the analytical ultracentrifuge (Spinco, model E). Centrifuga- — 


tion was carried out at a concentration of 7 mg per ml in water 
at 20°, and at a rotor speed of 9340 r.p.m. for 18 minutes, with 
the use of the schlieren optical system. The plates thus obtained 
were measured on a Gaertner 2-axis micrometer-comparator. 
Sedimentation coefficient distribution curves were corrected to 
zero concentration conditions by the method of Baldwin (5). 
The molecular weights of the glycogen molecules obtained by 
the extraction procedure described above ranged from 41 
million to well over 200 million.“ These very high molecular 
weight materials necessitated the use of the elaborate correction 

1 Molecular weights were calculated from sedimentation ¢0- 


efficient data. The values quoted are minimal possible values, 
estimated on the basis of a spherical molecule. 
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procedure because of their large concentration dependence of 
sedimentation coefficient. Each of these corrected sedimenta- 
tion coefficient curves was normalized to unity total concentra- 
tion in order that relative fractional concentrations of the various 
samples could be compared directly. 

The actual computation involved in correcting a distribution 
by Baldwin’s method (5) is quite involved and was, therefore, 
programmed for an I. B. M. computer. As a result, complete 
normalized sedimentation coefficient distributions, fully corrected 
for the effects of finite concentration, were obtained, thereby 
eliminating the source of error inherent in this elaborate compu- 
tation. 

RESULTS 

The glycogen concentrations of the groups of parasites used 
in these experiments are recorded in Table I. 

Glycogen extracted from the parasites regardless of their 
nutritional state (control, starved, or refed) was found to have 
very large weight average sedimentation coefficients and a re- 
markable degree of polydispersity. Variations of the weight 
average sedimentation coefficients and the degree of polydis- 
persity were due almost entirely to changes in the relative con- 
centration of material above the region of 1300 S (1300. 10 
em per dyne sec). In glycogen samples from four separate 
experiments, the relative concentration of material in this region 
of the control group averaged 13.2%. In the starved group, the 
average concentration of this heavy component was reduced to 
5.2%, whereas, in the refed group, the average was 12.4%. In 
the starved group, the reduction of the relative concentration 
in the region above 1300 S coincided with an increase in the 
relative concentration of the region from 250 S to 1000S. Al- 
though Experiment 3 (Table 1) shows little change above 1300 
8, there was considerable difference in the sedimentation coe- 
ficient distributions of glycogens from the three groups in this 
experiment. The method of indicating the relative amount ly- 
ing above some S value cannot effectively show differences which 
are quite obvious when the entire curves are available for com- 
parison. The choice of 1300 S as a dividing line best illustrates 
these changes when all data are considered. If 1500 S were 
taken for comparison, the values for the third experiment would 
be 9.2, 6.3, and 9.6% for the control, starved, and refed groups, 
respectively; however, in Experiments 1, 2, and 4, the changes 
would be less pronounced. The factors affecting the exact posi- 
tion of these changes have not been investigated. 

As can be seen in Fig. 1, the use of hot alkali, rather than of 
cold water, for the extraction of glycogen results in the almost 


complete disappearance of the heavy components. 
DISCUSSION 


In glycogens from the control and refed groups, as well as from 
rabbit liver and Ascaris muscle (1), the components of higher 
sedimentation coefficients (above 250 S) amount to between 30 
and 60% of the total glycogen. The region above 250 S in the 
sedimentation coefficient spectrum of glycogen appears to be of 
some physiological significance since changes in this region are 
related to the nutritional state of the organism. This would 
seem to indicate that the heavy fraction of glycogen is not merely 
an artifact of the extraction procedure. The marked decrease 
of the heavier components of glycogen as a result of a reduction 
in the total glycogen content can be interpreted in at least two 
ways. The heavy component could be utilized and resynthe- 
sized preferentially. On the other hand, this fraction may be 
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TaBLe I 
Relative concentration of heavy component of glycogen from 
Fasciola hepatica 
Experiment No. Group Total glycogen 298 
% tissue weight | % total glycogen 
1 Control 3.67 16.9 
Star ved 2.23 3.7 
Refed 3.68 12.5 
2 Control 3.81 11.7 
Starved 1.04 5.0 
Refed 2.76 10.8 
3 Control 3.29 12.9 
Starved 0.96 11.3 
Refed 2.60 13.4 
4 Control 3.92 11.1 
Starved 0.76 0.8 
Refed 2.32 12.9 
Average Control 3.67 13.2 
Starved 1.25 5.2 
Refed 2.84 12.4 


produced from, or converted into, the lighter fraction, such 
changes being determined by the total glycogen level of the tis- 


sue. 

Glycogen from Fasciola hepatica is not unique in exhibiting 
variations in sedimentation coefficient distributions as a function 
of the nutritional state of the organism. Sedimentation analysis 
of water-extracted glycogen from the tapeworm, Hymenolepis 
diminuta, revealed similar changes in this region after starvation 
and refeeding.? 

The disappearance of differences in sedimentation coefficient 
distributions, caused by the use of hot alkali for the extraction 
of glycogen, indicates the need for using milder isolation proce- 
dures in studies concerned with the characterization of glycogen. 
It should be noted that the loss of these heavy components has 
been observed whenever glycogen has been treated with hot 
alkali, with cold trichloroacetic acid, or even with water at high 
temperatures (above 65°) (1). As pointed out by Stetten et al. 
(6), the most drastic changes in this respect are observed when 
hot alkali is used for the extraction. 


SUMMARY 

Glycogen extracted with cold water from the parasitic trema- 
tode, Fasciola hepatica, exhibited sedimentation coefficient dis- 
tributions characterized by marked polydispersity and by two 
distinct components. The heavier fractions had a weight aver- 
age sedimentation coefficient above 1000 S, the lighter fraction 
one in the neighborhood of 100 S. Reduction in the glycogen 
concentration to an extent of 40 to 70%, produced by incubating 
the organisms in a glucose-free medium, resulted in a decrease 
in the relative concentration of the heavy component; the latter 
returned to its initial level when glycogen was resynthesized 
after addition of glucose to the medium. When hot alkali in- 
stead of cold water was used for the extraction of glycogen, the 
heavy component was not detectable, regardless of the nutritional 
state of the organism. 


2 8. A. Orrell, E. Bueding, and E. Schiller, unpublished obser- 
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Fig. 1. The effect of the nutritional state on the sedimentation coefficient distribution shape of the glycogen of Fasciola hepatica. 
In A, B, and C, the glycogens were extracted with water; represented are the point-by-point averages of the four experiments tabu- 
lated. In D and E, the glycogens were extracted with KOH. All curves are normalized and corrected as described in the text. 
Svedberg = 10 cm per dyne sec. 
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Novo bacterial amylase concentrate, a commercial preparation 
derived from Bacillus subtilis, contains an enzyme that catalyzes 
the partial hydrolysis of barley g- glucan, a polysaccharide con- 
sisting of B-1,3- and B-, 4-glucopyranose units. The purifica- 
tion of this enzyme and its use in improving the growth of young 
chicks raised on Washington barley rations will be reported 
elsewhere. :. 

A barley gum-digesting enzyme system was reported by Bass, 
Meredith, and Anderson (1) to be present in a partially purified 
extract obtained from another - commercial B. subtilis prepara- 
tion.“ A crude Rhizopus arrhizus preparation, also with similar 
properties, was recently used by Parrish, Perlin, and Reese (2) 
to study the structure of oat and barley g- glucans. 

The existence of other barley 8-glucan-digesting enzymes from 
microbial sources has been reported. Culture filtrates of Myro- 
tnecium verrucaria were found by Aitken et al. (3) to contain 
both B-1,4- and 8-1 ,3-glucosidases when tested against barley 
B-glucan. Duncan, Manners, and Ross (4) found 6-glucanase 
activity in unfractionated extracts of marine algae. 

We wish to report here studies on the action and specificity of 
the highly purified bacterial 6-glucanase isolated in our labora- 
tories (3). In this work we used as the substrate a modified 
B-glucan prepared from Washington barley. The substrate 
was the limit“ carbohydrate left after exhaustive digestion of 
whole barley flour with diastase (Merck). Among the hy- 
drolysis products produced by the action of 8-glucanase on this 
modified polymer were p-glucose, laminaribiose, laminaritriose, 
3-0-8-p-cellobiosy]-p-glucose, and 3-O-B- D- cellotriosyl- D- glucose. 
3-0-8-p-Cellobiosyl-D- glucose was reported as the main hydroly- 
sis product from the action of the R. arrhizus enzyme on papain- 
digested barley gum (2). Ono and Dazai (5, 6) found both 

1 Novo Terapeutisk Laboratorium, Copenhagen, Denmark. 

2 E. L. Rickes, E. A. Ham, E. A. Moscatelli, and W. H. Ott, in 
preparation. 

a W. H. Ott, A. R. Dickinson, A. Van Iderstine, and H. Wolcott, 
in preparation. 

‘ Alpha amylase special for analytical purposes, Wallerstein 
Laboratories, New York, New York. 

5 We are grateful to L. Chaiet, T. Jacob, and E. Inamine for 
the preparation of 8-glucan. 

The aim of the diastase treatment was to eliminate polymers 
susceptible to chick gastric enzymes. 

7 For the sake of brevity, trivial names are used in describing 
the oligosaccharides reported in this paper. The formal nomen- 
elature of these oligosaccharides is: cellobiose, O-8-p-glucopyr- 
anosyl-(1 —> 4)-p-glucose; laminaribiose, O-8-p-glucopyranosyl- 
(1 - 3)-p-glucose; laminaritriose, O-8-p-glucopyranosyl-(1 — 3)- 
O-8-p-glucopyranosyl-(1 — 3)-p-glucose; 3-0-8-p-cellobiosyl-p- 
glucose, O-8-p-glucopyranosyl-(1 4)-O-8-p-glucopyranosyl- 
(1 3)-p-glucose; 3-O0-8-p-cellotriosyl-p-glucose, O-8-p-gluco- 
pyranosyl-(1 4)-0-8-p-glucopyranosyl-(1 — 4)-O0-8-p-gluco- 
pyranosyl-(1 — 3)-p-glucose. 


laminaribiose and 3-0-f- p- cellobiosyl- p- glucose present in barley 
mash fermented by the amylo process. 


EXPERIMENTAL PROCEDURES 


Isolation of 8-Glucan—All of the substrate used in these experi- 
ments was prepared in a pilot plant. Reduced to 1 kg of starting 
material, the process was as follows. One kilogram of two-row 
Washington barley flour was boiled for 20 minutes in 17 liters of 
water. After cooling, 24 g of diastase were added, and the mix. 
ture was incubated at 45° for 24 hours. It was subsequently 


filtered with the aid of Super-Cel; the filtrate was vacuum: con- 


centrated to 7 liters and stirred while 20 liters of methanol wee 


added. 


The resulting precipitate was collected, resuspended in 6 liters 


of water, and boiled for 10 minutes, after which the suspension 
was redigested, 10 g of diastase being used. Once again the 
digest was filtered, concentrated, and diluted with 3 volumes of 
methanol. The precipitate was washed and dried in a vacuum, 
yielding 15 to 20 g of modified barley gum. Small amounts of 
insoluble material were still present in pilot plant batches pre. 
pared in this manner. Before use as substrate, the preparation 
was taken up in hot water and filtered, and the 8-glucan carefully 


precipitated from the hot filtrate by slow addition of hot ethanol 
to turbidity, followed by gradual cooling. After several hours 
in the cold a fine, white, granular precipitate was obtained, 
[a], —7° (e, 1.6, HO). Paper chromatography of an acid 
hydrolysate of this product showed it to be composed of p-glucose 
units and essentially free of other monosaccharides. 

Isolation of B-Glucanase—The enzyme preparation used in 
these experiments represented a 2600-fold purification of the 
B-glucanase activity of Novo bacterial amylase concentrate. 
The isolation procedure will be described elsewhere. 

Determination of 8-Glucanase Activity—For routine assays, 
aqueous enzyme solution was pipetted into a tube kept chilled — 
with ice, and the volume was adjusted to 1.0 ml with cold water. 
Substrate was prepared by dissolving 500 mg of barley 8-glucan © 
in 80 ml of hot water, then adding appropriate 0.1 M buffer’ to 
a total volume of 100 ml. After chilling, 1.0 ml of substrate 
solution was added to the 1.0 ml of enzyme solution. The tube 
was swirled in a 45° water bath for the first 15 seconds of incuba- 
tion, then incubated for 5 minutes. Extent of hydrolysis was 
measured as increase in reducing power as determined by the 


dinitrosalicylic acid method (7). Addition of the reagent was 


used to stop the enzymatic reaction; when more than two samples : 
were assayed at the same time, the rack was plunged into an ice 
bath before addition of reagent. The color was read at 535 mp 


In conjunction with isolation work, pH 6.8 citrate-phosphate 
buffer was routinely used. 
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in a colorimeter, correcting for a concurrently run substrate 

blank. Potency was expressed as change in optical density per 

mg of enzyme, read from the straight line portion of a dosage 
plot. 

Variations of temperature and time were used on the above 
procedure for various purposes. In these cases, the enzyme and 
substrate solutions were brought to incubation temperature be- 
fore being mixed, to more closely approach the desired conditions. 

Paper Chromatography of Hydrolysis Products—Aliquots of 
incubation mixtures were spotted directly on Whatman No. 1 
paper. Chromatograms were developed in the ascending man- 
ner, as cylinders, by means of the n-butanol-pyridine-water, 
3:2:1.5 system of Jeanes, Wise, and Dimler (8). Spots were 
detected by a modification of the method of Trevelyan, Proctor, 
aud Harrison (9), by dipping the paper first in a dilute acetonic 
solution of silver nitrate, then in 0.5 N sodium hydroxide in 90% 
aqueous methanol. 

A supplementary solvent system used was n-butanol-acetic 
acid-water, 4:1:2.5. As a further check on the nature of hy- 
drolysis products, chromatograms were occasionally sprayed 
with p-anisidine hydrochloride and heated for 10 minutes at 100°. 

Column Chromatography of Hydrolysis Products—Products of 
ensyme hydrolysis were easily separated by partition chroma- 


tography on cellulose columns. The technique used was a 


simplification of that of Thoma, Wright, and French (10). 


5 


- Whatman ashless powder for chromatography was mixed with 
water-ethanol-n-butanol, 25:25:50, to form a slurry, and poured 
in small aliquots into a column charged with the same solvent 
tem, draining freely through a length of flexible, small bore 


plastic tubing. Each aliquot was allowed to settle before addi- 
tion of the next one. In the case described below, a cellulose 
column was thus constructed, 50 cm high and 3.5 cm in diameter. 

Lyophilized reaction mixture (4 g), previously incubated for 30 
minutes in the presence of excess enzyme, was taken up in 5 
ml of hot water; 1 volume of ethanol and 2 volumes of n-butanol 


rere added, and cellulose powder was stirred in until a homogene- 
ous slurry was formed. This was poured on top of the column, 


and elution was immediately initiated with the solvent mixture 
described above. The major reaction products were separated 
and eluted by 4 liters of this mixture, collected in 100-ml frac- 
tions. Anthrone assays were used to follow the elution. 

Other Enzymatic Activity Action against other polymeric 
carbohydrate substances was measured by the same assay as 
that used with barley 8-glucan, changes in reducing power being 
measured by the dinitrosalicylic acid method. In the cases of 


_ smaller carbohydrate molecules, the same incubation method 
uns used, but reaction mixtures were examined by paper chroma- 
_ tography. 


Proteinase activity was determined with casein as the sub- 


_ strate. One hundred micrograms of enzyme in 1.0 ml of 0.1 M 


phosphate buffer, pH 6.8, were incubated at 37° with 0.2 ml of 
cold 5% aqueous casein solution. After 3 minutes, reaction 


n stopped by the addition of 2.0 ml of 3 M trichloroacetic acid 
nud the mixture was centrifuged. Hydrolysis was measured on 
n aliquot of the supernatant by the micromethod described by 
Sutherland et al. (11). 


Materials Polymerie substrates used other than 8fi-glucan 
vere soluble starch (Merck), methyl cellulose (Methocel, Dow), 
“vitamin-free” casein (Nutritional Biochemicals Corporation), 
and “insoluble” laminaran. A sample of the latter was very 


kindly supplied by Dr. S. Peat, who also supplied samples of 
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6.0 
pH 
Fic. 1. Variation of 8-glucanase activity with pH. Activity 
of 0.3 ug of enzyme was determined at the various pH values, 
using the 45°, 5-minute assay. The points represent average 
values from four experiments. 


5.0 


authentic laminaribiose and laminaritriose. 3-0-8-p-Cello- 
biosyl- D- glucose was a gift from Dr. H. Ono, as were samples of 
the other two isolated products of barley mash fermentation, 
Compound A (laminaribiose) and Compound C. Dr. A. 8. 
Perlin was kind enough to supply us with samples of his barley 
gum and 3-0-8-p-cellobiosy]-p-glucose and its undecaacetate. 


Effect of pH on Activity—By means of the 45° 5-minute assay, 
8-glucanase activity of 0.3 ug of enzyme was measured at various 
pH values from 5.0 to 8.1. Citrate-phosphate buffers were used 
from pH 5.0 to 7.0, and phosphate buffers, from 7.0 to 8.1. 
Averaging and plotting the results of four experiments gave the 
curve in Fig. 1, from which it is seen that the optimal pH under 
these conditions is in the region of 6.5 to 6.6. A secondary 
inflection in the curve which occurs at pH 7.1 to 7.3 was seen 
consistently in repeated experiments. 

Samples of enzyme (1 ug per ml) which were allowed to stand 
at 20-22° at pH 2 and at pH 10 showed no loss of activity after 
24 hours. 

Effect of Temperature on Activity—Activity at pH 6.6 was 
determined at 5° temperature intervals, again by the 5-minute 
assay with 0.3 ug of enzyme. The results are presented in Fig. 
2. Activity reaches a maximum at 50°, and apparently does not 
change while the enzyme is heated to 60°. Measurements were 
not carried out at higher temperatures since even this 
heat-stable enzyme begins to show significant loss of activity in 
5 minutes at 60° (Fig. 3). 

Heat Inactivation—When a 0.5 ug per ml solution of enzyme in 
0.02 u buffer, pH 6.6, was heated at 60°, it was found to lose half 
its activity in 50 minutes. In this experiment 10 ml of the 
enzyme solution were placed in a 60° water bath and 1.0-ml 
aliquots were removed at timed intervals. Activity of each 
aliquot was determined by the routine 5-minute assay. A plot 
of logarithm of activity against time is shown in Fig. 3, from 
which it is apparent that inactivation does not follow a first order 
course for the first 20 minutes. 
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Increase in reducing power (400535) 


1 1 1 1 
30 40 50 60 
Incubation temperature (°C) 
Fic. 2. Variation of B- glucanase activity with temperature. 
Activity of 0.3 ug of enzyme was determined at pH 6.6 at the 
various temperatures, using the 5-minute assay. 
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Fic. 3. Heat inactivation of B-glucanase. Activity of 0.5 ug of 
enzyme in the standard assay is plotted logarithmically against 
time of heating at 60°. 


Products of Enzymatic Hydrolysis—The presence of at least 
five products of enzyme-catalyzed hydrolysis has been demon- 
strated by paper chromatography. Two of these have been 
identifiéd by their paper chromatographic mobility in two sys- 
tems as p-glucose and laminaritriose. Another, identified on 
paper chromatograms as laminaribiose, has been obtained by 
cellulose column chromatography in nearly pure, crystalline 
state in small quantity. The crystals melt, with slight decom- 
position, over the range 197-202°, which is in reasonably good 
agreement with the value of 204-206 reported for pure laminari- 
biose (12). 

The fourth and predominant hydrolysis product, also isolated 
by cellulose column chromatography, has been identified after 
three recrystallizations as 3-0.-fB- p- cellobiosyl- D- glucose, [a], 
+11° (e, 3.0, H- O), m. p., 230-233 (with some decomposition). 
The rotation value is in good agreement with values in the 
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literature (2, 6, 13). Perlin® has recently found a melting point 
of 234-237° for his crystalline 3-O-8-p-cellobiosy]-p-glucose. 

Identity of the compound was further established by paper 
chromatographic studies of the action of emulsin, and of the 
products obtained from sodium borohydride reduction followed 
by partial acid hydrolysis. Results obtained were identical with 
those reported by Ono and Dazai (5, 6). 

In attempting to prepare the undecaacetate by the acetic 
anhydride-sodium acetate method it was found that either of 
two undecaacetates could be isolated, depending on the length 
of time the acetylation reaction mixture was heated. 

Acetylation was accomplished by combining 50 to 100 mg of 
3-0-8-p-cellobiosy]-p-glucose with 50 mg of anhydrous sodium 
acetate and 0.5 ml of acetic anhydride, then heating the mixture, 
with occasional mixing, on the steam bath. The undecaacetate 
was obtained by pouring the reaction mixture into ice water, 
collecting the crude product, and recrystallizing it several times 
from ethanol-water mixtures. Allowing the acetylation reae. 
tion to proceed for 3 hours yielded a very small amount of crystal. 
line undecaacetate, m.p., 107-110°. Insufficient material was 
available for measurement of specific rotation. The melting 
point agrees with those reported by Peat, Whelan, and Roberts 
(13) and Parrish, Perlin, and Reese (2), m. p., 108-110° 
and 104-105°, respectively. When, however, acetylation was 
stopped after 14 hours, there was obtained an und 
m. p., 186-188° and [a], —24.0° (c, 1.7, CHCl3). This is in 
agreement with values reported by Ono and Dazai (6) of m. p, 
182.5-183° and [a], —21.7°. 

Such duality of acetates is not very surprising when one con- 
siders the number of fully acetylated derivatives that are possible 
for each reducing sugar (14). 

At least one more reaction product, of low chromatographic 
mobility, is visible on paper chromatograms. It was recovered 
in second largest quantity from cellulose columns, and was 
partially characterized by emulsin and partial acid hydrolysis, 
Paper chromatographic data indicated this product to be a larger 
p- glucose polymer containing 3-0-8-p-cellobiosyl-p-glucose in its 
structure. According to the work of Parrish et al. (2), this com- 
pound should be the tetrasaccharide 3 - O - 8 - p - cellotriosy] -p- 
glucose, m.p., 241-245°, [a], +8.4°. The values obtained for 
our amorphous white product m.p., 242-247° with decomposi- 
tion, and [a], +7.3° (c, 1.2, HO), agree very well with these. 

No cellobiose whatever appeared among the hydrolysis prod- 
ucts. 
When the more nearly native 8-glucan from Perlin’s laboratory 


(2) was subjected to enzymolysis, the tri- and tetrasaccharides | 


dominated the reaction products to a much greater degree. By 
increasing our normal paper chromatographic load 10-fold, it was 
possible to obtain faint spots corresponding to p-glucose and 

Time Course of Enzymatic Hydrolysis—Rate of enzyme-cat- 
alyzed hydrolysis at 45° was measured by using a Bi- glucanase 
concentration in the range normally used for 5-minute assay. 
One milliliter aliquots of a standard incubation mixture con- 
taining 0.2 ug of enzyme per ml were removed at timed intervals. 
These were immediately frozen and stored in deep freeze until 
reducing power assays could be performed on the complete set. 
In Fig. 4 is shown the smooth curve obtained when hydrolysis 


is plotted against time. 
* A. S. Perlin, personal communication. 
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Hydrolysis at 45° was also performed at concentrations of 
substrate and enzyme suitable for immediate spotting on chroma- 
tographic paper. One milliliter of reaction mixture, containing 
50 mg of substrate and 50 ug of enzyme, was prepared and 
allowed to incubate at 45°. Aliquots were removed at timed 
intervals and immediately spotted on paper. Development with 
solvent and visualization of spots yielded a five-spot pattern 
which was used to estimate the time course of reaction. 

8-Glucanase action was observed to produce within 2 minutes 
all of the products seen after an hour of incubation. This rapid 
action was supplemented by a slower increase in the amounts 
of p-glucose and 3-0-8-p-cellobiosyl-p-glucose relative to the 
amounts of other products. The slow hydrolysis was apparently 
at the expense of the slower running components. 

Dosage Response—Use of g- glucan hydrolysis as a routine, 
practical assay for 8-glucanase required that nearly linear dosage 
response curves be obtained. As would be expected, it was found 
that plots of activity against amount of enzyme more closely 
approximated straight lines as assays were run for shorter periods 
of time. The 5-minute, 45° assay finally adopted represents a 
convenient compromise among the various factors of time, tem- 
perature, and concentration. A dosage response plot under these 
conditions is presented in Fig. 5. 

Specificity Studies—At pH 6.6, under conditions of the 5- 
minute assay, purified 8-glucanase was found to be completely 
inactive in catalyzing hydrolysis of soluble starch, methyl cellu- 
lose, or laminaran. These substrates were incubated with 10 ug 
of enzyme, more than 100 times the amount required to catalyze 
measurable hydrolysis of barley 8-glucan. 

No proteinase activity whatever could be detected when using 
100 wg of enzyme and 10 mg of casein incubated together for 3 
minutes at 37°. 

Paper chromatography after 30-minute incubation at 45° with 
large quantities of enzyme revealed no detectable action on 
laminaribiose, cellobiose, laminaritriose, 3-O-8-p-cellobiosy]-p- 
glucose or 3-O-- D- cellotriosyl- D- glucose. No transglycosidase 
activity could be demonstrated by paper chromatographie ex- 
amination of 1-hour, 45° incubation mixtures of 8-glucanase and 
p-glucose plus laminaritriose, laminaribiose, 3-O-8-p-cellobiosy]- 


_ pelucose, or cellobiose. p-Glucose was not coupled to itself 
under these conditions. 


DISCUSSION 


The investigations reported here describe an unusually heat- 
stable, very specific, and rapidly acting enzyme. Its mode of 


_ action and source suggest that it may be the same enzyme re- 


sponsible for the B-glucanase action of the X-enzyme system of 
Bass, Meredith, and Anderson (1). 

B. subtilis B-glucanase catalyzes a very rapid scission of inter- 
nal bonds of barley 8-glucan, producing chiefly 3-0-8-p-cel- 
lobiosyl-p-glucose and 3-0-8-p-cellotriosyl-p-glucose. The pro- 
duction of small amounts of p- glucose and laminaribiose, which 
are smaller yet when relatively native 8-glucan is hydrolyzed, 
leads to the belief that these are fragments from the ends of the 
8glucan chains. The supposition that our diastase-treated 
8-glucan is a smaller polymer than the one investigated in Per- 
lin’s laboratory (2) is supported by the results of a reducing- 
power assay, which revealed their 8-glucan to have approxi- 
mately 0.05 the reducing power per equal weight of our polymer. 

Reducing power of the degraded polymer corresponded to a 
degree of polymerization of about 7. The value of over 100 
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Fic. 4. Time course of enzymolysis. Reducing power was de- 
termined of aliquots removed from a standard assay mixture at 
timed intervals. Each aliquot corresponded to 0.2 ug of enzyme. 
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Fic. 5. Dosage response curve. Standard assays were per 
formed using varying amounts of enzyme. 


obtained for the larger glucan is in agreement with results re- 
ported by Parrish et al. (2). These investigators describe the 
structure of their barley g- glucan as essentially a sequence 
wherein single g-, 3 links are separated by alternating groups of 
two and three 8-1, 4 links. It would be instructive to determine 
the mode of action by which diastase degrades this polysac- 
charide. 

The absence of cellobiose among the hydrolysis products marks 
an interesting difference between B. subtilis B-glucanase and the 
system found in barley by Preece and Aitken (15). Barley 
extracts studied by this group act slowly on g- glucan to liberate 
primarily p- glucose and cellobiose (16, 17). A somewhat similar 
system reported from barley green malt extracts (18, 19) produces 
p-glucose first, then cellobiose and a number of unidentified 

The enzyme preparation employed in these studies was, al- 
though highly purified, not unambiguously homogeneous.’ 
Likewise, the substrate cannot be claimed to have been pure. 
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The 8-glucan preparation used could be fractionated into at 
least two components on a cellulose column; but since no differ- 
ence could be detected between starting material and the column 
components, it may be that the latter differ only in size or shape. 
Accordingly, it would seem unwise to attempt now to describe 
a more complete and detailed picture of the action of this enzyme 
on the substrate. 


SUMMARY 


Purified 8-glucanase from Bacillus subtilis is a heat-stable, 
specific, and rapidly acting enzyme. It has been found to cata- 
lyze hydrolytic scission of internal bonds of partially degraded 
barley 8-glucan, producing chiefly 3-O-8-p-cellobiosyl-p-glucose 
and 3-0-8 -p- cellotriosyl - D- glucose. Larger fragments and 
smaller amounts of laminaritriose, laminaribiose, and p-glucose 
were also produced. Under conditions of a practical, 5-minute 
assay at 45°, the pH dependency curve shows a maximum at 6.6. 

The enzyme exhibits no activity whatever toward hydrolysis 
of methyl cellulose, soluble starch, laminaran, casein, 3-O0-8-p- 
cellobiosyl-p-glucose, laminaritriose, laminaribiose, or cellobiose. 
No transglycosidase activity could be detected when using p- 
glucose and the above di- and trisaccharides. 
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Citric Acid Cycle in Young Rat Skin* 
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Firschein and Bell (2) observed that citrate accumulates when 
fuoroacetate is added to young rat skin slices metabolizing 
and cited this as evidence for an active citric acid cycle. 
Earlier, Barron et al. (3) and Rothman (4) reasoned that the 
citric acid cycle does not function in skin because of the inability 
(3) to demonstrate isocitric dehydrogenase and aconitase in rat 
skin homogenates and because added citrate and a-ketoglutarate 
did not increase the oxygen uptake of rat skin slices, although 
succinate did. Griesemer and Gould (5) confirmed that added 
citrate does not stimulate oxygen uptake by adult rat skin 
homogenates; however, they did find stimulation by oxaloacetate, 
a-ketoglutarate, succinate, fumarate, and malate. Similar 
results were obtained by Cruickshank et al. (6) with slices of 
guinea pig ear skin. Recently, isocitric dehydrogenase (7) and 
malic dehydrogenase (8) activities have been found in human 
epidermal homogenates and in sections of human epidermis, hair 
follicle, sebaceous gland, and sweat gland by microenzymatic 
methods. Succinic dehydrogenase activity has been located 
histochemically in slices of guinea pig (9) and human (10) skin 
and detected by enzymatic methods in rat skin homogenates (11). 
We have reported (12) quantitative data on glycolysis in young 
rat skin, together with some presumptive evidence for the 
functioning of the citric acid cycle. 

This paper presents evidence indicative of a functioning citrice 
acid cycle and a possible CO,-fixing reaction in young rat skin 
slices. Skin was incubated with glucose-2 or 6-C™, and lactate, 
citrate, glutamate, malate, and aspartate were isolated and 
degraded. The operation of the Embden-Meyerhof pathway 
with glucose-2 or 6-C™ should result in acetyl coenzyme A 
labeled in the carboxyl or methyl carbon, respectively. The 
metabolism of acetyl-C'-coenzyme A by accepted reactions of 
the citric acid cycle results in a characteristic labeling pattern 
in the intermediate acids and related amino acids. The pre- 
dicted limiting distributions of Cie within citrate, glutamate, 
malate, and aspartate as outlined by Black and Kleiber (13) are 
shown in Table I. The calculations are based on assumptions 
that no extraneous carbon enters the cycle and that the specific 
activity of the condensing acetyl coenzyme A remains constant. 
Carbon atoms 1 and 2 of citrate are derived from acetyl co- 
enzyme A and carbon atoms 3, 4, 5, and 6 from oxaloacetate. 


* This investigation was supported in part by Research Grant 
No. RG-5872 from the United States Public Health Service and 
by the Elizabeth Severance Prentiss Fund. A preliminary re- 
port has appeared (1). 

Present address, Department of Pharmacology, St. Louis 
University School of Medicine, St. Louis, Missouri. 


Carbon 4 of citrate is converted to the keto group of a-keto- 
glutarate (carbon 2 of glutamate) (14). If extraneous carbon 
did enter the cycle through the synthesis of oxaloacetate from 
pyruvate 2 or 3-C" and CO;, this would also result in a modifica- 
tion of the labeling in the other compounds. From glucose -2- Ci 
carbon atoms 3 and 4 of citrate, 2 and 3 of glutamate, and 2 and 
3 of malate would acquire activity instead of being completely 
unlabeled. Glucose-6-C“ would lead to proportionally higher 
activities in the carbons cited than the values given in Table I. 
Since respiratory CO: would be derived from the unlabeled 
carboxyl carbon of pyruvate as well as labeled carboxy! carbon 
atoms 5 and 6 of citrate, the CO, would be expected to have a 
lower specific activity than the carboxyl carbons of citrate. 


EXPERIMENTAL PROCEDURE 


Two to five-day-old albino rats of the Holtzman strain were 

used. The animals were decapitated, and the skins were re- 
moved. The pooled whole skins were immersed in cold Krebs- 
Ringer phosphate buffer and scraped free of most of the sub- 
cutaneous fat, a small amount of blood, and some connective 
tissue. They were then blotted, weighed, and cut into small 
pieces before being placed in large Warburg flasks. Each flask 
contained 0.04 m Krebs-Ringer phosphate buffer, pH 7.4, 
previously saturated with air, 0.01 m glucose-6-C" ( 
1), or 0.01 M glucose-2-C™ (Experiment 2), and 8 to 8.5 g of skin 
in a total volume of 30 ml. Respiratory CO, was absorbed in 2 Nn 
CO,-free NaOH (2 ml) placed in the center well of each flask. 
The flasks were shaken at 38° for 75 minutes (Experiment 1) or 
3 hours (Experiment 2). Eleven flasks containing a total of 90 
g of skin were used on 3 days for Experiment 1, and 9 flasks 
containing 72 g, total, of skin were used on 2 days for Experiment 
2. Fresh skin was used each day. All specific activities have 
been adjusted to an activity of 10,900 c.p.m. per wmole in the 
glucose. Reactions were terminated by the addition of con- 
centrated perchloric acid to a final concentration of 0.6 M. 
Any released CO, was trapped in the NaOH. 

The NaOH samples from all flasks within one experiment were 
combined, and the amount and specific activity of absorbed CO, 
were determined. An average specific activity for each experi- 
ment was then calculated. The amount of respiratory CO; 
was determined manometrically. BaCO; plates for C measure- 
ments were prepared from aliquots of the NaOH solution after 
addition of carrier Na CO, 

The flask contents from each experiment were pooled. The 
supernatant medium was separated from the skin, and the skin 


was homogenized in 0.6 M perchloric acid in a Waring Blendor. 
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TABLE I 
Distribution of radioactivity 
Predicted distribution of radioactivity in citrate, glutamate, 
malate, and aspartate as a result of the metabolism of glucose-2 
or 6-C'* by the Embden-Meyerhof pathway and the citric acid 
cycle. The figures show the percentage of total counts in each 
position of a compound. 


Glucose-2-C™ Glucose-6-C'* 
% 

ICOOH 50 0 

122 0 25 
‘COOH 25 12.5 

HO—C 0 25 

0 25 
1 
1COOH 33.3 14.2 
1 0 28.6 
* 0 28.6 
* 0 28.6 

Hoon mr | 
50 16.7 
89 
* 0 33.3 
* 50 16.7 


After the skin residue was centrifuged, the supernatant solutions 
were combined. In Experiment 1, the solution was extracted 
with ether for 2 days. In Experiment 2, the solution was first 
neutralized with 6 N KOH to precipitate perchlorate ion, acidified 
to Congo red with H: SO,, and then extracted with ether for 5 
days. In each case, the ether extract, containing carboxylic 
acids, was neutralized with NaOH, evaporated to dryness, and 
placed on Celite for chromatography (15). The aqueous layer 
was saved for isolation of amino acids. 

Acetic and formic acids were steam distilled and reisolated by 
Celite chromatography. Lactate was further purified by 
chromatography on Dowex 1-formate (16). The bulk of the 
formic acid eluant was removed from the lactic acid by steam 
distillation; the residue was neutralized, and the last traces of 
formate were removed by chromatography on Celite. Lactate 
was assayed by the Barker-Summerson method (17). The identi- 


ties of acetate, formate, and lactate were confirmed by paper 


chromatography (18). Formic acid appeared as a brown spot 
when the paper was sprayed with ammoniacal AgNO; (18). 

In Experiment 1, perchloric acid was eluted from the Celite 
column with 20% n-butanol-80% chloroform and the large 
quantity of perchlorate interfered with the recovery of malate 
and citrate. The problem did not arise when the bulk of the 
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perchlorate was removed as in Experiment 2. The tubes cop. 
taining malate and citrate were separately combined, acidified 
to Congo red with H: SO,, and extracted with ether. After 
neutralization and removal of the ether, the extracts were placed 
again on Celite columns to obtain malate and citrate. Their 
identities were confirmed by chromatography on Dowex }. 
formate. Unfortunately, the sample of citrate from Experiment 
2 was accidentally lost. Citrate was assayed by the method of 
Stern (19), and malate was assayed by the fluorometric method 
of Lowry et al. (20). 

The aqueous layer after the initial ether extraction contained 
amino acids, sugars, and phosphorylated glycolytic intermediates. 
In Experiment 2, an aliquot (10%) of this material was applied 
directly to a 2- X 13-cm Dowex 50-H* column. In Experiment 
1, most of the perchlorate ion was first removed from the aliquot 
by precipitation with 6 N KOH, and the solution was then made 
0.1 N in HCl before being placed on the Dowex 50 column. After 
washing the column with water to remove neutral com 
and strong acids, amino acids were eluted with 4 N HCl. The 
amino acid solution was taken to dryness on a rotary evaporator 
and placed on a 0.9- Xx 1l-em Dowex 2-OH~ column. Basie 
amino acids and sodium ions were eluted with water, neutralized 
with HCI, and dried on a rotary evaporator. The neutral and 
acidic amino acids were eluted with 0.5 N acetic acid and then 
separated by chromatography on Dowex 1-acetate and Dowex 
50-H* by the method of Hirs et al. (21). The basic amino acids 
were fractionated on a Dowex 50-H* column. The identity of 
each amino acid was confirmed by paper chromatography (22). 
Glutamic and aspartic acids were purified further by chroma- 
tography on 0.9- Xx 15-em Dowex 50-H* columns. The nin- 
hydrin method of Troll and Cannan (23) was used to follow 
amino acid fractions and to assay the total amount of each com- 
pound. 

Oxidations of compounds (except formic acid) to CO: for C 
assay were done by the Van Slyke-Folch method (24). Samples 
of CO: were counted as BaCQ; plates in a Geiger thin window 


gas flow counter. All counts were corrected to infinite thinness. 
Formic acid was oxidized by boiling an acidified solution with © 
mercuric oxide (25). 

Lactic acid was degraded to CO: and acetaldehyde by the 
method of Friedemann and Graeser (26). CO: was collected 
and plated, and acetaldehyde was oxidized by dichromate to 
acetic acid. Acetate was degraded by the Schmidt reaction (27). 

Citrate was degraded by the method of Van Slyke for B-hy- 
droxybutyrate (28) to yield the Hg-Cr complex of acetone, 
corresponding to carbon atoms 2, 3, and 4 of citrate. Acetone : 
was liberated by boiling the complex with 1 N HCl and then 
treated with NaOI to produce iodoform and sodium acetate. | 
Iodoform was oxidized to CO:, and acetate was degraded by the © 
Schmidt reaction. The methyl carbon of acetate and the carbon , 
of iodoform had the same specific activity. The carboxy] carbons 
were obtained by treating the citrate with concentrated H: S0. br 
the method of Lewis and Weinhouse (29) to yield CO, from 
carbon atoms 1 and 5 and CO from carbon 6 (attached to carbon 
3). Carbon monoxide was oxidized to CO: with iodic sulfate 
(30). 

Malate was converted to acetaldehyde, representing carbon 
atoms 2 and 3, and CO: derived from the carboxyl groups (31). 
Acetaldehyde was treated as in the lactate degradation. 

Glutamate was degraded chemically by the method of Mot 
bach et al. (32) to obtain the specific activity of each carbon. 


2864 


November 1961 


The carboxyl carbons alone were separated by treating glutamate 

with L-glutamic decarboxylase (Nutritional Biochemicals Com- 

pany) (33) to give carbon 1 as CO; and y-aminobutyric acid, 

which was in turn degraded by the Schmidt reaction to yield 

carbon 5 as CO, and carbon atoms 2, 3, and 4 as 1,3-diamino 
The latter was oxidized to CO,. 

The enzymatic method of Meister et al. (34) with L-aspartic 
decarboxylase from Clostridium welchii (Nutritional Biochemicals 
Company) was used to obtain carbon 4 of aspartate as CO, 
and alanine from the remainder of the molecule. Alanine was 
purified by chromatography on a Dowex 50-H* column and 
degraded with ninhydrin (35) to yield CO, from carbon 1 and 
acetaldehyde, which was treated as mentioned above. 


RESULTS 

The specific activities of the radioactive compounds isolated are 
listed in Table II. The respiratory CO, data are averages for all 
the flasks of Experiment 1 or 2. The average figures for the 
partial experiments are 114, 98, and 132 ¢.p.m. per umole for 
Experiment 1 and 511 and 509 for Experiment 2. If no CO, 
were produced from endogenous substrates, the respiratory CO, 
would have had an activity of 1820 c. p. m. per wmole (10,900/6). 
The large endogenous production of CO, and the isolation of 
formate has been reported previously (12). An unidentified 
radioactive acid was eluted from the Celite column with 15% 
butanol in chloroform. It is not succinate or a-ketoglutarate. 

If lactate were synthesized entirely from glucose-2 or 6-C™ 
by the Embden-Meyerhof pathway exclusively, its expected spe- 
cifie activity would be 5450 c.p.m. per umole (10,900/2) and all 
C would be in carbon 2 or 3. Table II indicates that the 
lactate is diluted 26 and 0% by endogenous synthesis. The 
degradation results in Table III show that lactate from glucose-6- 
Cu has virtually all the Ci in carbon 3, whereas from glucose-2-C™ 
nearly all the activity is in carbon 2, in agreement with the 
Embden-Meyerhof scheme. Analogous results with glucose-1- 
(“have been reported (12). 

The C* distribution in citrate of the glucose-6-C™ experiment 
is given in Table IV, Column 2. Citrate was degraded chemi- 
cally; therefore it is not possible to distinguish carbon atoms 2 and 
4or carboxyl carbon atoms 1 and 5. Theory predicts (Table I) 
that the radioactivity in carbon atoms 5 and 6 should be equal 
and that carbon 1 should have no C™. If it is assumed that the 
activity found in combined carbons 1 and 5 is only in carbon 5, 
the activity of carbon 5 would be 96 c.p.m. per umole, nearly 
equal to the 92 c. p. m. per umole observed in carboxyl carbon 6 
(Table IV, Column 4). However, carboxyl carbon atoms 5 and 
6 have a lower specific activity than that of respiratory CO: 
The data in Columns 4 and 5 of Table IV are calculated to re- 
flect also the assumption that carbon atoms 3 and 4 (derived 
from a presumably symmetrically labeled oxaloacetate) are 


equal in activity. 


The results of two degradation procedures for glutamate from 
the glucose-6-C™ experiment are shown in Table V. The figures 
show that carboxyl carbon 1 of glutamate is labeled and carboxy] 
carbon 5 has very little activity, in agreement with the calcu- 
lated distribution. Carbon atoms 2 and 3 of glutamate, derived 
from carbon atoms 3 and 4 of citrate, respectively, are nearly 
equal in activity, whereas carbon 4 of glutamate has about twice 
the activity of carbon atoms 2 or 3 of glutamate. This does not 
follow the theoretical distribution of equal labeling of glutamate 
in carbon atoms 2, 3, and 4. The data do tend to support the 
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II 
Specific activities of compounds isolated after incubation of skin with 
glucose - G- C (Experiment 1) and glucose-2-C™ (Experiment 2) 
Glucose substrate in each experiment had a specific activity of 
10,900 c. p. m. per umole. 


Specific activity 
Compound 
1 Experiment 2 
c. 
Respiratory COoOo . 115 510 
ͥͤ 4,160 5,550 
1,660 
Z 2,620 1,010 
˙ ̃ ˙ſ 762 595 
/ 361 334 
323 200 
Taste III 
Results of lactic acid degradation after incubation of skin with 
glucose Ci and glucose-2-C™* 
Lactic acid 
Substrate 
cn. | CHOH | COOH |, Total 
c.p.m./pmole % 
Glucose- 2- C ..... 120 5740 48 106 
TABLE IV 
Results of degradation of citrate from glucose-6-C™ incubation 
Found — Ci =, ant 
c. m. / 0% — % 
18 3.3 0 0 
20H: 497 33.7 702 47 .6 
EN 92 6.2 92 6.2 
Tt 292 19.8 292 19.8 
1 75 497 33.7 292 19.8 
‘COOH 48 3.3 96 6.5 
% Total oxidation 88 


assumptions made about citrate labeling (Table IV, Columns 4 
and 5). 

The results of enzymatic degradation of glutamate obtained in 
the glucose-2-C™ experiment are recorded in Table VI. It is 
observed that the central three carbon atoms have 21% of the 
Ci in the molecule although those carbons should be unlabeled 
in the absence of side reactions. However, the fact that carbon 
5 has about twice the activity of carbon 1 is in agreement with 
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TABLE V 
Degradation results of glutamate from glucose -C incubation 


c.p.m./pmole c.p.m./pmole * 
1COOH 51 50 7.4 
143 21.2 
721 164 24.3 
312 46.3 
hoon 2 5 0.7 
% Total oxidation 101 89 


Citric Acid Cycle 


* Total oxidation of butyrate (representing carbon atoms 2 to 
5) gave 686 c.p.m. per umole. 
TABLE VI 
Degradation results of glutamate from glucose-2-C' incubation 


Found by enzymatic method (33) 
c.p.m./pmole % 
1COOH 149 27.9 
tam, 
be | 112 21.0 
boon m 51.1 
% Total oxidation : 90 
TaBLe VII 


Results of degradations of malate and aspartate from incubation 
with glucose-6-C"* and glucose-2-C'* 


Glucose- G- Ci Glucose- 2-Ci⸗ 

Malate Aspartate Malate Aspartate 

1COOH 62 10.6 21 5.9 272 42.7 49 15.4 
— 240 40.9 83 23.2 51 8.1 195 61.4 
&. 223 38.0 218 1 42 6.5 9 | 2.8 
doen 62 10.6 35 9.8 272 42.7 65 20.4 

% Total oxidation | 101 | 99 107 95 


The degradation results for malate and aspartate of both 
experiments are given in Table VII. The theoretical distribu- 
tion of activity is the same for both compounds but in these 
experiments malate tends to follow the calculated figures while 
aspartate diverges considerably. The method used for malate 
degradation does not allow the separation of carboxy] carbons; 
however, the central carbons of malate are about equal in ac- 


Vol. 236, No. 11 


tivity in both experiments. Furthermore, the central carbons 
are higher in activity in the glucose-6-C™ experiment and the 
carboxyl carbons are higher in the glucose-2-C™ incubation, in 
fair agreement with the expected distribution in each case. 
However, the carboxyl carbon atoms are lower in activity than 
the respiratory CO: Aspartate data for the glucose-6-Cu 
experiment show relatively more activity in the central carbons 


than the expected figures, and in addition, carbon 3 has con- 


siderably more activity than carbon 2. The glucose-2- CU 


experiment, in which no activity was expected in the central | 


carbons of aspartate, yielded an aspartate which had 61% of its 
activity in carbon 2 and about 3% in carbon 3. 


DISCUSSION 


The results are consistent with the operation of the citric acid 
cycle in young rat skin, but with modification of the characteristic 
patterns of labeling in the cycle intermediates. Glutamate, 
citrate, and malate from the glucose-6-C™ experiment show 
higher labeling in the central carbons than in their carboxyl 
carbons, and in the glucose-2-C experiment the glutamate and 
malate have more C in their carboxyl carbons than in the 


central atoms, in general agreement with the limiting distribu. | 


| 


2 


tions (Table I). The aspartate labeling suggests the presence of : 


other metabolic pathways. 
It is probable that carboxy] carbon atoms 5 and 6 of citrate 
from glucose-6-CI are equal in activity, whereas carboxyl 


carbon 1 has little or no activity. This is supported by the 


labeling in the carboxyl carbons of glutamate (Table V. Nearly 
equal labeling in carbon atoms 2 and 3 of glutamate may reflect 
symmetrical labeling in oxaloacetate and equal labeling of 
carbon atoms 3 and 4 in citrate. The respiratory CO, has a 
higher activity than carboxyl carbon atoms 5 and 6 of citrate. 
This result might be indicative of nonequilibrated citrate pools 
in the skin appendages (hair follicle, sebaceous gland, basal cell 
layer). If part of the citrate were not metabolically active, this 
could produce a citrate mixture that shows a lower specific ac- 


— 


tivity in carbon atoms 5 and 6 than the respiratory CO; Lees 


and Kuyper (36) conclude that citrate in bone is present both in 
a metabolically active and an inactive form. 

The relatively high activity in carbon 4 of glutamate from 
glucose-6-C™ (Table V) is probably indicative of the activity in 


carbon 2 of citrate. This is a reflection of the high Cid content 


of the methyl carbon of acetyl-CoA and is further evidence of the 


absence of isotopic equilibration. After injection of acetate-2- C 


into a cow, Black and Kleiber (13) found more CM in carbon 4 


of glutamate derived from casein than in carbons 2 or 3. Hég- 


* 


strom (37) obtained similar results in regenerating rat liver 


after administration of acetate-2-C"™. 
had indications that carbon 2 of citrate was more active than 


carbon atoms 3 or 4 after incubating baker’s yeast with acetate- 


2-C™, 


Firschein and Bell (2) concluded that accumulation of citrate — 


after addition of fluoroacetate provides evidence for an active 
citric acid cycle in young rat skin. This result presumably 


occurs because of an inhibition of aconitase (39) by fluorocitrate 


formed from fluoroacetate. Although it is consistent with the 
operation of the cycle, this result is not in itself evidence for § 
complete citric acid cycle. It is possible that other modes of 
citrate breakdown are also blocked by fluoroacetate or fluorocit- 
rate and there is evidence that fluoroacetate acts differently from 
fluorocitrate (40). 


De Moss and Swim (38) , 
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ln both experiments, aspartate shows the most striking 
divergence from the calculated figures (Table VII). These 
results may be explained by a carboxylation of pyruvate (41) or 
phosphopyruvate (42) to produce oxaloacetate. Highly labeled 
pyrux -ate-3-C™, derived from glucose-G-CIι, would lead to as- 
te-3-C™, whereas glucose-2-C would produce aspartate-2- 
Cu. It is clear from the labeling patterns that only a fraction 
of the aspartate activity in each case could be the result of the 
citric acid cycle. The influence of this labeling in aspartate 
appears most clearly in the central carbons of glutamate from 
the glucose-2-C™ experiment, which contains 21% of the radio- 
activity. In contrast, the citric acid cycle alone would have 
yielded no activity in these positions. These observations 
resemble the findings of Freedman et al. (43) with glutamate 
from muscle, kidney, and spleen of fed rats injected with bi- 
alanine-2-C II. In those experiments, 16 to 25% of the total 
activity appeared in the central carbons of glutamate. Koeppe 
and Hill (44) observed that feeding NaHC"™Os, pt-alanine-1-C%, 
and glycine-1-C™ to rats resulted in the synthesis of glutamate 
labeled predominantly in carbon 1, in accord with the incorpora- 
tion of CO: into oxaloacetate. Fixation of CO, has been ob- 
served also in yeast (45, 46) by comparing the results of incuba- 
tion with pyruvate-2-C™ and acetate-1-C™". Wang et al. (46) 
found that pyruvate-2-C™ gave equal labeling in carbons 2 and 
3 of glutamate despite unsymmetrical labeling in aspartate (55% 
in carbon 2 and 1% in carbon 3). This resembles our findings 
with glutamate ah aspartate from glucose-6-C™ (Tables V and 
Vil). 


SUMMARY 


Young rat skin was incubated with glucose-2 or 6-Cie, and 
citrate, malate, glutamate, and aspartate were isolated. The 
distribution of Ci within these compounds is consistent with 
that expected from the functioning of the citric acid cycle to- 
gether with a CO: fixation into the 8-carboxyl carbon of oxalo- 
acetate. 
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Insulin is generally accepted as a protein-anabolic hormone. 
The rate of protein synthesis measured in several ways is sub- 
normal in tissues of diabetic animals and can be restored toward 
the normal by treatment of the animal with insulin (I, 2). Ad- 
dition in vitro of insulin stimulates the incorporation of L-amino 
acids into protein of isolated diaphragm from normal rats (3-7) 
and incorporation of C-glycine into glutathione (8) in liver 
slices from alloxan-diabetic rats (9). Korner (10) has recently 
described a reduced incorporation of C*-labeled amino acids into 
protein by cell-free preparations of liver from alloxan-diabetic 
rats. Treatment of diabetic animals with insulin restored 
toward normal the depressed ability of mitochondrial and micro- 
somal fractions to incorporate amino acids into protein. The 
primary site of the metabolic defect in diabetes is not known 
although much of the evidence points to the initial steps of 
glucose utilization. The present studies are designed to charac- 
terize over-all metabolism of C-labeled amino acids in intact 
normal and diabetic rats and in liver slices from such animals. 


EXPERIMENTAL PROCEDURE 


Animals—Male albino rats of the Wistar strain weighing be- 
tween 100 and 150 g were used. They were fed ad libitum on 
Purina laboratory chow. Alloxan diabetes was produced by 
intravenous injection of alloxan monohydrate (40 mg per kg of 
body weight) in the manner described by Renold et al. (11). 
Adrenalectomized diabetics were produced by the removal of 
adrenals from diabetics by bilateral adrenalectomy and were 
maintained on 0.9% NaCl for 4 to 5 days before using. 

Studies with Intact Rats—Normal and diabetic rats (100 g) 
were treated by injection with 5 we of C-labeled L-amino acids 
or pyruvate and 0.2 ml of blood collected from the severed end 
of the tail at 60-minute intervals. Blood samples were depro- 
teinized and reducing sugar determined on an aliquot of the fil- 
trate (12). Carrier glucose (10 mg) was added to 1 ml of the 
blood filtrate and phenylglucosazones were formed for radio- 
assay (13). Animals were stunned by a blow on the head, ex- 
sanguinated, and their livers removed for analysis of Cid incorpo- 
ration into protein (14) 4 hours after the injection with labeled 
substrate. 

Studies with Liver Slices—Liver slices, 
previously, from normal and diabetic rats were incubated in a 
Ringer-bicarbonate medium equilibrated with 95% 0:-5% CO: 


* Supported in part by grants-in-aid from the United States 
Public Health Service, Grants No. A2701C2 and A4790, and the 
Upjohn Company. Part of this work was presented at the Meet- 
ing of the Federation of American Societies for Experimental Biol- 
ogy, Atlantic City, New Jersey, April 10 to 14, 1961. 


prepared as described | 


(15). C-labeled alanine, glutamate, phenylalanine, methio. 


nine, or pyruvate was added to the medium to give an initial | 


concentration of 1 mg per ml. Approximately 0.5 g of wet 
liver slices weighed on a Roller Smith torsion balance was incy. 
bated in 6 ml of medium containing from 2.0 to 2.5 X 105 c. p. m. 
of labeled substrate. After 90 minutes incubation, tissues were 
analyzed for glycogen and protein and the medium for glucose 
and CO: Glucose and glycogen were isolated as the phenyl. 
glucosazone, and CO: as BaCO, for radioassay. Tissue proteins 
were isolated by trichloroacetic acid precipitation followed by 
extraction with hot trichloroacetic acid, performate digestion, 
and reprecipitation with trichloroacetic acid according to the 
method of Manchester and Krahl (14). 


RESULTS 


Studies on the incorporation of C from various labeled sub- 
strates into blood glucose in intact normal and diabetic rats are 
summarized in Fig. 1. When alanine, pyruvate, or glutamate 
was administered, higher specific activities of blood glucose were 
obtained in the diabetic than in the control animals. Labeled 
phenylalanine and methionine both gave essentially the same 
specific activity of blood glucose in normal and diabetic rats. 
Because of the elevated blood glucose in the diabetic animals, 
incorporation into blood glucose expressed as counts per minute 


— 


per milliliter of blood was increased in the diabetic with all sub- 
stances tested. Alanine and pyruvate were incorporated into 


blood glucose in intact rats to approximately the same degree, 


as would be expected. Labeled glutamate was incorporated to 
only 50% of the amount found with alanine. Both phenylal- 


nine and methionine carbons were incorporated to a much lesser | 


extent; peak specific activities with phenylalanine were only 10 
to 20% of those obtained with alanine, and incorporation ob- | 
tained with methionine (not shown in Fig. 1) was only 1 to 3% 


of that obtained with alanine. 
Incorporation of labeled carbon from L-glutamate into blood 
glucose was determined in adrenalectomized diabetic rats as 


well as in normal and diabetic animals. The results indicate 


that adrenalectomy in the diabetic markedly reduces the incor- 
poration of labeled carbons from this amino acid into glucose. 

Incorporation of C™ from labeled Lamino acids into liver 
proteins in vivo was determined on the various cell fractions 
separated by centrifugation. These results are summarized in 
Table I. Reduced incorporation of label was observed with 
alanine and glutamate in the diabetic, particularly in the nuclear 
and mitochondrial fractions. Labeled phenylalanine and me- 
thionine were incorporated into liver proteins to the same extent 
in both normal and diabetic animals. 
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Fic. 1. The incorporation of Ci from various labeled substrates into blood glucose in normal (——), diabetic -), and adre- 
nalectomized diabetic ( ) rats is summarized. Specific activity of blood glucose! (counts per minute per millimole) is recorded 
for hourly intervals in the upper curves. Glucose radioactivity expressed as counts per minute per milliliter of blood is plotted as 
a function of time in the lower curves. Each curve represents the mean of two or more animals and the spread of values (J) is in- 


dicated. 


The metabolism of the various substrates in liver slices ob- 
tained from normal and diabetic rats is summarized in Table II. 
Incorporation of Ci from labeled pyruvate, alanine, glutamate, 
and phenylalanine into glucose was increased in the diabetic. 
The amount of labeled glucose formed in the diabetic, expressed 
either as counts per minute per gram of tissue or as percentage 
of added Ci incorporated, exceeds the total incorporation into 
glucose and glycogen in the normal. 

The oxidation of labeled alanine, pyruvate, and glutamate is 
significantly reduced in liver slices from diabetic rats as com- 
pared with normals. Phenylalanine oxidation appears to be in- 
creased, but no significant difference in methionine oxidation was 
observed in the diabetic. 

The extent to which labeled carbons from the various sub- 
strates were incorporated into liver slice proteins was essentially 
the same for tissues from normal and diabetic rats. 


DISCUSSION 

The diabetic state has been characterized as involving both 
overproduction and underutilization of glucose. In early ex- 
periments it was inferred primarily from urinary D:N ratios 
that glucose formation was at the expense of protein catabolism. 
Experiments with unlabeled amino acids in phloridzinized ani- 
mals lead to the concept of glucogenic and ketogenic amino 
acids. With the use of isotopes it was demonstrated that car- 


Counts per minute per millimole are obtained by multiplying 
the number given X 10°. 


TaBie I 
Incorporation of C from labeled L-amino acids into 
liver proteins in vivo 

Nuclei Mitochondria | Microsomes | Supernatant 
c. p. m. / ng. of protein 
Alanine 39 17 29 14 42 25 34 23 
21 14 21 16 33 23 20 23 
Glutamate! 56 | 38 | 44 | 25 | 86 | 70 | 53 | 42 
66 42 40 28 78 63 48 56 
Phenyl- 76 80 55 72 84 88 60 72 
alanine 8¹ 86 66 63 92 96 53 63 
60 64 32 57 83 | | 44 366 
56 72 43 64 92 76 38 35 


bon atoms from a ketogenic amino acid, as phenylalanine, could 
be incorporated into glycogen (16). 

In the present study the metabolism of several labeled amino 
acids by normal and diabetic rats has been reinvestigated. There 
is a marked increase in incorporation of amino acid carbon into 
glucose in intact diabetic rats and in liver slices obtained from 
such animals. Incorporation of these amino acids into liver pro- 
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Amino Acid Metabolism Vol. 236, No. 11 
TABLE II 
Metabolism of C'*-labeled pyruvate and L-amino acids by liver slices from normal and diabetic rats 
Glucose Glycogen Protein 
No. observed 
uMole/g c. p. m. /g /g c. p. m. /g c. p. m. /g c. p. m. /g | % In. 
Pyruvate-2-C™ 
4 58 2900 | 1.1 82 550 0.21 30,000 11.4 | 10,800 4.1 
+s.e 3.5 220 6.5 41 6570 
4 100 9980 3.8 | 16,400 6.3 8,200 3.2 
ES. e 6.2 310 | 260 
L-Alanine-U-C™ 
6 106 2850 1.3 91 574 0.26 61 ,000 28 7,250 3.3 
+8.e 8.7 260 10 24 6,000 
6 76 7480 3.4 45 190 09 46,000 21 6,850 3.1 
8. e 10 220 9 20 1,600 
L- Glutamate-U- Ci 
Normal 4 ot 554 0.22 87 765 0.25 | 170,000 68 14,000 5.6 
s. e 3 52 11 85 31,000 
Diabetic 4 109 4360 1.75 119,000 47.5 13,500 5.4 
+s.e 5 400 10,000 
L-Phenylalanine-U-C™ 
Normal 4 56 640 0.25 4,120 1.65 15,100 6.0 
+s8.e 2.2 41 180 
Diabetie 4 100 1220 0.49 9,000 3.6 16,000 6.4 
s. e 5.1 87 960 
L-Methionine (CH,) 
Normal 4 59 0 | 1,980 0.93 11,500 5.4 
s. e. 3 | 152 
Diabetic 4 90 0 | 2,150 1.0 12,700 6.0 
+8.e. 7 | 212 


teins was not markedly affected by diabetes as observed both 
in vivo and in vitro. This observation is in contrast to that of 
Korner (10) who observed a decrease in incorporation of pL-leu- 
cine-1-C™ into protein by liver microsomal and mitochondrial 
preparations. Differences in results obtained with liver slices 
and cell-free preparations might well be due to a number of 
factors; however, the most obvious difference in the two studies 
is in the labeled substrate used. 

Previous experiments with liver slices (17) have indicated 
that with high initial substrate concentrations, i. e. fructose, 
glycerol, and pyruvate, tissues from diabetic animals incorporate 
more label into glucose although the recovery of labeled carbon 
in glucose plus glycogen is essentially the same for tissues from 
normal and diabetic rats. More recently we have observed 
that with low initial concentrations of pyruvate (0.6 mm), liver 
slices from cortisone-treated rats incorporate more label into 
glucose than the control tissues do into glucose plus glycogen.” 
In the present study it was found that incorporation of pyruvate 
carbon into glucose is markedly increased in the diabetic. La- 
beled glucose formed in vitro exceeds the sum of glucose and 


2 B. R. Landau, and J. Ashmore, unpublished observations. 


glycogen obtained in normal controls. Further, the increase in 
pyruvate carbon recovered as glucose in the diabetic is accom- 
panied by a decrease in pyruvate oxidation. A similar meta- 


bolic pattern was obtained with labeled alanine and glutamate. | 
That a decreased oxidation of these substrates would represent 
any defect in the citric acid cycle in diabetes seems unlikely, 
particularly in view of the increased oxidation of phenylalanine — 


observed in the diabetic. It is suggested that such metabolic 


patterns reflect preferential utilization of substrate carbons for 
glucose formation rather than any defect in oxidation per se. 

The role of the adrenal cortex in gluconeogenesis in diabetes is 
well recognized. The effect of adrenalectomy on glutamate — 


metabolism in the diabetic is as expected in that incorporation o 


label into glucose was returned to normal. 


Ihe incorporation of alanine and glutamate carbons into nu- 
clear and mitochondrial fractions of liver in vivo was decreased 
in the diabetic but no effect on microsomes and supernatant 
fraction was observed. Phenylalanine and methionine contrib- 
uted equally to all protein fractions in normal and diabetic livers. 
The small decrease in the incorporation of labeled alanine and 
glutamate into liver protein may be due to diversion into alter- 
nate pathways of metabolism, leading to increased glucose for- 
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mation rather than to any effect on protein synthesis per se. 
Recently, Kirsten et al. (18) have measured the levels of amino 
acids in diabetic and normal rat livers. They observed lower 
levels of glucogenic amino acids and only small changes in keto- 
genic amino acids in the diabetic liver. These results are con- 
sistent with the concept of increased glucose formation from 
glucogenic amino acids in diabetes. The possibility, therefore, 
exists that an increase in incorporation of Ci from labeled amino 
acids into blood glucose in diabetic rats may be due to less dilu- 
tion in the diabetic than in the normal. 
SUMMARY 

Amino acid metabolism has been studied in diabetic and 
normal rats both in vivo and in vitro. Diabetic animals show an 
increased rate of incorporation of Ci label from pyruvate, ala- 
nine, glutamate, phenylalanine, and methionine in glucose. In 
diabetic adrenalectomized rats this increased gluconeogenesis is 
returned to normal. Liver slices from diabetic rats show similar 
results, in that incorporation of labeled carbon from these sub- 
strates into glucose is increased. The oxidation of labeled py- 
ruvate, alanine, and glutamate is reduced in the diabetic. No 
marked reduction in incorporation of labeled amino acids into 
liver protein was observed in liver slices from diabetic rats. 

REFERENCES 


1. Lorspeicn, W. D., J. Biol. Chem., 179, 175 (1949). 
2. Kipnis, D. M., anp Cort, C. F., J. Biol. Chem., 224, 681 (1957). 


S. R. Wagle and J. Ashmore 


one 


2871 


. Sinex, F. M., MacMutten, J., Ax D Hastinos, A. B., J. Biol. 


Chem., 198, 615 (1952). 


. Mancuester, K. L., anno Youne, F. G., Biochem. J., 70, 353 


(1958). 
— K. L., anp Youne, F. G. Biochem. J., 70, 297 
1958). 


. Woot, I. G., AND Kraut, M. E., Am. J. Physiol., 196, 961 


(1959). 
Mancuester, K. L., anno Youna, F. G., Biochem. J., 76, 487 
(1960). 


. Kranz, M. E., in G. Pincus (Editor), Recent progress in 


hormone research Vol. 13, Academic Press, Inc., New York, 
1956, p. 199. 


. Kraut, M. E., J. Biol. Chem., 200, 99 (1953). 
. Korner, A., J. Endocrinol., 20, 256 (1960). 
. Renoxp, A. E., Tene, C-T, Nessert, F. B., ano Hastinos, 


A. B., J. Biol. Chem., 204, 533 (1953). 


. Somoeyi, M., J. Biol. Chem., 160, 69 (1945). 
. Asumor_e, J. G. F., In., Earve, A. S., ano Zorro, S., 


Diabetes, 7, 1 (1958). 


. Mancuester, K. L., Ax Db KnaRL, M. E., J. Biol. Chem., 234, 


2938 (1959). 


. Elwrx, D., Asnuonx, J., Cant, G. F., In., Zortu, S., 


We cu, W., AND Hastinas, A. B., J. Biol. Chem., 226, 735 
(1957). 


. Discuz, Z., AND Ritrenserec, D., J. Biol. Chem., 211, 199 


(1954). 


. AsHmore, J., Rxxol d, A. E., Nessetrt, F. B., anp HASTIxN GS, 


A. B., J. Biol. Chem., 216, 153 (1955). 


. Kirsten, E., Krrsten, R., Honorvust, H. J., ann Bicuer, 


T. L., Biochem. and Biophys. Research Communs., 4, 169 
(1961). 


11 Ü 
9 
10 
11 
13 
— 
— 
11 
17 æ—ç— 
18 
0 
) nu- 
atant 
atrib- | 
ivers. 
> and | 
alter- 
e for- | 


Tue Journat or Biotocicat CHEMISTRY 
Vol. 236, No. 11, November 1961 
Printed in U.S.A. 


Acetoacetate Formation from Acetoacetyl Coenzyme A in Rat 
Liver Mitochondria: Effect of Endocrine State 
and Nature of the System* 


HAROLD L. SEGALT AND Govinp K. K. Menon 


From the Department of Pharmacology, St. Louis University School of Medicine, 
St. Louis 4, Missouri 


(Received for publication, March 6, 1961) 


A number of reasonable explanations have been proposed from 
time to time to account for the increase in the rate of acetoace- 
tate formation by diabetic liver, based upon postulated de- 
ficiencies or accumulations of cofactors or intermediates (for 
reviews, see Field (1) and Langdon (2)). Examination of an 
alternative possibility, namely, that changes in the activities of 
the enzymes themselves in the pathway of acetoacetate forma- 
tion are responsible for or contribute to this abnormality, has 
recently been reported by Wieland et al. (3) and by Segal, 
Menon, and Bublitz (4). This paper presents further studies 
of the enzyme system in liver mitochondria from normal and 
hormonally altered rats which catalyzes the last stages of this 
pathway, i.e. the formation of acetoacetate from acetoacetyl 
coenzyme A. 

Lynen et al. (5) have presented evidence indicating that B- 
hydroxy-8-methylglutary] coenzyme A is an obligatory inter- 
mediate in the formation of acetoacetate from acetoacetyl coen- 
zyme A in a partially purified system from acetone powders of 
liver. On the other hand, in a soluble system prepared in a dif- 
ferent manner (6) and in a mitochondrial extract (7), Stern et al. 
have obtained acetoacetate synthesis from acetoacetyl coenzyme 
A via a pathway in which 8-hydroxy-8-methylglutary! coenzyme 
A seemed not to be an intermediate. Experiments that bear on 
the mechanism of acetoacetate formation in the hormonally re- 
sponsive mitochondrial system reported here are also presented. 

Preliminary reports of some of this work have appeared (4, 8). 


EXPERIMENTAL PROCEDURE 


Male Holtzman rats of the Sprague-Dawley strain were used 
except where indicated. Diabetes was produced by the sub- 
cutaneous administration to rats fasted overnight of 18 mg of 
alloxan monohydrate (in citrate buffer, pH 5.5) per 100 g of body 
weight. Animals that exhibited symptoms of diabetes were used 
3 to 4 weeks after alloxan administration. Criteria of diabetes 
were a blood glucose level of 400 mg/100 ml or greater (Nelson 
(9); Somogyi (10)) and failure to gain weight at a normal rate. 
Bilateral adrenalectomies were performed through a dorsal 
incision, and adrenalectomized animals were maintained on 
0.9% NaCl solution in their drinking water. 

Animals were killed by decapitation; the livers were removed, 


* This work was supported by a grant (A-3642) from the United 
States Public Health Service. 

t Senior Research Fellow of the United States Public Health 
Service (SF-456). 


placed in 0.25 M sucrose, then blotted free of excess sucrose solu- 
tion and homogenized in a volume of 0.25 M sucrose equal to 9 
times their weight in a Servall Omni-mixer for 30 seconds at 0°. 
For preparation of the mitochondrial fraction, the homogenates 
were centrifuged at 10,000 x g for 10 minutes at 0°, yielding a 
supernatant fraction and a mitochondrial pellet, which was 
resuspended to its original volume in 0.25 u sucrose with the aid 
of a Teflon hand homogenizer. 

Acetyl phosphate, CoA, and Clostridium kluyveri dried cells 
were obtained from the Sigma Chemical Company. HMG-Co4! 
was synthesized via HMG anhydride according to the method of 
Hilz et al. (11)? and was assayed by the hydroxamate method. 
Acetyl-CoA was prepared from acetic anhydride (12) and yeast 
HMG-CoA-condensing enzyme by the procedure of Ferguson and 
Rudney (13). The preparation was purified through the am- 
monium sulfate precipitation step. Acetoacetyl-CoA was 
synthesized from diketene (14) and was assayed both by meas- 
urement of acetoacetate liberated by alkali treatment and by 
DPNH disappearance in the presence of B-hydroxybutyryl-CoA _ 
dehydrogenase (15).“ The two methods were in excellent 
agreement. 

For routine assays of the acetoacetate-forming system, 
acetoacetyl-CoA was generated from acetyl phosphate and CoA | 
in the presence of an extract of C. kluyveri containing phospho — 
transacetylase and §-ketothiolase. This generating system, 
patterned after that of Lynen et al. (5), contained per milliliter © 
of reaction mixture: Tris buffer, pH 7.9, 100 ywmoles; acetyl | 
phosphate, 30 umoles; CoA, 0.5 mg; GSH, 5 umoles; MgCl, 5 
umoles; NaS 10 wmoles;‘ and an excess of the C. kluyveri extract | 
(0.05 to 0.10 ml). Incubations were at 37°. The reactions 
were terminated by the addition of an equal volume of 11 
HCIO,, and after centrifugation an aliquot was taken for aceto- 


1 The abbreviation used is: HMG, 8-hydroxy-8-methylglutarie 
acid. 

2 The thioester formed from HMG and CoA has been referred 
to as dl-HMG-CoA. This nomenclature is incorrect since the 
two isomers formed are not enantiomorphs, inasmuch as CoA 
itself is optically active. The same consideration applies to the 


mixture of thioesters of p and L-8-hydroxybutyric acid with CoA. 


3 We are indebted to Dr. D. Azarnoff for a sample of the purified 
enzyme from pig heart. 

In later experiments, Na:S was eliminated from the reaction 
mixture because of variable interference in the acetoacetate assay 
system. Activities of the acetoacetate-forming system deter- 
mined in the absence of sulfide were nearly as high, on the average, 
as those obtained in the presence of sulfide. 
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acetate assay by the method of Walker (16). GSH was found 
to reduce the color yield to a moderate extent in this procedure, 
and appropriate corrections were made for this effect. 

No acetoacetate was formed in the absence of C. kluyveri 
extract. There was a slow rate of acetoacetate formation in the 
absence of liver fraction, for which a correction was made. This 
rate was consistent with what would be expected on the basis of 
the nonenzymatic hydrolysis of acetoacetyl-Co at the con- 
centration (calculated from the 8-ketothiolase equilibrium (17)) 
and pH employed. 

Protein was determined by the method of Lowry et al. (18). 


Distribution of Activity—The bulk of the acetoacetate-forming 
activity of liver homogenate was present in the mitochondrial 
fraction obtained by centrifugation of the liver homogenate at 
10,000 x g (Table I). Only a small portion of this activity was 
detectable, however, in intact mitochondria. As previously 
reported (4), freezing and thawing the mitochondrial suspension 
in 0.25 M sucrose in a Dry-Ice-methy] Cellosolve bath increased 
the activity markedly, three cycles producing a maximal effect 
with either normal or diabetic preparations. Still higher activ- 
ities were obtained by treatment of the mitochondrial suspension 
with 0.1% Triton X-100 (final concentration) or storage over- 
night at —20° (Table II). Freezing and thawing of the super- 
natant fraction had no effect on its activity. 

Longer periods of homogenization in the Omni-mixer in 0.25 M 
sucrose produced a small degree of activation of the homogenate, 
with the increased activity appearing in the supernatant fraction 
after centrifugation, together with a small increase in protein, 
probably as a result of partial comminution of the mitochondrial 
particles.* 

Bendall and de Duve (20) have found, with a large number of 
mitochondrial enzymes, that only a small fraction of the total 
activity could be detected before further treatment of the 
mitochondria by procedures such as those used here. 


In regard to the activation of the mitochondrial system by 
various procedures, a number of differences from the results noted 
here have been reported by Bucher, Overath, and Lynen (19), 
who have also studied acetoacetate synthesis in this system with 
normal rats of the same strain. These include a 2-fold activation 
by repeated freezing and thawing in 0.25 M sucrose compared to a 
5-fold activation in our hands, a lack of effect of Triton WR-1339 
(whereas we note a 14-fold activation with Triton X-100), an 
inhibition by 0.1 to 1.0% cholate (deoxycholate in that concentra- 
tion range produced a marked activation in our system), and a 
large activation by a treatment for 1 minute in a high s 
blendor in phosphate buffer, compared to the small increase which 
we obtained with 2 minutes of blending in 0.25 M sucrose. 

For activation of the system in their experiments, Wieland 
et al. (3) relied upon freezing of the whole liver in liquid air, fol- 
lowed by additional blending in a polyvinylpyrrolidine medium 
for assay of the HMG-CoA cleavage enzyme. 

It can be calculated that our standard assay procedure for the 
acetoacetate-forming system (e.g. as in Table III) gave activities 
with the normal mitochondrial fraction about 3- to 5-fold greater 
than those of the combined “nuclear” and mitochondrial fraction 
of Bucher et al. (19) and of the whole liver extracts of Wieland 
etal. (3) on the basis of 1 mg of liver, normalized to the same time 
of incubation. On the same basis, the HMG-CoA cleavage activ- 
ities obtained here are about the same as those of Bucher et al. 
and about three times greater than those of Wieland et al., in 
whose experiments S- was apparently not present in the incuba- 
tion medium. When = was omitted from the medium in our 
experiments, the HMG-CoA cleavage activity was reduced to the 
levels reported by Wieland et al. (see Footnote 6). 
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TaBLe I 

Rate of formation of acetoacetate from acetoacetyl-CoA in liver 
fractions 


Incubations were for 20 minutes in a volume of 1 ml containing 
the acetoacetyl-CoA-generating system and 0.1 ml of liver frac- 
tion representing 10 mg of liver. Activities are expressed as 
millimicromoles of acetoacetate formed per mg of liver and are 
the means from 8 normal rats with the standard error. 


Fraction 


Homogen ate 
Resuspended mitochondria. ........ 
Frozen-thawed mitochondria. ...... 


II 
Activation of mitochondria from normal, diabetic, and 
prednisolone-treated rats 

Incubation conditions as in Table I. Activities are expressed 
as millimicromoles of acetoacetate formed per mg of protein and 
are given as means with standard error or range. There were 5 
animals in the diabetic group and 6 each in the normal and pred- 
nisolone groups. 


Activity 
Preparation 
Normal Diabetic 
Resuspended mitochon- 
. 46 + 6 1 160 + 17 
Frozen-thawed mito- 
chondria............. 223 + 10 420 + 35 | 720 + 42 
Triton-treated mito- 
chondria............. 710 + 60 660 + 70 1460 + 150 
Mitochondria stored at 
490 (300-720) 700 (320-1210) 930 + 66 


* The activity of intact mitochondria was not measured with 
this group, but in all cases in which measurements were made, no 
differences were found between normals and diabetics (cf. Table 
III). 


Proportionality to Enzyme Concentration and Effect of pH— 
These data are presented in Figs. 1 and 2 for normal and diabetic 
preparations. A pH optimum of 8.0 was obtained in both cases. 
The same pH optimum was found for the soluble acetoacetate- 
forming system prepared from ox liver (6). Mixtures of normal 
and diabetic preparations gave additive activities. Propor- 
tionality of acetoacetate formed to time was also observed under 
the assay conditions employed. 

Effects of Hormone Deprivation and Administration, and of 
Starvation—Comparative activities of the frozen-thawed mito- 
chondrial preparations are presented in Table III. Only dia- 
betes or prednisolone administration affected significantly the 
acetoacetate-forming activity, producing approximately a 2-fold 
increase whether the units were calculated in terms of weight of 
liver, protein content, or body weight. There was no difference 
from normal in the whole homogenate or the supernatant or 
intact mitochondrial fractions from diabetic animals. Insulin 
administration or adrenalectomy of the diabetic animals restored 
the activity to normal. The effects in these preparations of 
insulin deprivation and of adrenalectomy and insulin read- 
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800 TABLE III 


Rate of formation of acetoacetate from acetoacetyl-CoA in frozen. 
thawed liver mitochondria from normal, starved, and 


2 600 - hormonally altered rats 3 
— Incubation conditions as in Table I. Numbers in parentheses | 
~ 0 under Status“ refer to the number of animals in each group 
C 400- Treatments were as follows: insulin, 2 units protamine gine 
2 insulin per 100 g of body weight twice a day for 2 or 3 days; glues. | 


gon (gift of Dr. Otto K. Behrens, Eli Lilly and Company), 2% 
200. ug per animal per day for 5 days; purified bovine growth hormone 
(gift of Dr. Joseph D. Fisher, Armour and Company, lot # D764. _ 
098), 1 mg per animal per day for 5 days; starvation, 2 days; and 


WEP — 


SO sre S 2 


0 prednisolone, 2 mg per animal twice a day for 6 days. Activities 
0 5 10 15 20 are expressed as millimieromoles of acetoacetate formed and ar 
MG LIVER given as means with standard error. 

Fic. 1. Proportionality of rate of acetoacetate formation to Activity | 
enzyme concentration. The source of the enzyme was a frozen- i 
thawed suspension of mitochondria from the indicated quantity Status BRB 
of liver. Incubation conditions as in Table I, except that the Per mg of liver — ——— of 
amount of enzyme was varied as indicated. Activity is expressed 
as total acetoacetate formed. O——O, normal liver; @——®@, Experiment I 
e. Normal (8) 31.7 + 19 203 & 20 125 49 

Diabetic (7) 60.7 + 6.5 416 + 43 327 + 8 
50- Diabetic plus insulin (7) 25.2 + 2.7 | 292 + 27 235 * % 
Experiment II 
F 29.6 + 3.1 271 & 23 127 & 2 
ais Diabetic (8)............. 60.9 + 5.5 333 + 41 | 31340 | 
Diabetic-adrenalecto- 
mized (4)............. 33.1 + 4.0 335 + 41 155 + 21 
> Adrenalectomized (4)....| 22.4 + 2.4 224424 29 89 +11 
F 30. Glucagon (9)............ 30.4 + 2.3 285 & 11 | 14447 
= Growth hormone (8)....| 25.6 + 3.6 | 224 + 17 108 +5 
* Starved (11)............ 42.5 + 4.1 336 + 32 124 & 12 
VY 20. Prednisolone* (4)....... 62.5 + 7.3 680 + 57 | 372424 
Normal (7).............. 28.5 + 3.7 279 & 39 116 + 15 
10- Hypophysectomized (7). 24.3 + 5.5 201 + 33 87 & 
* It was previously reported (4) that a dose of 1 mg of pred · 
nisolone daily produced no increase in activity. CH 
t Animals in Experiment III were Charles River rats and were 


0 70 75 60 85 90 
pH 

Fic. 2. Dependence of rate of acetoacetate formation upon pH 
The source of the enzyme was a —— suspension o chondria from normal, diabetic, and diabetic-adrenalectomized | 
mitochondria. Incubation conditions and units of activity as in ; * 
Table I, except that Tris buffer of the indicated pH was used. animals. As can be seen fro —.— — the 88 * te | 
Symbols are as in Fig. 1. diabetic group was about twice that in t normal, returned 
to normal after adrenalectomy. Omission of Mg“ “ reduced the 
ministration with the diabetic animals parallel the development tivity of the HMG-CoA cleavage enzyme only slightly, evenm) 
and correction of ketosis in such states. the presence of ethylenediaminetetraacetic acid. nl 
F ison of the activity of thi with the | 
After complete disruption of the mitochondria by treatment — — © way 2222 Na; 
with Triton X-100 (as indicated by the fact that the enzyme over-all rate of acetoacetate formation (Table II), it seems that tha 
activity no longer sedimented at 10,000 x g), preparations from the activity of the HMG-CoA cleavage enzyme is not a limiting 023 
normal and diabetic animals exhibited essentially the same activ. faetor in the possible operation of the HMG-CoA pathway d 

itv, whereas those from prednisolone-treated animals were acetoacetate formation from acetoacetyl-CoA in this ee 

appreciably greater (Table II). It is also of note that the This conclusion is consistent with the finding of Wieland 


activity of intact mitochondria from the latter group was 1 cha 

é In subsequent experiments, HMG-CoA cleavage activities of 

considerably gre ater than that from the normals. about twice normal — also obtained with frozen - thawed mito- 
The specific activity obtained here in Triton- treated mito- chondria from prednisolone-treated animals. Here, as with 

chondria from normal rats was slightly higher than that of the acetoacetate synthesis from acetoacetyl-CoA (Table II), mito 


: 1 : _ chondria activated by storage at —20° or by treatment with Triton 
purified acetoacetyl-CoA deacylase from ox liver of Stern et al X-100 gave greater activities than those activated by freesing. 


Nor 
(21). thawing and were essentially the same in normal and prednisolone. pi 
Dial 


maintained on 5% glucose. 


HMG-CoA Cleavage Enzyme—The activity of the HMG-CoA treated animals. These experiments are not reported in detail 
cleavage enzyme was also compared in frozen-thawed mito- because the assay conditions employed seemed to be suboptimal. 
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(3) that addition of exogenous cleavage enzyme to the liver 
m had no effect on the rate of acetoacetate formation. 

Products of HMG-CoA Utilization—Drummond and Stern (6) 

have also observed HMG-CoA cleavage activity, as well as 


HMG-CoA-condensing enzyme activity, in their acetoacetate- 


forming system, but have concluded that the HMG-CoA path- 
way of acetoacetate formation was inoperative because of the 

of an HMG-CoA deacylase (22) which was believed to 
hydrolyze HMG-CoA with sufficient rapidity to prevent 
cleavage to acetoacetate from taking place. This possibility 
was tested in our system by measurement of the products of 
utilization of HMG-CoA (Table V). As can be seen from the 
table, substantial amounts of acetoacetate were obtained from 
HMG-CoA. Thus, it is apparent that deacylation of HMG- 
CoA does not compete effectively with the cleavage reaction 
under these conditions. 

Several possible pathways exist for the formation of free CoA 
sulfhydryl groups in this system. By recycling of the acetyl-CoA 
(formed in the cleavage reaction) via the B- ketothiolase reaction 
to acetoacetyl-CoA and subsequent conversion to acetoacetate, 
two-thirds of a mole of sulfhydryl would arise per mole of 
acetoacetate formed. The additional amount of sulfhydryl 
appearing in Table V could have arisen from deacylation of one 
of the isomers of the synthetic HMG-CoA used, or of the acetyl- 
CoA formed in the cleavage reaction. 

Evidence for Direct Deacylation of Acetoacetyl-CoA—The 

in liver of enzymes capable of forming acetoacetate 
from acetoacetyl-CoA via HMG-CoA (Equations 1 and 2) has 
been demonstrated (24-26). 


CH,CO—CH:CO—SCoA + CH,CO—SCoA + H:0 — 


OH 
CH,C—CH,CO—SCoA + CoA-SH ” 
2>COOH 
OH 
CH,C—CH,CO—SCoA CH, COO +CH;CO—SCoA (2) 
:COOH 2>COOH 


This pathway appeared to reflect the mechanism of acetoacetate 
formation from acetoacetyl- COA in the system of Lynen et al. (5) 
but not in those of Stern et al. (6, 7). 


TABLE IV 


HMG-CoA cleavage enzyme activity 

Incubations were for 10 minutes in a volume of 0.75 ml or 1.0 
ml containing: Tris buffer, pH 7.9, 100 wmoles; MgCl:, 5 umoles; 
NaS, 10 umoles; HMG-CoA, 0.4 to 0.6 umole; and 0.1 ml of frozen- 
thawed mitochondria diluted to 10 times the original volume with 
0.25 u sucrose (final protein concentration, about I mg per ml). 
Proportionality of acetoacetate formed to time and enzyme con- 
centration was observed under these conditions. Numbers in 
parentheses under Status refer to the number of animals in 
each group. Activities are expressed as millimicromoles of aceto- 
acetate formed per mg of protein and are given as means with 


standard error. 

Status Activity 
D 800 + 80 
D 1580 + 140 
Diabetic-adrenalectomized (6)...... 980 + 140 
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TaBLe V 
Products of HMG-CoA utilization in liver mitochondria 

The incubation mixture contained in 2.0 ml: Tris buffer, pH 
7.9, 200 wmoles; MgCl:, 10 wmoles; frozen-thawed normal mito- 
chondria (containing 3.8 and 3.2 mg of protein in Experiments I 
and II, respectively), 0.4 ml; and the indicated amount of HMG- 
CoA. After 20 minutes at 37°, an aliquot was deproteinized with 
HClO, for acetoacetate assay and an aliquot with HPO; for sulf- 
hydryl assay according to the method of Grunert and Phillips 
(23). All values are expressed as micromoles. 


Experiment I............ 1.53 0.90 1.30 
Experiment III. 0.95 0.75 0.76 


As demonstrated by Rudney and Ferguson (24, 25), and as 
illustrated in Equations 1 and 2, formation of acetoacetate via 
HMG-CoA as a result of the action of the HMG-CoA-condensing 
and cleavage enzymes requires the incorporation of the carbon 
atoms of the acetyl group of acetyl-CoA into the acetoacetate 
formed. To test for the operation of this pathway, experiments 
were performed in the presence of acetyl-2-C-CoA and un- 
labeled acetoacetyl-CoA. The acetoacetate formed was con- 
verted to the formazan derivative which was assayed and counted. 
The results are presented in Table VI. 

As can be seen from the Table, and in corroboration of a 
previous report (8), there was very little radioactivity in the 
acetoacetate formed compared with the specific activity of 
25,400 e. p. m. per umole expected if all the acetoacetate had been 
formed via the HMG-CoA pathway. Furthermore, most or all 
of the radioactivity present in the acetoacetate can be accounted 
for by the labeling of the acetoacetyl-CoA via the 8-ketothiolase 
reaction. Relatively little radioactivity appeared in the aceto- 
acetyl-CoA in these experiments, indicating the presence of 
relatively feeble 8-ketothiolase activity. This was confirmed 
by direct assay for the enzyme (17). 

The specific activity of the acetoacetate formed was increased 
somewhat by the addition of Mg**. On addition of HMG-CoA- 
condensing enzyme from yeast, which would be expected to 
promote the operation of the HMG-CoA pathway, the specific 
activity of the acetoacetate formed was increased appreciably. 
The variation in specific activity of acetoacetate in Experiment 
II parallels in a general way that of the acetoacetyl-CoA re- 
maining, and thus appears to reflect variations in 8-ketothiolase 
activity. In the absence of added acetoacetyl-CoA (Lines 6 and 
11), where the only exogenous source of acetoacetate was the 


7 Somewhat less than half the added acetoacetyl-CoA was not 
accounted for as acetoacetate or acetoacetyl-CoA remaining and 
is assumed to represent the amount converted to acetyl-CoA by 
the 8-ketothiolase reaction. The acetyl-CoA thus formed would 
diminish the specific activity of the acetyl-CoA present at the 
end of the reaction to a value of about 60% of the initial specific 
activity. Thus, the theoretical maximal specific activity of 
acetoacetate formed via the HMG-CoA pathway would lie be- 
tween these two values. This relatively small correction does 
not affect the interpretation of the results. 

The theoretical specific activity of acetoacetyl-CoA at com- 
plete isotope equilibrium with acetyl-CoA, calculated from the 
amounts of acetoacetyl-CoA and acetyl-CoA added, was of the 
order of 15,000 c.p.m. per umole in these experiments. 
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TABLE VI 
Extent of Ci incorporation into acetoacetate formed in presence of 
C'4-labeled acetyl-CoA and unlabeled acetoacetyl-CoA 

Incubation mixtures contained in a final volume of 0.75 ml: 
Tris buffer, pH 7.9, 100 zmoles; acetoacetyl-CoA, 0.38 to 0.94 
umole; acetyl-2-C'*-CoA (containing 25,400 c.p.m. per mole), 
0.49 to 1.3 uzmoles; mitochondrial suspension, treated as indicated, 
0.1 ml; plus additions noted. The ratio of acetyl-CoA added to 
acetoacetyl-CoA added was approximately 1.3 in all cases. Con- 
trol incubations to correct for nonenzymatic hydrolysis of aceto- 
acetyl-CoA were carried out in which the enzyme was added after 
HCI1O,. In all cases, including controls, the reaction was initi- 
ated by and timed from the addition of acetoacetyl-CoA and was 
carried out for 1 to 24 minutes. Nonenzymatic hydrolysis of 
acetoacetyl-CoA amounted to 0.04 to 0.14 umole. Normal mito- 
chondria were used except in Line 2. In Lines 6 and 11, aceto- 
acetyl-CoA was omitted from the reaction mixture. 


tically 
| 
Treatment of mitochondria Additions 
Experiment I 
1. Frozen-thawed....| None 0.05 1,200 0.17 800 
2. Frozen-thawed 
diabetic........ None 0.04, 850 0.25; 1,140 
3. Frozen-thawed. Mg 0.07 2,570 0.16) 1,170 
4. Frozen-thawed 
heated“ Mg** + con- | 0.08 4,730 0.17 2,320 
densing en- 
zyme 
5. Frozen-thawed. Mg** + con- 0.10 38 0.15 1,630 
densing en- 5 2 
zyme 
6. Frozen-thawed. Mg** minus | 0.08 24,600 
acetoace- | 
tvl-CoA 
Experiment II 
. Mg** 0.08 2,160 0.15 590 
8. Frozen-thawed. Mg** 0.11) 4, 150 0.13) 3,660 
9. Stored at —20°...| Mg** 0.17 2,220 0.28 1,600 
10. Triton- treated. Mg** 0. 12 4,880 0.14 3,270 
11. — Mg** minus 0.09 22, 500 
acetoace- 
tyl-CoA 


* The frozen-thawed suspension was heated at 50° for 30 min- 
utes to inactivate over-all acetoacetate synthesis from aceto- 
acetyl-CoA. On the two occasions that heated mitochondria 
were prepared, acetoacetate synthesis from acetoacetyl-CoA was 
reduced about 75%, whereas HMG-CoA cleavage activity was 
slightly increased. 


added acetyl-2-CI CoA, the specific activity of the acetoacetate 
formed approached more nearly the theoretical value.“ 

It was further noted that omission of acetyl-CoA from the 
liver mitochondrial system produced no detectable effect on the 


The theoretical maximal specific activity of acetoacetate | 


formed in the presence of the labeled acetyl-CoA and absence of 
added acetoacetyl-CoA is twice the specific activity of the acetyl- 
2-C'-CoA added, or 50,800 c.p.m. per umole in this case, since the 
only exogenous source of acetoacetate is the acetyl-CoA, regard- 
less of the pathway. On the other hand, dilution of the radio- 
activity would be expected from endogenous material with which 
the acetyl group of acetyl-CoA can equilibrate. 
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rate of acetoacetate formation, or of acetoacetyl-CoA disap. 


pearance in the optical test of Ferguson .nd Rudney (13) for 


HMG-CoA-condensing enzyme. These results are similar to 
those of Stern and Miller ((7), Table I, Lines 2a and 2b). The 
yeast preparation used in these experiments exhibited good 
activity by this test. 


DISCUSSION 


Changes in rate of a number of metabolic pathways have been 
uncovered in tissues of animals in response to alterations in 
endocrine state. Sufficient information is available in some of 
these instances to indicate that specific enzyme activities are 
diminished or augmented, possibly as a result of changes in the 
rate of de novo synthesis or degradation of the enzyme molecules 
themselves, or of interconversions of active and inactive forms, 
In a few of these instances, a close relationship seems to exist 
between the hormonally responsive enzyme activity and the met- 
abolic responses to the particular hormone. As examples there 
can be cited the elevation in liver glucose 6-phosphatase activity 
(27, 28) and decreases in liver glucokinase (29, 30), glucose 6. 
phosphate dehydrogenase (31), and crotonyl-CoA reductase (32) 
activities in animals lacking insulin, and the increases in the 
activities of certain transaminases of liver in response to hy- 
percorticoid states (33, 34). 

In the case of the excessive acetoacetate production in diabetic 


liver, explanations offered have generally been based upon 2 


postulated accumulation of precursors of acetoacetate, such as 
acetyl-CoA and acetoacetyl-CoA, resulting from their over- 
production or from an impaired ability to metabolize these 
intermediates by other pathways. That there is an excessive 
rate of fatty acid degradation in the diabetic liver, and that its 
ability to convert acetate to fatty acids is impaired, are well 
established observations (2), and that such an impairment might 
lead to an accumulation of precursors of acetoacetate seems 
eminently reasonable. On the other hand, it appears from the 
results presented here and previously (4), and from those of 
Wieland et al. (3), that under certain conditions, even where 
precursors of acetoacetate are maintained at a constant level, 
differences exist between normal and diabetic animals in the 
activity of the acetoacetate forming system in comparably 
treated mitochondrial preparations. On the other hand, after 
treatment with Triton X-100, which elicited maximal activity 
with both normal and diabetic preparations, no differences 
between normal and diabetic activities were observed. Thus, 
the question of whether the more readily elicited activity of this 
system in diabetic mitochondria is of significance in the excessive 
rate of acetoacetate formation in diabetic liver can only be a 
matter of speculation at the present time. However, the finding 
by Wieland et al. that there was a parallelism in frozen-thawed 
liver between the activity of this system and acetoacetate levels 
lends support to this possibility. 

The observation that very little of the activity of normal and 
diabetic mitochondria is expressed in intact preparations is of 
interest in connection with the question of the more remote 
precursors of acetoacetate. Presumably, freezing or treatment 
with detergents disrupts permeability barriers of mitochondria, 
permitting freer access of added substrate to enzymatic loci 
within the particle. This suggests that immediate precursors of 
acetoacetate formed within the mitochondrion are more effective 
substrates of the system than those formed extramitochondrially, 
and, therefore, that the major sources of ketone bodies are fatty 
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acids which are undergoing degradation in mitochondria rather 
than metabolites in the extramitochondrial fraction which are 
potential precursors of acetoacetate and which might accumulate 
if fatty acid synthesis is impaired. This is in accord with the idea 
that it is the accumulation of fat in the liver from extrahepatic 
sources which leads to diabetic ketosis, rather than the impaired 
synthesis of fatty acids therein (2). 

The finding of a normal level of the acetoacetate forming 
system in starved animals is in agreement with that of Wieland 
et al. (3). The greatest activity of this system was found in 
prednisolone treated animals, and in this case greater than nor- 
mal activities were present even in fully activated preparations. 
We were unable to detect ketone bodies in the urine of pred- 
nisolone treated animals; however, blood ketone bodies were not 
measured. There may be a relationship between the increased 
rate of conversion of acetoacetyl-COA to acetoacetate in these 
animals and the ability of corticoids to depress hepatic lipogenesis 
(35). 

Since the Munich groups (3, 19) take the view that aceto- 
acetate formation from acetoacetyl-CoA in mitochondria pro- 
ceeds via HMG-CoA, and since the activity of the HMG-CoA 
cleavage enzyme in these mitochondrial systems is greater than 
the over-all rate of acetoacetate formation, they refer to the 
activities being measured under experimental conditions such as 
those employed here as HMG-CoA-condensing enzyme activity. 
Because the presence of labeled acetyl-CoA gave rise at most to 
low levels of radioactivity in the acetoacetate formed in our 
system, we conclude that at most only a small fraction of the 
acetoacetate formed from acetoacetyl-CoA in the mitochondrial 
system arose via the HMG-CoA pathway. Since there was 
adequate HMG-CoA cleavage activity present, and since 
cleavage of added HMG-CoA proceeded nearly stoichiometrically, 
thus ruling out an effectively competing deacylation of HMG- 
CoA as a complicating factor, it is reasonable to conclude that 
the lack of operation of this pathway was due to the absence of 
HMG-CoA-condensing enzyme. This conclusion is consistent 
with the localization of the enzyme in the microsomal rather 
than the mitochondrial fraction of liver homogenate (24, 25). 
The experiments of Stern and Miller (7) also argue against the 
operation of such a pathway in mitochondria. Therefore, it 
appears to us that the activity being measured in our system is 
that of an acetoacetyl-CoA deacylase rather than the HMG- 
CoA-condensing enzyme. Our assay for the HMG-CoA cleav- 
age enzyme is based on measurement of acetoacetate formed 
from added HMG-CoA, whereas that of the Munich groups (3, 
19) is based upon measurement of acetoacetate formed from 
generated acetoacetyl-CoA in the presence of an excess of added 
HMG-CoA-condensing enzyme. From our point of view re- 
garding the pathway of acetoacetate formation in mitochondrial 
systems not fortified with exogenous enzymes, we would in- 
terpret the HMG-CoA cleavage activities reported by these 
workers as representing the sum of HMG-CoA cleavage enzyme 
and acetoacetyl-CoA deacylase. 


1. The formation of acetoacetate from acetoacetyl coenzyme 
A has been measured in liver preparations from normal and 
hormonally altered rats. 


1% HMG-CoA can also be formed from leucine in liver (36), but 
it is unlikely that this pathway contributes significantly to aceto- 
acetate production. 
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2. The bulk of the activity was in the mitochondrial fraction, 
but only a small part of this activity was expressed in intaet 
mitochondria. Large increases in activity could be elicited by 
freezing or treatment with detergents. 

3. With mitochondrial preparations activated by freezing 
and thawing, the activities from diabetic animals were about 
twice normal and were restored to normal by insulin treatment or 
adrenalectomy of the diabetic animals. These differences did 
not exist in Triton X-100-treated mitochondrial preparations, 
where apparently maximal activity is elicited. 

4. Preparations from prednisolone-treated animals exhibited 
activities considerably higher than normal in mitochondrial 
suspensions activated either by freezing or by Triton treatment. 

5. 8-Hydroxy-8-methylglutaryl-coenzyme A cleavage enzyme 
activities of mitochondria were also elevated in diabetic and 

6. Evidence is presented indicating that B-hydroxy-8-methyl- 
glutaryl-coenzyme A is not an intermediate in acetoacetate 
formation from acetoacetyl-coenzyme A in these preparations. 

7. The possible relationship of these results to the mechanism 
of diabetic ketosis is discussed. 


Acknowledgment—We wish to acknowledge the excellent 
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Malonyl coenzyme A is an important intermediate in the syn- 
thesis of fatty acids from acetate by animal (1, 2), yeast (3), and 
plant preparations (4). Fatty acid-synthesizing systems contain 
an enzyme that catalyzes the carboxylation of acetyl coenzyme 
A to yield malonyl coenzyme A (1, 3, 5), but the substrate 
specificity of this activity has not been reported. However, 
highly purified acyl coenzyme A carboxylases from heart (6) and 
liver (7) utilize acetyl coenzyme A at only one-hundredth the 
rate of propionyl coenzyme A. Recently, we reported on an 
acyl coenzyme A carboxylase from wheat germ that was most 
active with acetyl coenzyme A (8). In the present communica- 
tion, the properties of this enzyme will be described in detail. 

Wheat germ enzyme preparations also catalyze a transcar- 
boxylase reaction with malonyl coenzyme A or its a-substituted 
derivatives as carboxyl donors and various acyl coenzyme A 
derivatives as acceptors, according to the following equation: 

COOH 
biotin 
COOH 


R—CH—COSCoA + CH;—COSCoA 


In a preliminary report (8), we presented evidence that this reac- 
tion is catalyzed by wheat germ acetyl coenzyme A carboxylase. 
Earlier, Lane and Halenz (9) provided preliminary evidence sug- 
gesting that liver propionyl carboxylase catalyzed the formation 
of ethylmalonyl coenzyme A by transcarboxylation from methyl- 
malonyl coenzyme A to butyryl coenzyme A. The present paper 
also describes the properties of the wheat germ transcarboxylase 
activity and provides further evidence for its identity with acetyl 
coenzyme A carboxylase. 


EXPERIMENTAL PROCEDURE 


Preparation of Enzyme—An acetone powder of wheat germ 
was prepared by blending fresh wheat germ (General Mills, San 
Francisco) with cold acetone (—15°), filtering, then drying the 
powder in a vacuum and storing at —15°. Sixty grams of the 
acetone powder were extracted for 30 minutes with 0.1 m po- 
tassium phosphate buffer at pH 8.3, (containing 3 X 10-* M 
Versene (ethylenediaminetetraacetate)), strained through cheese- 
cloth, then centrifuged at 140,000 x g for 1 hour. Extractions, 
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centrifugation, and all subsequent steps were carried out at 0-2°. 
To each 100 ml of extract, 0.45 g of protamine sulfate (in a con- 
centrated solution) was added with rapid stirring. The precipi- 
tate was centrifuged and discarded. This step removed nucleic 
acid from the extract. Further purification was achieved by 
treatment of the protamine sulfate supernatant with saturated 
ammonium sulfate (pH 7.0, 4°) to obtain the protein fraction 
which was precipitated between 28 and 34% saturation. The 
precipitate was dissolved in 0.01 m K,;HPO, and dialyzed with 
stirring against 4 liters of the same buffer for 8 hours at 22. The 
dialyzed protein solution was adjusted to pH 6.6 with 0.1 x HCl, 
and the precipitated protein was removed by centrifugation. 
The supernatant was then adjusted to pH 6.25, the protein 
precipitate was taken up in 0.02 M K:HPO,, and the undissolved 
material was removed by centrifugation. Unless otherwise indi- 
cated, this preparation was used for the studies described. Frac- 
tions with higher specific activity were obtained by chromatog- 
raphy of the ammonium sulfate-treated enzyme on a DEAE- 
cellulose! column with the use of gradient elution with KCl in 
0.01 m potassium phosphate buffer, pH 7.4. The enzyme 
emerged from the column when the KCl gradient reached ap- 
proximately 0.25 M. 

Materials and Preparation of Substrates—The following com- 
pounds were obtained from commercial sources: ATP, ADP, 
TPN, CoA from the Sigma Chemical Company; avidin from 
Nutritional Biochemicals Corporation; 2-methylmalonic acid 
and 2-ethylmalonic acid from K and K Laboratories, Inc., New 
York; acetate-1-C™, acetic anhydride-1-C’ from Research 
Specialties Company; malonic acid-1, 3-CM from Isotopes Spe- 
cialties Company. Acetyl-I-CII CoA, and acetyl-, propionyl-, 
butyryl-, and caproyl-CoA were prepared by the method of 
Simon and Shemin (10). Malonyl-1,3-C-CoA (11) and un- 
labeled malonyl-CoA (12) were prepared via the thiophenol 
derivative. In preparation of the CoA derivatives, a limiting 
amount of CoA was used, and the excess acid or thiophenol 
derivative was removed by ether extraction. Labeled CoA 
derivatives were purified by paper chromatography (13) followed 
by elution and lyophilization. Methylmalonyl-C™-CoA, labeled 
in the free carboxyl group, was prepared as described by Lane 
and Halenz (9), except that wheat germ carboxylase was used. 

Enzyme Assay Procedure and Methods—Carboxylase activity 
was determined by the incorporation of KHC"4,; into nonvolatile 
compounds. Except where otherwise indicated, the reaction 
mixtures contained: enzyme, 200 ug; either acetyl-, propionyl-, 
butyryl- or caproyl-CoA, 0.42 umole; KHCI O,, 1.3 umoles 


1 Cellex D, obtained from Bio-Rad Laboratories. 
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TABLE I 
Purification of acety-CoA carborylase and malonyl-CoA 
transcarbozrylase activities 

The carboxylase and transcarboxylase assay systems were as 
described in Experimental Procedure except that unlabeled 
bicarbonate was added to the carboxylase assay system to give 
a total concentration of 20 umoles per ml. Transcarboxylase was 
assayed at pH 8.6 instead of its optimal pH of 8.0. 


Ratio of 
Total Carboxyl- Transcar- — 
Fraction protein tii ity — transcar- 
activities 
mg. units/mg protein 
Supernatant, 140,000 X g....| 13,900 0.99 0.74 | 1.33 
Protamine sulfate superna- 
(NH,)2SO, precipitate, 28 to 
a 610 18.4 12.4 1.47 
pH 6.6 to 6.25 120 56.0 38.2 1.45 
DEAE-cellulose treatment of 
(NH,)2SO, fraction 4 170 123 1.38 


* A unit is defined as the amount of protein which catalyzes the 
carboxylation of 1 mumole of acyl-CoA per minute at 30° and 
pH 8.6. 


(1,300,000 d.p.m.); ATP, 2.5 wmoles; MgCle, 5 umoles in 5 X 
10-* M Tris-HCl buffer at pH 8.6. The total volume was 1.0 
ml. Although unlabeled bicarbonate was not added to reaction 
mixtures the total bicarbonate concentration, which included 
endogenous bicarbonate plus KHC"O;, was determined mano- 
metrically in trial experiments. 

For most studies of transcarboxylase, labeled moleny 1-CoA 
was formed from acetyl-1-C-CoA and unlabeled malonyl-CoA. 
With propionyl-CoA or butyryl-CoA as carboxy] acceptors, the 
formation of labeled methylmalonyl-CoA or ethylmalonyl-CoA 
from malonyl-1,3-C%-CoA was determined. Except when 
otherwise indicated, reaction mixtures for transcarboxylase assay 
were as follows: enzyme, 200 yg; either acetyl-1-C™-CoA, 0.22 
umole (175,000 d.p.m.) with malonyl-CoA, 0.46 umole, or pro- 
pionyl-CoA or butyryl-CoA, 0.45 umole, with malonyl-1 ,3-C"- 
CoA, 0.26 umole (185,000 d.p.m.) in 5 X 109 M Tris-HCI buffer 
at pH 8.0. The total volume was 1.0 ml. All assays were con- 
ducted at 30° at indicated times. 

The following procedure was used for the determination of 
carboxylase and transcarboxylase activity. Reaction mixtures 
were stopped by the addition of 0.1 ml of 2.5 Nx KOH, then in- 
cubated 10 minutes at 30° to hydrolyze CoA esters. To evapo- 
rate the reaction to a small volume (approximately 0.2 ml) under 
mild conditions, the reactions mixtures were acidified, then 
enough NH,OH was added to bring the pH to above 7. On 
evaporation under an air blast at 50°, excess ammonia was re- 
moved and neutral concentrates were obtained. The concen- 
trated extracts were acidified with HCl, then 10 ml of acetone 
was added with mixing, cooled to 0°, and centrifuged. Aliquots 
of the acetone extracts, which were essentially free of inorganic 
salts and Tris buffer, were used for the determination of total 
nonvolatile radioactivity and for chromatography. A similar 


procedure was used when the amides or hydroxamates of reac- 
tants were prepared. Products of transcarboxylation were de- 
termined by strip-counting of developed chromatograms followed 
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substrate concentration used for transcarboxylase assays were 
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by measurement of substrate and product peak areas with 3 
planimeter. Total nonvolatile radioactivity was determined by 
counting samples in planchets at infinite thinness with a Nuclear. 
Chicago gas flow counter. 

Reaction products were identified as the free acids after 
hydrolysis with KOH, or as the monoamide or monohydroxamate 
derivatives by treatment with NH,OH or neutral hydroxylamine, 
respectively. The free acids or their derivatives were identified 
by cochromatography on paper with authentic compounds, with 
ethanol-ammonia-water (80:4:16) (14), pentanol saturated with 
5 Mu formic acid (15), and isopentanol saturated with 4 M formic 
acid (16) as eluting solvents. Radioactive areas were located 
with a Nuclear-Chicago strip counter or by radioautography. 
Free acids or monoamides, added as carrier compounds for co- 
chromatography, were detected as their ammonium salts with 

© ninhydrin in butanol saturated with water. Hydroxamates 
were detected with a 1% solution of FeCl; in 95% ethanol, 
Labeled malonic, methylmalonic, and ethylmalonic acids, formed 
by carboxylase or transcarboxylase activity, were mixed with 
authentic carrier compounds and crystallized to constant specific 
activity from acetone-benzene. 

Acyl-CoA preparations were estimated by the hydroxamate 
method of Lands (17), except that a neutral solution of ethanolic 
hydroxylamine was used. Protein in crude preparations was 


estimated by the biuret method (18), whereas more purified — 


preparations were estimated spectrophotometrically (19). 


RESULTS 


Purification and Relationship of Carboxylase and Transcar- 
boxylase Activities—Crude wheat germ extracts, supplemented 
with CoA and ATP, catalyzed the incorporation of acetate- l- C 
into malonyl-CoA. When free malonic acid was added, a sub- 
stantial increase in malonyl-CoA formation was observed. Fur- 
ther investigation showed that the formation of labeled malonie 
acid from acetate-1-C™ was the result of two activities. In 
addition to acetyl-CoA carboxylase, the extracts contained a 
transcarboxylase that catalyzed the formation of malonyl-C™ 
CoA from acetyl-1-C'-CoA and unlabeled malonyl-CoA. Dur- 


ing purification, the relative increase in specific activity of the 


carboxylase to the transcarboxylase reaction was found to be 
almost identical. Purification data, and the ratio of the specific 
activities of carboxylase and transcarboxylase for the various 
fractions, are shown in Table I. Treatment of the 28 to 34% 
(NH,)2SO, preparation on DEAE-cellulose gave fractions with 
specific activities as high as 170 units per mg of protein for 
carboxylase and 123 units per mg of protein for transcarboxylase. 
With different subfractions from DEAE-cellulose, the ratio of the 


activity of carboxylase to transcarboxylase remained constant at 
approximately 1.4. Because of difficulties in obtaining the en- 


zyme in a stable, concentrated form from DEAE-cellulose, en- 
zyme prepared in this way was not used for the studies to be 
described. Carboxylase assays in Table I were conducted in the 
presence of an optimal concentration of KHCO;. In a subse- 
quent section, it will be shown that the conditions of pH and 


not optimal. 

Cofactors—ATP and a divalent metal ion were essential for 
carboxylase activity (Table II). At optimal concentrations, 
Mg. was about 4 times as effective as Mn++. Maximal activity 
was observed when the ratio of Mg““ to ATP was approx 
mately 2. If the concentration of ATP exceeded that of Mg“, 


B. 


1 | arg 2 2. 
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activity was reduced by 70 to 80%. No requirement for added 
cofactors could be shown for transcarboxylase. At Mg** con- 
centrations which were optimal for carboxylase activity, trans- 
carboxylase was reduced 55%. 

Substrate Specificity and Reaction Products—Of the substrates 
tested, acetyl-CoA was carboxylated most rapidly (Table III). 
As the chain length of the acyl group increased activity dimin- 
ished, caproyl-CoA being utilized at only 7% the rate of acetyl- 
CoA. As shown in Table III, acetyl-CoA was also the best 
carboxy! acceptor for the transcarboxylase reaction with malonyl- 
CoA as the carboxyl donor. However, propionyl-CoA and 
butyryl-CoA were also active, although no activity was observed 
with caproyl-CoA. Free malonic acid and oxaloacetic acid were 
ineffective as carboxyl donors. 

The products formed by carboxylase or transcarboxylase action 
with acetyl-, propionyl-, or butyryl-CoA as carboxyl acceptors, 
were malonyl-, methylmalonyl- and ethylmalonyl-CoA, respec- 
tively. The free acids were identified by cochromatography on 
paper in three different solvents and by recrystallization to con- 
stant specific activity with authentic compounds. The products 
also formed monoamides and monohydroxamates, which were 


identified by cochromatography on paper. The chromato- 


graphic behavior of the product of caproyl-CoA carboxylation 
was consistent for butyrylmalonyl-CoA. 


Taste II 
Cofactor requirements for carboxylase 
Reaction mixtures were as described in Experimental Pro- 
cedure, except that cofactors were added as indicated in the 
table. Acetyl-CoA was the substrate. Reaction time was 15 
minutes. 


Cofactors added Incorporated 
mymoles/reaction 
0 
0 
0 
MgCl, 5 umoles; ATP, 2.5 wmoles............ 83 
MgCl:, 5 moles; ATP, 5 wmoles............... 41 
2.5 umoles; ATP, 5 wmoles............ 16 
MnCl:, 5 Amoles; ATP, 2.5 wmoles............. 22 


Taste III 
Substrate specificity of carborylase and transcarborylase activities 
Reaction mixtures were as described in Experimental Pro- 


cedure. Reaction time was 15 minutes. 

Substrate * groups 
mymoles/reaction 
Carboxylase 

Acetyl-CoA + C OOO 80 
Propionyl-CoA + CD 60 
Butyryl- COA + CI 41 


Transearboxylase 
Acetyl-1-C'* + malonyl-CoA............ 
Propionyl-CoA + malonyl-1, 3 CM. CoA. 
Butyryl-CoA + malonyl- 1, 3- CI CoA. 
Caproyl-CoA + malonyl-1,3-C"-CoA... 
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Activity (mp moles CO /ecction) 


78 #=acs 280 28 
pH 

Fic. 1. a. The effect of pH on carboxylase activity with differ- 
ent substrates. Reaction mixtures were as described in Experi- 
mental Procedures. Tris-HCl buffer was used for studies be- 
tween pH 7.5 and 9.5 and potassium phosphate buffer for pH 7.0. 
The final buffer concentration was 5 X 10°? u. Reactions were 
incubated for 20 minutes. 6. The effect of pH on transcarboxylase 
activity. Reaction mixtures were as described in “Experimental 
Procedure“ and buffers used were as in Fig. la. Reaction time 
was 20 minutes. 


s 80 s 90 98 
pH 


(pmoles / min /reaction) 


0 
x 
Fic. 2. The reciprocal plot of bicarbonate concentration 
against activity. Reaction mixtures were as described in Ex- 
perimental Procedure except that unlabeled bicarbonate was 
added to reactions to give the desired final bicarbonate concent ra- 
tions. Reaction time was 15 minutes. 


Effect of pH—The pH optimum of carboxylase decreased with 
increasing chain length of the acyl acceptor (Fig. 1). The effect 
was such that at pH 9.0 the relative specific activities for acetyl-, 
propionyl-, and butyryl-CoA were 1:0.49:0.27, whereas at pH 
7.5 activities were all approximately 0.5 (on the same arbitrary 
scale). The pH optima for transcarboxylase did not show the 
same shift with different substrates. The optimum was approxi- 
mately 8.0 for all substrates tested, the curve with acetyl-1-C™- 
CoA and malonyl-CoA as substrates being shown in Fig. 1. All 
transcarboxylase assays except those of Table I were conducted 


at pH 8.0. 
Michaelis Constant and Equilibrium Studies. (a) Carbozyl- 


ase—A Michaelis constant, K., of 1.05 X 10-* M for bicarbonate 
was calculated (20) from the reciprocal plot of substrate concen- 
tration against velocity (Fig. 2). Bicarbonate concentrations 
in excess of 10-* M were required for maximal activity. It may 
be significant that bicarbonate is generally required in similar 
amounts for the maximal incorporation of acetate to fatty acids 
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Fic. 3. The time course and stoichiometry for transcarboxylase 


with different substrates. At zero time, the reaction of Fig. 3a 
contained enzyme, 800 Ag; acetyl-1-C'*-CoA, 0.88 umole (700,000 
d.p.m.), malonyl-CoA, 0.92 umole, in 5 X 10-* m Tris-HCl buffer 
(pH 8.0). The total volume was 4 ml. The reaction of Fig. 3b 
contained enzyme, 800 g; propionyl-CoA, 1.04 uwmoles; malonyl- 
1,3-C™*-CoA, 1.04 wmoles (740,000 d.p.m.) in 5 X M Tris-HCl 
buffer (pH 8.0). The total volume was 4 ml. Aliquots were 
removed for analysis after various periods of incubation at 30°. 


(21-23). The K,, for acyl-CoA substrates was approximately 
1.5 Xx 10-4 M. 

The equilibrium of carboxylase favored the carboxylation 
process, but an ADP-dependent production of CO. was ob- 
served when malonyl-1,3-C'-CoA or methylmalonyl-CoA, 
labeled in the free carboxyl group, was incubated with the en- 
zyme in the presence of inorganic phosphate and Mg*+. Ap- 
proximately 20% of the added substrates were decarboxylated 
at equilibrium under the conditions used. 

(b) Transcarborylase—The K., for transcarboxylase substrates 
were calculated by the reciprocal plot method. Values of 2.0 x 
10-* ma and 1.6 Xx 10M for acetyl-CoA and malonyl-CoA, respec- 
tively, were obtained. From the same data, the maximal veloc- 
itv of the reaction at pH 8.0 was calculated to be 59 myumoles 
per mg of protein per minute (7.e. 59 units per mg of protein). 
This can be compared with the value of 38 units per mg of pro- 
tein (Table I) which was determined at pH 8.6 with a suboptimal 
concentration of acetyl-CoA. 

The equilibrium constant of the transcarboxylase reaction was 
close to unity at pH 8.0. As might be predicted, in view of the 
nature of the reaction, with acetyl-1-C'-CoA and malonyl-CoA 
as substrates the label was approximately equal in the two com- 
pounds as equilibrium was approached (Fig. 3a). Similarly, 
when malonyl-1 ,3-C-CoA and propionyl-CoA were added at 
the same initial concentration, the reaction approached equilib- 
rium when little more than half of the malonyl-CoA had been 
converted to equimolar amounts of methylmalonyl-CoA and 
acetyl-CoA (Fig. 3b). In confirmation of these findings, labeled 
malonyl-CoA was readily formed from methylmalonyl-1-C-CoA 
(labeled in the free carboxyl group) and acetyl-CoA. Presum- 
ably, methylmalonyl-CoA would react with propionyl-CoA or 
butyryl-CoA in a similar manner. 


Avidin Inhibition and Role of Biotin—Avidin, which forms | 


complexes with free and protein-bound biotin, inhibited both 
carboxylase and transcarboxylase activities in the range from 
25 to 60 ug per ml (0.06 to 0.14 unit per ml) (Tables IV and V. 
It was consistently observed that preincubation of the avidin 
with an excess of biotin did not completely prevent its inhibitory 
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effect on carboxylase but was effective in preventing the inhibj. 
tion of transcarboxylase. As shown in Tables IV and V, this 
difference was observed with different substrates. Biotin alone 
had no effect on either activity. Since transcarboxylation jp. 
volved biotin, and probably a biotin-CO, intermediate, it was of 
interest that there was no exchange of label into organic acids 
when Ci O., unlabeled transcarboxylase substrates and enzyme 
were incubated together. 

Effect of Thiol and Dithiol Inhibitors—There is evidence that 
in at least some reactions involving acyl-CoA compounds, an 
intermediate in the reaction is the acyl-thioester formed with a 
protein thiol group (23, 24). Thiol reagents, CMB, iodoacetam. 
ide, and Hg** inhibited both carboxylase and transcarboxylase 


activities (Table VI). When freshly prepared, neither activity 


was increased by the addition of thiol compounds. However, 
when stored at —15°, transcarboxvlase was stable, whereas 


TABLE IV 
Effect of avidin and biotin on carboxylase activity 
Reaction mixtures were as described in Experimental Pro- 
cedure. Avidin (2.5 units per mg) and biotin, 0.13 wmole, were 
added as indicated. Reaction time was 15 minutes. 


- 

Substrates Additions corporated 

reaction 
Acetyl-CoA None 62 
Avidin, 25 ug | 9 
Avidin, 50 ug | 4 
Avidin, 50 ug; biotin* | 

Biotin 
Propionyl- CoA None 32 
8 Avidin, 50 ug 3 
Avidin, 50 g; biotin* 18 
Biotin | 34 


* Preincubated with avidin for 5 minutes at 0°. 


TaBLe V 
Effect of avidin and biotin on transcarbozylase activity 
Reaction mixtures were as described in ‘‘Experimental Pro- 
cedure. Avidin (2.5 units per mg) and biotin, 0.13 umole, were 
added as indicated in the table. Reaction times with acetyl-l- 
C- Co and malonyl-1,3-C'*-CoA as substrates were 10 and 2 
minutes, respectively. 


Substrate Additions E 
reaction 

Acetyl-I-CM- CoA +! None 73 
malonyl-CoA Avidin, 20 ug 44 
Avidin, 60 ug 9 

Avidin, 60 ug + biotin* 74 

Biotin 74 

Propionyl-CoA + None 95 
malonyl-1,3-C"*- Avidin, 60 ug 18 
CoA Avidin, 60 ug + biotin* 86 
Biotin 92 


* Preincubated with avidin for 5 minutes at 0°. 
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TaBLe VI 
Effect of thiol compounds and thiol inhibitors on carborylase and 
transcarboæylase activity 
Reaction mixtures were as described in Experimental Pro- 


cedure.” In Experiment 2, the thiol compound then the sub- 
tate and cofactors were added after the enzyme and CMB had 


been incubated together for 5 minutes at 0°. Reaction time for 


_ carboxylase assays was 10 minutes and for transcarboxylase, 15 


minutes. 
— 1 activity 
Reagent * ( 
1 | Control 42 73 
CMB, 10-* u 4 90 | 62 14 
CMB, 1.5 X 10°‘ u 0 100 1.6 98 
Iodoacetamide, 5 X 1013 67 | 5O 27 
M 
HgCl, 10-* 0 100 0 100 
GSH, 107? u 63 73 
BAL, 5 X 10-* u 59 71 
2 | Control 52 
CMB, 4.6 91 
CMB, 10-* + GSH, 10“ 70 2° 
M 
CMB, 10 uw + BAL, 68 4° 
5X 


* Compared with controls with the thiol compound alone. 


carboxylase activity declined but could be restored by BAL? or 
GSH. The decline of carboxylase activity amounted to approxi- 
mately 40% in 3 months. GSH and BAL were both effective 
in reversing inhibition by CMB, when added after the enzyme 
had been preincubated with the inhibitor (Table VI). 

Since transcarboxylation involved the interaction of two acyl- 


Cod compounds, it appeared possible that two thiols may occur 


in close proximity on the enzyme. At low concentration, arse- 
nite, some organic arsenicals, and Cd*+ are considered to react 
specifically with dithiol compounds in which the thiols are in 
close proximity (25-28). Recently, there have been reports of 
arsenite inhibition of enzymes, presumed to contain a functional 
dithiol group, in which arsenite only inhibited when added with 
a dithiol at approximately the same concentration (29-31). 
Higher concentrations of a dithiol reversed the inhibition. Arse- 
nite, 5 Xx 10 M, in the presence of an equimolar amount of 
BAL inhibited wheat germ carboxylase and transcarboxylase ac- 
tivities although arsenite alone had no effect (Table VII). The 
addition of a 4-fold excess of BAL prevented the inhibition. 
Lower concentrations of the arsenical, APB, and Cd*+ inhibited 
both activities when added alone (Table VII). The addition 
of a 10-fold excess of GSH, after the enzyme had been preincu- 
bated with the inhibitor, caused only a small reversal of inhibi- 
tion by these reagents, but a 5-fold excess of BAL almost 
completely reversed their inhibitory effect. These results are in 
contrast to those of Table VI in which CMB inhibition was re- 
versed by both GSH and BAL. 

It was consistently observed that transcarboxylase was less 


are: BAL, 2,3-dimercapto-1-propanol; 
APB, y-(p-arsenosopheny])butyrate. 
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sensitive than carboxylase to both thiol and dithiol inhibitors. 
This may be correlated with the finding that preincubation of 
the enzyme with substrate, before the addition of either arsenite 
plus BAL, APB, or Cd**, had little effect on the inhibition of 
carboxylase but caused substantial protection of transcarboxylase 
activity. Arsenite plus BAL, APB, and Cd**, at the concen- 
trations used in Table VII, inhibited transcarboxylase 62, 72, 
and 69%, respectively, when added before the substrates, and 
11, 15, and 20% when the enzyme was preincubated for 1 minute 
at 0° with acetyl-1-C'-CoA and malonyl-CoA. 


Although it has been assumed that the carboxylation of acety!- 
CoA to malonyl-CoA i is an important step in the synthesis of 
fatty acids (32), as yet a carboxylase with a high specificity to- 
wards acetyl-CoA has not been described in animal and bacterial 
systems. The present paper has expanded on a preliminary 
report (8) of the preparation and properties of such an enzyme 
from wheat germ. The synthesis of fatty acids from acetate by 
most animal systems is limited by the conversion of acetyl-CoA 
to malonyl-CoA. In a survey of preparations from some 14 
different mammalian tissues, Ganguly (33) showed that malonyl- 
CoA was incorporated into fatty acids from 5 to 40 times faster 
than acetyl-CoA. This is consistent with the finding that acyl- 
CoA carboxylases so far characterized from animal sources utilize 
acetyl-CoA at only one-hundredth the rate of propionyl-CoA 
(6, 7). Furthermore, most fatty acid-synthesizing systems that 
utilize acetate require bicarbonate in excess of 10-? M for maximal 
activity. Purified acyl-CoA carboxylases show a similar require- 


Tasie VII 
Inhibition of carbozylase and transcarborylase by specific dithiol 
inhibitors and reversal of inhibition by monothiol 
and dithiol compounds 

Reaction mixtures were as described in Experimental Pro- 
cedure.”” Thiol compounds were added after the enzyme and 
inhibitor had been preincubated together for 5 minutes at 0°. 
Reactions with thiol compounds but no inhibitor were run as 
controls. 


Carboxylase Transcarboxylase 
% % 
Arsenite, 5 X 10 M 7 | Arsenite, 5 X 10 M 2 
Arsenite, 5 X 10‘m + | 93 | Arsenite,5 X IG 62 
BAL, 5 X BAL, 5 X M 
Arsenite, 5 X 104 um + 7 | Arsenite, 5 X 10 um + 3 
BAL, 2 X 10°? u BAL, 2 X 10°? uw 
APB, 10 78 | APB, 10 23 
APB, 10M 92 | APB, 2 X 10 m 72 
APB, 10 wu + GSH, 69 APB, 2 Xx 10*m+ GSH, 5 
10 2 X 10°? u 
APB, 10 uw + BAL, 13 | APB,2x10*m+ BAL, 3 
5X 10 10 
CdCls, 10 * 99 | CdCl: 2 X 10 69 
CdCl:, 10 + GSH, 84 2 X 10 u ＋ 46 
10 N GSH, 2 X 10 
CdCl:, 10 + BAL, 9 | CdCl, 2 X 10% M + 0 
X BAL, 10 M 
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ment. Unless it could be postulated that localized concentra- 
tions of bicarbonate of this order could occur in vivo, this observa- 
tion further decreases the likelihood that direct carboxylation of 
acetyl-CoA provides the major source of malonyl-CoA for fatty 
acid synthesis in most animal tissues. Recently, there have been 
reports suggesting that in some animal tissues malonyl-CoA is 
formed from acetyl-CoA by transcarboxylation, with either 
oxalosuccinate or oxaloacetate as the CO: donor (34-36). Fur- 
ther possible implications of transcarboxylations in fatty acid 
synthesis will be discussed subsequently. Clearly, if an enzyme 
of the type described from wheat germ occurs widely in plants, 
it could provide a major route for malonic acid synthesis. It is 
of interest in this regard that the very active fatty acid-synthe- 
sizing system from avocado utilizes acetyl-CoA and malonyl-CoA 
at the same rate (4). 

The first report of an enzyme-catalyzed transcarboxylation 
was the biotin-dependent carboxylation of propionyl-CoA by 
oxaloacetate to yield methylmalonyl-CoA and pyruvic acid by 
Propionibacterium extracts (37). This enzyme has now been 
purified (38). Lane and Halenz (9) have provided evidence 
that mammalian propionyl carboxylase may be responsible for 
an ATP. independent transcarkoxylation from methylmalonyl- 
CoA to butyryl-CoA to yield ethylmalonyl-CoA. As already 
reported (8), wheat acetyl-CoA carboxylase also catalyzes ATP- 
independent transcarboxylations. In the present work, wheat 
germ transcarboxylase was purified 55-fold and 170-fold by 
separate methods. During all treatments, the ratio of this 
activity and the wheat germ acetyl-CoA carboxylase remained 
constant, thus providing evidence that the two reactions were 
catalyzed by the same enzyme. This postulation was supported 
by the fact that the two activities had similar specificities toward 
substrate, were both dependent upon protein-bound biotin, and 
both inhibited by thiol and dithiol reagents. Recently, there 
was a report of an exchange of label between propionyl-C"-CoA 
and methylmalonyl-CoA catalyzed by an ox liver propionyl-CoA 
carboxylase preparation (39). This supports the findings with 
rat liver and wheat germ acyl-CoA carboxylases, and emphasizes 
the possibility that this bifunctional property may be common 
to all acyl-CoA carboxylases. 

The relationship between the carboxylase and transcarboxylase 
activities may be seen in the following series of equations: 
Enzyme + ATP + CO, — enzyme-CO: + ADP + Pi (1) 

Enzyme-CO: + acetyl-CoA = malonyl-CoA + enzyme (2) 
Propionyl-CoA 


+ enzyme-CO; = 
Butyryl-CoA 


methylmalonyl-CoA @) 


or 
ethylmalonyl-CoA 


According to the latest evidence (7), the carboxylase reaction 
may be best represented by Equations 1 and 2. It can be seen 
that Equation 2, which is the half-reaction of the over-all car- 
boxylase reaction, could account for the observed formation of 
labeled malonyl-CoA from acetyl-I- CI COA and unlabeled 
malonyl-CoA. The net synthesis of methylmalonyl-CoA and 
ethylmalonyl-CoA by transcarboxylation from malonyl-CoA to 
propionyl-CoA or butyryl-CoA, respectively, would result from 
a reversal of Reaction 2 followed by Reaction 3. It can be seen 
that Reaction 3 is the half-reaction of carboxylase when pro- 
pionyl-CoA or butyryl-CoA are substrates. 


+ enzyme 
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In spite of the evidence that carboxylase and transcarboxylage 
activities are associated with the same enzyme, some quantits. 
tive differences between the two activities suggest that the active 
sites may not be identical. Although low concentrations of 
avidin inhibited both activities, pretreatment of the avidin with 
biotin did not completely block its inhibitory effect on carboxy). 
ase but prevented the inhibition of transcarboxylase. A differ. 
ence in the stability of the two activities upon storage was ob. 
served. Transcarboxylase was stable when stored at —15° 
whereas carboxylase activity declined but could be restored by 
the addition of a thiol compound. Presumably, loss of activity 
was due to oxidation of functional thiol groups on the enzyme, 


This difference was evident, although both activities were in. 


hibited by dithiol reagents. Carboxylase activity was also gen. 
erally more susceptible to inhibition by thiol and dithiol reagents 
at a given concentration. Furthermore, preincubation of the 
enzyme with the appropriate substrate protected transcarboxyl- 
ase from inhibition by dithiol reagents, although carboxylase 
substrates had little effect in protecting carboxylase activity, 
These two observations may be related if two assumptions are 
made: (a) that the active sites are the same for both carboxylase 
and transcarboxylase activities or that two thiols occur in close 


proximity at both active sites, (b) that the thiol groups display 
specificity with regard to the acyl group with which they form _ 


an ester. If these conditions are fulfilled, at zero time both the 
thiol groups would be blocked by substrate in transcarboxylase 
systems but only one would be esterified if one acyl-CoA com- 
pound is added as is the case with the carboxylase system. 
Under these conditions, carboxylase activity might be expected 
to be more susceptible to thiol inhibitors and less likely to be 
protected by the prior addition of substrate. 

Some of the problems associated with the assumption that the 
ATP-dependent carboxylation of acetyl-CoA is the only source 
of malonyl-CoA for fatty acid synthesis, and a possible role of a 
transcarboxylase in this process, have been discussed. Another 
possibility is that in some fatty acid-synthesizing systems the 
B-ketodicarboxylic acid intermediate undergoes transcarboxyls- 
tion coupled to acetyl-CoA, instead of decarboxylation. The 
advantages of this system, which would yield malonyl-CoA 
without the need for additional ATP, have been pointed out by 


S8 


Swick and Wood (37). It is apparent that an enzyme or series | 
of enzymes similar to the wheat germ transcarboxylase could 


mediate in fatty acid synthesis in this manner. Transcarboxyl- 
ases of this type could function to bypass the acetyl-CoA car- 


boxylase reaction in another way, which may be of particular 
importance in animal systems. In the presence of mammalian — 
propionyl- COA carboxylase, a catalytic amount of propionyl-CoA 


could mediate the rapid formation of malonyl-CoA by the direct 
carboxylation of propionyl-CoA to methylmalonyl-CoA, followed 


by transcarboxylation to acetyl-CoA yielding malonyl-CoA and 


regenerating propionyl-CoA for further reactions. 
Evidence is accumulating to indicate that malonic acid, or its 
CoA derivative, may have functions other than as a precursor of 


fatty acids. Relatively high concentrations of the free acid occur 
in a variety of plant tissues (40), and the conversion of malonate- 


Cu to organic acid including Krebs cycle acids is widely observed 
(41). It has been known for some time that at least two path- 
ways of aromatic synthesis, one via shikimic acid, and another 
involving a more or less direct condensation of acetate units, are 
operative in plants and molds (42). Lynen (24) has now shown 
that malonyl-CoA is an intermediate in the latter pathway, 
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acting in much the same way as it does in fatty acid synthesis. 
In this work, he showed that Penicillium extracts catalyzed the 
condensation of 1 mole of acetyl-CoA with 3 moles of malonyl- 
CoA to give 6-methylsalicylie acid. 

The formation of methylmalonate or ethylmalonate by plant 
systems, or the occurrence of these acids in plant tissues, has not 
been previously reported. Synthesis of these compounds by 
wheat germ carboxylase or transcarboxylase implicates them for 
the first time in plant metabolism. Since propionate metabolism 
in plant tissue does not involve methylmalonyl-CoA (44), and 
since vitamin B,;dependent reactions have not been found in 
plants, it becomes of interest to determine what function these 
acids have. Branched chain fatty acids containing methyl 
groups occur widely in nature (43), although little is known of 
their occurrence in plants. Appropriate replacement of malonyl- 
CoA by methylmalonyl-CoA could be responsible for the syn- 
thesis of these acids. Methyl- or ethyl-substituted aromatic 
compounds could also be formed by replacing malonyl-CoA with 
methylmalonyl- COA or ethylmalonyl-CoA in aromatic synthesiz- 
ing systems of the type described by Lynen (24). 


SUMMARY 


The preparation and properties of an acetyl coenzyme A car- 
boxylase from wheat germ are described. Crude wheat germ 
extracts also contained an enzyme that catalyzed a reversible 
transcarboxylation from malonyl coenzyme A to an acyl coen- 
ume A moiety to form a-substituted malonyl coenzyme A 
derivatives. This enzyme was named malonyl coenzyme A 
transcarboxylase. During the 170-fold purification of carboxyl- 
ase, the ratio of this activity and the carboxylase activity re- 
mained constant, indicating that the two activities were cata- 
lyzed by the same enzyme. 

Adenosine triphosphate and magnesium ions were essential for 
carboxylase activity but no added cofactors were required for 
transcarboxylase. The products of the carboxylase and trans- 
carboxylase reactions with acetyl, propionyl, or butyryl coen- 
zyme A as carboxyl acceptors were malonyl, methylmalonyl, and 
ethylmalonyl coenzyme A, respectively. Acetyl coenzyme A 


nas most active in both reactions. Avidin strongly inhibited 


both carboxylase and transcarboxylase activities, thus implicat- 
ing biotin as a cofactor. Both activities were inhibited by thiol 
and dithiol reagents suggesting that a protein dithiol group was 
functional. The metabolic significance of these activities is dis- 
cussed. 
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The occurrence of thioesterases hydrolyzing thioesters of 
monothiol coenzymes, e.g. glutathione (1-3) and coenzyme A 
(4-6), is well documented. In the course of experiments on the 
metabolism of acetoacetyl thioesters (7), it was found that liver 
enzyme fractions catalyzed the hydrolysis of (+)-S-acetoacetyl- 
6 ,8-dithioloctanoic(dihydrolipoic) acid (Reaction 1) and (+)- 
S-acety]-6 , 8-dithioloctanoic(dihydrolipoic) acid (Reaction 2). 


S-acetoacetyl-DTO! + H:O — acetoacetate + DTO (I) 
S-acetyl-DTO + H:O - acetate + DTO (2) 


This was the first indication of the occurrence of an enzyme which 
hydrolyzed thioesters of a dithiol coenzyme, viz. dithioloctanoic 
(dihydrolipoic) acid. This paper describes the preparation and 
properties of an enzyme from chicken liver which catalyzes Re- 
actions 1 and 2, including substrate specificity and affinity, pH 
dependence, and inhibitors. The distribution of the enzyme 
and its possible identity with liver esterase are discussed. A 
preliminary account of this work has appeared (8). 


EXPERIMENTAL PROCEDURE 


Preparation of (+)-Dithioloctanoic Acid—DTO was prepared 
by borohydride reduction of a-lipoic acid (9). In a typical 
preparation, 40 mg (190 umoles) of a-lipoic acid dissolved in 2 
ml of 0.4 m KHCO;, were reduced by the addition of 40 mg of 
sodium borohydride in 2 ml of water. After 1 hour at 25° the 
solution was acidified to pH 2 with 3 n HCl, and the oily sus- 
pension extracted four times with 1 ml volumes of chloroform. 
The combined chloroform extracts were evaporated under a 
stream of nitrogen and the residue was dissolved in 4.0 ml of 
0.15 M1 KHCO;. By the N-ethylmaleimide assay described be- 
low, the DTO concentration of these solutions was 43 to 46 
umoles per ml, which indicates almost quantitative reduction. 

Colorimetric Assay of (+)-Dithioloctanoic Acid Routine esti- 
mation of DTO in various reaction mixtures was complicated by 
the fact that this dithiol when assayed by the nitroprusside 
method of Grunert and Phillips (10) gives a weak and very tran- 


* Supported by grants from the National Institutes of Health, 
United States Public Health Service (No. A739) and from the Wil- 
liams-Waterman Fund of the Research Corporation. 

t Present address, Department of Pharmacology, Faculty of 
Medicine, University of British Columbia, Vancouver, Canada. 

The following abbreviations are used: DTO, (+)-6,8-dithioloc- 
tanoie (dihydrolipoic) acid; 6-MTO, (+)-6-monothioloctanoate; 
8-MTO, 8-monothioloctanoate; 6-ethyl-8-MTO, (+)-6-ethyl-8- 
thioloctanoate; BAL, 2,3-dimercaptopropanol. 


sient color (11, 12). It was found that a satisfactory colori- 
metric method for determination of DTO, and other mono- and 
dithiols, could be based on the red color formed when alkali js 
added to alcoholic solutions of sulfhydryl compounds previously 
treated with N-ethylmaleimide. Benesch et al. (13) have used 
this reaction as a color test for the identification of thiols on paper 


— 


— 


— 


chromatograms. A sample of DT O containing 0.10 to 1.4 umoles 


per ml was used. More concentrated solutions of DTO were 


diluted with 3% trichloroacetic acid for assay. The reagents 
for assay consisted of: (a) trichloroacetic acid, 3%, in water; 
(b) N-ethylmaleimide, 0.15 M, in isopropanol; and (e) potassium 
hydroxide, 0.25 M, in isopropanol. A sample of DTO (contain- 
ing 0.01 to 0.14 wmole in a maximal volume of 0.10 ml) was 
placed in a tube and the volume adjusted to 0.10 ml with 3% 
trichloroacetic acid. The N-ethylmaleimide reagent, 0.5 ml, 
was then added, and the solution was mixed thoroughly, diluted 
with 3.8 ml of isopropanol, and remixed. Color was developed 
by adding 0.60 ml of the alcoholic KOH reagent. The solution 
was read within 30 seconds in a Klett-Summerson photoelectric 
colorimeter with a No. 54 filter. The blank, which consisted of 
0.10 ml of 3% trichloroacetic acid and all the reagents, gave no 


significant color. Under the above conditions, 0.08 umole of — 


DTO (standardized iodometrically) gave a Klett reading of 365. 


The color intensity was proportional to DTO concentration 


over the range 0.01 to 0.15 umole. 

The method can be used for other mono- and dithiols but the 
color yield varies with the particular thiol. The color yield isa 
very critical function of the amount of water present, and the 
necessity for almost anhydrous conditions limits its applicability. 
It has been used chiefly for the analysis of DTO solutions pre- 
pared by borohydride reduction of a-lipoic acid and for following 
acylation in the preparation of thioesters of DTO as described 
below. 

Preparation of Mono- and Diacetyl Thioesters of (+)-Dithial- 
octanoic Acid—The mono- and diacety] thioesters of DTO were 
prepared by allowing solutions of DTO to react with 1 and 2 
equivalents of acetic anhydride, respectively. Table I illustrates 
the thiol and thioester balance observed during the stepwise 
synthesis of mono-S-acetyl- and di-S-acetyl-DTO compounds. 


It is seen that both sulfhydryl groups of DTO gave a positive 


reaction in the N-ethylmaleimide assay, but neither reacted in 
the nitroprusside assay. After addition of 1 equivalent of acetic 
anhydride, half the sulfhydry] content disappeared as assayed by 
the N-ethylmaleimide method and an approximately equivalent 
amount of thioester appeared as determined by the hydroxyl 
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amine method (14). At the same time, this monothiol mono- 
ester form now gave a positive and approximately quantitative 
nitroprusside assay for sulfhydryl with GSH as standard. After 
addition of a second equivalent of acetic anhydride to completely 
acetylate the compound, all the sulfhydryl disappeared as as- 
sayed by both the N-ethylmaleimide and nitroprusside methods 
and a total of almost 2 equivalents of thioester appeared. Thus, 
by the nitroprusside assay, monoacylation of DTO resulted in 
the appearance of 1 sulfhydryl equivalent (measured by nitro- 

ide) as well as 1 thioester equivalent. This circumstance 
made it possible to follow the synthesis and breakdown of mono- 
S-acyl/DTO compounds by the nitroprusside assay. 

Preparation of Mono-( +)-S-Acetylacetyl-Dithioloctanoic Acid 
Mono-S-acetoacetyl-DTO was prepared by allowing DTO to 
react with 1 equivalent of diketene (15). In a typical prepara- 
tion, 4 ml of solution containing 170 wmoles of freshly prepared 
DTO at pH 8 was adjusted to pH 6 with 0.14 ml of 3 * HCl, 
chilled in ice, and 18 ul (190 wmoles) of redistilled diketene were 
added. The mixture was vigorously stirred until all the dike- 
tene had entered solution. After 30 minutes, by N-ethylmalei- 
mide assay, half the total sulfhydryl had disappeared, and 183 
ymoles of monothiol monoester appeared as estimated by the 


iitroprusside reaction. No attempt was made to determine 
_ whether the primary or secondary sulfhydryl group was acylated. 


Presumably, 8-S-acetoacetyl-DTO was formed, since acetic an- 
hydride and DTO have been shown to give 8-S- acetyl-DTO (11). 
The compound synthesized will be referred to simply as S-aceto- 
acetyl-DTO. Solutions prepared in the above manner could be 
kept for several weeks at —18° provided the pH value was 
adjusted to 6.5. 

Miscellaneous Preparations—8-MTO, 6-MTO, 6-ethyl-8- 
MIO, and ( +)-6-thioldecanoic acid were kindly supplied by Dr. 
John A. Brockman of Lederle Laboratories Division, American 
Cyanamid Company. The acetoacetic thioesters of 8-MTO, 
6-ethyl-8-MTO, and BAL were prepared by allowing solutions 
of the thiol (assayed iodometrically) to react with 1 equivalent 


el diketene as described for S-acetoacetyl-DTO. (-+)-6-Thiol- 
decanoic acid and 6-MTO were not completely acylated by 2 


equivalents of diketene after 3 hours at 0°. The thioester con- 


tent of these solutions was estimated by determining the ab- 


srbancy of suitable samples at 240 my. The assumption was 
made that the molecular extinction coefficient of each thioester 
at 240 mu was equivalent to that of S-acetoacetyl-DTO, and 
the assays were therefore approximate only. 8-S-Acetyl-DTO 
and S-acetyl-BAL were prepared by allowing a solution of DTO 
or BAL to react with 1 equivalent of acetic anhydride and then 
determining thioester content by the hydroxylamine method. 


TaBLeE I 
Mono- and diacetylation of DTO 
A solution containing 180 umoles of DTO at pH 8.0 was treated 
with acetic anhydride as indicated. 


Sulfhydryl 
Acetic anhydride Thioester 
N-Ethyl- (H, NOH assay) 
pmoles 
0 360 0 0 
180 182 143 168 
390 0 0 328 


G. I. Drummond and J. R. Stern 


LOG 10% cm.) 
2 


— 


WAVELENGTH (mp) 

Fig. 1. Absorption spectrum of S-acetoacetyl-DTO. O——O, 
absorption spectrum of 0.50 umole of S-acetoacetyl-DTO in 0.067 
m Tris-HCl buffer, pH 8.15. Final volume, 1.50 ml.; 2.0-ml 
cuvette, light path, 0.5cm. A——A, absorption spectrum after 
complete deacylation of S-acetoacetyl-DTO by addition of 0.96 
mg of protein of a 40 to 55% acetone fraction (specific activity, 29) 
of chicken liver acetone powder extract (7). Enzyme added also 
to reference cuvette which contained 1.50 ml of 0.067 u Tris-HCl 
buffer. A correction has been made for dilution subsequent to 
enzyme addition. @——@, difference spectrum of S- acetoacetyl- 


(+)-6-S-Acetyl-DTO was prepared enzymically with purified 
lipoic transacetylase as described by Gunsalus, Barton, and 
Gruber (9). Lipoic transacetylase purified from Escherichia 
coli extracts was kindly supplied by Dr. I. C. Gunsalus. 

Absorption Spectrum of (+)-S-Acetoacetyl-dithioloctanoic Acid 
—The absorption spectrum of S-acetoacetyl-DTO was deter- 
mined by a difference method employing chicken liver thioester- 
ase. The upper curve (Fig. 1) is the absorption spectrum of a 
solution of synthetic S-acetoacetyl-DTO at pH 8.15. The 
lower curve is the absorption spectrum after complete enzymic 
hydrolysis of the thioester. The middle curve is the difference 
spectrum of S-acetoacetyl-DTO itself. At alkaline pH values 
S-acetoacetyl-DTO has an absorption spectrum qualitatively 
analogous to that of other acetoacetic thioesters, e.g. acetoacetyl- 
CoA (15, 16), acetoacetylpantetheine (16), and S-acetoacetyl- 
N-acety|-8-mercaptoethylamine (cysteamine) (17), possessing an 
ultraviolet absorption band (A max = 302 mu) due to the enolate 
form and an absorption band in the lower ultraviolet (A max = 
240 my) due to the thioester bond. The apparent molecular 
extinction coefficient, e“, of S-acetoacetyl-DTO at pH 8.15 was 
4300 at 240 m and 2400 at 310 ma. This ez agrees well with 
that for nonadenine containing acetoacetyl thioesters (17), 
whereas the ene is rather less than that of acetoacetyl-CoA 
(2900 at pH 8.15 (16)). The latter may reflect an influence of 
the dissociation of the neighboring free sulfhydryl group on the 
dissociation of the enol form of the thioester. 

Enzyme Assay and Unit—The deacylation of S-acetoacetyl- 
DTO can be assayed by following the disappearance of either 
its thioester bond absorption or its enolate ion absorption. 


2 is defined as A = cb where c is the molar concentration of 
total acetoacetic thioester. 
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Fic. 2. Assay of S-acetoacetyl-DTO thioesterase activity. 
The assay conditions are described in the text. The enzyme 
preparation employed was chicken liver acetone powder extract 
(specific activity, 6.0). 


Since assay at alkaline pH values was complicated by spon- 
taneous hydrolysis of S-acetoacetyl-DTO, enzyme assay was 
based on the decrease in absorbancy at 240 my as measured in a 
Beckman model DU spectrophotometer with 2.0-ml cells and 
0.5-cm light path. The following assay components were added 
to the experimental cuvette: Tris-HCl buffer, pH 7.0, 100 
umoles; S-acetoacetyl-DTO, 0.5 umole; enzyme; and water to a 
final volume of 1.50 ml. Substrate was omitted from the refer- 
ence cuvette. The reaction was started by addition of enzyme 
(0.05 to 3.0 mg of protein) and the decrease in absorbancy at 
wave length 240 mu (-A. zo) followed at 30-second intervals. 
The initial rate of - AA: was proportional to both protein con- 
centration and time (Fig. 2). One unit of enzyme is defined as 
the amount which causes a decrease in absorbancy of 0.01 per 
minute at 25° under the above conditions. Specific activity is 
expressed as units per milligram of protein. Protein was deter- 
mined by the method of Warburg and Christian (18). 

Distribution of Enzyme—The enzyme is present in various 
animal tissues (Table II). It appears to be absent from human 
serum and also from yeast. Extract of chicken liver acetone 
powder is considerably more active than extract of frozen 
chicken liver. 


PURIFICATION OF ENZYME 


All operations were conducted at 0-2“ unless otherwise indi- 
cated. 

Step 1. Initial Extract—Commercial, packaged, frozen chicken 
liver was a satisfactory source of the enzyme. Portions (150 g) 
of frozen liver were cut into small pieces and homogenized in a 
Waring Blendor for 5 minutes with 200 ml of ice-cold 0.02 m 
potassium phosphate buffer, pH 8.0, containing 10-* m L-cys- 
teine. An additional 100 ml of buffer were added and the 
homogenization continued for another 5 minutes. The extract 
was strained through several layers of cheesecloth and centri- 
fuged at 13,000 x g in a Lourdes model SL centrifuge. The 
opalescent brown supernatant fluid constituted the initial ex- 
tract. 

Step 2. Fractionation with tert-Butanol—Initial extract, 550 
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ml, was chilled in an ice bath and 246 ml of tert-butanol at 2 
were added in a thin stream to a final concentration of 31% by 
volume. The solution was well stirred and the rate of addition 
such that the temperature did not rise above 6°. Stirring was 
continued for another 10 minutes and the mixture centrifuged 
at 13,000 x g for 20 minutes. (¢ert-Butanol (384 ml) was then 
added to the clear supernatant solution over 30 minutes to 3 
final concentration of 53% in the manner described above 
After centrifugation at 13,000 x g for 15 minutes the superng. 
tant fluid was discarded. The precipitate was dissolved in 0.02 
u Tris-HCl buffer, pH 7.5, containing 10-* M cysteine and the 
solution centrifuged to remove denatured protein. The volume 
of the supernatant solution was 50 ml. 


Step 3. Ethanol Fractionation in Presence of Zinc—The 30 to 


53% tert-butanol fraction was diluted to 500 ml with 0.01 y 
Tris-HCl buffer, pH 7.5, to give a protein concentration of 10 
mg per ml; 12.5 ml (0.025 volume) of 1 M potassium succinate 
buffer, pH 5.7, were added to the well stirred solution followed 
by 125 ml (0.25 volume) of 0.1 M zinc acetate over a 5-minute 
interval. The cloudy solution was centrifuged at 4000 r. pm. 
in a No. 2 International refrigerated centrifuge and the preeipi- 
tate discarded. The supernatant solution was brought to 18% 
ethanol (by volume) by addition of 140 ml of cold absolute 
ethanol over a 20-minute period, the temperature being lowered 
to —6°. After stirring an additional 10 minutes the mixture was 
centrifuged at 4000 r.p.m. for 40 minutes at —6°. The super. 
natant solution was discarded and the precipitate dissolved in 
0.1 M Tris-HCl buffer pH 7.5 containing 0.1 M potassium EDTA 
and 0.1% glutathione. The solution was subjected to rotating 
dialysis for 6 hours against 1 liter volumes of 0.02 m potassium 
phosphate buffer containing 10 * m L-cysteine, the buffer being 
changed hourly. After dialysis, turbidity was removed by 
centrifugation. The volume was 130 ml. 

Step 4. Ammonium Sulfate Fractionation—The solution from 
Step 3 was diluted with 130 ml of 0.02 u potassium phosphate 


TABLE II 
Distribution of S-acetoacetyl-DTO thioesterase activity 
The standard assay was used. Chicken liver acetone powder 
was extracted as previously described (7). The extract of frozen 


chicken liver is described under “Purification of Enzyme.” The ox | 


liver preparation was a 30 to 60% saturated ammonium sulfate 
fraction of crude extract (7). The yeast preparation was a di- 


alyzed 0 to 70% saturated ammonium sulfate fraction of an extract — 


of Fleischmann’s yeast. A 40 to 65% ammonium sulfate fraction 


of pig heart extract was used. Pancreatic lipase and red blood 


cell acetylcholinesterase were obtained from Nutritional Bio- 


chemicals Corporation. 


Source Specific activity 
Chicken liver acetone powder 5.6 
Chicken liver, frozen................... 0.7 
0.3 
̃ ͤ 0.5 
Clostridium 0 
Pancreatic lipase.....................-. 0 
Acetylcholinesterase.................... 0 
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buffer, pH 7.5, containing 10~ L-cysteine to adjust the protein TaBLe IV 
concentration to 10 mg per ml, and 92 g of ammonium sulfate Substrate specificity of enzyme 


were added over 15 minutes to bring the solution to 50% satura- 
tion. After stirring for an additional 30 minutes, the solution 
was centrifuged at 13,000 r.p.m. for 10 minutes in a Servall 
model SS-1 centrifuge. The precipitate was discarded. The 

tant solution was brought to 62% saturation by the 
addition of 22 g of ammonium sulfate in the manner described 
above, and the mixture centrifuged as before. The supernatant 
solution was discarded and the precipitate dissolved in 0.02 m 
potassium phosphate buffer containing 10-* M L-cysteine. This 
solution was dialyzed for 4 hours against 1 liter volumes of the 
same buffer in a rotating apparatus, the buffer being changed 
hourly. After dialysis some slight turbidity was removed by 
centrifugation. The volume was 16 ml. 

Data on the purification of the enzyme are shown in Table 
III. Fractionation with ¢ert-butanol resulted in an apparent 
tripling of the original activity. Fractionation of the crude ex- 
tract with n-butanol and acetone also resulted in an apparent 
considerable increase in the total activity. Thus, treatment 
with organic solvents resulted in the “unmasking” of activity 
not evident in the crude extracts. Preliminary experiments in 
which crude extract was added to purified enzyme indicated the 


presence of an inhibitor of S-acetoacetyl-DTO thioesterase ac- 


tivity in the crude extract which would account for the above 
observations. 
PROPERTIES OF ENZYME 

Stoichiometry of Hydrolytic Reaction In order to establish 
that the enzyme does indeed catalyze Reaction 1, a large scale 
experiment was performed in which 9.0 umoles of S-acetoacetyl- 
DTO, 100 moles of Tris-HCl buffer, pH 7.0, and 15 mg of 
chicken liver enzyme (tert-butanol fraction) were incubated for 
30 minutes at 25° in a final volume of 1.5 ml. A similar mix- 
ture without enzyme served as a control. The reaction was 
terminated by addition of 0.50 ml of 50% citric acid, and aceto- 


acetate formation was measured manometrically by the aniline- 


citrate method (19). In the experimental mixture, 8.7 umoles 
of acetoacetate were found, whereas in the nonenzyme control, 
0.97 umole of acetoacetate was formed as a result of spontaneous 
hydrolysis under these conditions. Analysis of a duplicate 
experimental reaction mixture showed that 8.1 wmoles of DTO 
had been formed as determined by the N-ethylmaleimide 
method. 

Thioester Specificity—The enzyme hydrolyzed S- acetoacetyl 
and S-acetyl esters of DTO, MTO, and BAL (Table IV). 8-S- 
Acetoacetyl-MTO was hydrolyzed much faster than 6-aceto- 


III 


Purification of S-acetoacetyl-DTO thioesterase activity 
Step No. Volume} Units | Protein | Shecite | Yield 
ml mg uni, % 
I. Initial extract......... 550 | 25,000 | 36,200 | 0.69 100 
2. tert-Butanol (30-53% 
saturation).......... 51 | 73,600 | 5,350 15.0 295 
3. Zine ethanol (0-18% 
Saturation).......... 133 | 72,700 | 2,600 | 28.0 290 
4. (JH.) SO. (50-62% 
sat ur ation) 16 34, 400 504 67.0 135 


Standard assay conditions were used and the substrate was 
varied. The enzyme preparation used was an acid-heat super- 
natant solution (pH 6.0, 55°, for 3 minutes) prepared from a 36 to 
53% tert-butanol fraction of chicken liver acetone powder extract 
(specific activity, 56). 


8-S-Acetoacetyl-MTO................. 82 
8-S-Acetoacetyl,6-ethyl-MTO ......... 69 
8-S-Acetoacetyl-DTO................. 56 
6-S-Acetoacetyl-MTO................. 17 
6-S-Acetoacetyldecanoate............. 7.5 
S-Acetoacetyl-BAL.................... 310 
8-S-Acetyl-DTO. O. 6.0 
(+)-6-S-Acetyl-DTO................... 6.0 
30 


acetyl-MTO. The presence of an ethyl substituent in the 
6-position, as in 8-acetoacety] ,6-ethyl-MTO or a thiol group in 
the 6-position, as in presumed 8-acetoacety]-6-thiol-DTO de- 
creased the reactivity. The thioesterase also hydrolyzed S-ace- 
toacetyl-BAL at a very rapid rate. The acetyl esters, 8-S-ace- 
tyl-DTO, (+)-6-S-acetyl-DTO, and S-acetyl-BAL were hydro- 
lyzed at a rate approximately one-tenth that of the correspond- 
ing acetoacetic esters. Acetoacetylpantetheine was also hydro- 
lyzed by chicken liver fractions (7). Acetoacetylpantetheine 
deacylation was measured by following the rate of —AA no at 
pH 8.15 and 25° in enzyme fractions treated with 10-* m iodo- 
acetamide to inhibit thiolase activity. The ratio of the rates of 
enzymic deacylation of S-acetoacetyl-DTO to acetoacetylpante- 
theine was 10:1 in a variety of liver fractions that represented 
a 15-fold purification of S-acetoacetyl-DTO thioesterase ac- 


thioesterase activity is shown in Fig. 3 (Curve A). 
mal rate occurred at pH 8.0. The spontaneous rate of deacyla- 
tion of S-acetoacetyl-DTO increased sharply above pH 8.5 
(Fig. 3, Curve B). This pH activity curve is similar in shape 
and range to those described for various esterases (20, 21). 

Substrate Affinity—The K. value for S-acetoacetyl-DTO was 
determined to be 1 X 10 u. Thus, the substrate had a con- 
siderable affinity for the enzyme. 

Inhibitors—The enzyme was not inhibited by 1 X 10-* u 
iodoacetamide added to the assay components. p-Mereuri- 
benzoate caused no inhibition when incubated with the enzyme 
at a concentration of 5 X 10-* M for 20 minutes at 0° followed 
by a 30-fold dilution in the assay. Arsenite was a potent in- 
hibitor of thioesterase activity. Thus, when thioesterase was 
preincubated in arsenite concentrations higher than 10-* m for 
3 minutes at 25° and then S-acetoacetyl-DTO (2.7 x 10 M, 
final concentration) was added to start the reaction, it was 
found that (a) inhibition of thioesterase activity by arsenite was 
progressive and ultimately complete inactivation occurred; and 
(b) the rate of inactivation was proportional to arsenite concen- 
tration (Fig. 4). This suggested that there might be a time 
factor involved in the reaction of arsenite and enzyme. How- 
ever, when 10 M arsenite was preincubated with enzyme for 12 
minutes—at which time inhibition of enzyme activity would be 
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Fic. 3. pH Dependence of S-acetoacetyl-DTO thioesterase 
activity. The enzymic rates of deacylation of S-acetoacetyl-DTO 
indicated in Curve A have been corrected for spontaneous deacyla- 
tion. The effect of pH on nonenzymic deacylation is shown in 
Curve B. Because of the rapid spontaneous deacylation of S-ace- 
toacetyl-DTO at pH values over 8.0, the enzymic rates as deter- 
mined are subject to considerable error. The standard assay 
conditions were used except that the buffer was varied. Enzyme 
employed was 63 ug of 50 to 62% ammonium sulfate fraction (spe- 
cific activity, 67). Buffers (100 wmoles) as follows: A, sodium 
acetate; ©, potassium succinate; . potassium phosphate; 
— and O——O, Tris-HCl. The pH was determined with 
the glass electrode after each measurement of the initial rate. 
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Fic. 4. Effect of arsenite on S-acetoacetyl-DTO thioesterase 
activity. Enzyme and arsenite (in the concentrations indicated 
on the graph) were added to the cuvette containing 100 umoles of 
Tris-HCl buffer, pH 7.0; final volume, 1.50 ml. S-acetoacetyl- 
DTO, 0.4 umole, was added after 24 minutes preincubation (Arrow 
1) for Curve A and other curves to left of figure, and after 12 
minutes preincubation (Arrow 2) for Curve B. The enzyme prep- 
aration used was a chicken liver acetone powder extract (1.33 mg 
of protein). Addition of 3 X 10 M arsenite did not affect the 
absorbancy at 240 my of S-acetoacetyl-DTO. 
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TABLE V 

Relative esterase and thioesterase activities of chicken liver fractions 

Chicken liver acetone powder extract was prepared as preyj. 
ously described (7). Ethyl acetate and methyl butyrate were 
measured by the alkaline hydroxylamine method (22). Substrate, 
10 moles, was incubated with 200 umoles of Tris-H Cl buffer, pq 
7.0, enzyme, and water to a final volume of 1 ml at 25°. After 19 
minutes, samples were removed and assayed for residual ester. 
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Specific activity is the micromoles of ester hydrolyzed in 10 


minutes per milligram of enzyme protein. 


Specific activity | 
S-Esterase 
Fraction Aceto- Ethyl “Me thyl O-Esterase 
OT acetate buty- | 
a) | @ | 
Crude extract.............. 0.037 0.044 1.43 | 0.84 | 0.025 
Dialyzed acetone powder | | 
F 0.294 0.367 7.10 0.80 | 0.04) 
tert-Butanol precipitate 1.82 1.95 26.7 0.93 | 0.068 
(NH.) : S0. (50-62% satura- | 
C 3.58 4.56 58.0 0.79 0.002 


expected to be complete (cf. Fig. 4, Curve A) the same kinetics 
of inhibition was observed on addition of S-acetoacetyl-DTO 
(Fig. 4, Curve B). 
pendent of the length of preincubation of arsenite and enzyme. 
Addition of fresh enzyme, or of S-acetoacetyl-DTO, when inhibi- 
tion by arsenite was complete did not restore thioesterase activ. 
ity. These observations suggest that arsenite inhibition requires 
the presence of enzyme and of S-acetoacetyl-DTO, and that 
possibly arsenite combines with both. 

The enzyme was inhibited by low concentrations of physostig- 
mine; 1.3 X 10-°m physostigmine incubated with the enzyme 
for 11 minutes in the assay system before addition of the sub- 
strate caused 62% inhibition, whereas 5.3 X 10-5 m physostig- 
mine caused 85% inhibition under the same conditions. Diiso- 


Thus, the kinetics of inhibition was inde- 


propyl fluorophosphate, 10-7 M, caused 17% inhibition of — 


thioesterase activity during the 1st minute followed by progres- 


sive inhibition and inactivation in 10 minutes; at 10~¢ M it caused 


immediate inactivation. 

Possible Identity with Liver Esterase—The great sensitivity of 
the enzymic hydrolysis of S-acetoacety|-DTO to physostigmine 
and diisopropyl fluorophosphate, and the similarity of its pH 
dependence to that of known esterases, suggested that this 
reaction might be catalyzed by an esterase. Therefore, the 
activity of enzyme preparations of varying degrees of purity 
was tested with ethyl acetate and methyl butyrate as substrate 


— 


(Table V). The four preparations used represented a 95- fold 


range of specific activity for the hydrolysis of S-acetoacetyl- 


DTO. The ratio of the specific activities for S-acetoacetyl- 
DTO to ethyl acetate was constant over this range, whereas the 
ratio of S-acetoacetyl-DTO to methyl butyrate activities be- 
came constant in the more purified fractions; this was possibly 
due to the presence of more than one enzyme concerned with 


methyl butyrate hydrolysis in the cruder preparations. These 


data provide strong evidence that the deacylation of S-aceto- 
acetyl-DTO and related thioesters was actually catalyzed by 
liver esterase. 
DISCUSSION 
Since the rates of enzymic hydrolysis of S-acetoacetyl-DT0 
and S-acetyl-DTO are slow, the question arises as in all enzymic 
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reactions of DTO (11, 23) whether the substrates are hydrolyzed 
as such or only after transfer to some grouping on the enzyme 
with formation of the actual substrate (24). Actually the K, 
value for S-acetoacetyl-DTO (10 a) is the lowest yet reported 
for enzymic reactions involving DTO (or DTO thioester). In 
the absence of a biosynthetic route to S-acetoacetyl-DTO there 


z vo present indication of a physiological role for this reaction. 
It is definitely not involved in liver acetoacetate synthesis, since 
it is more sensitive to arsenite than the liver acetoacetate-syn- 


thesizing enzyme system (7); moreover, it is absent from certain 
chicken liver fractions which synthesize acetoacetate.’ It is 


~ eonceivable that the enzyme may be involved in liver acetate 


formation by hydrolyzing an intermediate formed during pyru- 
vate oxidation, e.g. enzyme-bound S-acetyl-DTO (24). 

The similar pH dependence, the similar degree of sensitivity 
to diisopropy! fluorophosphate and to physostigmine, the con- 
stant ratio of the specific activities of thioesterase and esterase 
during purification, all support the identity of the enzyme cata- 
lying hydrolysis of S-acetoacetyl-DTO with chicken liver 
esterase. No data on the hydrolysis of thioesters by highly 
purified mammalian liver esterase preparations (21, 25) are 
available. It is notable that the affinity of S- acetoacetyl-DTO 
for the enzyme is much greater than that of methyl butyrate, 
whose K. value is 2.2 X 102 M in the case of horse liver ester- 
ase (25). This raises the possibility that the physiological sub- 
strate of liver esterase may be a thioester rather than an O-ester. 
Yet methyl butyrate was hydrolyzed at least 15 times more 
rspidly than S-acetoacetyl-DTO by the purified chicken liver 
enzyme, when each substrate was present in excess. 


SUMMARY 


The partial purification of an enzyme from chicken liver which 
catalyzes the hydrolysis of S-acetoacetyl-dithioloctanoic acid 
and S-acetyl-dithioloctanoic acid is described. This enzyme 
also hydrolyzes acetoacetyl and acetyl thioesters of related 
monothioloctanoate compounds and of 2,3-dimercaptopropanol. 
The enzyme has optimal activity at pH 8.0 and is very sensitive 
to düsopropyl fluorophosphate and physostigmine. The possi- 


dle significance of the enzyme and its relation to liver esterase 


is discussed. 
Methods for the preparation and chemical assay of (+)-di- 


4G. I. Drummond and J. R. Stern, unpublished observations. 
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thioloctanoic acid and (+)-S-acetoacetyl-dithioloctanoic acid 
are presented. 
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The enzymic cleavage of acetoacetyl coenzyme A by thiolysis 
with coenzyme A (Reaction 1) is catalyzed by the enzyme, 
8-ketothiolase (1, 2), which is widely distributed in tissues. As 


Acetoacetyl-CoA + CoA-SH = 2 acetyl-CoA (1) 


previously described in brief reports (3, 4) from this laboratory, 
liver enzyme fractions catalyze the thiolysis of acetoacetyl co- 
enzyme A and acetoacetylpantetheine by mono- and dithiol 
compounds such as glutathione, cysteine, and (+)-6,8-dithiol- 
octanoic(dihydrolipoic)acid according to the general Reaction 2, 
in which Pn is pantetheine. Reaction 2 is termed a mixed 


Acetoacetyl-CoA (or Pn) + RSH = 
acetyl-CoA (or Pn) + acetyl-SR (2) 


thiolysis because the thiol which accepts the terminal acety] 
group differs from the thiol moiety of the donor thioester, so that 
a mixture of acetyl thioesters is formed. In contrast, where the 
acceptor thiol is the same as the thiol moiety of the donor thio- 
ester, as in Reaction 1, the term symmetrical thiolysis will be 
used. This paper! presents evidence. for the occurrence of 
various enzyme-catalyzed mixed thiolyses according to Reaction 
2, for the stoichiometry of the reaction, and studies of its 
specificity with respect to donor thioesters and acceptor thiols. 
The relation of the mixed thiolase enzyme to B-ketothiolase and 
the physiological significance of mixed thiolysis reactions are 
discussed. 


EXPERIMENTAL PROCEDURE 


Preparations—8-MTO,? 6-MTO, 6-ethyl-8-MTO, and (+)-6- 
thioldecanoic acid were kindly provided by Dr. John A. Brock- 
man of Lederle Laboratories Division, American Cyanamid 
Company; (+)- and (—)-lipoic acids were gifts from Dr. Karl 
Folkers of Merck Sharp and Dohme Research Laboratories. 
a-Thioglycerol was obtained from Evans Chemetics, Inc. Ace- 
toacetic thioesters were prepared by the diketene method (1, 6) 


* Supported by grants from the United States Public Health 
Service (No. A739) and the Williams-Waterman Fund of the 
Research Corporation. 

t Present address, Department of Pharmacology, Faculty of 
Medicine, University of British Columbia, Vancouver, Canada. 

1 Paper II of this series (5). 

2 The abbreviations used are: DTO, (+)-6,8-dithioloctanoic 
(dihydrolipoic) acid; 6-MTO, (+)-6-monothioloctanoate; 8-MTO, 
8-monothioloctanoate; 6-ethyl-8-MTO, (+)-6-ethyl-8-thioloc- 
tanoate; MEA, 8-mereaptoethylamine (cysteamine); Diol, 2- 
amino-2-methy]-1 ,3-propanediol. 


and kept at pH 5.0 and —18°. Excess diketene, which inhibits 
sulfhydryl enzymes, must be removed from these solutions be. 
fore their use. This was accomplished by incubating fresh 
preparations at pH 5.0 and 20° for 4 hours, or by storage for 
several days at —18°. Pantethine was obtained from the 
Nutritional Biochemicals Corporation and was reduced with 
borohydride (6). Acetoacetyl-CoA and acetoacetylpantetheine 
were assayed enzymically with highly purified heart g-hydroxy- 
butyryl-CoA dehydrogenase (7). S-Acetoacetyl-6-MTO, S-ace- 
toacetyl-DTO, and 8-S-acetyl-DTO were prepared as previously 
described (8). (+)-6-S-acetyl-DTO was prepared enzymically 
with purified lipoic transacetylase, as described by Gunsalus, 
Barton, and Gruber (9). Lipoic transacetylase, purified from 
Escherichia coli extracts, was kindly provided by Dr. I. C. Gun- 
salus. 

Optical Demonstration of Enzymic Mixed Thiolysis—The syn- 
thesis and breakdown of acetoacetic thioesters can be followed 
optically (1, 6) by measuring the concentration of their enol 
(+chelate) form at wave length 310 mau or of their thioester 
bond at wave length 240 mu. By optical measurement at wave 
length 310 mu, the breakdown of acetoacetyl-CoA and aceto- 
acetylpantetheine was not catalyzed by soluble ox liver fractions 
added in the amounts indicated. Thus, as shown in Fig. 1, the 
absorbancy of a solution of acetoacetylpantetheine (2.7 X 10 
Mu) at wave length 310 my and pH 7.5 decreased slowly as 3 


result of spontaneous hydrolysis of the thioester bond (deaeyla- 


tion). Addition of enzyme (0.8 mg of protein) at the time indi- 
cated did not affect the rate of spontaneous deacylation. How- 
ever, when GSH (10-* m) was added, a rapid breakdown of 


acetoacetylpantetheine occurred as measured by decrease in 


Ano. This was not the result of chemical reaction between 
GSH and acetoacetylpantetheine, since GSH had no such effect 
in the absence of enzyme; indeed, it appeared to inhibit spon- 
taneous deacylation of acetoacetylpantetheine. There remained 
two possibilities: in the presence of enzyme, GSH either was 
catalyzing the deacylation of acetoacetylpantetheine (Reaction 
3) or was participating in a mixed thiolysis of acetoacetylpante- 
theine (Reaction 4). These two reactions can be distinguished 


by optical and chemical methods; Reaction 3 results in a net 


GSH 
Acetoacetyl-Pn + H: — acetoacetate + PnSH 0) 


Acetoacetyl-Pn + GSH — acetyl-Pn + acetyl-SG 0 


decrease of thioester bond concentration, whereas Reaction 4 
would result in a net increase in thioester bond concentration. 
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Fic. 1. Effect of glutathione on the breakdown of acetoacetyl- 
pantetheine. The reaction mixture contained initially in each 
experiment, 100 wmoles of Tris-HCl buffer, pH 7.5; 0.4 umole of 
acetoacetylpantetheine; and water to a final volume of 1.5 ml. 
430 to 60% saturated ammonium sulfate fraction of ox liver (0.8 
mg of protein) was added as indicated (ENZ) and 1.5 ywmoles of 
GSH at Arrow 1. O——O, complete system; @——@, GSH 
omitted; O Q, enzyme omitted; @——@, points common to 
all experiments. Absorbancy changes have been corrected for 
dilution resulting from additions. 


Fig. 2 shows that the enzymic breakdown of acetoacetylpante- 
theine, as measured optically at 310 my, is not accompanied by 
a simultaneous net change in thioester bond concentration which 
remains constant as measured at 240 my. This eliminated 
Reaction 3, which in the absence of added GSH occurred spon- 
taneously and resulted in a slow decrease in absorbancy at both 
310 and 240 mu. When DTO was added to acetoacetylpante- 
theine in presence of enzyme, there occurred a rapid decrease in 
absorbancy at 310 mu accompanied by a simultaneous increase 
in absorption at 240 my which signified an increase in thioester 
concentration concurrent with acetoacetylpantetheine disap- 
pearance. These observations were consistent with the occur- 
rence of a mixed thiolysis of acetoacetylpantetheine according 
to Reaction 5, the stoichiometry of which is demonstrated be- 


Acetoacetyl-Pn + DTO - acetyl-Pn + S-acetyl-DTO (5) 


low. Since these ox liver preparations contained a very active 
acetyl-SG thioesterase (10, 11) catalyzing Reaction 6, acetyl-SG 


Acetyl-SG + HO — acetate + GSH (6) 


did not accumulate when GSH was the acceptor, and no net 
change of thioester bond concentration occurred during 
Reaction 4. 

Enzyme Test for Mixed Thiolysis Reaction—Mixed thiolysis 
was measured optically by following the thiol-stimulated break- 
down of acetoacetic thioesters at 310 mu in a Beckman model 
DU spectrophotometer with 2.0-ml quartz cuvettes of 0.5-cm 
light path. The following components were added to two 
quarts cuvettes (I and II, respectively): 100 wmoles of Tris-HCl 
buffer, pH 8.15; 0.4 umole of acetoacetylpantetheine; enzyme; 
and water to a final volume of 1.50 ml. All components save 
xetoacetylpantetheine were added to a reference cuvette (III). 
Enzyme (0.3 to 3.0 mg of protein) was added to all three eu- 
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Fic. 2. Absorbancy changes occurring during mixed thiolyses of 
acetoacetylpantetheine. The reaction mixture contained ini- 
tially, 100 wmoles of Tris-HCl buffer, pH 8.1; 0.40 smole of aceto- 
acetylpantetheine; ox liver butanol fraction (0.55 mg of protein, 
specific activity, 6.6); and water in a final volume of 1.50 ml. The 
reaction was started by addition of thiol and absorbancy changes 
were measured at the wave lengths indicated. @——@, control, 
2 0, 1.5 moles of DTO; A — A, 1.5 umoles of 


vettes and a slow AA no rate due to spontaneous deacylation 
of acetoacetylpantetheine was recorded at 30-second intervals 
for 2} minutes. Then the reaction was started by adding 1.5 
umole of GSH to Cuvettes II and III, Cuvette I now serving as 
a control for chemical deacylation, and the decrease in absorb- 
ancy of Cuvettes I and II read alternately at 30-second intervals 
of 5 minutes. The average AAo rate per minute over the 
5-minute period after GSH addition in Cuvette II, less the aver- 
age -A Ano rate per minute in Cuvette I for the same interval, 
gave the rate of breakdown of acetoacetylpantetheine (or aceto- 
acetyl-SR) due to the mixed thiolysis reaction. One unit of 
mixed thiolase activity is the amount of enzyme which caused a 
decrease in absorbancy of 0.01 per minute. Specific activity 
was defined as units per milligram of protein. Protein was 
determined by the method of Warburg and Christian (12). The 
rate of the mixed thiolase reaction under the test conditions was 
not directly proportional to protein concentration over a suffi- 
cient range to establish a rigidly quantitative assay. This was 
the result, in part, of potential competing reactions. The 
pantetheine released by spontaneous deacylation of acetoacetyl- 
pantetheine could react with the latter in a symmetrical thioly- 
sis due to the presence of 8-ketothiolase in the fractions. Inter- 
ference by this reaction was minimal since it was slow and 
appeared to be inhibited by thiol (Fig. 1). A more serious inter- 
ference could result from nonenzymic transfer of the acetoacety] 
group (10) from acetoacetylpantetheine to acceptor thiol, e. g. 
GSH (Reaction 7), thereby making pantetheine available for 
subsequent symmetrical thiolysis, and also resulting in the for- 
mation of acetoacetyl-SG which would be removed by contami- 
nating acetoacetyl-SG thioesterase. Independent experiments 


Acetoacetyl-Pn + GSH = acetoacetyl-SG + PnSH (7) 
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TABLE I 
Acceptor specificity of mized thiolysis reaction 
The standard test system was employed except that the thiol 
was varied as shown. The enzyme used was an ox liver butanol 
fraction (0.55 mg of protein). All thiols were added in 10-* M 
final concentration, except hydrogen sulfide, 5 Xx 10 M final con- 
centration. 


soe | Relati 

Thiol — rate Thiol activity — 
DTO 9.8 | 100 DTO 9.8 100 
8-MTO 6.6 67 2,3-Dimercap- | 13.0 133 
6-S-Acetyl-DTO* | 3.7 38 topropanol 
8-S-Acetyl-DTO 3.4 35 Cysteine 7.5 77 
6-Ethyl-8-MTO 3.0 31 G8H 6.2 63 
6-MTO 0.66 6.7 | a-Thioglycerol 4.4 45 
6-Thioldecanoate 0.62 6.3 | H:S 1.5 15 

* (+-)-isomer. 
TABLE II 


Thioester specificity of mized thiolysis reaction 
The standard test condition was employed, except that the 
thioester (0.4 umole) and the thiol (1.5 wmoles) were varied as 
shown. The enzyme used was an ox liver butanol fraction, 0.55 
mg of protein. 


Thioester Thiol — 
Acetoacetylpantet heine GSH 6.6 
Acetoacetyl-CoA GSH 3.1 
S-Acetoacetyl-DTO GSH 0 
S-Acetoacety]-DTO CoA-SH 0 
S-Acetoacetyl-N -acetyl-MEA GSH 1.9 
S-Acetoacetyl-N -acetyl-MEA N-acetyl-MEA 0 
6-S-acetoacetyl-MTO Pantetheine 0 


(cf. Table III) showed that with the concentration of reactants 
used in the test svstem, the spontaneous deacylation and chemi- 
cal acetoacetyl transfer reactions could not significantly interfere 
with the progress of the enzyme-catalyzed, mixed thiolysis reac- 
tion. The test system served for studies on the distribution of 
the mixed thiolysis reaction and its specificity with respect to 
donor thioester and acceptor thiol. 

Preparation of Enzyme—Ox liver was removed immediately 
after slaughter and packed in Dry-Ice. Partly thawed liver was 
extracted by blendorization and the extract fractionated with 
ammonium sulfate, as previously described (13). The initial 
extract had a mixed thiolase specific activity of 0.91. Fifty 
milliliters of the 30 to 60% ammonium sulfate fraction (specific 
activity, 4.1) were chilled in ice and 50 ml of n-butanol added 
with stirring. After 15 minutes, the suspension was centrifuged 
at 13,000 r.p.m. for 30 minutes in a Servall model SS-1 cen- 
trifuge. The upper clear butanol layer was decanted and 
discarded. The aqueous layer was carefully removed from be- 
neath the layer of denatured protein at the butanol-water inter- 
face, and dialyzed overnight against 8 liters of 0.02 m KPO, 
buffer, pH 7.5, containing 10-* m cysteine. Any residual tur- 
bidity was removed by centrifugatiqn. This butanol fraction 
(volume, 45 ml) had a specific activity of 6.6 and represented 
57% recovery of the original units, 8% of the original protein, 
and a 7-fold purification. 
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Acceptor Specificity of Mixed Thiolysis Reaction The acceptor 
specificity of the mixed thiolysis reaction was examined ep. 
ploying acetoacetylpantetheine as donor (Table I). In order of 
decreasing rates, DTO, 8-MTO, (+)-6-acetyl-DTO, S. acetyl. 
DTO, 6-ethyl-MTO, 6-MTO, and (=+)-6-monothioldecanoate all 
reacted. The dithiol 2,3-dimercaptopropanol was more active 
than DTO, whereas cysteine, GSH, and a-thioglycerol were les 


‘active. Hydrogen sulfide was also active as an acceptor, but 4 


umoles had to be added in order to obtain a significant positive 
test. It was noteworthy that both the primary and secondary 
thiol groups of the monothioloctanoate compounds were acety. 
lated. Also, (+)-6-acetyl-DTO and 6-ethyl-8-MTO were acetyl. 
ated, of necessity, in the 8-position, whereas 8-acetyl-DTO was 
acetylated in the 6-position. Since Gunsalus, Barton, and Gru. 
ber (9) have shown that the secondary thiol group of DTO is 
acetylated in the lipoic transacetylase reaction (Reaction 8), it 
Acetyl-CoA + (—)-DTO = (+)-6-acetyl-DTO + CoA-SH @) 
is interesting that in the mixed thiolysis reaction, (a) the primary 
thiol group of the MTO compounds was 10 times more active 
as acetyl acceptor than was the secondary thiol group, and (b) 
monoacetyl-DTO compounds were converted to diacetyl-DTO 
compounds. 
The mixed thiolysis reaction was considerably more specific 
with respect to donor acetoacetic thioester (Table II). Only 
acetoacetylpantetheine acetoacetyl-CoA, and S- acetoacetyl- V. 


acetyl-MEA were active as donors. S-Acetoacetyl-DTO and 


6-S-acetoacetyl-MTO were inactive. 

pH Dependence—The mixed thiolase reaction occurred over 
the entire alkaline pH range, where it could be followed by 
employing the enolate ion absorption on which the assay was 
based. It had a sharp optimum at pH 8.8 (Fig. 3, Curve A). 
This pH dependence curve is very similar to that for ox liver 
8-ketothiolase (Fig. 4), the optimal activity of which occurred 
at pH 8.4. 

Stoichiometry of Mized Thiolysis Reactions—The nature of 
the mixed thiolysis reaction was confirmed by chemical balance 


studies which established the stoichiometry of Reaction 2 with 


the use of acetoacetylpantetheine and a number of thiols. Thus, 
in the enzymic thiolysis of acetoacetylpantetheine by DTC 


(Table III), for each mole of acetoacetylpantetheine which dis- 


appeared, 2 moles of thioester (determined as hydroxamic acid) 
and / mole of thiol (determined by nitroprusside assay) were 
formed. This stoichiometry is fully consistent with the thiolysis 
of acetoacetylpantetheine by DTO to yield acetylpantetheine 
and S-acetyl-DTO and follows from these facts: (a) acetoacetie 
thioesters, unlike acetic thioesters, do not assay as thioester by 
the hydroxylamine method (16, 17); and (b) S-acetyl-DTO, as 


previously described (8), assays as both thiol and thioester, — 


whereas DTO assays as neither. The acetylpantetheine and 


S-acetyl-DTO were further identified by paper chromatography 
(see “Chromatography” below). It was not determined 
whether the compound formed was the 6- or 8-isomer of S-ace- 
tyl-DTO. In contrast to the stereospecificity of the Escherichia 
coli lipoic transacetylase reaction (9), both isomers of DTO were 
active in the mixed thiolase reaction and the stoichiometry was 
confirmed for each (Table III). 

Similar balance studies for the thiolysis of acetoacetylpante- 
theine by GSH, cysteine, and hydrogen sulfide, respectively, are 
presented in Table IV. In the case of GSH, for each mole of 
acetoacetylpantetheine which disappeared, there was little dis- 
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ACETOACETYL TRANSFER ( wM/ MIN.) 


1 1 1 1 1 
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72 75 80 85 90 95 


Fic. 3. pH Dependence of mixed thiolysis and spontaneous 
deacylation. Curve A, pH dependence of the enzymic reaction, 
acetoacetyl-Pn + GSH — acetyl-SG + acetyl-Pn. Standard test 
conditions were employed, except that the pH of the buffer was 
varied as indicated. Diol buffer was substituted for Tris buffer at 
pH 8.8 and 9.2. A 20 to 35% ethanol fraction of ox liver (0.85 mg 
of protein) prepared as in (13) was used. The rates, which are 
expressed as micromoles of acetoacetylpantetheine disappearing 
per minute and are calculated from the extinction coefficient of 
the thioester at each pH value (6), have been corrected for the 
rate of spontaneous deacylation of acetoacetylpantetheine occur- 
ring at each pH. Curve B, pH dependence of the chemical reac- 
tion, acetoacetyl-Pn — acetoacetate + PnSH. Conditions as in 
Curve A, except no GSH was present. 
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THIOLASE ACTIVITY (uM/MIN/MG) 
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pH 


Fic. 4. pH Dependence of ox liver g-ketothiolase. The sym- 
metrical thiolysis reaction, acetoacetyl-Pn + PnSH = 2 acetyl-Pn, 
was measured optically at wave length 232 my, where e of acetyl- 
pantetheine is 4420. The assay system consisted of 150 wmoles of 
Tris-HCI buffer (Diol at pH 9.55 and KPO, at pH 6.58), 0.15 umole 
of acetoacetylpantetheine, 0.15 umole of pantetheine, 7.5 Amoles of 
Mc, 0.86 mg of protein of 30 to 60 ammonium sulfate fraction of 
ox liver, and water to 1.50 ml. d = 0.5 cm; temperature, 22°. 

reaction was started by addition of pantetheine. 


J. R. Stern and G. I. Drummond 


Taste III 
Stoichiometry of reaction, acetoacetylpantetheine + DTO — 
acetylpantetheine + S-acetyl-DTO 

The reaction mixture contained 150 umoles of Tris-HCl buffer, 
pH 8.15; 1.5 wmoles of acetoacetyl pantetheine; 4 umoles of DTO; 
ox liver butanol fraction (0.9 mg. of protein); and water. Volume, 
1.50 ml; temperature, 25°. The reaction was started by addition 
of DTO and its progress measured by the optical method. After 
13 minutes, when all the acetoacetyl pantetheine had reacted, 
0.04 ml of 3 n HCl was added to stabilize products and suitable 
samples were removed for sulfhydryl (14) and hydroxamic acid 
(15) assays. In control experiments, when both enzyme and DTO 
were omitted from the reaction mixture, 0.16 umole of acetoacetyl 
pantetheine disappeared, obviously by spontaneous deacylation; 
whereas when enzyme alone was omitted, 0.50 umole of acetoacetyl 
pantetheine disappeared. The difference (0.34 umole) repre- 
sented chemical acetoacetyl transfer to DTO. In the presence of 
the enzyme, the rate of acetoacetyl pantetheine disappearance 
would practically eliminate these secondary reactions. Aceto- 
acetyl pantetheine was measured enzymically with crystalline 
8-hydroxybutyryl-CoA dehydrogenase (7). Values are in micro- 
moles. 


Acetyl acceptor 
Assay 
DTO (+)-DTO (—)-DTO 
A S-Acetoacetylpantetheine.| —1.50 —1.50 —1.50 
4 Sulfhydr 41.8 +1.44 +1.71 
A Hydroxamic acid.......... 42.99 +2.98 +2.88 
* By nitroprusside method. 
TaBLe IV 


Stoichiometry of mized thiolysis of acetoacetylpantetheine by 
glutathione, cysteine, and hydrogen sulfide 

The reactions and analyses were carried out as in Table III 
with 4 zmoles of GSH, 4 umoles of L-cysteine, and 20 Amoles of 
hydrogen sulfide, respectively, as acceptor. Incubation, 13 min- 
utes at 25°. Where indicated, a control mixture with all com- 
ponents, save thiol, was used. N-Acetyl ester was determined 
by the procedure of Katz, Lieberman, and Barker (18) after 
alkaline hydrolysis of thioesters. Thus, in the mixed thiolysis of 
acetoacetyl pantetheine by cysteine, 1.0 ml from the experimental 
and control incubation mixtures was treated with 1.0 ml of 3.5 * 
NaOH for 3 minutes at 25°, which hydrolyzed acetylpantetheine 
and acetoacetyl pantetheine and any S-acetylcysteine; 1.5 ml of 
40% hydroxylamine hydrochloride were added and the solution 
was kept in a boiling water bath for 20 minutes before assay of 
hydroxamic acid. The experimental gave 3.6 moles of total 
hydroxamic acid; the control, 1.96 wmoles as a result of reaction 
of peptide bonds of pantetheine. The difference, 1.64 moles, 
must be attributed to N-acetylcysteine. 


Acetyl acceptor 
Assay 
GSH Cysteine | Hs 

moles 
A S-Acetoacetylpantetheine.| —1.50 -1.50 1.50 
A Sulfhydr yl“... 0.10 0 
o +1.80 +1.61 +2.44 
+1.64 

* By nitroprusside method. 
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appearance of GSH and rather more than 1 mole of thioester 
appeared. This resulted from the presence of contaminating 
acetyl-SG thioesterase in the liver fraction used, so that the 
acetyl-SG formed by thiolysis was hydrolyzed; as a consequence, 
1 thioester equivalent was lost and no significant change in thiol 
content occurred. The stoichiometry of the mixed thiolysis of 
acetoacetylpantetheine by cysteine was complicated by the fact 
that under the conditions of the experiment the acetyl group of 
S-acetylcysteine spontaneously and rapidly migrated to the N 
atom to form the stable N-acetylcysteine, thereby regenerating 
the thiol group. Thus, for each mole of acetoacetylpantetheine 
thiolyzed, 1 mole of thioester and 1 mole of N-ester were re- 
covered so the thiol concentration remained unchanged (Table 
IV). The thiolysis of acetoacetylpantetheine by HS results in 
the formation of thiolacetic acid and acetylpantetheine (Reac- 
tion 9). Thiolacetic acid reacts with hydroxylamine to vield a 
hydroxamic acid (19) and also reacts in the nitroprusside assay. 


Acetoacetyl-Pn + H:s — acetvl-SH + acetyl-Pn (9) 


Thus, only the thioester balance could be determined. As 
shown in Table IV, rather less than 2 moles of thioester were 
formed for each mole of acetoacetylpantetheine which reacted, 
as required by the stoichiometry of Reaction 9. 

Chromatography—The reaction products formed by the mixed 
thiolysis of acetoacetylpantetheine and DTO were further identi- 
fied by paper chromatography. Of the acidified reaction mix- 
ture (Table III), 0.2 ml was chromatographed on Whatman No. 
1 paper (ascending) with n-butanol-0.1 N acetic acid (5:1.1) as 
the developing solvent. The location of the thioesters was de- 
termined by first spraying the paper with Reagent I of Toennies 
and Kolb (20) followed by Reagent II. After spraying with 
Reagent II (ethanolic NaOH), a dark red spot appeared -the 
Ry of which (0.76) was identical to that of an authentic sample 
of acetylpantetheine. S-acetyl-DTO could not be separated 
from DTO by this solvent system (Ry of both, 0.91). Authentic 
DTO gave a transient pink flush when sprayed with Reagent I 
(nitroprusside) and no further color when sprayed with Reagent 
II. In contrast, authentic S-acetyl-DTO gave a more stable 
pink color when sprayed with Reagent I and turned a dark 
purple after spraying with Reagent II. A spot (R, 0.91) from 
the chromatographed reaction mixture showed color develop- 
ment identical to that of authentic S-acetyl-DTO. Similar 
results were obtained with a second solvent system consisting of 
isoamyl alcohol-0.1 N acetic acid (10:1). Acetylpantetheine 
was again clearly identified as a reaction product (Ry of au- 
thentic acetylpantetheine, 0.67). The presence of S-acetyl-DTO 
was indicated by the character of color development with the 
above reagents, although DTO again could not be separated 
from S-acetyl-DTO (R, of both, 0.90). 

Inhibitors—The mixed thiolase enzyme was not inhibited by 
incubation with 0.1 M potassium arsenite or 0.1 M potassium 
arsenate for 30 minutes at 0°, followed by 75-fold dilution in the 
test system. When the enzyme was incubated with 10-* M 
p-chloromercuribenzoate or 10-* M mercuric chloride for 60 
minutes (or 10-* M iodosobenzoate for 30 minutes) at 0° and 
tested after 75-fold dilution, the rate of thiolysis of acetoacetyl- 
pantetheine was considerably inhibited during the Ist minute, 
practically not at all during the 2nd minute, and proceeded 
thereafter at the uninhibited control rate. This behavior sug- 
gested that inhibition by these thiol reagents had occurred but 
was reversed readily by addition of the substrate GSH which 


under test conditions was present in 50-fold excess relative to 
the inhibitor. Incubation of the enzyme with 2 X 107 y 
N-ethylmaleimide for 40 minutes at 0°, followed by neutralizg. 
tion of excess N-ethylmaleimide with an equivalent amount of 
thioglycollate, caused 57% inhibition of mixed thiolase activity. 

Iodoacetamide inhibited the mixed thiolase enzyme. Thus, 
iodoacetamide was added to ox liver fraction (57 mg of protein 
per ml) to produce a final concentration of 5.2 Xx 10 M iodo. 
acetamide. After incubation at 0° for 30 minutes, the solution 
was dialyzed against 2 1-liter volumes of 0.02 M KPO, buffer, 
pH 7.5, for 5 hours at 22. The mixed thiolase enzyme was in- 
hibited 80% by this treatment. Thus, the enzyme is much 
less sensitive to iodoacetamide than 8-ketothiolase, which js 
completely inhibited by 3 Xx 10-4 M iodoacetate (1, 2). The 
following experiment illustrated the differential sensitivity of 
the two enzymes. The same ox liver fraction was incubated in 
5 X IO HM iodoacetamide for 30 minutes at 0°; then the treated 
solution (0.57 mg of protein; 150-fold dilution in assay) was 
assayed for mixed and symmetrical (pantetheine as acceptor) 
thiolysis reactions. 8-Ketothiolase was inhibited 100%, whereas 
the mixed thiolase enzyme was inhibited 70%. 

Distribution of Mixed Thiolase Enzyme—Several tissues and 
cells were examined for mixed thiolase activity with the test 
system described. The enzyme was found in chicken liver ex. 
tract (specific activity, 2.6) and in 35 to 65% saturated am- 
monium sulfate fractions prepared from extracts of pig heart, 
specific activity, 1.3; dog skeletal muscle, specific activity, 1.0; 
and ox adrenal gland, specific activity, 1.5. The enzyme was 
absent from a bakers’ yeast enzyme fraction which, significantly, 
had very active 6-ketothiolase activity. 


DISCUSSION 


Several properties suggest that the mixed thiolase enzyme is 
different from liver B-ketothiolase which catalyzes Reaction l. 
Thus, the mixed thiolase enzyme was less sensitive to iodoacet- 
amide than is 8-ketothiolase and it was still active in the pres- 
ence of iodoacetamide concentrations which completely inacti- 
vated 8-ketothiolase. The mixed thiolase enzyme was not 
demonstrable in veast fractions which contained 8-ketothiolase. 


Acetoacetyl-CoA was less reactive than acetoacetylpantetheine 
as donor in the mixed thiolysis reaction, whereas with g- keto- 
thiolase, acetoacetyl-CoA is as active as (21), or more active — 


than (22), acetoacetylpantetheine as donor. All attempts to 
demonstrate reversal of a mixed thiolysis reaction were unsue- 


cessful, although reversal of 8-ketothiolase activity is readily — 
demonstrable by optical methods (1, 2). Lynen et al. (21) have — 


stated that a 65-fold purified g-ketothiolase from sheep liver 
utilized GSH, cysteine, and thioglycollic acid as acetyl acceptor 
when acetoacetyl-CoA was the donor, suggesting contamination 
with the mixed thiolase. However, in the absence of complete 
experimental details and a chemical balance sheet, it is entirely 
possible that these results, obtained at pH 7.5 and with large 
amounts of thiol, merely reflected the occurrence of nonenaymie 
acetoacetyl transfer (10) liberating CoA for a subsequent sym- 


‘metrical thiolysis as follows: 


Acetoacetyl-CoA + GSH = acetoacetyl-SG + CoA-SH (a) 
Acetoacetyl-CoA + CoA-SH = 2 acetyl-CoA 0 


Reaction a would occur readily under the above experimental 
conditions. The claim that acetoacetyl-SG was cleaved by 
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s-ketothiolase in the presence of CoA (23) may simply reflect 
the intervention of the reverse Reaction a followed by Reaction b. 

The mixed thiolysis reaction provides a new mechanism for 
the biosynthesis of several acetyl thioesters of biological impor- 
tance. Moreover, the participation of higher 8-ketoacyl-CoA 
compounds, generated during fatty acid oxidation, in mixed 
thiolysis reactions would result in the formation of butyryl, 
hexanoyl, and higher acyl thioesters. The thiolysis of aceto- 
acetyl-CoA (or acetoacetylpantetheine) by DTO represents a 
novel enzymic synthesis of S-acetyl-DTO which differs from the 
lipoic transacetylase reaction (9) in that it involves transacetyla- 
tion with a 4-carbon fragment and utilizes both (—)-DTO and 
(+)-DTO. If the enzyme-bound DTO in the pyruvic oxidase 
system can also participate in mixed thiolysis, a very close link, 
of potential significance in the much debated conversion of fat 
to carbohydrate (24), would be established between fatty acid 
and carbohydrate metabolism. 

The mixed thiolysis reaction provides a mechanism for the 
biosynthesis of acetyl-SG which was lacking at the time a spe- 
cifie acetyl-SG thioesterase (11) was first described. Coupling 
of the mixed thiolysis reaction and acetyl- SG thioesterase would 
result in the conversion of acetoacetyl-CoA, generated during 
fatty acid oxidation, to acetyl-CoA and acetate, in the presence 
of catalytic amounts of GSH. This would provide a mechanism 
for acetate production by the liver which Smyth (25) has sug- 
gested may contribute to the small amounts of volatile fatty 
acid in the blood (26). The thiolase step (Reaction 1) of the 
fatty acid oxidation cycle requires the catalytic generation of 
stoichiometric amounts of CoA if fatty acid oxidation is to pro- 
ceed to the acetyl-CoA stage and beyond. This CoA-regenera- 
tive function is served by the citric-condensing enzyme in the 
process of complete fatty acid oxidation, and by the 8-hydroxy- 
8-methylglutaryl-S-CoA-condensing enzyme in the process of 
isoprenoid biosynthesis from fatty acid oxidation intermediates. 
It should be noted that the mixed thiolysis reaction provides an 
alternate enzymic mechanism for cleaving acetoacetyl-CoA to 
acetyl-CoA in the absence of a CoA-regenerating system and in 
the presence of other thiol coenzymes. Finally, the mixed 
thiolysis reaction may play an indirect role in mercapturic acid 
synthesis by generating N-acetylcysteine (27) via S-acetyleyste- 
ine. 


SUMMARY 


1. Enzyme fractions from ox liver have been shown to cata- 
lyze the mixed thiolysis of acetoacetyl coenzyme A and aceto- 
acetylpantetheine by various mono- and dithiol compounds ac- 
cording to the general reaction 


Acetoacety]-SR; + R:SH — acetyl-SR; + acetyl-SR, 
2. Acetoacetic thioesters of coenzyme A, pantetheine, and 
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N-acetyl-8-mercaptoethylamine are active as acetyl donors, 
whereas a variety of thiols, including glutathione, cysteine, 
(+)-dithioloctanoic acid, and dimercaptopropanol, function as 
acetyl acceptors. 


3. Evidence is presented that the enzyme catalyzing these 


mixed thiolysis reactions, termed mixed thiolase enzyme, is dis- 
tinct from the 8-ketothiolase of the fatty acid cycle. 


4. The significance of the mixed thiolase enzyme in the bio- 


synthesis of S-acetyl-dithioloctanoic acid, acetylglutathione, and 
S-acetyleysteine is discussed. 


SS 


. Drummonp, G. I., AND Stern, J. R., J. Biol. 
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Studies previously reported from this laboratory showed that, 
in rats and in man, treatment with triparanol leads to accumu- 
lation of desmosterol (24-dehydrocholesterol) in serum and in 
tissues (1-3). After injection of labeled precursors into tri- 
paranol-treated animals, it was found that the specific radioac- 
tivity of the liver desmosterol was considerably higher than that 
of liver cholesterol. Labeled desmosterol was rapidly converted 
to cholesterol by the normal rat liver in vivo, in agreement with 
the results of Stokes et al. (4), but this conversion was effectively 
blocked by prior treatment of the animal with triparanol. Simi- 
lar results were obtained with liver homogenates prepared from 
control and from drug-treated rats. These findings established 
that all of the nuclear transformations involved in the conver- 
sion of lanosterol to cholesterol can occur before saturation of 
the side chain and that desmosterol is the immediate precursor 
of cholesterol in this biosynthetic sequence, which is clearly the 
major pathway in the triparanol-treated animal. The recent 
demonstration by Stokes and Fish (5) that labeled desmosterol 
can be detected in small amounts in normal rat liver after ad- 
ministration of labeled acetate-1-C™ to the animal indicates 
that this reaction sequence is operative under physiological con- 
ditions, but leaves open the question of its quantitative import- 
ance relative to that of possible alternative pathways. 

The present studies were undertaken to localize and character- 
ize further the enzyme system in rat liver responsible for the 
reduction of desmosterol to cholesterol. 


EXPERIMENTAL PROCEDURE 


Livers taken from Sprague-Dawley rats were homogenized in 
a Potter-Elvehjem homogenizer with Bucher’s medium (0.1 M 
potassium phosphate buffer, pH 7.4; 0.03 M nicotinamide; 0.004 
m MgCl.) (6). The homogenate was spun for 10 minutes at 
600 x g to remove unbroken cells and cell nuclei. To prepare 
microsomes, larger particles were removed first by centrifuga- 
tion at about 7000 x g for 10 minutes. The microsomes were 
then spun down for 1 hour at about 20,000 x g, resuspended in 
medium, and sedimented again. The entire centrifugation 
process was carried out at 2°. The washed microsomes were 
resuspended in 10 cc of Bucher’s medium for each liver used. 
Biologically labeled C'-desmosterol (3) (100 ug per sample, 


21,000 c. p.m. per mg) was dissolved in a 100-fold amount of 


Tween 20' and water was added to make a 10% Tween solution, 
which was subsequently added to the incubation mixture. The 
complete system also contained 2 wmoles of reduced TPN per 
sample; 2 umoles were added again at the end of 1 hour in ex- 


1 Atlas Powder Company, Wilmington, Delaware. 


periments extending beyond that period. All incubations were 
done at 37° and, except when specified otherwise, in an atmos. 
phere of nitrogen. At the conclusion of the incubation, a 1-c¢ 
solution of 60 mg of carrier cholesterol and 10 cc of alcoholic 
KOH was added to each sample, the suspension was heated, 
and the nonsaponifiable lipids extracted with heptane. Choles- 
terol was purified by chromatography of the p-phenylazobenzoy| 
derivatives and its total radioactivity determined as described 
earlier (3). 


RESULTS 


Distribution of desmosterol reductase activity in cellular frac. | 
tions isolated from a liver homogenate in 0.25 M sucrose by the 
method of Schneider (7) is presented in Table I. The soluble 
fraction was dialyzed against a large volume of Bucher’s medium 
and the particulate fractions were washed with the same. Most 
of the activity of the whole homogenate was found in the mito- 
chondrial and microsomal fractions. Because of greater ease in 
preparing pure microsomal fractions, as compared with mito- 
chondrial preparations, the former were used in the subsequent 
study of the enzymatic system. Numerous attempts to extract 
the active enzyme from microsomes and mitochondria by sev- 
eral methods were unsuccessful. 

The reaction catalyzed by microsomes requires TPNH, which 
cannot be replaced by DPNH (Table II). In another experi- 
ment, TPNH labeled with tritium? was used for reduction of 
C*-desmosterol in the microsomal system. Cholesterol formed 
during incubation was isolated as usual and the two radioactive 
labels determined. The proportion between the molar quantity 
of tritium and that of C incorporated into cholesterol was 
found to be 0.46. This result indicates that the hydrogen of 
TPNH is almost certainly utilized directly in conversion of 
desmosterol into cholesterol. Time study of the reaction in 
washed microsomes (Fig. 1) shows that the rate is rapid overs 
period of 1 hour, but that the reaction slows down progressively. 

The vital function of reduced —SH groups in the hydrogenase 
system is demonstrated in Table III. Both CMB and N-ethy+ 
maleimide effectively inhibited the reaction, and the inhibition 
was reversed with GSH. As expected, the presence of oxygea 
proved to be nonessential. The inhibitory effect of oxygea 
might have been due to an increased rate of removal of TPNH, 
or to partial oxidation of essential —SH groups, or to both. As 
apparent independence of the system from magnesium ions v1 


? The tritium-labeled TPNH was generously made available by 
Dr. DeWitt S. Goodman, and was the same preparation used by 
Popjak, Goodman, Cornforth, Cornforth, and Ryhage (8). 
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TABLE I 
Desmosterol reductase activity in cellular fractions 
Time of incubation, 3 hours. Amounts of individual fractions 
equivalent to the amount of the whole homogenate. Volume of 
— 10 ml. 


J. Arigan and D. Steinberg 


| Amount reduced 
| 
Whole homoge nate | 71 
ůOAAͤ | 28 
. q | 25 
Supernat ant 3 


Taste II 
TPNH requirement in desmosterol reduction 
Time of incubation, 3 hours. 


Amount reduced 
us 


shown when liver homogenate was fractionated in a medium 
free of magnesium. The washed microsomes were subsequently 
dialyzed against a large volume of medium containing 0.001 M 
EDTA. When this preparation was used, addition of MgCl. 
did not stimulate the conversion as compared with a control 


sample. 
DISCUSSION 


The conversion of desmosterol to cholesterol appears to be 
catalyzed by a simple TPNH-linked hydrogenase. The experi- 
ment with tritiated TPNH showed a direct utilization of the 
labeled hydrogen in this reduction. The proportion between 
the molar quantity of labeled TPNH and that of desmosterol 
incorporated into cholesterol was lower than one, presumably 
because of isotope discrimination. A similar case of isotope 
discrimination in the presence of tritium-labeled TPNH was 
observed by Popjak, Goodman, Cornforth, Cornforth, and 
Ryhage (8) in the production of squalene from farnesyl pyrophos- 
phate. The enzyme, tentatively designated as desmosterol re- 
ductase, utilizes DPNH at a very low rate, if at all, and does not 
require magnesium ions. The almost complete inhibition of 
the reaction by CMB, or by N-ethylmaleimide, and the reversal 
of this inhibition by GSH suggest that SH groups on the en- 
ume play an important role in its activity. Like some other 
ehgymes involved in the conversion of lanosterol to cholesterol, 
desmosterol reductase resists attempts at solubilization by con- 
ventional methods (9). Since no cytoplasmic factors other than 
TPNH appear to be required for activity, it seems likely that 
the inhibitory action of triparanol is attributable not to interac- 
ton with cofactors but, rather, to interaction with the enzyme 
well. 

None of the sterol intermediates between lanosterol and cho- 
ksterol occur in easily isolatable amounts in normal mammalian 
liver, and much of the evidence concerning this pathway has 
bad to be limited to that obtained by isotopic methods. Des- 
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TaB_e III 
Inhibition of desmosterol reduction by oxygen and by —SH inhibitors 
Time of incubation, I hour. All samples incubated under nitro- 
gen, except when indicated otherwise. 


Amount reduced 

Control in nitrogen 31.7 
12.8 
0.3 
Control + 10 m CMB + 18.1 
%%% K 9.5 
Control + 2.5 X 10⁰— u N-ethylmaleimide......... 0.9 
Control + 2.5 X 10-* m N-ethylmaleimide + 102 


mosterol has been found to be only a minor component of rat 
skin (4) and in a trace amount in rat liver (5). Under the influ- 
ence of triparanol, on the other hand, the concentrations of 
desmosterol can equal the concentrations of cholesterol in the 
liver, with only very low concentrations of other sterols being 
demonstrable (2, 10). If triparanol inhibits only the activity 
of desmosterol reductase and if this enzyme is specific for the 
desmosterol-cholesterol conversion, then it would follow that 
desmosterol is an intermediate on the major pathway for cho- 
lesterol synthesis, as suggested by Johnston and Bloch (11). 
On the other hand, as discussed in more detail in a previous 
paper (3), if triparanol nonspecifically blocks reduction of the 
side-chain double bond in other sterol intermediates as well, 
independent of their nuclear configuration, this conclusion would 
not be necessary. For these reasons, it would be valuable to 
know the substrate specificity of desmosterol reductase, and this 
question is under investigation. 


1. A rapid conversion of desmosterol to cholesterol was dem- 
onstrated in washed rat liver mitochondria and microsomes. 

2. The reaction requires TPNH, the hydrogen of which is in- 
corporated into the cholesterol formed. 

3. Sulſhydryl inhibitors inhibit the reduction, and the inhibi- 
tion is reversed with reduced glutathione. 
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A technique for the preparation of thyroglobulin by fractional 
precipitation with either ammonium sulfate or potassium phos- 
phate buffer was described in 1948 by Derrien et al. (1). These 

tions were found to be homogeneous by boundary elec- 
trophoresis (1), but heterogeneous in their salting-out curves (1) 
and in the ultracentrifuge (2, 3). In the ultracentrifuge, a main 
component with a sedimentation coefficient of 19 S was seen, as 
well as small amounts of both faster and slower sedimenting com- 

ts. 

* heterogeneous appearance of these thyroglobulin prepara- 
tions could be due to the presence of contaminating proteins. 
However, since it has been demonstrated that the thyroglobulin 
molecule will undergo dissociation under certain conditions of pH 
and ionic strength (3, 4, 5), it is also possible that the hetero- 
geneity is due to dissociation and aggregation phenomena. 

The present study was undertaken to evaluate whether this 
heterogeneity is physical or chemical in nature, as well as to 
explore other procedures for the preparation of thyroglobulin. 
The homogeneity of the various preparations obtained was 
evaluated by starch gel electrophoresis and by ultracentrifuga- 
tion, since it was found that heterogeneity was detected only by 
these techniques, and not by boundary electrophoresis, paper 
electrophoresis, or starch column electrophoresis. It was possi- 
ble to demonstrate that the components seen by starch gel elec- 
trophoresis correspond to those seen in the ultracentrifuge. The 
preparative procedures studied included, in addition to phosphate 
fractionation, alcohol fractionation, DEAE-cellulose chroma- 
tography, ultracentrifugation techniques, and elution from starch 
gels after electrophoresis. 

The information obtained from these studies indicated that 
the heterogeneity present in thyroglobulin preparations is physi- 
cal in nature and based on differences in molecular size. It is 
likely that dissociation and aggregation of the main thyroglobulin 
component are responsible for this heterogeneity and that these 
processes are accelerated by dialysis against distilled water and 
Ivophilizati 


EXPERIMENTAL PROCEDURES 


Phosphate Fractionation—Sheep thyroid glands were brought 
on ice to the laboratory, dissected from the surrounding tissues, 
frozen, and sliced thinly in the frozen state. The slices were 
extracted with 0.9% NaCl overnight with stirring at 5°. After 


This work was supported by Grant A-1880 from the United 
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centrifugation of the mixture at 78,000 x g for 1 hour in a Spinco 
preparative ultracentrifuge, fractionation of the supernatant 
fluid was carried out by the method of Derrien et al. (1) at 0°. 
Potassium phosphate, 3.5 Mu, pH 6.7, was added to the NaCl 
extract to achieve a final concentration of 1.68 u, and the precipi- 
tate was collected by centrifuging at 78,000 x g for 30 minutes. 
The precipitate was then dissolved in 1.5 m phosphate buffer, 
pH 6.7, and the centrifugation repeated. This procedure was 
carried out two additional times. The fourth 1.68 precipitate 
was collected, dissolved in a small amount of distilled water, 
dialyzed extensively against distilled water, lyophilized, and 
stored in the dry state in the cold. 

Thyroglobulin was also prepared from calf thyroids by this 
procedure and from human thyroids by fractionating between 
1.64 u and 1.96 M phosphate. Most of the studies to be reported 
were carried out on sheep th in. 

Alcohol Fractionation—The alcohol fractionation procedure 
which was employed was based on Cohn method 10 (6) and was 
carried out at —5°. A 0.9% NaCl extract of thyroid slices was 
prepared as above and used as the starting material. Both 
biuret (7) and iodine (8) determinations were performed on the 
fractions obtained. After precipitation of a small amount of 
protein at an alcohol concentration of 20% in the presence of 
Na* ion, 0.037 ionic strength, pH 5.8, the bulk of the thyroid 
proteins was precipitated at pH 5.4, 0.0185 u Zu-, 0.034 M 
Na“, 20% alcohol. This second precipitate was 
in a solution containing 0.01 u Ba++, 0.02 M Na“, and 16% 
alcohol at pH 5.6. After centrifugation, a small amount of 
protein with a low iodine content was found in the supernatant 
fluid. Treatment of the remaining precipitate with a solution 
containing 0.0042 M Zn, 0.042 M Na“, and 13% alcohol at pH 
6.5, followed by centrifugation, brought into solution a fraction 
rich in iodine. This protein was reprecipitated by adjusting the 
solution to 25% alcohol, 0.008 M Zu, and 0.03 u Na“. This 
precipitate was taken up in sodium citrate, dialyzed extensively 
against distilled water, and then lyophilized. 

Centrifugal Fractionation—Phosphate-purified thyroglobulin, 
dissolved in 0.1 1 KNO, at a concentration of 25 mg per ml, 
was centrifuged in the Spinco preparative ultracentrifuge exactly 
as described by Edelhoch (3). The middle fraction obtained 
from the second centrifugation was studied by starch gel elec- 
trophoresis in three ways: directly without further treatment; 
after dialysis against distilled water; and after dialysis against 
distilled water and lyophilization. 

Solubility Curves—Solubility curves were determined for thyro- 
globulin prepared by both phosphate precipitation and alcohol 
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fractionation. A thyroglobulin solution containing 20 mg was 
pipetted into each of a series of Lusteroid centrifuge tubes. 
Aliquots of potassium phosphate solutions, pH 6.7, were added 
to achieve final salt concentrations of 1.2 to 1.8 u. All of the 
protein precipitated over this range. The tubes were equili- 
brated in an ice bath and were then centrifuged at 100,000 x g 
in the Spinco preparative ultracentrifuge at approximately 0° 
for 30 minutes. The supernatant fluid from each tube was 
diluted appropriately and the optical density at 280 my was 
measured. 

Starch Column Electrophoresis—Starch column electrophoresis 
was carried out by the technique of Flodin and Porath (9). 
Columns 35 X 2.5 em were packed with potato starch in 0.02 M 
borate buffer, pH 8.0, and washed with the buffer before use. 
Fifty to 100 mg of the phosphate-purified thyroglobulin were 
applied in the buffer. During electrophoresis, the direction of 
migration of the protein was downward into the column. The 
column was immersed in an 8-liter cylinder filled with buffer 
which served both as an electrode chamber and as a means of 
cooling the column. The top of the column was connected by 
a standard taper, U-shaped tube to a second cylinder which 
served as the cathode chamber. Electrophoresis was run at 5°, 
400 volts, 20 ma, for 22 or 48 hours. At the completion of the 
electrophoresis, a standard taper adapter with fritted glass disk 
was attached to the top of the column. The column was then 
inverted and attached to a fraction collector. Elution of the 
protein was carried out with the borate buffer at the rate of 20 
ml per hour, and 1-ml fractions were collected and analyzed for 
their protein content. 

Starch Gel — gel electrophoresis was run 
by both the horizontal and vertical methods of Smithies (10, 11). 
The conditions usually employed were 0.025 m borate buffer, pH 
8.6, 150 volts for the horizontal technique, or 180 volts for the 
vertical, for 18 hours at 5°. The gels were then stained with 
amidoschwarz 10B in methanol-acetic acid. Starch gels from 
which protein was to be eluted were treated somewhat differ- 
ently. They were run by the horizontal technique, since it was 
possible to electrophorese larger quantities of protein in this 
manner, and the electrophoresis was carried out either at room 
temperature for 16 hours or at 13° for 48 hours. Both of these 
procedures yielded a wider separation of the protein bands than 
was obtained by the usual conditions of 18 hours at 5°. Only 
a small strip of the gel was stained, and the unstained portion 
of the gel was cut in sections corresponding to the bands seen 
on the stained strip. Protein was eluted from these sections 
by electrodialysis in a manner similar to that employed by 
Moretti et al. (12). 

Chromatography on DEAE-Cellulose Columns—DEAE-cellulose 
(Brown Company, Berlin, New Hampshire) was washed before 
use with 0.2 M KzHPO,, followed by 0.01 M potassium phosphate 
buffer of the pH at which the column was started. A 0.9-cm- 
diameter column packed with 2 g of DEAE-cellulose was used 
for 15 to 20 mg of the phosphate-purified thyroglobulin, and a 
column 2.5 cm in diameter containing 12 g of DEAE-cellulose 
was used for 150 to 200 mg of the protein. The protein was 
applied in 0.01 m potassium phosphate, pH 8 or pH 6.7, and 
washed in with the buffer. Linear gradients, employing the 0.01 
u phosphate buffer in the mixing chamber, were used for eluting 
the protein. The specific conditions used for each column are 
described in the legend of Fig. 6. All columns were run at 5°. 
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The eluate was collected in fractions of 3 ml (2-g column) or 10 
ml (12-g column). The protein content of the eluates was deter. 
mined either by the method of Lowry et al. (13) or from the 
optical density at 280 mu. The absorbancy of a 1% solution 
of sheep thyroglobulin at 280 my, I-em light path, was 104 
When eluates from the DEAE-cellulose columns were subjected 
to electrophoresis, ultracentrifugation, or trypsin digestion for 
the preparation of peptide maps, they were first pooled, dialyzed 
extensively against distilled water, and then lyophilized. 

It should be noted in reference to the chromatography of 
thyroglobulin on DEAE-cellulose that the capacity of this resin 
for thyroglobulin is much lower than the capacity reported for 
hemoglobin by Peterson and Sober (14). In the present study 
it was found that 1 g of the resin will retain approximately 30 
mg of thyroglobulin. The amount of resin used in these experi- 
ments was therefore a 3-fold to 6-fold excess. 

Ultracentrifugal analyses were run in a Spinco model E analyti- 
cal ultracentrifuge. Sedimentation coefficients were corrected 
to water at 20°. The moving boundary electrophoretic analyses 
were carried out in a Perkin-Elmer apparatus, with the cell cooled 
with ice, at 190 volts, 9 ma of current. The protein samples 
were dialyzed against 2 liters of the buffer used for 16 hours be- 
fore each analysis. 

Peptide Patterns—Peptide patterns were obtained on trypsin 
digests of the phosphate-purified thyroglobulin, as well as of 
DEAE-cellulose column eluates, by the two-dimensional chroma- 
tography-electrophoresis technique described by Katz et al. (15). 
Crystalline trypsin (Worthington Biochemical Corporation, 
Freehold, New Jersey) was added in an amount equal to 1% 
of the protein to be digested. During the digestion the pH was 
maintained at approximately 8.0 by the addition of small 
amounts of NaOH. The course of the reaction was followed by 
the ninhydrin method of Moore and Stein (16), and the reaction 
was terminated when a plateau was reached with one addition of 
enzyme. An aliquot equivalent to 4 to 8 mg of the protein was 
concentrated to dryness under nitrogen and applied in water 
to Whatman No. 3 paper. Chromatography was carried out in 
the first dimension in butanol-acetic acid-water, 4:1:5. This 
was followed by electrophoresis in the second dimension in 
pyridine-acetic acid-water, 1:10:289, pH 3.5, at 2000 volts for 
75 minutes. The sheets were stained with 0. 2 ninhydrin in 
acetone, with heating. 


RESULTS 


Electrophoretic Behavior of Thyroglobulin Preparations—When 
phosphate-purified sheep thyroglobulin at a concentration of 1.5 
per cent was studied by boundary electrophoresis in barbital- 
citrate buffer, pH 8.6, 0.1 ionic strength, only one component 
was detected (Fig. 1). At this protein concentration it should 
have been possible to detect small amounts of proteins with 
different electrophoretic mobilities. Similarly, by paper elec- 
trophoresis in the same buffer, the preparation appeared homo- 
geneous. 

Thyroglobulin prepared by phosphate fractionation was fur- 
ther studied by starch column electrophoresis, since this method 


is considered to exhibit greater resolving power than boundary 


electrophoresis for components with very similar electrophoretic 
mobilities. Again, after electrophoresis for either 22 or 48 hours, 
only a single component was observed in the elution pattern 
(Fig. 2). Since the recovery of protein eluted from the columa 
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after electrophoresis was 98%, the possibility is excluded that 
some components migrated out of the column during electro- 


The behavior of phosphate-purified sheep thyroglobulin during 
starch gel electrophoresis is shown in Fig. 3B. Three bands were 
routinely seen, a middle very intensely staining band, plus two 
faint bands, one faster and one slower. This pattern was also 
observed when thyroglobulin prepared from sheep thyroids by 
the alcohol fractionation procedure was studied by starch gel 
electrophoresis (Fig. 34). Not only did the bands migrate to 
the same positions, but the relative proportions of each were 
similar in the two preparations, 

The three-banded pattern was also obtained on starch gel 
Meetrophoresis of human and calf thyroglobulin prepared by 
4 phosphate fractionation (Figs. 3C and 3D). Despite the fact 

that the human thyroglobulin precipitates at a higher phosphate 
concentration (1.64 to 1.96 M instead of 1.5 to 1.68 M), it appeared 
to have the same relative proportions of the three components 
as calf and sheep thyroglobulin. In addition, when human 
thyroglobulin was prepared from tissue labeled in vivo with I, 
the distribution of radioactivity in the starch gel corresponded 
exactly to the protein bands seen, indicating the presence of 
iodinated protein in each band. 

The three bands were not the result of the use of borate buffer, 
since the same picture was also obtained when the electrophoresis 
was run in 0.05 M Tris buffer, pH 8.6. 

Correlation of Behavior of Thyroglobulin Preparations in Starch 
Gel Electrophoresis and in the Ultracentrifuge—It has been indi- 
eated that phosphate-purified thyroglobulin appeared homo- 
geneous by boundary electrophoresis, starch column electro- 
phoresis, and paper electrophoresis, but heterogeneous by starch 
gel electrophoresis. The first three techniques can resolve com- 
ponents with different electrophoretic mobilities. Starch gel 
electrophoresis can, in addition, resolve components with the 
same electrophoretic mobility but different molecular weights 
(17). It was therefore considered a likely possibility that the 
three bands seen in starch gel electrophoretograms of purified 
thyroglobulin preparations represented three different sized 
molecules, all with the same electrophoretic mobility. 

Since the ultracentrifugal pattern of purified thyroglobulin 
also indicated three different sized components, it seemed reason- 
able that there was a correspondence between the components 
seen by the two techniques. This was verified by a combination 


Fic. 1. Boundary electrophoresis of phosphate-purified thyro- 
ulin at a concentration of 1.5%, in barbital-citrate buffer, 
0.1 ionie strength, pH 8.6, 65 minutes. 
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Fig, 2. Starch column electrophoresis of phosphate-purified 
thyroglobulin in 0.02 u borate buffer, pH 8.0. (A), 22 hours, 
50 mg of protein; (), 48 hours, 82 mg of protein. Elution was 
carried out with the same buffer and |-ml samples were collected. 
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Fic, 3. Starch gel electrophoresis of thyroglobulin, pH 8.6, 
0.025 u borate buffer. A and B, horizontal electrophoresis of 
sheep thyroglobulin prepared by alcohol fractionation and phos- 
phate fractionation, respectively, approximately I mg of protein 
ineach. C, D. and E, phosphate-purified human, calf, and sheep 
thyroglobulin, respectively, approximately 0.5 mg of protein in 
each. 


of density gradient centrifugation and starch gel electrophoresis. 
A 0.5-ml sample of phosphate-purified thyroglobulin at a con- 
centration of 40 mg per ml in 0.1 M NaCl was layered on top of 
a discontinuous density gradient. The density gradient was 
formed by layering 2 ml each of 6, 8, 10, 12, and 14% sucrose in 
an 11-ml Lusteroid tube. All of the sucrose solutions also con- 
tained 0.1 u NaCl. After centrifugation at 97,000 x g in the 
Spinco preparative ultracentrifuge for 90 minutes, 0.5-ml layers 
were successively removed from the top of the tube by pipette, 
and the optical density at 280 my was determined. All of the 
samples containing protein were studied directly without further 
treatment by starch gel electrophoresis. In 90 minutes the 
proteins had sedimented through the gradient to the extent that 
the optical density at 280 mu was maximal at a level 5 ml below 
the top of the tube and decreased on each side of this peak. 

By starch gel electrophoresis all of the layers were shown to 
contain the middle band or main component of the phosphate- 
purified thyroglobulin. In addition, the upper layers also con- 
tained the faster migrating component of the starch gels and none 
of the slower component. The lower layers showed increasing 
amounts of the slower migrating component of the starch gels, 
and none of the fast. The samples from the middle layers con- 
tained protein corresponding to the middle band on starch gel 
and only traces of the other two components. This indicates 
that the fast band seen in starch gel electrophoresis corresponds 
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Fic. 4. Reexamination by starch gel electrophoresis of the 
protein eluted by electrodialysis from Bands 1, 2, and 3 of the 
unstained portion of a starch gel electrophoresis of phosphate- 
purified sheep thyroglobulin similar to that shown in- 1. , C, and 
D, protein eluted from Bands 1, 2, and 3, respectively. The 
amount of protein placed in each slot was: A, 400 yg; B, 230 yg; 
, 700 pg; D, 430 ug. 


Fig. 5. Effect of dialysis and lyophilization on the starch 
gel electrophoretic pattern of thyroglobulin prepared by density 
gradient centrifugation. Vertical starch gel electrophoresis, pH 
8.6, 0.025 m borate buffer, 5°, 7 hours, 200 wg of protein in each 
slot. 1, Pooled tubes from middle region of density gradient 
centrifugation of phosphate-purified thyroglobulin; 2, an aliquot 
from I, dialyzed against distilled water for 18 hours at 5°; 3, an 
aliquot from 2, lyophilized and then dissolved and brought to 
original volume with water. 


to the slowest sedimenting component in the ultracentrifuge, 
and is therefore most likely of smaller molecular size than the 
19-S component. On the other hand, the slowest migrating 
band in starch gel corresponds to the fastest sedimenting material 
in the ultracentrifuge, and is therefore of greater molecular size 
than the middle band or 19-S component. 

These findings exclude the possibility that the minor compo- 
nents observed in the ultracentrifuge represent changes in the 
shape of the thyroglobulin molecule. If the slower sedimenting 
component were an expanded, asymmetric form of thyroglobulin 
with an increased viscosity, it would migrate less rapidly in starch 
gel, instead of more rapidly, as was found. Similarly, if the 
rapidly sedimenting component represented a more compact and 
symmetrical molecule, it would have migrated more rapidly in 
starch gel also, rather than more slowly. 

Comparison of Phosphate-Purified and Alcohol-Fractionated 
Thyroglobulin by Solubility Curves—The similarity of these two 
preparations of thyroglobulin when studied by starch gel elec- 
trophoresis has already been mentioned, <A similarity was also 
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observed in their salting-out curves. Neither preparation gaye 
a smooth salting-out curve, and when the change in optica} 
density of the supernatant fluid per change in molarity of phos. 
phate buffer was plotted, several regions of precipitation were 
observed in both curves. 

Elution of Protein from Starch Gels—Attempts were made to 
isolate a more homogeneous preparation of thyroglobulin by ely. 
tion of the middle band seen in starch gels from unstained gels, 
All such attempts resulted in preparations still having the three. 
banded pattern when examined again by starch: gel electro. 
phoresis. It was furthermore shown that when unstained starch 
gels containing sheep thyroglobulin purified by phosphate frae. 
tionation were cut in sections corresponding to the three bands 
seen in the stained portion of the gel, and the protein eluted from 
each of these sections and rerun separately in a second starch 
gel, the pattern seen in Fig 4 was obtained. Regardless of 
which section of the gel was eluted, the protein obtained gave à 
similar pattern. The middle band was always the heaviest, but 
small amounts of the protein of the other bands were also appar. 
ent. This indicated an interconversion of the proteins present 
in the three bands during the elution procedure. 

Centrifugally Fractionated Thyroglobulin—Since starch gel 
elution experiments had indicated an interconversion of the three 
components of phosphate-purified thyroglobulin, it was thought 
desirable to obtain a preparation of thyroglobulin essentially 
free of the minor components so that the reasons for this inter- 
conversion could be elucidated. At that stage of the work a tech- 
nique for obtaining an essentially homogeneous thyroglobulin 
preparation by repeated centrifugation was described by Edel- 
hoch (3). Use was made of this procedure to obtain a thyro- 
globulin preparation containing only traces of the fast and slow 
components when studied by starch gel electrophoresis. Simi- 
larly, the density gradient centrifugation technique described 
earlier in the present report was also used to obtain a similar 
more homogeneous preparation (Fig. 5-1). It was observed 
with both of these centrifugally fractionated thyroglobulin prep- 
arations that dialysis against distilled water at 5° for 18 hours 
markedly increased the amount of the fast migrating component 
seen on starch gels (Fig. 5-2). When the dialyzed, centrifugally 
fractionated thyroglobulin was lyophilized, in addition, starch 
gel electrophoresis showed an additional increase in both the fast 
and slow components (Fig. 5-3). It can be seen, therefore, that 
when centrifugally fractionated thyroglobulin was examined 
directly by starch gel electrophoresis without further treatment, 
it was considerably more homogeneous than the phosphate- 
purified thyroglobulin. However, if it was first dialyzed against 
water and then lyophilized, it then demonstrated the same three- 
banded pattern as phosphate- or alcohol-fractionated thyroglobu- 
lin. Since all of the other preparations reported in this paper 
were subjected to dialysis and lyophilization, it is likely that these 
processes were responsible for the appearance of the three- 
banded pattern on starch gel electrophoresis. 

Chromatography on DEAE-Cellulose Columns—The elution 
pattern obtained when thyroglobulin purified by phosphate 
fractionation was applied to DEAE-cellulose columns was repro- 
ducible with a given elution gradient, but markedly different 
patterns were obtained with the different buffers employed. 
Approximately 94% of the protein applied was eluted from the 
column. The pattern obtained when both salt concentration 
and pH were changed simultaneously is shown in Fig. 6A. Be- 
cause of the incomplete separation of peaks obtained with this 
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gradient, use was made of gradients employing constant pH and 
increasing salt concentrations. The pattern obtained at pH 8 
with increasing phosphate concentration is shown in Fig. 6B 
and with increasing benzoate concentration at pH 8 in Fig. 60. 
Because of the possibility of protein denaturation on exposure to 
the resin at the somewhat alkaline pH of 8 (18), elution was also 
performed at pH 6.7 with increasing phosphate concentration 
6D). 

om chromatography of thyroglobulin on DEAE-cellulose was 
carried out before the above mentioned experiments which indi- 
cated interconversion of the three components seen in starch gels 
and in the ultracentrifuge. The eluates were therefore examined 
by starch gel electrophoresis and in the ultracentrifuge to deter- 
mine whether any separation of the three components had oc- 
eurred. Figure 7A shows the ultracentrifugal pattern for phos- 
phate-purified thyroglobulin, and the patterns obtained from 
several DEAE-cellulose peaks are shown in Fig. 7B through 7F. 
The sedimentation coefficients calculated from these are pre- 
sented in Table I. All of the peaks yielded patterns similar to 
that of the phosphate-purified thyroglobulin, except Peak 1, 
Column C, in Fig. 6, which had small amounts of two additional 
components. None of the DEAE-cellulose peaks showed only 
a single component in the ultracentrifuge. Peaks 1, 2, 3, 4, 5, 6, 
and 10 from Column D of Fig. 6 were studied by starch gel elec- 
trophoresis. Each showed the same three bands obtained with 
the phosphate-purified thyroglobulin. None of the peaks ex- 
hibited only one band in the starch gel. Since the gradient used 
was a very gradual one, it is likely that if the two minor compo- 
nents present in phosphate-purified thyroglobulin were chemi- 
cally distinct proteins, they would have been eluted specifically 
so that they would have been present in some peaks and absent 
in others. Instead, their behavior was identical with that of the 
main component, and they were present to the same extent in 
all of the column eluates. It is of interest that the peak studied 
from the column run at pH 8 had two additional components in 
its ultracentrifugal pattern, with sedimentation coefficients of 
128 and 8 8. These are similar to components reported by Edel- 
hoch (3) at alkaline pH values, and may have been produced by 
exposure of the protein to the resin at the slightly alkaline pH of 
8.0. 

The primary reason for investigating DEAE-cellulose chroma- 
tography in the present study was to determine whether the three 
components of purified thyroglobulin preparations could be 
separated by this technique. The fact that they are not is con- 
sistent with the other data presented which indicates that all 
three represent different physical forms of the thyroglobulin 
molecule. However, since the elution patterns obtained showed 
such a marked degree of heterogeneity, it was considered of 
interest to attempt to gain some information concerning the 
cause of this heterogeneous appearance. Extensive denatura- 
tion was considered unlikely, since the protein in the eluted 
fractions had the same behavior in the ultracentrifuge and in 
starch gels as the phosphate-purified thyroglobulin applied to 
the column. Peptide patterns were next obtained on the tryp- 
sin digests of phosphate-fractionated thyroglobulin and of Peaks 
1, 5, 7, 8, and 9 of Column D, Fig. 6. Fig. 8A shows the peptide 
pattern obtained from phosphate-purified thyroglobulin, and 
Fig. 8B shows the pattern obtained from Peak 9. All of the 
patterns obtained from the peaks were similar to the pattern 
from the phosphate-purified thyroglobulin. ‘This indicates that 
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Fic. 6. Chromatography of phosphate-purified thyroglobulin 
on DEAE-cellulose columns. All chromatography carried out 
at 5°. 

A, 16 mg of thyroglobulin, 2 g of DEAE-cellulose, and 110 ml 
of 0.01 Mu potassium phosphate, pH 8.0, in mixing chamber; 110 
ml of 0.3 u Nall PO, in reservoir; 3-ml fractions collected. 

B, 200 mg of thyroglobulin, 12 g of DEAE-cellulose, and 2 liters 
of 0.01 mM potassium phosphate, pH 8.0, in mixing chamber; 2 
liters of 0.4 u potassium phosphate, pH 8.0, in reservoir; 10-ml 
fractions collected. 

6, 15 mg of thyroglobulin, 2 f of DEAE-cellulose, and 110 ml 
of 0.01 Mu potassium phosphate, pH 8.0, in mixing chamber; 110 
ml of 0.4 u sodium benzoate in reservoir; 3 ml fractions collected. 

D, 200 mg of thyroglobulin, 12 g of DEAE-cellulose, and 2 liters 
of 0.01 u potassium phosphate, pH 6.7, in mixing chamber; 2 liters 
of 0.4 M potassium phosphate, pH 6.7, in reservoir; 10-ml fractions 
collected. 


Fic. 7. Ultracentrifugal patterns of phosphate-purified thyro- 
globulin and DEAE-cellulose column fractions. A, phosphate- 
purified thyroglobulin, protein concentration, 1.2%; B, Peak 1 
from the DEAE-cellulose Column C, Fig. 6, 1.2% protein concen- 
tration; (, D, E, and F, Peaks 2, 3, 4, and 6 from Column D, Fig. 
6. Protein concentration of C, D, and E, 0.8%; of F, 0.65%. 
Centrifugation was performed at 39,460 rpm in 0.02 M potassium 
phosphate, pH 6.7, and 0.08 m NaCl. The pictures were taken at 
81 minutes for A and , 41 minutes for C and D, and 53 minutes 
for E and F. 


the peptide structure of the protein in each of these peaks is 
essentially the same. 

A possible explanation for the heterogeneity of thyroglobulin 
on DEAE-cellulose columns could be its elution as several 
different sized units. The low ionic strength medium in which 
proteins are applied to the column would favor the dissociation 
of the thyroglobulin molecule (3), whereas the increasing salt 
concentration of the gradient would favor its reassociation. The 
smaller units would be eluted at lower ionic strengths than the 
large units, since their total charge would be smaller (19). Such 
dissociation-association equilibria have been proposed to explain 
the chromatographic heterogeneity of hemoglobin (19). 
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TABLE | 


Sedimentation coefficients of phosphate-purified sheep thyroglobulin 
and DEAE-cellulose column peaks 


Phosphate- 8 0. | Column D 

1 peak 2 Peak 3 Peak 4 Peak 6 

20 .w 8.0 
12.5 

19.37 17.8 18.0 17.8 17.8 17.5 

27.7 26.9 286.9 27.3 26.4 | 26.6 


* An additional component with a sedimentation coefficient of 
6 8, which comprised a very small percentage of the total protein, 
was observed in more concentrated solutions. At the concentra- 
tion used in all of the experiments reported in this table, this com- 
ponent was not present in sufficient quantity to permit measure- 
ment of its sedimentation coefficient. 

F The sedimentation coefficient of this component at infinite 
dilution was ee = 19.7 8. This peak accounted for approxi- 
mately 90% of the protein of the preparation. 
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Fic. 8. Tracings of peptide patterns of trypsin digests () of 
phosphate-purified thyroglobulin and (8) of Peak 9 from DEAE- 
cellulose Column D, Fig. 6. Chromatography in butanol-acetic 
acid-water, 4:1:5, to the right, followed by electrophoresis at 
pH 3.5. Origin in lower left corner, negative pole at the top. 


Another factor influencing the chromatographic behavior of 
thyroglobulin could be its iodine content. It is likely that 
thyroglobulin isolated from pooled thyroid glands represents a 
spectrum of molecules of different iodine content. Since the pK 
of the phenolic hydroxy! of the iodinated tyrosines is lower than 
that of tyrosine, molecules with a greater iodine content would 
have a greater number of negative charges in the pH range in 
which the chromatography was carried out and would tend to be 
eluted at higher ionic strengths. When iodine determinations 
were performed on the eluates from several columns it was 
found that the fractions emerging last had a higher iodine con- 
tent. For example, when iodine determinations (8) were per- 
formed on the seven main peaks of Column B, Fig. 6 (Tubes 187 
through 223), the amount of iodine present was found to be 
0.61, 0.73, 0.74, 0.97, 1.0, 0.98, and 1.0%, respectively. How- 
ever, evidence that iodine content alone was not responsible for 
the complex elution pattern of this column was obtained by 
rechromatography of pooled Tubes 202 through 206 (on a 2-g 
DEAE-cellulose column with a gradient from 0.01 to 0.2 
potassium phosphate, pH 8.0). Instead of emerging as a single 
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peak on rechromatography, the protein was eluted over « wide 
range of salt concentration as many peaks. 

If the behavior of thyroglobulin on these columns is considered 
a result both of dissociation-association phenomena, as well as of 
differences in the extent of iodination, elution patterns us com- 
plex as those actually obtained can be imagined. 


DISCUSSION 


In their original publication on the preparation of thyroglobu- 
lin by salt fractionation, Derrien et al. (1) noticed heterogeneity 
in the salting-out curves of this protein. Since all of the frae- 
tions which they obtained had similar iodine to nitrogen ratios, 
they concluded that the protein was chemically homogeneous 
and that its behavior could be explained by an aggregation of 
the molecules in strong salt solutions. It is particularly tempt- 
ing to accept such an explanation for the heterogeneous behavior 
of thyroglobulin in the ultracentrifuge and in starch gel electro- 
phoresis as well, since the dissociation of thyroglobulin has been 
reported by several investigators. Heidelberger and Pedersen 
(4) reported in 1935 that at pH 3 and pH 12, the thyroglobulin 
molecule appears to undergo dissociation. Lundgren and Wil- 
liams (5), and more recently O'Donnell et al. (2) reported the 
transformation of the native thyroglobulin molecule to another 
form, termed alpha, in solutions of low ionic strength. Edelhoch 
(3) has further studied this transformation and has reported 
that it involves a dissociation of the thyroglobulin molecule. 
He was able to achieve this dissociation at alkaline pH values 
or by the addition of dodecylsulfate. Although he reported 
that, under the conditions which led to dissociation of the 19- 
S component, the 28-S component also disappeared, his paper 
does not establish whether the minor components seen in thyro- 
globulin preparations represent aggregated and dissociated forms 
of thyroglobulin or chemically distinct proteins. 

The present study has indicated that the main component of 
phosphate-purified thyroglobulin and the two minor components 
differ primarily in their molecular size. Although they have 
similar electrophoretic mobilities, as indicated by boundary, 
paper, and starch column electrophoresis, they are separated 
by starch gel electrophoresis, which is known to act as a molecu- 
lar sieve (17). In addition, a correlation has been presented 
between the ultracentrifugal behavior and the starch gel elee- 
trophoretic behavior of these components; the component sedi- 
menting the fastest corresponds to the slow band on starch gel, 
whereas that sedimenting the slowest corresponds to the fast 
band in starch gels. The middle band in the starch gel cor- 
responds to the S-19 component seen in the ultracentrifuge, and 
therefore to a molecular size of approximately 670,000 (3), 
whereas the other components would be larger and smaller than 
this. 

It was of interest that strikingly similar starch gel patterns 
were obtained from phosphate-fractionated thyroglobulin from 
the three species studied, sheep, calf, and human, from alcohol- 
fractionated sheep thyroglobulin as well as from all of the DEAE- 
cellulose column fractions. This repeated occurrence of the 
three-banded pattern suggested a relationship between the three 
components seen, particularly since in the case of human thyro- 
globulin it was demonstrated that all three bands contained 
iodine. Information has been obtained by two separate tech- 
niques that interconversion of these components cecurs. When 
each of the three bands was eluted separately from starch gels, 
dialyzed against distilled water, and lyophilized, and then 
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reexamined by starch gel electrophoresis, each again showed a 
three-banded pattern. Similarly, when more homogeneous 
samples of thyroglobulin, prepared by centrifugation techniques, 
were subjected to dialysis against water and then to lyophiliza- 

tion, the three-banded pattern was again obtained on starch gel. 

"the fact that it was possible to isolate a more homogeneous 

tion by centrifugation would appear to be due to the fact 
that thyroglobulin and its dissociation products do not equilibrate 
rapidly, resulting in a relatively stable system (3). The centrifu- 
gation procedures, in contrast to elution from starch gels, or to 
chromatography on DEAE-cellulose, yielded thyroglobulin prep- 
arations in sufficient concentration to allow examination by 
starch gel electrophoresis without any intervening treatment 
which would subject the preparation to changes in ionic strength, 
gs in dialysis, or to the energy changes which may occur during 
lyophilization. After elution from starch gel or from DEAE- 
cellulose, both dialysis against distilled water and lyophilization 
were carried out before the preparations were examined by 
starch gel electrophoresis. It has been demonstrated that these 
procedures produce a heterogeneous appearance in even the 
centrifugally fractionated material, and it is likely that they 
were also responsible for the heterogeneous appearance of the 
other preparations. 

Preparation of thyroglobulin by centrifugal techniques is 
therefore of use only when it is desirable to study one physical 
form of the molecule under the very limited conditions which do 
not cause its transformation. Under other conditions it be- 
comes as physically heterogeneous as thyroglobulin prepared by 
alternate techniques. For chemical studies, centrifugal frac- 
tionation has no advantages, since physical heterogeneity is of 
no importance in these studies. In addition, only very small 
amounts of protein are available by the centrifugal techniques. 

Since the heterogeneity of phosphate-fractionated thyroglobu- 
lin has been shown to be physical and not chemical in nature, 
this preparation is a satisfactory starting material for procedures 
requiring large amounts of chemically homogeneous protein. 
This is particularly true in the case of structural studies, in which 
the large molecular size of thyroglobulin necessitates the use of 
substantial amounts of material. Such structural studies are 
presently being carried out in this laboratory on phosphate- 
fractionated thyroglobulin. 


The homogeneity of thyroglobulin prepared by phosphate 
fractionation, alcohol fractionation, chromatography on diethyl- 
aminoethyl (DEAE)-cellulose columns, and elution from starch 
gels after electrophoresis has been evaluated by starch gel elec- 
trophoresis. All of these preparations presented a similar 
three-banded starch gel pattern, with a strong middle band 
and two other faint bands. ‘The heterogeneity seen in starch 
gels was correlated with that seen in the ultracentrifuge, where 
about 90% of the protein was found to have a sedimentation 
coefficient of 19 S, with small amounts of 6-S and 28-S com- 
ponents also present. 

The three components observed by starch gel electrophoresis 
were shown to be interconvertible. Similarly, thyroglobulin 
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obtained in a relatively homogeneous form by centrifugation 
techniques was demonstrated to undergo transformation during 
dialysis against distilled water and lyophilization, with the 
result that the three-banded pattern was again obtained. 

Chromatography of thyroglobulin on DEAE-cellulose columns 
produced complex elution patterns. The elution peaks obtained 
were shown to have three bands on starch gel electrophoresis 
and were also shown, by the peptide mapping technique, to 
contain the same protein. 

From the information obtained it was concluded that the 
heterogeneity seen in thyroglobulin preparations is not chemical 
but rather physical in nature, resulting from dissociation and 
aggregation of the molecule, and that these processes are ac- 
celerated by dialysis against distilled water and by lyophilization. 


Acknowledgments—The author wishes to express appreciation 
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It has been reported that the genetically different B- laeto- 
globulins A and B discovered by Aschaffenburg and Drewry 
(1, 2) differ in content of aspartic acid, glycine, alanine, and 
valine (3). Further data in this connection, as well as the re- 
sults of some new analyses of B- laetoglobulin AB, are presented 
here. 
While our research was in progress, similar but completely 
independent work was being carried out by Piez, Davie, Folk, 
and Gladner' at the National Institutes of Health. It is of 
particular interest that the 8-lactoglobulins A and B analyzed 
by these investigators were prepared by chromatographic resolu- 
tion of B-lactoglobulin AB, whereas our analyses of the two 
forms of the protein were run on samples crystallized from typed 
milks. Nevertheless, the two sets of analyses are in agreement 
with respect to the significant differences in amino acid composi- 
tion. 

On comparison of the early analyses of 8-lactoglobulin by 
Brand et al. (4) and the somewhat later ones by Stein and Moore 
(5) with the present results, it is clear that only minor revisions 
in the amino acid composition of this protein need be proposed. 


EXPERIMENTAL PROCEDURE 


B-Lactoglobulins A and B were crystallized by the method of 
Aschaffenburg and Drewry (6) from typed milks.? 6-Lacto- 
globulin AB was prepared from mixed herd milk by Palmer’s 
method (7) with ammonium sulfate for the fractionation of 
whey proteins (8). 8-Lactoglobulins A and B were recrystal- 
lized three times and lactoglobulin AB five times before final 
dialysis and lyophilization. 

Weighed samples of the proteins were hydrolyzed at 110° 
(oil bath) in a 200-fold quantity of glass-distilled 6 x HCl in 
sealed, evacuated tubes.“ Periods of 24, 72, and 96 hours were 
employed for hydrolysis. 

The amino acid analyses were done according to the procedure 
of Spackman, Stein, and Moore (9) in a Phoenix model K-5000 
amino acid analyzer.‘ 


Eastern Utilization Research and Development Division, 
Agricultural Research Service, United States Department of 
Agriculture. 

1K. A. Piez, E. W. Davie, J. E. Folk, and J. A. Gladner, Per- 
sonal communications. 

2 We are indebted to R. Townend of this laboratory for making 
these milks available to us. 

3 A referee has called the attention of the authors to the possible 
presence of cysteine in the hydrolysates, and to its emergence 
under proline in the analytical system employed unless it is 
previously converted to cystine by neutralization of the hydroly- 
sates and exposure to air before analysis. Our hydrolysates were 
not neutralized, and it is possible, therefore, that the results are 
somewhat high for proline and too low for cystine. 

‘Mention of specific firms and products does not imply en- 


RESULTS 


The analytical results are presented in Table I. It is appar. 


ent that most of the amino acids occur in equal concentration in 
8-lactoglobulins A and B and, therefore, in the mixed lactoglobv. 
lin AB as well. However, §-lactoglobulin A contains more 
aspartic acid and valine, but less glycine and alanine than the 
B form, whereas B- lactoglobulin AB contains intermediate 
amounts of these amino acids. That these differences between 
A and B are indeed significant is borne out by statistical analysis 
of the results.“ 

The significant difference in valine content may be seen not 
only in the final values obtained from the 96-hour hydrolysates 
but also in the figures in parentheses, the results from 24-hour 
hydrolysates. The constancy of the isoleucine values is appar. 
ent as well at both time periods. 

Any significance which might be attached to the differences in 
threonine and serine content, indicated by the final values in 
Table I, would be doubtful because these are extrapolated 
values. The analyses of the 24-hour hydrolysates show both 
threonine and serine to be somewhat higher in A than in B, 
whereas after 96 hours of hydrolysis they are higher in B. Ob- 
viously, unequivocal conclusions cannot be drawn from these 
data. Likewise, any inferences regarding amide groups, sug- 
gested by the similarity in ammonia values for both 24- and 96. 
hour hydrolysates of A and B, would be of dubious validity. 

The results for cystine may be disregarded because of variable 
destruction during hydrolysis. The accepted value for the total 
cystine plus cysteine content of 8-lactoglobulin is 3.40% and 
that for its total sulfur content 1.60%, as determined by Brand 
et al. (4). The total sulfur contents of 8-lactoglobulins A and 
B are 1.59 and 1.57%, respectively.“ Because the methionine 
analyses in Table I show so little variation, it is probable that 
the cystine plus cysteine content of these proteins is the same. 

Analyses of the B-lactoglobulins for tryptophan by the method 
of Spies and Chambers have been published previously (10); no 


dorsement by the Department of Agriculture to the possible 
detriment of others not mentioned. 

5 The statistical treatment of aspartic acid, glycine, and alanine 

was by group comparison instead of by pairing, since there was an 
odd number of total determinations for each of these amino acids 
and since time of hydrolysis did not affect these values. However, 
with valine, for which the values increased with time of hydrolysis, 
pairing was used; and an unpaired value for A was omitted. 
p values were as follows: aspartic acid, <0.001; glycine, <0.001; 
alanine, 0.004; and valine, 0.001. Values of 0.05 indicate a sig- 
nificant difference between mean values at a confidence level of 
95%; values below 0.05 indicate a significant difference at even 
higher confidence levels. We are indebted to M. L. Groves for 
this analysis. 

e We thank Mrs. R. B. Kelly of this laboratory for these de- 
terminations. 
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I 
Amino acid composition of 8-lactoglobulins 


Figures are in grams of amino acid per 100 g of dry protein. 


Time of hydrolysis 
Final extrapolated value or average value“ with average deviation 
24 hours 72 hours 96 hours 
AB A B AB AB A B AB A B 
Aspartic acid 11.17 | 11.40 10.63 11.33 | 11.14 11.37 | 10.87 | 11.22 + 0.10 11.39 + 0.12 10.72 + 0.16 
Threonine ....... 4.81 | 4.90 | 4.76 4.53 4.49 | 4.55 | 4.69 4.94 5.01 4.79 
Serine........... 3.36 3.34 3.22 2.76 2.62 2.69 3.01 3.64 3.58 3.31 
Glutamic acid 19.09 | 19.12 | 18.74 19.50 | 19.15 | 19.12 19.51 19.26 + 0.24 19.12 + 0.18 19.05 + 0.37 
Proline 5.04 5.29 5.02 5.01 5.29 5.15 5.18 5.09 + 0.17 5.22 + 0.08 5.08 + 0.07 
Glyeine 1.38 1.24 1.54 1.43 1.41 1.24 1.58 1.41 + 0.02 1.24 + 0.02 1.55 + 0.02 
Alanine.......... 6.94 6.69 7.00 7.06 6.92 6.72 7.08 6.98 + 0.10 6.70 + 0.11 7.03 + 0.10 
Cystine.......... 2.0 | 2.1 | 2.0 18 | 19 | 25 | 2.5 
. (5.80) | (5.96) (5.39) 6.07 5.96 6.11 5.72 6.03 + 0.09 6.11 + 0.03 5.72 + 0.07 
Methionine...... 3.16 3.18 3.12 3.19 3.14 3.14 3.20 3.16 + 0.05 3.16 + 0.04 3.15 + 0.04 
Isoleucine ....... (6.15) | (6.08) | (6.14) | 6.87 6.93 6.76 6.79 6.89 + 0.09 6.76 + 0.11 6.79 + 0.04 
Leucine. ........ 15.13 15.13 14.88 15.38 | 15.17 | 15.00 | 15.07 | 15.23 + 0.19 15.08 + 0.15 14.96 + 0.22 
. 3.90 3.82 3.80 3.90 3.92 3.94 3.78 3.90 + 0.03 3.87 + 0.08 3.79 + 0.04 
Phenylalanine 3.53 3.50 3.48 3.57 3.55 3.58 3.50 3.55 + 0.03 3.53 + 0.05 3.49 + 0.04 
3° 3 3 3 2 2 013 2 
2¢ 2 2 1 1 1 1 
Lysine 11.51 | 12.00 | 11.72 11.36 | 11.89 | 11.79 | 11.62 | 11.57 + 0.22 11.93 + 0.13 11.68 + 0.04 
Histidine........ 1.53 1.61 1.55 1.58 1.65 1.67 1.66 1.57 + 0.04 1.63 + 0.03 1.59 + 0.04 
Ammonia........ 1.29 1.30 1.27 1.37 1.49 1.39 1.36 
Arginine. . . 2.77 2.77 2.65 2.76 2.84 2.80 2.78 2.79 + 0.04 2.78 + 0.04 2.69 + 0.07 


»The numbers in parentheses were not used for the final averages. The extrapolated values for serine and threonine were obtained 
from straight line plots of the 24- and 96-hour average values for A and B and by the method of least squares from all the data for 


AB 


erages of the results. 


The numbers on this line show the number of individual hydrolysates analyzed on the 150-cm columns; the figures above are av- 


The numbers on this line show the number of individual hydrolysates analyzed on the 15-cm columns; the figures below are the 


results or averages of the results. 
significant difference in the tryptophan content of 2.6% was ob- 
served 


A comparison of our analyses of 8-lactoglobulin AB with the 
earlier results of Brand et al. (4) and those of Stein and Moore 
(5) by starch chromatography is shown in Table II. The pres- 
ent results agree well in most cases with one or both of the pre- 
vious analyses, but it is likely that the present values for valine 
and isoleucine are more nearly correct because of the longer 
period of hydrolysis now used. However, our serine value seems 
to be unaccountably low. The true tryptophan content of 
dlactoglobulin remains uncertain even now. The value of 
262% was obtained on the intact protein whereas the figure of 
1.94%, reported by Brand et al., resulted from careful determina- 
tions on alkaline hydrolysates. This point will be further dis- 
cussed below. Whatever the differences in the analyses listed 
in Table II, they appear to be completely unrelated to the differ- 
ences in composition between 8-lactoglobulins A and B. 

Some calculations of minimal molecular weight based on the 
analytical results are summarized in Table III. In evaluation 
of such calculations for a molecule of this size, the accuracy of 


In the last column of Table II, the analyses of Piez et al. (see 
footnote 1) of their preparations of 8-lactoglobulins A and B have 
been included. We have converted their results into grams per 
100 g of protein in order to facilitate comparison with the other 
analyses. We thank Dr. Piez and his colleagues for allowing us 
io use their data for this purpose. 


the analytical method, +3%, becomes the limiting factor. 
Only the results for the 6 amino acids present to the extent of 8 
residues or less per molecule and, in addition, the accurately 
determined total sulfur figures were used in computing the aver- 
age molecular weight, 37,700. It was assumed that each mole- 
cule of B-lactoglobulin A and B is made up of identical halves 
so that even numbers of residues were used in calculating the 
molecular weights from the minimal molecular weights. Be- 
cause neither tryptophan figure in Table II fitted in with this 
assumption, tryptophan analyses were not used in arriving at 
the average molecular weight. The further assumption was 
made that the two forms of 8-lactoglobulin have almost the 
same molecular weight; and the final figure of 37,700, therefore, 
is the mean of two averages. It was thought of interest to in- 
clude in the table the results of similar calculations for aspartic 
acid, alanine, and valine even though these are present in large 
concentration. Similarly, calculated numbers of residues per 
37,700 are shown for all other amino acids, although the figures 
can only be approximate. 

It can be seen that the calculated numbers of residues for the 
first seven determinations agree fairly well with the assumed 
whole numbers, except in the case of total sulfur where the usual 
rounding off would give odd whole numbers. The main purpose 
of these calculations was to arrive at some molecular weight 
based on the analytical results and then to define the differences 
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TaBLE II TABLE III 
Comparison of some analyses of B-lactoglobulin AB Calculation of molecular weights of 8-lactoglobulins 
Brand Stein and — Minimal | Assumed * Calculated No, 
et al. (4) | Moore (5) | This paper | No. of molecular — 
1 weight residues wetzht weight 
37,700 
g amino acid/100 g protein — 
Aspartic acid. 11.4 11.52 | 11.22 | 11.70 | 11.04 ꝙ2] 24 A B A | B 
Th 5.85 4.92 4.94 5.29 
1 „ aa Total sulfur. 2,020 2,040 18 | 18 | 36,300 | 36,800 | 18.7 | 18.5 
Proline 4.1 5.14 5.09 5.20 Arginine vent 85 NK 6 6 37,600 38,900 6.0 5 8 
Glycine ........ 1.4 1.39 1.41 1.25 1.66 ‘ 
Oe 6.2 7.09 | 6.98 | 6.78 | 7.31 alanine. .. 4,680 4,730 8 8 | 37,400 37,900 8.1 8.0 
Half-eystine 3.40 3.34° Tyrosine. ... 4,680 4,780 8 | 37,500 38,200 8.1 7.9 
5.83 53.62 6.03 | 6.38 | 5.76 Methionine 4,720 4,740 8 | 8 | 37,800 37,900 8.0 8.0 
3.22 3.16 3.08 Glycine... 6 | 8 | 36,300 38,700 6.2 7.8 
Isoleucine... ... 8.4 5.86 6.89 7.00 | 37,300“ 38,200° 
Leueine 15.6 15.50 15.23 15.79 
| | — 1,170 1.240 32 | 30 | 37,400 | 37,300 | 32.3 | 30.4 
Phenylalanine. 3.54 3.78 | 3.55 3.48 Alanine. ..... | | | | 0.4 | 
Lysine........... 11.4 | 12.88 | 11.87 11.97 Valine... . 1.920 2,050 20 | 18 | 38,400 | 36,900 | 19.7 | 18.4 
Histidine | 1.68 | 12.63 | 1.87 1.58 Glutamic | 
Arginine... 2.88 2.91 2.79 2.73 acid....... B 49.0 48.8 
Tryptophan 1.94 2.620 2.82 Leucine . 4 | 43.3 | 43.0 
| Lysine....... | | 30.8 | 30.0 
„The single figures listed in this column represent simple aver- Isoleueine | 19.4 19.5 
ages of the almost identical results from the 8-A and g- forms. Proline. — * | 17.1 | 16.6 
This figure includes cysteine. Threonine. . 15.9 | 15.2 
¢ Previously determined (10). Serine....... | 12.8 | 11.9 
Tryptophan . | 4.9“ 4.95 
Tryptophan | 3.6° 3.6 
in amino acid composition in terms of residues per mole of pro- Half-eystine | 10.74 10.7. 
tein. Per 37,700 molecular weight, 8-lactoglobulin A contains 


1.9 more aspartic acid residues, 1.3 more valines, 1.6 fewer gly- 
cines, and 1.3 fewer alanines than the B form. Per 35,000 molec- 
ular weight, the value generally accepted on the basis of physi- 
cochemical measurements (e.g. (11)), these figures become +1.8, 
+1.2 —1.4, and —1.3, respectively. 

It is difficult to reconcile either set of figures with the concept, 
for which there is considerable evidence (11-13), that the mole- 
cules of the @-lactoglobulins are made up of identical halves. 
However, if the figures for glycine, aspartic acid, alanine, and 
valine in the last two columns of Table III are rounded off to 
the nearest whole number, which would be permissible consider- 
ing the accuracy of the analytical method, each number would 
be even and there would be a difference of two residues in each 
case. Tryptophan, particularly, and total sulfur present special 
problems in this connection Other similar discrepancies are 
found if the molecular weight of 35,000 is used in the calculations. 

One final calculation of molecular weight has been made with 
the following assumptions. The figures for calculated number 
of residues in Table III have been rounded off to the nearest 
even number (e.g. for glutamic acid, to 48; for leucine, 44; for 
proline, 16). Tryptophan residues have been taken as 4, and 
total cysteine and half-cystine residues as 10. Calculated molec- 
ular weights on this basis are 36,300 and 36,200 for B-lacto- 
globulins A and B, respectively. The data of Piez et al.! give 
almost identical results, slightly higher because their analyses 
indicate the presence of 50 glutamic acid and 14 serine residues. 


DISCUSSION 


After the discovery by Aschaffenburg and Drewry that two 
kinds of 8-lactoglobulin exist in bovine milk (1) and that the 


4 Average of 7-figures above. 
From value of 2.65%. 
¢ From value of 1.94%. 
4 From value of 3.40%. 


presence of one form or the other in the milk of individual cows 
is determined by a single gene (2), further studies indicated they 
were very closely related chemically (14-17). However, the dif- 
ference in electrophoretic mobility, which made possible the 
original discovery, was shown to be attributable to the presence 
of two more carboxy] groups in 8-lactoglobulin A than in H; this 
was demonstrated from titration curves by Tanford and Nozaki 
(16) and from electrophoretic mobilities by Timasheff and 
Townend (17). Additional evidence for a difference in primary 
structure was provided by the “hybridization” experiments of 
Townend, Kiddy, and Timasheff (13) and by the results of 
preliminary experiments by Townend and Ingram on the separa- 


tion of tryptic digests of B-lactoglobulins A and B by high voltage 


paper electrophoresis.® 

The differences in amino acid composition reported here pro- 
vide direct confirmation of the difference in carboxyl groups and, 
obviously, of differences in the primary structure of the two 
B-lactoglobulins. Although the differences in composition are 
undoubtedly significant, conclusions from amino acid analysis 
concerning molecular weight or the presence of identical halves 
in the B-lactoglobulin molecules must be regarded with caution 
Excellent though the automated method of Spackman, Stein, 
and Moore may be, one cannot be certain that a protein as large 
as B-lactoglobulin can be analyzed with complete accuracy. 


* R. Townend, personal communication. 
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Some of the difficulties that arise when the data are manipulated 
mathematically have already been mentioned. Another ques- 
tion which must not be neglected in these considerations is the 
purity of the proteins analyzed. The constancy of the present 
analyses for most of the amino acids in the three preparations is 
as good a criterion as any for purity, but the presence of a small 
tage of impurities would be undetectable. 
Finally, it should be pointed out that the finding that A-lacto- 
ins A and B differ in content of four amino acids presents 
somewhat of a problem in view of the evidence that the occur- 
rence of these proteins is determined by a single gene. The 
probability is that more than one gene is involved but further 
investigation in this connection is needed. 
SUMMARY 


s-Lactoglobulins A and B, prepared from the milks of typed 
cows, and B- lactoglobulin AB have been analyzed in an auto- 
matic amino acid analyzer. The genetically different forms of 
the protein differ significantly in content of aspartic acid, glycine, 
alanine, and valine. For each of these amino acids the differ- 
ence is probably two residues per molecule of protein. 

The new analyses of mixed §-lactoglobulin agree well with 
most of the generally accepted values for this protein. However, 
some revision of the valine, isoleucine, and lysine values may be 

irable. The true tryptophan content of this protein remains 
uncertain. 


Acknowledgment—We are grateful to Mrs. Mildred Wilensky 
or her help with the calculations. 
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It was shown by Aschaffenburg and Drewry (2) that bovine 
B-lactoglobulin occurs in two different forms apparently under 
the control of allelic genes. One cow may produce both together 
or either one alone. It is known that the two phenotypic pro- 
teins differ in isoelectric point (2-4) and that G- lactoglobulin A 
has two more carboxyl groups than §-lactoglobulin B per mole- 
cule of 36,000 molecular weight (4). Timasheff, Townend, and 
coworkers, in a series of papers (5-10), have reviewed the early 
work and have cleared up much of the confusion that existed 
concerning the identity and number of molecular species present 
in mixed preparations. They demonstrated that B- lactoglobulin 
A forms heavy aggregates whereas g- lactoglobulin B does not 
(6, 7, 9) and that the 36,000 molecular weight species dissociates 
at low pH into two subunits that appear to be identical (8, 10). 

As part of a study to characterize further the two proteins, we 
report here the fractionation of mixed g- lactoglobulin by chro- 
matography on diethylaminoethyl cellulose and demonstrate by 
amino acid analysis of the two major components, corresponding 
to B-lactoglobulin A and B- lactoglobulin B, that two amino acid 
substitutions are present. A preliminary report of these results 
has appeared (1). Gordon, Basch, and Kalan (11) have inde- 
pendently obtained similar evidence. 


EXPERIMENTAL PROCEDURE 


Chromatographic Separation of B-Lactoglobulin—The prepara- 
tions used in this study were three times crystallized commercial] 
products (Pentex, Inc.), containing approximately equal amounts 
of B-lactoglobulin A and g- lactoglobulin B. Before chromatog- 
raphy, the protein was dissolved at a concentration of 50 mg per 
ml in 0.05 m sodium phosphate, pH 5.8, and dialyzed against the 
same buffer for 18 hours at 4°. For 200 mg samples, a 1.8- x 
10-cm column was used; for 1 g samples, a 1.8- X 35-cm column 
was used. The adsorbent was reagent grade DEAE Selectacel, 
type 40, with a capacity of 1.05 meq per g (Brown Company). 
Before use, the adsorbent was washed with 0.10 m sodium hy- 
droxide, 0.10 m hydrochloric acid, and then equilibrated with 
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0.05 m sodium phosphate buffer, pH 5.8. For elution of the 
smaller column, a linear gradient was established by placing 350 
ml of 0.05 m sodium phosphate, pH 5.8, in the mixing chamber 
and 350 ml of 0.08 m sodium chloride-0.05 m sodium phosphate, 
pH 5.8, in the adjacent reservoir. Five milliliter fractions were 
collected at a rate of 8 ml per hour at 5°. For the larger column, 
the gradient was formed from 450 ml of 0.02 M sodium chloride. 
0.05 m sodium phosphate, pH 5.8, in the mixing chamber and 
450 ml of 0.11 u sodium chloride-0.05 m sodium phosphate, pH 
5.8, in the adjacent reservoir. 
continued with the higher strength buffer to complete elution of 
the second peak. Five milliliter fractions were collected at 3 
rate of 12 ml per hour at 5°. The major fractions were combined, 
dialyzed at 4° against several changes of distilled water, and 
lyophilized. For preparative purposes, all samples were chro- 
matographed a second time to insure complete separation. The 
protein concentrations were determined by absorbancy measure. 
ments at 280 my with an absorbancy index of 9.7 for a 1.0% 
solution at neutral pH (12). 

Electrophoresis and Ultracentrifugation—A Spinco paper ele- 
trophoresis unit was used with barbital buffer, pH 8.6, I'/2 = 
0.10 (3). Moving boundary electrophoresis was performed in 4 
Spinco model H instrument with an II- il cell and acetate buffer, 
pH 5.3, ['/2 = 0.10 (5). The sedimentation behavior of the 
proteins was examined in a Spinco model E ultracentrifuge. 

Amino Acid Analysis—Samples of @-lactoglobulin A and 
B-lactoglobulin B weighing approximately 7 mg were hydrolysed 
at 106° in 4 ml of constant boiling HCl for 24, 48, or 96 hours in 
glass ampules which were flushed with nitrogen and sealed. The 
hydrolysates were taken to dryness once under vacuum with 
gentle heat, and the residues were dissolved in water and diluted 
to 5 ml. One-fifth aliquots were analyzed on the automatic 
amino acid analyzer described by Piez and Morris (13), which is 
a modification of the instrument designed by Spackman, Stein, 
and Moore (14). Each of the six hydrolysates was analyzed in 
duplicate, and the averages were calculated. Standard amino 
acid solutions were analyzed before and after the samples to 
check the performance of the instrument. The small amounts 
of methionine sulfoxide (1 to 3% of the methionine), eysteie acid 
(<1% of the cystine), and alloisoleucine (1 to 2% of the isoleu- 
cine) found were added to the values obtained for the parent 
compound. Free sulfhydryl groups were determined on separate 
samples of the native proteins dissolved in 0.1 M. sodium dodecyl 
sulfate by the N-ethylmaleimide reaction of Alexander (15) as 
described by Cole, Stein, and Moore (16). The reaction was 
complete in 200 minutes with B- lactoglobulin B and 100 minutes 
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with G-lactoglobulin A. Tyrosine and tryptophan values were 
calculated from the ultraviolet absorption spectra (17). 


RESULTS 


A typical chromatographic fractionation of crystalline B-lacto- 
globulin prepared from pooled milk is shown in Fig. 1. The 
two major peaks contained approximately equal quantities of 
protein and together accounted for about 85% of the original 

in. The individual peaks were identified as 8-lactoglobulin 
A and B- lactoglobulin B by electrophoresis and sedimentation. 
It has been established (6) that 8-lactoglobulin A is the fast 
moving component when subjected to paper electrophoresis 
and that, unlike g- lactoglobulin B, it forms aggregates at pH 4.65 
which can be observed in the ultracentrifuge. The minor peaks 
shown in Fig. 1 varied both in amount and position with the 
particular batch of 8-lactoglobulin. Some preparations showed 
minor components of less than 5% while others showed minor 
components of nearly 20% of the total protein. When the as- 
cending portion of Peak B or the descending portion of Peak A 
was rechromatographed, each showed single peaks in the same 
position and with the same shape as found with the original mix- 
ture indicating that each peak represented a single component. 
Symmetrical peaks of the individual proteins were found only 
when the sample size was greatly reduced. When dialyzed 
against distilled water, 8-lactoglobulin A readily crystallized as 
long needles. Conditions for crystallization of f- lactoglobulin B 
were not investigated. 

The electrophoretic patterns of the two proteins at a pH close 
to their isoelectric points were essentially identical to those pub- 
lished by Timasheff and Townend (5) for samples prepared from 
the milk of cows homozygous for B- lactoglobulin A or 8-lacto- 
globulin B. The 8-lactoglobulin A peak displayed a slight skew- 
ness in the forward direction on the descending limb; the g- laeto- 
globulin B peak showed the presence of a second component 
after prolonged electrophoresis (e.g. 1080 minutes at 5.6 volts 
per em). It was observed that the mobility of 8-lactoglobulin B 
changed as the second peak separated which may indicate deg- 
radation rather than true heterogeneity. 

The complete amino acid data are presented in Table I. The 
values obtained by ion exchange chromatography (the first six 
columns) represent averages of two determinations. To obviate 
differences resulting from errors in sample size, minor adjust- 
ments were made in the data in the following manner. First, as 
a base which could be used for all hydrolysates, the total number 
of micromoles of those amino acids that did not change with time 
of hydrolysis was determined (partial totals, Table I). All the 
values in each hydrolysate were then multiplied by an appro- 
priate factor to make each partial total equal to the average. 
This was done separately for 8-lactoglobulin A and B-lactoglob- 
ulin B. The factors were all between 0.99 and 1.02. Correc- 
tions were then made for hydrolytic losses or incomplete hy- 
drolysis as described below and the three hydrolysates were 
averaged. It was then assumed, as was later shown to be correct 
by the internal consistency of the data, that f- lactoglobulin A 
and B-lactoglobulin B contained the same total number of amino 
acid residues per protein equivalent and the values in one set 
(8-lactoglobulin B) were multiplied by a factor (1.030) to make 
the total number of micromoles in both proteins identical. This 
factor was also applied to the data in the individual hydrolysates 
of B-lactoglobulin B so that comparisons could be made across 
the columns in Table I. The data were finally converted to 
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Fic. 1. Fractionation of 210 mg of 8-lactoglobulin on a 1.8- X 
10-cem DEAE column with the use of a linear gradient between 
0.05 M phosphate, pH 5.8, and 0.05 M phosphate-0.08 M sodium 
chloride, pH 5.8. See text for details. 


micromoles in approximately 1 mg of protein (1.002 mg for 
8-lactoglobulin A and 0.997 mg for 8-lactoglobulin B) calculated 
for 100% recovery. It was necessary for the weights to be not 
quite equal since it was desired to maintain the same total micro- 
moles and, as was later shown (see below), the proteins have 
slightly different molecular weights because of the differences in 
amino acid composition. The fact that all of the weight can be 
accounted for as amino acids has been well documented pre- 
viously (18, 19). The recoveries, corrected for water content, 
obtained by us were 94% (8-lactoglobulin B) and 97% (8-lacto- 
globulin A), the differences from 100% probably being ascribable 
to incomplete removal of buffer salts. 

These corrections are all within expected experimental varia- 
tion. They do not change the data in the sense that the values 
presented are not significantly different from the values observed, 
but they permit a more precise comparison since, in the present 
instance, the errors introduced in measuring sample size are 
greater than the precision inherent in the analytical method. 

Columns 7 and 8 of Table I present averages of those amino 
acids which did not change with time and corrected values for 
the other amino acids. Threonine showed an average decrease 
of 3.0% per 24 hours; serine decreased an average of 6.3% per 
24 hours. The 24-hour values for these two amino acids were 
therefore increased by these amounts. Valine and isoleucine 
continued to increase through 96 hours of hydrolysis. The 
96-hour values were assumed to represent essentially complete 
liberation. In the case of isoleucine, the 24- and 48-hour values 
agreed almost exactly. Therefore, the average of the 96-hour 
values was applied to both proteins. Methionine and tyrosine 
required corrections for hydrolytic destruction of 2.5 and 1%, 
respectively. Ammonia increased slightly more between 24 and 
48 hours than can be accounted for by destruction of serine and 
threonine, and the rate of increase decreased between 48 and 96 
hours. The correction which should be applied to ammonia was 
therefore somewhat uncertain. This was done arbitrarily by 
subtracting the average change between 24 and 48 hours from 
the 24-hour value. The concentrations of cysteine, determined 
by reaction with N-ethylmaleimide (16), and tryptophan, calcu- 
lated from the ultraviolet absorption spectra (17), are included 
in Table I. The cysteine content is in agreement with previously 
determined values (20, 21). The value for cystine obtained by 
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TABLE I 
Amino acid composition of B-lactoglobulins A and B. 
Residues protein equivalent 
8-Lactoglobulin A, hours 6-Lactoglobulin B, hours 
amoles/ O. 055 Nearest integer 
umoles | wmoles | pmoles | pmoles | ymoles | pmoles | pmoles | ymoles | moles 
Aspartic acid.......... 0.8855 | 0.8803 | 0.8775 | 0.8285 | 0.8228 | 0.8290 | 0.8811 | 0.8268 0.0543 16.0 15.0 16 15 
Threonine............. 0.431 | 0.420 | 0.389 | 0.431 | 0.418 | 0.396 | 0.444 | 0.444 8.1 8.1 8 8 
V 0.357 0.326 | 0.277 | 0.356 | 0.323 | 0.285 | 0.381 | 0.380 6.9 6.9 7 7 
Glutamic acid......... 1.379 | 1.358 | 1.383 | 1.371 | 1.364 | 1.377 | 1.373 | 1.371 25.0 | 25.0 25 25 
F 0.450 | 0.446 | 0.453 | 0.456 | 0.451 0.453 0.449 | 0.453 8.2 8.2 8 8 
4 0.1669 | 0.1658 | 0.1682 | 0.2195 | 0.2210 | 0.2215 | 0.1670 | 0.2207 | 0.0537 3.0 4.0 3 4 
ee 0.7654 | 0.7616 | 0.7608 | 0.8213 | 0.8190 | 0.8148 | 0.7626 | 0.8184 | 0.0558 | 13.9 14.9 14 15 
Half-cystine........... 0.209 | 0.209 | 0.218 | 0.223 | 0.229 | 0.225 | 0.212 | 0.226 3.9 4.1 4 4 
l 0.525 | 0.540 0.546 | 0.471 | 0.493 | 0.490 | 0.546 | 0.490 | 0.056 9.9 8.9 10 9 
Methionine. .......... 0.201 | 0.192 | 0.188 | 0.200 | 0.194 | 0.183 | 0.206 | 0.205 3.7 3.7 4 4 
Isoleucine............. 0.483 | 0.520 | 0.539 | 0.484 | 0.520 | 0.527 | 0.533 | 0.533 9.7 9.7 10 10 
. 1.200 | 1.210 | 1.205 1.200 | 1.208 | 1.196 | 1.205 | 1.201 21.9 21.9 22 2 
Tyros ine 0.194 | 0.193 | 0.187 | 0.194 | 0.192 | 0.186 | 0.196 | 0.196 3.6% 3.6¢ 4 4 
Phenylalanine......... 0.210 | 0.215 | 0.213 | 0.212 | 0.208 | 0.202 | 0.213 | 0.208 3.9 3.8 4 4 
. 0.823 | 0.830 | 0.810 | 0.810 | 0.817 | 0.818 | 0.821 | 0.815 14.9 14.8 15 15 
Histidine.............. 0.099 | 0.108 | 0.102 | 0.097 | 0.104 | 0.103 | 0.103 | 0.101 1.9 1.8 2 2 
Arginine.............. 0.157 | 0.158 | 0.152 | 0.158 | 0.156 | 0.156 | 0.156 | 0.157 2.8 2.9 3 3 
Amide N.............. (0.772) |(0.817) | (0.873) |(0.760) | (0.827) |(0.898) (0. 716) | (0.703) (13.0) (12.8) (13) (3) 
Cy steine 0.058 | 0.059 1.1 1.1 1 | 
Tryptophan 0.138 | 0.138 2.5 2.5 2 2 
Partial total“ 6.345 | 6.342 | 6.343 | 6.397 | 6.400 | 6.396 
IF 8.845 8.843 162 102 
Mg represented 1.002 | 0.997 
Minimal molecular 
18,364 18,278 


* Adjusted values are presented which are very nearly equal to the observed micromoles per mg; see text. Some of the values in 
this table are given to four figures. The last figure is not significant. However, since these values are used to obtain averages which 
are later subtracted from one another, it is necessary to retain this number of figures to avoid rounding-off errors. If this is not 
done, the error introduced into the differences in Column 9 can become considerably larger than the statistical error. 

o Those amino acids the concentration of which did not change with time of hydrolysis are italicized. The partial totals refer to 


these amino acids; see text. 


¢ Determined on separate samples by reaction with N-ethylmaleimide (16). 
4 Determined on separate samples by ultraviolet spectroscopy (17). 
Values of 3.7 and 3.7 were calculated from the ultraviolet spectra (17). 


ion exchange chromatography presumably does not include sig- 
nificant amounts of cysteine since no attempt was made to oxi- 
Aize the sulfhydryl compound to the disulfide and all operations 
before chromatography were conducted under nitrogen, in a 
vacuum, or in the cold. 

Column 9 shows the differences between 8-lactoglobulin A and 
B-lactoglobulin B. Aspartic acid, glycine, alanine, and valine 
differed significantly. On the assumption that these differences 
represent substitutions of single residues per protein equivalent, 
the difference (average, 0.055) is the micromole equivalent to one 
residue in the weight of protein represented, which is about 1 mg. 
Dividing each of the values by this difference gives the number 
of residues per protein equivalent, shown in Columns 9 and 10. 
The validity of this calculation is discussed below. The last two 
columns show the same data converted to the nearest whole 
numbers. For every amino acid except tryptophan, the selec- 
tion of the closest integer was obvious. The tryptophan value, 
2.5, was changed to 2 rather than 3 since this agrees best with 


the values of 1.7 and 2.3 calculated from the data of Brand et al. 
(18) and Spies and Chambers (22), respectively. 


DISCUSSION 


The amino acid data in Table I are in good agreement with 
the earlier data on a mixture of 8-lactoglobulins obtained by 
Brand et al. who used chemical and microbiological methods, and 
Stein and Moore (19), who used starch column chromatography. 
The minor differences which occur can be readily ascribed to the 
expected kind of analytical error. The similarities are perhaps 
more remarkable than the differences considering the relative 
difficulty of the earlier methods. 

Our results provide a clear picture of the chemical relationship 
between the two genetic forms of 6-lactoglobulin. f- Lactoglob 
ulin A contains one more residue each of aspartic acid and valine 
and one less residue each of glycine and alanine than are found 
in B-lactoglobulin B. This demonstration by amino acid analy- 
sis of a whole protein of single residue substitutions indicates 
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that the method should be applicable in many instances to the 
search for genetic variants among proteins with minimal molec- 
ular weights below about 20,000 which can be obtained in pure 
form. Further, the method can detect genetic substitutions in- 


rolving uncharged amino acids that more readily escape detection 


by the electrophoretic methods generally used. This is an im- 
portant feature of total amino acid analysis since there is no a 
priori reason to expect genetic differences involving charged resi- 
dues to be more common than those involving uncharged resi- 
dues. More of the former type have so far been reported but 
perhaps only because the electrophoretic techniques have been 


; more widely used. Another example of a situation in which 


both types of substitution occur is found in the case of a chem- 
ically induced mutant of tobacco mosaic virus in which it has 
been shown by amino acid analysis that three substitutions are 
present of which two involve neutral amino acids only (23). 

It is pertinent to examine the data in Table I more closely to 
determine the precision with which our conclusions are made. 
Standard errors can be calculated for the differences between the 
amounts of those amino acids involved in the genetic substitu- 
tions. Each average is based on six values (two analyses of 
each of three hydrolysates) except valine where only the 96-hour 
hydrolysates were used. Valine, therefore, is omitted from the 
calculations. The following values are obtained: aspartic acid, 
0.0543 + 0.0028; glycine, 0.0537 + 0.0008; alanine, 0.0558 + 
0.0020. It should be noted that these errors are probably a 
measure of the true accuracy since they are differences between 
numbers subject to the same systematic errors which therefore 
would cancel out. The'unweighted average is 0.0546 + 0.0012. 
Since the units of this figure are microequivalents of a single 
residue per mg, the inverse X 10° is the equivalent weight. 
With the exact weights represented, 1.002 mg for 8-lactoglobulin 
A and 0.997 mg for 8-lactoglobulin B (Table I), the minimal 
molecular weights by this method are 18,360 + 400 for G- lacto- 
globulin A and 18,270 + 400 for g- lactoglobulin B. The aver- 
age difference weighted according to the inverse of the square of 
the errors is 0.0540 + 0.0007 and the molecular weights calcu- 
lated from this value are 18,560 + 230 and 18,470 + 230. These 
weights are all close to one-half the accepted value for mixed 
8-lactoglobulin as determined by several physical methods (see 
J) and support the evidence that the molecule consists of two 
identical subunits (8, 10). Two identical chains are also indi- 
cated by the presence of two identical amino terminal and car- 
boxyl terminal groups per 36,000 molecular weight (12, 24, 25). 

The minimal molecular weights calculated from the number of 
residues rounded off to the nearest integer are 18,364 for B-lacto- 
globulin A and 18,278 for B-lactoglobulin B. In the determina- 
tion of the absolute number of residues, in contrast to the differ- 
ences, systematic errors may be present. Particularly for those 
amino acids present in large quantities or amino acids that are 
subject to greater analytical variation, errors of one residue may 
occur. These molecular weights may therefore not be exact and 
can be confirmed or corrected only by a knowledge of the com- 
plete amino acid sequence. However, the close agreement of 
these values with the ones calculated from the stoichiometry of 
the difference between the two proteins allows considerable con- 
be placed in the of calculation and in the 


When either 8-lactoglobulin A or B-lactoglobulin B are isolated 
from individual cows homozygous for lactoglobulins A or B, 
they were heterogeneous in electrophoresis experiments (5, 9). 
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In the case of g- lactoglobulin A, this is due at least in part to 
molecular association (6, 7) although the presence of a second 
molecular species has been indicated (9). With 6-lactoglobulin 
B, the apparent electrophoretic heterogeneity has not been fully 
explained but may result from degradation as noted above. 
Heterogeneity has also been reported by Tombs (26) in solubility 
studies in which minor components were observed in both pro- 
teins, accounting for about 10% of each. Polis et al. (27) have 
isolated a B- lactoglobulin which seems to be different from both 
8-lactoglobulin A and 8-lactoglobulin B (5). The variable minor 
components found in the column chromatograms may explain in 
part these various reports of heterogeneity. At least, we can 
conclude that the samples analyzed by us could not have con- 
tained appreciable amounts of genetically different species. 
Otherwise, it would not have been possible to observe whole 
residue substitutions. For each of the four amino acids, the 
differences are exactly one residue with an error of 5% or less, 
as discussed above. 

The presence of two more aspartic acid residues per molecule 
(36,000 molecular weight) of 8-lactoglobulin A than g- lacto- 
globulin B, while the amide content is the same for both forms, 
explains the observations that the titration curves show two 
additional carboxy! groups for B-lactoglobulin A (4) and that the 
isoelectric points of the two proteins differ (2-4). It is also 
likely that the different aggregation properties are related to the 
difference in charge. According to present concepts, it seems 
unlikely that hydrophobic bonds (28) involving the additional 
valine side chain of 8-lactoglobulin A can be a factor since aggre- 
gation is maximal at low temperatures (7) where entropy-sta- 
bilized bonds are least stable (28). However, the question of the 
effect of the extra valine cannot be answered with any certainty 
without having available for study @-lactoglobulin containing 
only the one substitution. 


SUMMARY 


Commercial preparations of 8-lactoglobulin were fractionated 
by chromatography on diethylaminoethyl-cellulose to yield the 
genetically different proteins 8-lactoglobulin A and 8-lactoglob- 
ulin B in high purity. Complete amino acid analysis of the 
native proteins established that 8-lactoglobulin A has one more 
residue each of aspartic acid (16 versus 15) and valine (10 versus 
9) and one less residue each of glycine (3 versus 4) and alanine 
(14 versus 15) than @-lactoglobulin B in a subunit of 18,300 
molecular weight. 
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Much interest has been shown recently in the bound nucleo- 
tide of actin; its availability for enzymatic phosphorylation (2, 3), 
its exchange with labeled nucleotides (4-6), and its analysis 
at various stages of purification of actin (7) have been reported in 
detail. With the exception of the work of Ulbrecht et al. (7), how- 
ever, no correlation was made between bound nucleotide content 
and characteristic properties' of actin although such a relation 
has to be known in order to understand the function of the 
bound nucleotide. 

This study deals with the removal of the actin-bound nucleo- 
tide by charcoal. Evidence will be presented which indicates 
that the bound nucleotide is necessary for all the characteristic 
properties of actin. A relationship will be shown between certain 
sulfhydry! groups of actin and the bound nucleotide. Finally, 
the effect of some specific inhibitors of the Mg“ activated acto- 
myosin adenosine triphosphatase on the bound nucleotide of 
actin will be described. 


EXPERIMENTAL PROCEDURE 
Actin was purified according to the method of Mommaerts (8) ; 


‘crude actin (9) was polymerized with 0.05 M KCl and centrifuged 


for 3 hours in the Spinco preparative ultracentrifuge with rotor 
30 (105,500 x g at the bottom of the tube). After the centrifuge 
tubes were rinsed with distilled water to remove any traces of 
KCl, the pellet of F-actin was homogenized in a Potter-Elveh- 
jem type tissue grinder in 0.2 mu ATP, pH 8.2 to 8.5. After 
dialysis against 100 volumes of the same ATP solution for 2 
days at 4°, the pH of the actin solution was 7.0 to 7.5 and the 
actin was depolymerized. The degree of depolymerization de- 
pends on the actin concentration. At a concentration of 5 to 6 
mg per ml a small amount of actin remains in the fibrous form. 
This can be removed by ultracentrifugation for several hours in 
the Spinco rotor 40 (144,700 x g at the bottom of the tube). 
This ultracentrifugation step was performed only in cases where 
it was considered desirable to have pure G-actin as indicated 
under Results.“ 

Before proceeding with the experiments, the free ATP in the 
G-actin solution was removed by treatment with 20 mg per ml 
of Dowex 1-X8 (CT) (200 to 400 mesh), pH 7 to 8, at room 
temperature for 5 minutes. Under these conditions only the 


*This research was supported by grants from the Muscular 
Dystrophy Associations of America, Inc. and the Muscular Dys- 
trophy Association of Canada. A preliminary report was pre- 
sented at the 1961 meeting of the Federation of American Societies 
for Experimental Biology (1), Atlantic City, New Jersey. 

In the following the ‘‘characteristic properties of actin refer 
to its ability to polymerize, to form actomyosin at high ionic 
strength, and to activate the ATPase activity of L-myosin in the 
presence of Mg** at low ionic strength. 


free nucleotide is removed (10, 11). F-actin was formed by 
polymerization of this G-actin by 0.1 u KCl. 

The bound nucleotide content of actin will be referred to 
62,000 g. since Ulbrecht et al. (7) have shown that two, three, 
and four times purified F-actins contain 1 mole of ADP per 
62,000 g. Recently, Kay (12) has found a similar value for the 
molecular weight of G-actin by physicochemical measurements. 

L- Myosin was prepared by the procedure of Portzehl, Schramm, 
and Weber (13) and stored in the deep freeze in 50% glycerol con- 
taining 0.3 M KCl. Before use, Lmyosin was freed of glyc- 
erol by 2-fold precipitation and dissolved in 0.6 M KCl contain- 
ing 5 mu sodium thioglycolate. The thioglycolate was added 
to keep the —SH groups of myosin in a reduced form. 

The viscosity of actin was measured at 25° in an Ostwald-type 
viscometer with an outflow time of 35 seconds at 25°, in a total 
volume of 4 ml, at protein concentrations of 1.5 to 2.0 mg per 
ml, in 0.1 M KCl and 1 mm MgSO, and is expressed according to 
Portzehl et al. (13) as 


23 log 1 

mg actin/ml 

Actomyosin formation at high ionic strength was determined in 
a system containing 1.5 mg of L-myosin per ml, 0.3 to 0.4 mg of 
actin per ml, 0.6 M KCl and 0.25 mm MgSO,, pH 7, at 25°, in a 
total volume of 4 ml. The actomyosin formation is expressed 
according to Weber and Portzehl (14) as 


where log mre: = viscosity of the actomyosin solution and log 
fret ATP = viscosity of the same actomyosin solution after 
addition of 0.25 mm ATP. For determination of viscosity, at 
least three outflow times were measured, the second and third 
of which were constant. 

Activation of 1-Myosin AT Pase—Hasselbach’s findings (15) 
with crude actin preparations, ie. that the activation of L-myo- 
sin ATPase increases very rapidly with small amounts of actin, 
have been confirmed with purified actin (Fig. 1). It was found, 
furthermore, that the maximal activation effect is obtained at 
an actin-myosin ratio of 1:10 and that a further increase in 
the actin concentration has no effect on the activation. It may 
be seen in Fig. I that the activation is very pronounced even at a 
ratio of 1:20. 

The enzymatic assays were performed with magnetic stirring 
in a final volume of 4 ml containing 1.0 mg of t-myosin; 0.05 to 
0.1 mg of actin; 0.03 u KCl; 0.01 histidine buffer, pH 7.0; 
0.25 mu sodium thioglycolate; 1 mu MgSO,, and 1 mu ATP 
at 25°. All the experiments were performed in duplicate for a 
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Fic. 1. The activating effect of F-actin on the ATPase activity of L-myosin as a function of actin concentration. The assay was 


performed as described in the text. 


time of 2 to 5 minutes. Care was taken that not more than 
25% of the added ATP was hydrolyzed. The inorganic phos- 
phate liberated was determined by the method of Rockstein 
and Herron (16) or by the method of Fiske and SubbaRow (17) 
in experiments with —SH-containing compounds. The results 
are expressed as micromoles of P; liberated per milligram of acto- 
myosin per minute, after subtracting the ATPase activity of 
L-myosin without actin. 

In the experiments of actomyosin formation and activation of 
L-myosin ATPase, G-actin was allowed to stand in 0.1 u KCl 
and 1 mu MgS0O,, at 25°, for several hours before it was added 
to L-myosin in order to ensure maximal polymerization. 

The binding of actin to 1-myosin at low ionic strength was de- 
termined by taking advantage of the fact that actomyosin and 
L-myosin are insoluble at low ionic strength whereas actin is 
completely soluble. The system, which is very similar to that 
used in determining the activation of the L-myosin ATPase, 
contained 40 mg of L-myosin; 5 or 10 mg of actin, in a final vol- 
ume of 120 ml, at a salt concentration of 0.035 m KCl; 0.01 u 
histidine buffer, pH 7.0; 0.25 m sodium thioglycolate; and 1 
mu MgSO, (In a control experiment 10 or 20 mg of serum 
albumin were used instead of actin.) The precipitated acto- 
myosin was separated immediately by centrifugation and any 
remaining actin in the supernatant solution was precipitated by 
5% trichloroacetic acid. The next day the sample was centri- 
fuged and the protein content of the precipitate was determined. 
Samples of actin or serum albumin without L-myosin were treated 
in the same way, and the protein precipitated by trichloroacetic 
acid was considered as added protein (Table VII). The bound 
protein was calculated as the difference between the “added” 
protein and the protein precipitated from the supernatant solu- 
tion by trichloroacetic acid. A correction was made for the 
solubility of the L-myosin itself. 

Protein was determined by the biuret method (9, 18) or by 
dry weight in the presence of —SH-containing compounds. 


Sulfhydryl groups were titrated according to Katchalski, — 


Benjamin, and Gross (19). 

The nucleotide content of actin solutions was determined spec- 
trophotometrically at 260 my, with a molar extinction coefficient 
of 14,200, after precipitation of the actin with perchloric acid. 

Charcoal was a product of the Mallinckrodt Chemical Works. 
It was first washed with 0.1 * HCI, then thoroughly with water. 


Note that the rate of ATP hydrolysis is expressed in terms of the L-myosin content. 


The last traces of acid were neutralized; then it was washed 
again and dried. Charcoal was added to actin either as a powder 
or as a suspension in water. The charcoal was removed from 
the actin solution by centrifugation at 25,000 x g for durations 
varying from 10 to 30 minutes, depending on the charcoal con- 
centration. 

The mercaptoethanol was a product of the Fisher Scientific 
Company and was distilled before use. The N-ethylmaleimide 
and serum albumin were products of the Sigma Chemical Com- 
pany. The BAL? was a preparation of the California Corpora- 
tion for Biochemical Research; it was extracted from the oil 
with water immediately before use. The polyethylene sulfonate 
was a generous gift of the Hochst Company, Frankfurt, Ger. 
many, and the methylmercuric nitrate was a generous gift of 
Professor Ephraim Katchalski, Weizmann Institute, Rehovoth, 
Israel. 


RESULTS 


Effect of Charcoal Treatment on G-actin and F-actin 


Charcoal readily removes free ATP from actin solutions even 
at a neutral pH and in the presence of salts. Fig. 2 shows that 
2 to 3 mg per ml of charcoal are necessary to remove 0.2 mu 
free ATP both from G-actin and F-actin solutions. This con- 


centration of free ATP represents a 4. fold excess of free AI 


over the bound nucleotide at the protein concentrations used. 


The time necessary for this removal was determined in a sepa- 
rate experiment and was found to be 30 minutes at 25°. Fig.? 


shows, furthermore, that increasing the charcoal concentration 
to 10 mg per ml has no effect on the bound nucleotide content of 
F-actin. A constant amount of 0.94 mole of nucleotide /62, 000 f 
of F-actin remains bound to the protein. The same amount of 
charcoal, however, reduces the nucleotide content of G-actin to 
approximately 0.40 mole. Fig. 2 shows that under these con- 
ditions the loss of protein is negligible. Higher concentrations 
of charcoal (20 to 40 mg per ml), on the other hand, adsorb 
fibrous actin to a greater and globular actin to a lesser extent. 
It was also found that the removal of the bound ATP from 
G-actin is time-dependent: a short treatment at 25° with 5 to 10 
mg of charcoal per ml has only a slight effect on the bound 
nucleotide whereas it completely removes the free nucleotide. 


? The abbreviation used is: BAL, 2,3-dimercaptopropanol. 
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Fig. 3 shows the effect of repeated charcoal treatment on G- 
actin and F-actin containing no free nucleotide. It can be seen 
that after 2-fold treatment with 10 mg of charcoal per ml at 
95° for 30 minutes the bound nucleotide content of G-actin is 
reduced to 0.05 mole and that it is zero (less than 0.03 mole) 
after 3-fold treatment with charcoal. Simultaneously with the 
removal of its bound nucleotide, G-actin loses its ability to 
polymerize, to form actomyosin at high ionic strength, and to 
activate the ATPase activity of L-myosin in presence of Mg“ 
at low ionic strength. Similar treatment of F-actin has no 
effect either on its bound nucleotide content or on the above 
mentioned properties of actin. 

Studies on Nucleotide Removal from G- Actin 


It is known from the work of Straub and Feuer (20) that 
whenever the bound ATP of G-actin is removed by prolonged 
dialysis or repeated isoelectric precipitation, subsequent addi- 
tion of ATP does not restore the polymerizability of actin. 
We have studied the factors which might be involved in the 
irreversibility of nucleotide removal from G-actin with charcoal, 
using a relatively short treatment at a neutral pH. 

1. Role of —SH Groups—It was thought that this irreversi- 
bility is connected with some reaction of the —SH groups of 
G-actin since it is known that blocking of the —SH groups 
leads to inhibition of the polymerization of actin (21). Table I 
shows that the removal of the bound ATP from G-actin with 
charcoal is accompanied by a decrease in the number of its 
titratable —SH groups both at 25° and 0°. An attempt was 
made to determine whether the loss of free —SH groups asso- 
ciated with the loss of bound nucleotide is nonspecific or whether 
it specifically refers to those —SH groups which appear to be 
necessary for polymerization of actin. Such a determination 
can be made by the use of N-ethylmaleimide which, according 
to Tsao and Bailey (22), reacts with approximately one-half 
of the total —SH groups of G-actin and does not inhibit poly- 
merization. Table II shows that charcoal treatment and the 


mg actin/mi 


moles nucleotide/62,000 g actin 


5 0 
mg charcoal/mi 

Fic. 2. The effect of charcoal treatment on the nucleotide con- 
tent of actin. Each treatment was carried out at pH 7, 25° for 
W minutes. ATP, 0.2 mu, was added to the actin solutions after 
Previous treatment with Dowex 1-X8 (see “Experimental Pro- 
cedure”). Nucleotide content: A——A, F-actin; O——O, G- 
actin. Protein content: A——A, F-actin; @——®@, G-actin. 
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number of charcoal treatments 


Fic. 3. The effect of repeated charcoal treatment on the char- 
acteristic properties of actin. Each treatment was performed 
with 10 mg of charcoal per ml at pH 7, 25° for 30 minutes. 
The G-actin solution (4.5 mg per ml) was freed from any F-actin 
by ultracentrifugation (see Experimental Procedure). Nucleo- 
tide content: @——@, F-actin; O——O, G-actin. Z,: B——®, 
F-actin; O——O, G-actin. ATP sensitivity: A——A, actomyo- 
sin formed from F-actin; A——-A, actomyosin formed from G- 
actin. Activation of the L-myosin ATPase (umole of Pi per mg 
of actomyosin per minute): VV, by F-actin; VV, by 
G-actin. AM = actomyosin. 


TABLE I 
Nucleotide and sulfhydryl content of charcoal - treated G-actin 
Actin concentrations: 3.1 mg per ml; 4.4 mg per ml. Each 
treatment: 10 mg of charcoal per ml, pH 7, for 30 minutes. All 
—SH determinations were performed simultaneously after the 
last charcoal treatment. 


Experiment No. ens | Temperature | Nucleotide |  Sulfhydryl 
moles/62,000 actin 
1 0 25 0.92 (| 4.75 
1 1 25 0.52 4.14 
1 2 25 0.43 3.94 
1 3 25 0.17 3.47 
2 0 25 0.94 5.02 
2 2 25 0.33 3.76 
2 3 25 0.17 3.38 
2 2 0 0.44 3.88 
2 3 0 0.27 3.54 


concomitant removal of the bound ATP do not affect those two 
—SH groups that react with N-ethylmaleimide. Roughly two 
—SH groups per molecule react with N-ethylmaleimide in the 
charcoal-treated as well as in the untreated actin. 

Mercurials inhibit polymerization of actin by reacting with 
all the —SH groups of G-actin but only with one-half of them 
in F-actin (23). The fact that the number of free —SH groups 
decreases when the nucleotide is removed by charcoal has led 
us to investigate what happens to the nucleotide when mercurials 
react with actin. Table III shows that 1 mm methylmercuric 
nitrate removes the bound ATP from G-actin. The effect 
depends on the time of reaction and is practically independent 
of the temperature. Under the same conditions, F-actin does 
not lose an appreciable amount of nucleotide. 
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TaBLeE II 
Reaction between N -ethylmaleimide and —SH groups in 
charcoal-treated and untreated G-actin 

Any contaminating F-actin was removed from G-actin by 
ultracentrifugation (see Experimental Procedure“). The G- 
actin, 3.9 mg per ml, was treated three times with 10 mg of char- 
coal per ml, pH 7, at 25° for 30 minutes. The control and the 
charcoal-treated actin were allowed to react with 2 mm N-ethyl- 
maleimide, pH 8.2 to 8.5, at 25° for 30 minutes. The actin was 
freed of excess N-ethylmaleimide by 3-fold isoelectric precipita- 
tion at 0°. Experimental controls showed that isoelectric pre- 
cipitations alone do not influence the —SH content of actin. All 
—SH determinations were performed simultaneously at the end 
of the experiment. 


Removal of Bound Nucleotide of Actin 


Sulfhydryl 
Actin Nucleotide Before After 
reaction with reaction with 
N-eth N-ethyl- 
ma 

mole 62,000 g actin moles/62,000 g actin 

D 0.87 4.67 2.74 

TABLE III 


Effect of methylmercuric nitrate treatment on bound 
nucleotide of G-actin and F-actin 

G-actin and F-actin, 4 mg per ml, were treated with 1 m 
CH;HgNO;, pH 7. (At this concentration CH;HgNO; does not 
absorb at 260 ma.) After the time indicated any freed nucleotide 
was removed by the addition of 5 mg per ml of charcoal and imme- 
diate centrifugation. The controls were treated identically 
except that no CH;HgNO; was added. The lower nucleotide 
content of the control G-actin compared with that of control 
F-actin is due to the removal of some bound nucleotide from 
G-actin by the charcoal. 


Nucleotide 
Temperature 
Treated | Control 
min C. mole 92,000 g actin 
G-actin 10 0 0.30 | 0.83 
60 0 0.11 0.83 
F-actin 10 0 0.82 0.91 
60 0 0.90 0.91 
G-actin 10 25 0.27 0.82 
60 25 0.06 0.79 
F-actin 10 25 0.83 0.86 
60 25 0.80 0.91 


When actin is treated with charcoal in the presence of mer- 
captans, it retains its characteristic properties (Table IV). 
Since the mercaptans used absorb strongly in the ultraviolet it is 
difficult to measure the nucleotide accurately in these samples. 
It seems, however, in the case of mercaptoethanol, that when 
the actin retains its characteristic properties the bound nucleo- 
tide is also retained. It appears from control experiments 
that the presence of these mercaptans does not prevent the 
binding of 0.2 mm ATP to charcoal. It was shown that the 
maintenance of the characteristics of actin is not due to poly- 
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merization. Mercaptoethanol and BAL were chosen for the» 


experiments because they do not contain salts which wou 
polymerize actin; care was taken furthermore that the system 
was maintained at a pH >7. To exclude the possibility thy 
these materials are acting by removing heavy metals from th 
charcoal, a control sample was run in which the charcoal wy 
washed with NaCN. This NaCN-washed charcoal remove 
nucleotides from actin to the same extent as untreated charecal 
This indicates that the effect of —SH-containing compounds ix 
not on the charcoal but on the actin itself. 


As can be seen from Table IV, after one treatment with 40 ng : 


of charcoal per ml at 0° in the absence of mercaptans, acti, 
loses to a great extent its ability to react with L-myosin both g 
high and low ionic strengths. Similar treatment in the presen 
of mercaptoethanol or BAL has almost no effect on the actin, 
Repeated treatment at higher temperature reveals that BAL 
gives much better protection than mercaptoethanol. Even after 
3-fold treatment with charcoal the protection given by BAL js 
almost complete. 

2. Role of Alkaline Earth Metals—Straub and Feuer (20) have 
suggested that Ca!“ is involved in the binding of ATP by G. 
actin. It was found, furthermore, that Mg“ increases the 
effect of ATP in protecting the —SH groups of actin agains 
mercurials (24). For this reason we have studied the effect 
of Ca++ and Mg“ on the charcoal treatment of actin (Table V. 
The Mg“ and Ca“ concentrations used, 0.1 mu, do not poly- 


TaBLe IV 
Protective effect of mercaptoethanol and BAL on charcoal 
treatment of G-actin 
Each charcoal treatment was 30 minutes at pH 7.2 to 7.4. 
The concentration of mercaptoethanol and BAL was 0.6 x 
with respect to —SH groups at the start of the experiment and 
0.04 N at the end of the experiment. The concentration of actin 
was 2.7 and 3.6 mg per ml. The 1L-myosin solution contained 
thioglycolate. 


No. of | Char- Tem- 
| | Activation of | AT? 
A sitivy 
mg/ml | °C — Pi/me 
D 0 0.34 108 
Without -—SH com- 

1 1 40 0 0.09 A 
Mercaptoethanol........ 1 40 0 0.33 97 
1 40 0 0.35 
25 0.38 119 
Without — 8H com- 

4 2 10 25 0.03 9 
Mercaptoethanol........ 2 10 | 25 0.16 3 
D 2 10 25 0.41 93 
Without —8H com- 

pounds 3 10 25 0.01 4 
Mercaptoethanol........ 3 10 | 25 0.11 20 
3 10 25 0.33 85 


* Since solutions containing BAL form a precipitate (probably 
oxidized BAL) after standing for some time, the protective effect 
of —SH-containing compounds was characterized by the specific 
reactions of actin with I- myosin, but not by determination of the 
viscosity of the polymerized actin. 
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merize G-actin. At this concentration the molar ratio of metal 
to bound ATP is 1.5:1. Table V shows that Ca“ has some 

ting effect on the removal of the bound ATP by charcoal. 
No such effect can be observed with Mg**. 

4 comparative study was also made of the effect of other 
bivalent cations at a 0.1 mu concentration. Mn“ gives the 
same protection as Ca. No protection was found with Co“, 
Fett, Ni, Cd“, and Zn whereas Cu“ enhanced the re- 
moval of the bound nucleotide. 

3. Reversibility of Nucleotide Removal by Charcoal—Based on 
these experiments an attempt was made to reverse the removal 
of the bound ATP. Because of the great lability of the —SH 
groups of G-actin, all experiments were done in ice baths and 
the time of charcoal treatment was kept to a minimum by using 
40 mg of charcoal per ml. In order to remove the nucleotide 
completely two such charcoal treatments, of 30 minutes each, 
were performed in rapid succession. Nevertheless, immediate 
addition of ATP (0.1 to 5 mm), BAL (0.05 Nn), and Ca“ (0.1 to 
2 mu) did not significantly reverse the removal of ATP. 

Good reversibility could be demonstrated, however, after a 
single charcoal treatment at 0° for 30 minutes. Table VI shows 
that in these samples the bound nucleotide is incompletely 
removed. When the nucleotide is reduced to approximately 0.5 
mole per mole of G-actin, addition of 0.1 mm free ATP partially 
restores the characteristic properties of actin. As can be seen 
from the activation of L-myosin ATPase by these samples, the 
addition of BAL and free ATP restores complete activity 
whereas the effectiveness of Ca!“ is questionable. The effect 
of BAL is not revealed by measurement of ATP sensitivity. 


Reaction of Nucleotide-free G-actin with 1-myosin 
at Low Ionic Strength 
In spite of the fact that the full removal of the bound ATP is 
irreversible, it was found that G-actin which contains no bound 
nucleotide still combines with L-myosin at low ionic strength 
(Table VII). In the table the binding of the nucleotide-free 
G-actin to L-myosin is compared with that of F-actin or G- 
actin containing all of its bound nucleotide. In the two ex- 


TABLE V 
Effect of Ca and Mg** on removal of bound ATP from 
G-actin by charcoal 
Charcoal treatment: 10 mg per ml at pH 7 and 25° for 30 min- 
utes. Actin concentration: 4.0 mg per ml. The CaCl: and MgCl; 
were added before the charcoal treatment. 


No. of treatments Nucleotide 
mole/62,000 g actin 
Control 0 0.94 
No metal 1 0.37 
2 0.05 
3 0.03 
CaCl, (0.1 mm) 1 0.68 
2 0.39 
3 0.13 
MgCl; (0.1 mx) 1 0.45 
2 0.12 
3 0.04 
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TABLE VI 
Reversibility of partial nucleotide removal from G-actin 
by charcoal 

G-actin, 3.9 mg per ml, pH 7.3, was treated with 20 (Experi- 
ment 1) and 40 (Experiment 2) mg of charcoal per ml at 0° for 30 
minutes. The charcoal was removed by rapid filtration through 
a fritted glass funnel, medium pore size, in the cold. Samples of 
the charcoal-treated actin were added immediately to test tubes 
containing the materials listed under Addition. The final 
concentrations were: ATP 0.1 mm, BAL 0.04 n, and CaCl; 0.1 mu, 
pH 7.4. These solutions were permitted to stand at room tem- 
perature for 2 hours in order to allow ample time for the BAL to 
react and then the actin was polymerized by the addition of salts; 
final concentrations were 0.1 u KCl; 1 mu MgSO,; and 0.02 u 
histidine, pH 7.0. All testing of the characteristic properties of 
these samples was done in the presence of the same concentration 
of BAL. Actin, 0.05 mg, was used in the activation of L-myosin 
ATPase in order to obtain maximal sensitivity. The ATP sensi- 
tivity was determined on actomyosin solutions which stood over- 
night in the cold in order to ensure that all free ATP was hy- 
drolyzed. 


Characteristic properties“ 
2 Addition Nucleotide Activation of en 
moles/62,000 g| Pi/mg 
actin 

1 0.52 0.09 62 
1 ATP 0.13 90 
1 ATP + BAL 0.23 93 
1 ATP + BAL + Ca 0.23 95 
2 0.43 0.11 44 
2 ATP 0.17 92 
2 ATP + BAL 0.19 89 
2 ATP + BAL + Ca 0.22 87 
Control (1.66) f 0.23 130 


* Characterized by the specific reactions of actin with L-myosin, 
but not by the viscosity of the polymerized actin for reasons 
mentioned in Table IV. 

t In the case of the control actin, not all of the free nucleotide 
was removed in order to ensure that the actin would be saturated 
with nucleotide. It was felt that this is a better standard with 
which to compare an actin which is partially depleted of its 
nucleotide. 


periments referred to in Table VII, each performed at two 
different actin concentrations, L-myosin bound 55% and 40% 
of the nucleotide-free G-actin, compared with 83% and 65% 
of the nucleotide-containing G-actin, whereas F-actin was bound 
to an extent of 93% and 85%. The degree of binding of the 
nucleotide-free G-actin to L-myosin is thus roughly 64% of that 
of G-actin or 52% of that of F-actin. This degree of binding 
is much higher than that which could be due to any undetected 
nucleotide. The specificity of this binding is indicated by the 
fact that serum albumin of a molecular weight similar to that 
of G-actin is not bound by t-myosin (Table VII). Control 
experiments have shown, furthermore, that nucleotide-free G- 
actin does not sediment at 25,000 x g in the absence of L-myosin. 

The preparation of the nucleotide-free actomyosin permits an 
attempt to answer the important question of whether or not the 
bound nucleotide of actin is involved in the enzymatic interac- 
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TaBLE VII 
Nucleotide content of actins and their binding to L-myosin 
at low ionic strength 

For preparation of the nucleotide-free G-actin, 4 mg per ml, 
G-actin solutions, which had been previously freed of any con- 
taminating F-actin by ultracentrifugation (see Experimental 
Procedure’’), were treated three times successively with 10 mg 
of charcoal per ml, pH 7, at 25°, for 30 minutes. The binding of 
actin to L-myosin was determined as described in Experimental 
Procedure. 


Protein 
ment Nucleotide —1 
* Added | Bound 
mg/40 mg L-myosin | % 
1 F-actin 0.92 4.87 4.52 93 
1 F-actin 0.92 9.32 7.98 86 
1 G-actin 0.92 5.18 4.06 79 
1 G-actin 0.92 10.09 | 6.75 67 
1 G-actin 0 (<0.03) | 5.02 2.61 52 
1 G-actin 0 (<0.03) | 9.83 | 4.02 41 
1 Serum albumin 9.65 0 (20.1) 0 
1 Serum albumin 19.46 0 (<0.1)} 0 
2 F-actin 0.95 5.04 4.69 93 
2 F-actin 0.95 8.96 7.40 83 
2 G-actin 0.95 5.75 4.99 87 
2 G-actin 0.95 9.69 5.97 62 
2 G-actin 0 (X0.03) | 5.12 2.92 57 
2 G-actin 0 (<0.03) 10.29 3.94 38 
TABLE VIII 


Nucleotide content of G-actins and their activating effect on L-myosin 
ATPase at low ionic strength 
The nucleotide-containing G-actin and the nucleotide-free 
G-actin used are those of Experiment 1 in Table VII. For deter- 
mination of the activating effect of actins on the L-myosin ATPase 
see Experimental Procedure. Note that the rate of ATP 
hydrolysis is referred to the L-myosin content. 


Nucleotide 7. 

me mole/62,000 g actin pmole/mg L-myosin/min 
0 0.03 
0.1 0.92 0.37 
0.2 0.92 0.39 
0.4 0.92 0.40 
0.8 0.92 0.36 
0 0.03 
0.1 0 (<0.03) 0.04 
0.2 0 (<0.03) 0.03 
0.4 0 (<0.03) 0.03 
0.8 0 (<0.03) 0.04 


tion between actin and L-myosin, assuming for reasons discussed 
below that the primary charcoal effect is on the bound ATP. 
In the experiment shown in Table VIII, we have added to a 
constant amount of L-myosin an increasing amount of nucleo- 
tide-containing G-actin and nucleotide-free G-actin and meas- 
ured the Mg**-activated ATPase activity of the actomyosins 
formed at low ionic strength. The table shows that the smallest 
amount of the control G-actin, 0.1 mg, forms the fully active 


Removal of Bound Nucleotide of Actin 
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Fig. 4. The effect of EDTA on the bound nucleotide content 
of G-actin and F-actin and on the Mg**-activated ATPase activity 
of actomyosin. G-actin and F-actin, 3 to 4 mg per ml, were 
treated at pH 7, 25° with EDTA concentrations, as indicated 
on the abscissa for 30 minutes. Any nucleotide released from the 
actin was removed by the addition of 10 mg of charcoal per ml 
followed by immediate centrifugation at high speed. 100% 
nucleotide content: G-actin = 0.74 to 0.82 mole/62,000 g; F-actin = 
0.87 to 0.95 mole/62,000 g. For the determination of the ATPase 


10°5 


activity, 0.4 mg of F-actin was added to 2.0 mg of L-myosin ina a 
final volume of 4.0 ml, 0.06 M in KCl, and 0.01 u in histidine buffer, — 


pH 7.0, containing EDTA as indicated on the abscissa, a 10-fold 
excess of MgSO, over the EDTA used, and the same concentra- 
tion of ATP as that of MgSO,. The ATPase activity of these 
samples was compared to that of samples in the absence of EDTA, 
but otherwise under identical conditions. 100% ATPase activity: 
at 5 X 10 to 5 X 10°? m MgATP*® = 0.29 — 0.26 umole of Pi per 
mg of actomyosin per minute; at 7.5 X 107? M MgATP*® = 0.33 
umole of Pi per mg of actomyosin per minute; and at 1 X 10° 
MgATP? = 0.20 umole of Pi per mg of actomyosin per minute. 
Nucleotide content: @——@, F-actin; O——O, G-actin; Mg“. 
activated actomyosin ATPase, & - - -X. 


Mg?*+-activated actomyosin ATPase, i.e. fully activates the 
L-myosin ATPase. An 8-fold increase of the actin concentra- 


tion does not increase the activating effect. These data are 


similar to the data obtained with F-actin (Fig. 1). On the 
other hand, the Mg“. activated ATPase activity of an acto- 
myosin formed from nucleotide-free G-actin is the same as that 
of the L-myosin component alone, regardless of how much actin 
was added to the myosin. The highest concentration of the 


nucleotide- free G-actin used, 0.8 mg, is well above the concen- 


tration necessary to saturate 1 mg of L-myosin with actin. 


Effect of Some Interaction Inhibitors on Bound Nucleotide 
of G-Actin and F-Actin 


It has been shown recently (25-27) that there are certain 
substances, called interaction inhibitors, which inhibit the ensy- 
matic interaction between actin and Lmyosin at low ionic 
strength by transforming the highly active Mg*+-activated 
actomyosin ATPase into the slightly active Mgt+-activated 


Lmyosin ATPase. The effect of these inhibitors seems thus 


very similar to the effect on the activation of the Lmyosin 
ATPase of the removal of the bound nucleotide from G-actin 
(Table VIII). The observation of this apparent similarity 
encouraged us to study the effect of these inhibitors on the 
bound nucleotide of actin. 

Fig. 4 shows the average results of three experiments on the 
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eflect of EDTA on the bound nucleotide content of G-actin 
and F-actin. EDTA treatment results in a loss of the bound 
qucleotide from G-actin to a degree which is dependent on the 
EDTA concentration. Under the same conditions, there is no 
loss of nucleotide from F-actin.* The figure shows furthermore 
wee inhibition of the Mg. activated actomyosin ATPase by 
EDTA‘; a 10-fold excess of Mg“ was used in order to ensure 
the specificity of the inhibition. It can be seen that the trans- 
formation of the Mg“ activated actomyosin ATPase into 
myosin ATPase follows a curve similar to the curve describing 
the removal of the bound ATP from G-actin. The concentra- 
tions in which EDTA causes the loss of the bound ATP from 
G-actin are in the same range as the EDTA concentrations 
which exhibit the inhibitory effect of EDTA on the Mg“ 
activated myofibrillar ATPase (30, 31), despite the difference of 
conditions in the two systems. 

The partial removal of the bound ATP from G-actin by EDTA 
is reversible. When G-actin (4 mg per ml) is treated with 
0.5 to 1 mu EDTA at 0° for 30 minutes it loses slightly more 
than one-half of its bound nucleotide. If the freed nucleotide 
is not removed from the actin solution (e.g. by charcoal), addi- 
tion of excess Ca restores the full ability of actin to polymer- 
ize and to activate the ATPase activity of L-myosin; the addition 
of Ca“ in an amount equivalent to the EDTA does not restore 
complete activity, but the addition of Ca“ and ATP in amounts 
equivalent to the EDTA does. The reversibility was deter- 
mined by the same methods used in the experiments described 
in Table VI. If one reduces the bound nucleotide content of 
G-actin below 50%, however, the reversibility is also reduced, 
and an almost complete removal of the bound ATP by EDTA is 
irreversible. 

Polyethylene sulfonate, another interaction inhibitor, has the 
same effect on the bound nucleotide of actin as EDTA. Table 
IX shows that increasing concentrations of polyethylene sulfo- 
nate affect the bound nucleotide content of G-actin but not 
that of F-actin. In the same concentration range polyethylene 

sulfonate inhibits Mg“ activated actomyosin ATPase (25). 
Prea, a third interaction inhibitor, also releases the bound 

ATP of G-actin but affects the bound ADP of F-actin only 
slightly (Table X). The effect on the bound ADP of F-actin 
occurs at urea concentrations above the concentration (0.5 m) 
at which urea transforms actomyosin ATPase into L-myosin 
ATPase (27). 

DISCUSSION 


It was shown that the bound ATP of G-actin can be removed 
by charcoal. Conditions were also found under which the 
partial removal of the bound nucleotide is reversible. Con- 
comitantly with the removal of its bound ATP, G-actin loses 
its ability to polymerize, to form actomyosin at high ionic 
strength, and to activate the ATPase activity of t-myosin at 
low ionic strength. Charcoal treatment of F-actin, on the other 


The effect of EDTA on the bound nucleotide of actin has 
recently been observed also by Grubhofer and Weber (28). 

Some time ago Perry and Grey (29) failed to show the inhibi- 

tion of the Mg**-activated synthetic“ actomyosin ATPase by 
EDTA. We have found that EDTA inhibits under the same 
conditions as the other interaction inhibitors (26, 27). 

This finding is in agreement with the previous observation that 
polyethylene sulfonate is bound by F-actin to a very small extent 
(6); the observation that polyethylene sulfonate is bound by 
L-myosin very strongly (26) does not imply that it cannot be 
bound by G-actin as well. 


M. Bardny, B. Nagy, F. Finkelman, and A. Chrambach 


2923 
TaBLe IX 
Effect of polyethylene sulfonate on bound nucleotide of 
G-actin and F-actin 


G-actin and F-actin, 3 mg per ml, were treated with poly- 
ethylene sulfonate as indicated, at pH 7, 25°, for30 minutes. Any 
nucleotide released from the actin was removed by the addition 
of 10 mg per ml of charcoal followed by immediate centrifugation 
at high speed. The lower nucleotide content of the control G- 
actin, as compared with that of control F-actin, is due to the re- 
moval of some bound nucleotide from G-actin by the charcoal. 


Nucleotide 
Polyethylene sulfonate 

G-actin F-actin 

moles, ¢ actin 
0 0.80 0.95 
1.5 X 10° 0.78 0.98 
1.5 X 0.32 0.87 
1.5 X 10° 0.08 0.88 

TaBLe X 


Effect of urea on bound nucleotide of G-actin and F-actin 

G-actin and F-actin, 2 mg per ml, were treated with urea, as 
indicated, at pH 7, 25°, for 30 minutes. Any nucleotide released 
from the actin was removed by the addition of 10 mg per ml of 
charcoal followed by immediate centrifugation at high speed. 
The lower nucleotide content of the control G-actin, compared 
with that of control F-actin, is due to the removal of some bound 
nucleotide from G-actin by the charcoal. 


Nucleotide 
Urea 
G-actin F-actin 

* moles/62,000 g actin 

0 0.74 1.02 
0.5 0.24 0.99 
1.0 0.16 0.67 
1.5 0.11 0.51 


hand, has no effect either on its bound ADP or on these proper- 
ties. On the basis of these data it can be concluded that the 
bound nucleotide is necessary for all the known characteristic 
properties of actin. Arguments against the alternative view 
that the effects of charcoal are primarily due to a reaction with 
the —SH groups of actin are presented below. 

The above conclusion derived from the work on charcoal- 
treated actin is in one respect at variance with that of Ulbrecht 
et al. (7), based on work with x-ray and isoelectrically precipi- 
tated actins, that the ability of actin for polymerization and 
its ability to activate the L-myosin ATPase are independent 
properties.”” This discrepancy might be explained as follows: 
(a) Ulbrecht et al. removed only one-half of the total bound ATP 
from G-actin whereas in our experiments all nucleotide was re- 
moved; (b) they used 0.11 to 0.25 mg of actin per mg of L-myosin 
for testing the activating effect of actin on the L-myosin ATP- 
ase. According to the data of Fig. 1 and Table VIII this amount 
of actin is in excess of that needed to obtain maximal activity, 
and therefore it can give full activation despite the 50% re- 
duction of the bound nucleotide content. 

The functional role of the actin-bound ATP in the activation 
of Lmyosin ATPase is supported, furthermore, by the fact that 
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the Mg**-activated ATPase activity of an actomyosin, pre- 
pared from G-actin freed of nucleotide by charcoal and L-myosin, 
is exactly the same as that of the L-myosin component alone 
(Table VIII). Under these conditions the loss of the activating 
effect of G-actin on the L-myosin ATPase cannot be due to the 
lack of actomyosin formation. 

The removal of the bound ATP from G-actin by charcoal is 
probably based on a shift to the right in the equilibrium which 
exists between ATP and G-actin: 


5 G-actin-ATP = G-actin + ATP 


Thus, any ATP dissociated from G-actin will be absorbed on 
the charcoal with the ultimate production of nucleotide-free 
G-actin. The dissociation of the G-actin-ATP complex has 
been suggested first by Straub and Feuer (20), and recently 
by Asakura (11) and Grubhofer and Weber (28). This idea is 
also in agreement with the results of Martonosi, Gouvea, and 
Gergely (4) that C-labeled ATP exchanges with ATP bound to 
G-actin. The possibility that the primary action of charcoal is 
on the —SH groups of G-actin-ATP and that the release of 
ATP is a secondary event cannot be excluded. However, in 
such a case one would not expect a specific decrease in the num- 
ber of those titratable —SH groups which appear necessary for 
polymerization of actin (Table II) but a rather random decrease 
of all —SH groups. It seems unlikely that charcoal would be 
sterically hindered from reacting with a certain number of 
—SH groups while the same —SH groups were free to react 
with N-ethylmaleimide. 

Another argument against the view that the reaction of char- 
coal with —SH groups is primary and that with bound ATP 
it is secondary is based on the time lag between nucleotide re- 
moval and the decrease in the number of titratable —SH groups 
of actin. This time lag becomes apparent from a comparison 
of Tables I and II. The comparison shows that after 3-fold 
charcoal treatment for 90 minutes the —SH content of actin 
drops from approximately 3.5 to about 2.5 when this reaction 
time is followed by an additional hour of reaction (under the 
conditions of isoelectric precipitation which by themselves 
have no effect on the —SH groups of actin). 

G-actin is very labile in the absence of its bound nucleotide. 
Nevertheless, one can find conditions under which the removal 
of the bound ATP is still reversible (Table VI). It was shown, 
furthermore, that the reversibility is limited to a short time 
because of the rapid inactivation of the G-actin freed of nucleo- 
tide by charcoal. The same inactivation was found after 
removal of the bound ATP by Dowex 1 (11, 28). It appears 
that the removal of the bound ATP by charcoal produces an 
irreversible change only in a limited site of the G-actin molecule 
since the nucleotide-free G-actin still combines with L-myosin 
at low ionic strength. This finding is in agreement with that 
of Asakura (11) that inactivation of G-actin, due to the loss 
of its bound ATP, is accompanied by a small enthalpy change; 
it is likewise in agreement with studies made in the analytical 
ultracentrifuge by K. Bäräny,“ which showed no difference 
between charcoal-treated and charcoal-untreated G-actin. 

Among the factors which seem to influence the binding of 
ATP to G-actin are the —SH groups of actin. When the bound 
ATP of G-actin is removed by charcoal, those —SH groups of 
G-actin which appear necessary for polymerization are no 
longer titratable. Conversely, when the —SH groups of G-actin 


K. Barany, personal communication. 


Removal of Bound Nucleotide of Actin 


Vol. 236, No. 1 


are blocked by methylmercuric nitrate its bound nucleotide jg 
released. But F-actin, in which certain —SH groups do not 
react with mercurials (23), does not lose an appreciable amount 
of nucleotide when treated with methylmercuric nitrate. Mer. 
captans protect the characteristic properties of G-actin against 
charcoal treatment, probably by keeping its —SH groups in 
their reduced form. Thus, certain —SH groups either stabilize 
the configuration of G-actin, necessary for ATP binding, or they 
are directly involved in the actin-ATP bond. 

Another factor which might contribute to the G-actin-ATp 
bond is Ca“. This was first suggested by Straub and Feuer 
(20) and is favored by recent findings of this laboratory that 
purified, dialyzed, and cation exchange resin-treated G-actin 
preparations contain calcium in nearly the same molar amounts 
as the bound nucleotide (32). Table V shows that Ca“ has 3 
protective effect on the charcoal removal of the bound ATP, 
and a similar effect on a G-actin solution treated with Dowex | 
was reported by Asakura (11). Recent results of Martonosj 
(33) and Strohman (34) also indicate a possible participation of 
calcium and sulfhydryl groups in the binding of ATP to G-actin, 

Special interest was devoted to a study of the effect of inter. 
action inhibitors on the bound nucleotide of actin. These 
specific inhibitors of the Mg*t-activated actomyosin ATPase 
release the bound ATP of G-actin but not the bound ADP of 


F-actin. The three different substances tested, EDTA, poly- 


ethylene sulfonate, and urea, cause a loss of the bound ATP 
from G-actin in the same concentration range in which they 
inhibit the Mg*t-activated actomyosin ATPase, despite other- 
wise different ionic conditions. It remains to be shown whether 
this relationship reflects any role of the bound nucleotide of 
actin in the action of the Mg!“ -activated actomyosin ATPase. 


SUMMARY 


The bound ATP of G-actin can be removed by repeated char- 
coal treatment. Concomitantly with the removal of its bound 
nucleotide, G-actin loses its ability to polymerize, to form 
actomyosin at high ionic strength, and to activate the adenosine 
triphosphatase activity of L-myosin at low ionic strength. Simi- 
lar treatment of F-actin has no effect either on its bound adeno- 
sine diphosphate or on these properties. 

A relationship is indicated between certain sulfhydryl groups 
and the bound nucleotide of actin: (a) when the bound adenosine 
triphosphate (ATP) of G-actin is removed by charcoal the 
sulfhydryl groups which appear necessary for polymerization 
are no longer titratable; (b) mercaptans protect the charactens- 
tic properties of G-actin against the effect of charcoal; ( 
methylmercuric nitrate removes the bound ATP of G-actin 
but not the bound adenosine diphosphate of F-actin. 

Cat+ protects, to some degree, the bound ATP of G-actin 
against the effect of charcoal. No such protection was observed 
with Mg“. 

Partial removal of the bound ATP from G-actin can be te- 
versed by the addition of free ATP and dimercaptopropanol. 
Complete removal of the bound ATP is irreversible. 

Nucleotide-free G-actin combines with L-myosin at low ionic 
strength, forming a nucleotide-free actomyosin. The Mg“ 
activated ATPase activity of the nucleotide-free actomyosin is 
exactly the same as that of the L-myosin component alone, 
even if the myosin is fully saturated with actin. 

Interaction inhibitors, such as ethylenediaminetetraacetate, 
polyethylene sulfonate, and urea, which specifically transform the 
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Mg**-activated actomyosin ATPase into L-myosin ATPase, do 
not affect the bound adenosine diphosphate of F-actin but remove 
the bound ATP from G-actin. 


Note Added in Proof—Since this paper has been submitted for 

ication, Martonosi and Gouvea (35) have reported, in agree- 

ment with our findings, that mercurials and chelating agents in- 
hibit the binding of ATP to G-actin. 


REFERENCES 


I. Biriny, M., Naey, B., Finkecman, F., anp CuRamBacu, A., 
Federation Proc., 20, 298 (1961). 

9 STROHMAN, R. C., Biochim. et Biophys. Acta, 32, 436 (1959). 

3. Yaci, K., AND Nona, L., Biochim. et Biophys. Acta, 48, 249 

1960). 

4. A., Gouvea, M. A., AND Gerce J., J. Biol. 
Chem., 286, 1700 (1960). 

5. Martonos!, A., Gouvea, M. A., anp GERGELX, J., J. Biol. 
Chem., 236, 1707 (1960). 

6. N. A., AND Mt'urap, A., Acta Phys. Acad. Sci. Hung., 
18, 95 (1960). 

7. UtprecuT, M., Grusuorer, N., JaistE, F., S., 
Biochim. et Biophys. Acta, 46, 443 (1960). 

8. Mommarrts, W. F. H. M., J. Biol. Chem., 188, 559 (1951). 

9. v, M., ano BARAny, K., Biochim. et Biophys. Acta, 36, 
293 (1959). 


J. Havasu, T., ano Tsusor, K. K., Federation Proc., 19, 256 


(1960). 

Ul. Asakura, S., Arch. Biochem. Biophys., 92, 140 (1961). 

E. Kay, C. M., Biochim. et Biophys. Acta, 43, 259 (1960). 

13. PortzeEnL, H., Scunauu, G., AxD Weber, H. H., Z. Natur- 
forsch., 5b, 61 (1950). 

U. Weser, H. H., anp Portzent, H., in M. L. Anson (Editor), 


. Bardny, B. Nagy, F. Finkelman, and A. Chrambach 


15 
16 


17. 
18. 


te 
— 


SSS SESS AK EB 


2925 


Advances in protein chemistry, Vol. 7, Academic Press, Inc., 
New York, 1952, p. 161. 
. HasseisBacn, W., Z. Naturforsch., 7b, 163 (1952). 
. Rocxstein, M., anp Herron, P. W., Anal. Chem., 28, 1500 
(1951). 
Fiske, C. H., ann SvussaRow, J., J. Biol. Chem., 66, 375 
(1925). 
A., BAD AWII L, C. J., anp Davip, M. M., J. Biol. 
Chem., 177, 751 (1949). 
Katcuausk!, E., Bensamin, G. S., Gross, V., J. Am. 
Chem. Soc., 79, 4096 (1957). 
. Straves, F. B., ano Fever, G., Biochim. et Biophys. Acta, 4, 
445 (1950). 


. Kuscutnsxy, G., ano Tursa, F., Biochim. et Biophys. Acta, 


6, 426 (1951). 

Tsao, T. C., ann Batter, K., Biochim. et Biophys. Acta, 11, 
102 (1953). 

BArAny, M., Biochim. et Biophys. Acta, 19, 560 (1956). 


. BAnAN T, M., Sprr6, J., KOTEvEs, G., anp Naey, E., Acta 


Phys. Acad. Sci. Hung., 10, 159 (1956). 

BArAny, M., AND JaisLx, F., Biochim. et Biophys. Acta, 41, 
192 (1960). 

BAr4ny, M., anv BARAny, K., Biochim. et Biophys. Acta, 41, 
204 (1960). 

BArAny, M., BArAny, K., ano Trautwein, W., Biochim. et 
Biophys. Acta, 46, 317 (1960). 


. GruBnorer, N., ano Weser, H. H., Z. Naturforsch., in 


press. 
Perry, S. V., anv Grey, T. C., Biochem. J., 64, 5P (1956). 
Perry, S. V., anv Grey, T. C., Biochem. J., 64, 184 (1956). 


. BxNDALL, J. R., Arch. Biochem. Biophys., 73, 283 (1958). 


CuramBacu, A., BAriny, M., ano FInKELMAN, F., Arch. 
Biochem. Biophys., 98, 456 (1961). 

Martonos1, A., Federation Proc., 20, 298 (1961). 

STrRouMAN, R. C., Federation Proc., 20, 299 (1961). 

Martonos!, A., AND Govuvea, M. A., J. Biol. Chem., 236, 
1345 (1961). 


ide is 
unt 
Mer. 
ps in 
bilize 
ther 19 
ATP | pS 20 
Feuer | 
that 
actin | 
bunts | 
las a | 
ATP, | 
vex] | 
ono 
on of 
actin. 
nter- 
hese 
Pase 
P of 
ATP 
they | 
ther- 
ether 
le of 
Pase. 
char- | 
ound 
form | 
psine 
leno- | 
wine | 
the | 
ition 
eris- 
tin | 
ctin 
rved 
te- 
nol. 
onic 
in is 
one, 
tate, 
the 


Tue Journat or CHEMISTRY 
Vol. 236, No. 11, November 1961 
Printed in U.S.A. 


The Chemistry of the Bohr Effect 
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Hemoglobin H is of particular interest since it consists only of 
8 chains (1). This abnormal hemoglobin, therefore, presents a 
unique opportunity for investigating the influence of a-8 chain 
interactions on some of the structural and functional properties of 
hemoglobin. 

The hemoglobin H used for these studies was obtained from 
two patients. The first patient, L. G., was a 25-year-old woman 
of Negro and American Indian ancestry. The second patient, 
N. H., was a 51-year-old woman of Chinese ancestry. The 
evidence that the hemoglobin H of both of these patients is 
identical with hemoglobin H studied by others is summarized 
below. 

1. Patient L. G. had a moderate microcytic hypochromic 
anemia; after incubation with brilliant cresyl blue, the erythro- 
cytes showed characteristic inclusion bodies (2). Patient N. H. 
had been aware of anemia for many years and underwent a 
splenectomy at age 35; after incubation with brilliant cresy] blue, 
her erythrocytes showed the giant inclusion bodies noted in 
other patients with hemoglobin H who have undergone splenec- 
tomy (3). 

2. A family study of patient L. G. showed an absence of 
hemoglobin H in both parents. This is usually the case in this 
disease. Examination of the cord blood of the baby of L. G., in 
April 1961, revealed Bart’s hemoglobin (four y chains). 

3. Starch granule electrophoresis at pH 8.6 in barbital buffer 
revealed an abnormal rapid hemoglobin component in both L. G. 
and N. H. This component comprised 6 to 10% of the total 
pigment in L. G. and 35 to 40% in N. H. At pH 6.5 the abnor- 
mal hemoglobin from both patients migrated toward the anode 
only hemoglobin H exhibits this property (2). 

4. The amino acid composition of globin prepared from 
hemoglobin H of each patient was compared with that reported 
by Hill and Craig (4) and by Braunitzer et al. (5) for isolated 
841 chains as shown in Table I. 

As can be seen from these analyses, the correspondence between 
the composition of the hemoglobin H from the two patients and 
that of 84 chains is indeed very close. An exception is the oc- 
currence of small amounts of isoleucine. It is unlikely that this 


is due to the presence of a small peptide which could be mistaken | 


for isoleucine, since the amount of this material was not di- 


* A preliminary report of these studies was presented at the 
meeting of the Federation of American Societies for Experimental 
Biology at Atlantic City, April, 1961. 

t Established Investigator of the American Heart Association. 

1 The symbol used is: A, normal adult human hemoglobin. 


minished after 72-hour hydrolysis. Since the amount of isp 
leucine found in the hemoglobin H from the two patients differs 
markedly and amounts to less than one-half a residue per chain 
in the case of N. H., it is probable that isoleucine represents ap 
impurity rather than a substitution. Impurities of isoleucine 
have been encountered previously in hemoglobins separated by 
starch electrophoresis (7). 


EXPERIMENTAL PROCEDURE 


Methods 


Isolation of Hemoglobin H—Erythrocytes were washed five 
times with 0.9% sodium chloride solution and lysed by the 
addition of 2 volumes of water and 0.5 volume of toluene. After 
high speed centrifugation, the hemolysates were subjected to 
starch granule electrophoresis in phosphate buffer, pH 7.5, ionic 
strength 0.1, for 16 hours. 

Under certain conditions, the hemoglobin H split into two 
components on electrophoresis. This has also been described 
recently with several cases of hemoglobin H by Silvestroni, 
Bianco, and Muzzolini (8). The results of an investigation of 
this phenomenon will be reported in a separate communication. 

The instability of hemoglobin H made it necessary to complete 
all measurements within 24 to 48 hours after withdrawal of the 
blood from the patient and to perform the isolation and con- 
centration at 4°. The hemoglobin components were eluted 


from the starch either with water or with 0.1 N phosphate buffer, 
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pH 7.0. The hemoglobin concentration of the eluates was tuo 


approximately 0.1%. When required, more concentrated 


solutions (up to 1%) were prepared by ultrafiltration through — 


collodion bags, 5 my porosity, Schleicher & Schuell Company. 


Protein concentration was determined spectrophotometrically by 
conversion to cyanomethemoglobin, with a molar extinction 
coefficient of 4.6 « 10‘ at 540 my. 

Determination of Reactive SH Groups The SH groups of 
hemoglobin fall into two sharply defined categories in their 
reactivity with a variety of reagents. The methods given below 
were choser because, under the conditions described, only the 
reactive —SH groups are determined. 

1. Titration with p-mercuribenzoate at pH 7.0 (9): The high 
absorption of hemoglobin at 250 mu makes it desirable to us 
hemoglobin itself as a blank for this titration. This can be done 
most effectively by using hemoglobin in which the —SH groups 
have been irreversibly blocked by alkylation. In this cast, 
p-mercuribenzoate can be added to both cells and titratio 
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curves such as those shown in Fig. 1 are obtained. The alkylated 
hemoglobin was prepared from hemoglobin A by the reaction of 
36.6 X 10 M solution with a 10-fold molar excess of iodoacet- 
amide for 5 hours at pH 8.0 followed by exhaustive dialysis. 

The titrations were performed by placing 1 ml of hemoglobin H 
(-M in 0.1 u phosphate buffer pH 7.0) in one cuvette and 1 ml 
of alkylated hemoglobin of approximately the same concentration 
in the other and adding 8 X 10~‘ M p-mercuribenzoate in 0.02-ml 
increments to both. The measured difference in optical density 
was plotted as a function of the amount of p-mercuribenzoate 
added, as shown in Fig. 1. 

(2) Reaction with iodoacetamide: This reaction was followed 
by measuring the acid liberated at pH 7.30 as described pre- 
viously (10). 

3. Reaction with N-ethylmaleimide: The method used for 
determining the binding of N-ethylmaleimide by hemoglobin H 
was identical with that described earlier (10). 

Determination of Oxygen Dissociation Curves—The method was 
essentially that of Wyman, Guthe, and Allen (11) except that, 
because of the dilute solutions used, per cent oxygenation was 
measured at 560 my. 

Measurement of Bohr Effect—For this purpose both the dif- 
ferential titration method described previously (10) and the 


determination of the oxygen dissociation curve as a function of 
| pH value were used. 


Amino Acid Analyses—Globin was prepared by the method of 
Three to 5-mg samples of the dried 
protein were hydrolyzed as described by Hirs, Stein, and Moore 
(13). Aliquots of the hydrolysates were analyzed for their 
nitrogen content by Kjeldahl and their amino acid composition 
was determined in a Beckman/Spinco model 120 amino acid 
analyzer. 
RESULTS AND DISCUSSION 


The hybridization experiments of Jones et al. (1) and the 
analyses reported in this paper seem to establish beyond reason- 
able doubt that hemoglobin H consists of 84 chains only. Rigas 
has recently determined the molecular weight of hemoglobin H 
by sedimentation and diffusion and found it not to differ signifi- 
cantly from that of hemoglobin A. We have found a molecular 
weight of 69,000 by sedimentation equilibrium for the hemoglobin 
H isolated from patient N. H. This, therefore, confirms Jones’ 
(ij formulation of hemoglobin H as four 8“ chains. 

Normal adult human hemoglobin (Hb A), which consists of 
two al chains and two 84 chains, contains six cysteine residues 
(14), two on the a chains and four on the 8 chains (4). In the 
native protein only two of the —SH groups are reactive (cf. 
Table II) and these are located on the 8 chains (15). Each a 
chain) therefore, carries one unreactive SH group and each f 
chain one unreactive and one reactive —SH group. 

The number of reactive —SH groups in hemoglobin H (four 
84 chains) was, therefore, determined by three different methods 
with the results shown in Table II. It is apparent that all the 
—SH groups present are fully reactive, i.e. that each 8 chain 
contains two reactive —SH groups. The unreactive nature of 
one —SH group on each g chain in hemoglobin A thus seems to 
be related to the presence of the a chains. It is therefore 
possible that these —SH groups are unreactive in hemoglobin A 
because they are concerned in interchain bonding. Support for 
this hypothesis derives from the fact that p-mercuribenzoate 


D. A. Rigas, personal communication. 
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I 
Number of residues per 16,000 g 

Isolated 8 chain Hemoglobin H 
et al. (3) Craig (a) L. G. N. H. 
11 10.6 12.1 J 12.1 
a 9 8.6 7.6 7.6 
D 3 3.2 3.3 2.6 
Aspartic acid................ 13 12.0 12.8 | 12.3 
eee 7 6.3 6.4 6.6 
D 5 4.4 5.0 4.3 
Glutamic acid............... 11 9.7 11.6 | 10.6 
8 6.8 6.2 5.9 
n 13 12.0 11.8 | 12.0 
( 16 13.5 13.6 | 14.3 
2 1.8 2.0 2.0 
19 17.0 15.0 | 15.6 
Isoleucine................... 0 0 1.2 0.4 
D 19 18.1 15.8 | 17.5 
3 2.6 2.6 2.8 
Phenylalanine............... 8 7.7 7.1 7.5 

Tryptophan 2 2.0 1.7° 1.8“ 


* Tryptophan was determined spectrophotometrically (6) on 
the isolated globin. 
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mi p-mercuribenzoate 


Fie. 1. Sulfhydryl groups of hemoglobin H and hemoglobin A 
from patient L. G. O——O, 1.0 ml of 1.5 X 10-* M hemoglobin H 
in 0.1 m phosphate buffer, pH 7.0; @——@, 1.0 ml of 1.5 X 10 u 

in A in 0.1 m phosphate buffer, pH 7.0. Titrated with 
8.0 X 10 M p-mercuribenzoate. 


reacts with the unreactive —SH groups of hemoglobin A only 
under conditions where a- dissociation is known to occur, i.e. 
below pH 5. This is reminiscent of the findings of Madsen and 
Cori (16) with the enzyme phosphorylase. 

The oxygen dissociation curves of hemoglobins A and H are 
shown in Fig. 2. It should be stressed that both components 
were always isolated from the same blood sample by electro- 
phoresis on a single starch block. Three major differences are 
apparent: (a) There is an enormous difference in the 
affinity of the two hemoglobins (approximately 12-fold). (6) 
The oxygen dissociation curve of hemoglobin H shows greatly 
reduced heme-heme interaction. The interaction constant n, 
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TaBLE II 
Reactive —SH groups in hemoglobin components of patient L. G. 


Chemistry of Bohr Effect. II 


Reactive —SH groups/68,000 g 


Hemoglobin A.................. 2.3 2.1 2.1 
Hemoglobin l 7.9 

Hemoglobin H................. 7.5 

Hemoglobin H................. 7.0 7.0 
Hemoglobin H................. 8.0 

Hemoglobin H................. 8.0 

* At pH 7. 


t Amount added: 5 moles per mole of Hb A and 29 moles per 
mole of Hb H. 

t Amount added: 10 moles per mole of Hb A and 20 moles per 
mole of Hb H. 


log pO2 — 


Fig. 2. Oxygen dissociation curves of hemoglobin — 
of subject N. H. The hemoglobins used for these experiments 
were derived from a single starch block. O——O, pH 7.30, 0.1 
u phosphate buffer; @——®@, pH 6.88, 0.1 u phosphate buffer. 


TABLE III 
Bohr effect of hemoglobin components of patient L. G. 
The Bohr effect was determined by the differential titration 
method (10). 


Protein pH Value | Bohr effect 
Hemoglobin 7. 00 0 
7.30 2.4 
found to be 
rom Hill’s eq Tr was 


1.3 for the hemoglobin H and 2.7 for the hemoglobin A. (c) 
Fig. 2 as well as the data in Table III show that hemoglobin H 
has no Bohr effect, whereas the Bohr effect of the hemoglobin A 
from the same subject is 2.4 protons per mole. 

These findings lead to several interesting conclusions: 

1. The absence of a Bohr effect in hemoglobin H provides 
further evidence for Wyman and Allen’s conclusion (17) that the 
change in the electronic structure of the iron, which accompanies 
oxygenation, is quite insufficient to account for the Bohr effect. 


Vol. 236, No. 1) 


Thus, changes in the conformation of the protein must be th 
reason for the change of pK value with oxygenation. 

2. Since the 8 chains in hemoglobin A have been shown tp 
make approximately the same contribution to the Bohr effect à 
the a chains (10), the absence of a Bohr effect in a hemoglobin 
which consists only of 8 chains suggests that interactions h | 
tween a and B chains are essential for the change in conformation 
responsible for the Bohr effect. 

3. The absence of “heme-heme interactions” in hemoglobin I 
likewise indicates that a- chain interactions, rather than direct 
interaction between the hemes, play an important role in de. 


termining the sigmoid shape of the oxygen dissociation curve oj | _ 


hemoglobin A. The very high over-all oxygen affinity | 
hemoglobin H also points to decreased interaction between the 
chains in this hemoglobin. These conclusions are in excellent 
agreement with the results of Rossi-Fanelli, Antonini, and Caputo 
(18) who found that hemoglobin A in increasing concentrations 
of urea shows a progressive loss of heme-heme interaction and an 
increase in the over-all oxygen affinity. In 6 M urea both the 
position and the shape of the oxygen dissociation curve of 
hemoglobin A are almost identical with those of hemoglobin H 
without urea (Fig. 2). 

4. It should be recalled that the blood of patients with hemo. | 
globin H disease is composed mostly of hemoglobin A. It js ö 
obvious that a hemoglobin with such gross functional abnor- 
malities as hemoglobin H could not occur as the sole hemoglobin 
component, since under physiological oxygen tensions, its oxygen _ 
would be unavailable to the tissues. ; 


SUMMARY 


An investigation of hemoglobin H which consists of four 9 
polypeptide chains showed that: 

1. The number of reactive —SH groups is two per 8 chain 
(i.e. eight per mole), although the same 8 chains in hemoglobin 
A contain only ove reactive —SH group per chain. 

2. Hemoglobin H has no Bohr effect. 

3. Its oxygen affinity is approximately 10 times that of hemo- 
globin A and its oxygen dissociation curve shows no evidence 
of heme-heme interaction. This behavior is duplicated by 
hemoglobin A in 6 M urea as shown by Rosi-Fanelli et al. 

4. It is concluded that interactions between q and 8 chains 
are essential for the normal oxygen affinity of hemoglobin A 4s 
well as for the variation of this parameter with oxygenation and 
pH value. 


Acknowledgments—The authors are grateful to Drs. Paul 
Reznikoff and Ralph Engle who referred patient N. H. for 
study, and to Mr. Anatol Morell who suggested the ultrafiltra- 
tion method. 

This work was supported by grants from the National Science 
Foundation, and the National Heart Institute (H-2733), United 
States Public Health Service; by Grant A-4502 from the National 
Institute of Arthritis and Metabolic Diseases, United States 
Public Health Service, and by Grant (Contract U-1039) from 
the Health Research Council of New York City. 

REFERENCES 
1. Jones, R. T., Scoroeper, W. A., Baoa, J. E., 
crap, J. R., J. Am. Chem. Soc., "81, 3161 (1959). 
2. Rigas, D. A., Koln, R. D., AND Osgoon, E. E., J. Lab. Clin. 


Med., 47, 51 (1956). 
3. LEHMAN, H., anp Acer, J. A. M. in J. B. WyNGAARDEN (Edi. 


anp VINO- 


838 0 


x. 
— — 5 
E 
Y 
0. H A 
0-2 
- 


No. Ii] November 1961 R. E. Benesch, H. M. Ranney, R. Benesch, and G. M. Smith 2929 


be the tor), The metabolic basis of inherited disease, McGraw-Hill 11. Wyman, J., In., Gurnue, K. F., anp ALLEN, D. W., J. Biol. 
Book Company, Inc., New York, 1960, p. 1117. Chem., 187, 393 (1950). 

own t 1. Hite, R. J., anp CratG, L. C., J. Am. Chem. Soc., 81, 272 12. Anson, M. L., anp Minsxr, A. E., J. Gen. Physiol., 18. 469 
(1959). (1930). 

fect a 3 BrauniTzer, G., HitscuMann, N., Hits, K., Lresoup, B., 13. Hins, C. H. W., Srey, W. H., anv Moonx, S., J. Biol. Chem., 

oglobin — R., Z. physiol. Chem., Hoppe-Seyler’s, $22, 211, 941 (1954). 

ons be. ; | 14. Corn, R. D., Stern, W. H., Moonx, S., J. Biol. Chem., 

Mation 6. GOODWIN, T. W., anp Morton, R. A., Biochem. J., 40, 628 233, 1359 Geen. 2 8 
(1946). 15. RIO, A., anv WELLS, M., Federation Proc., 19, 78 (1960). 


7. Srein, W. H., Kunxet, H. G., Col x, R. D., Spackman, D. H., 
obin N AND Moore, 8., Biochim. et Biophys. Acta, 24, 640 (1957). 16. N. B., AND Cort, C. F., J. Biol. Chem., 223, 1055 


8. SitvesTRONI, E., Branco, I., anp Muzzo.int, M., Policlinico, 17. Wyman, J., In., AND A P. w., J. Pol Sei., 7, 499 


— F. B. * Chem. Soc., 78, 4331 (1954) (1951) 
9. Borer, P. D., J. Am. „ 16, 
urve | 0. Bexescu, R., Aub Benescu, R. E., J. Biol. Chem., 286, 405 18. Rossz-FAxRLLI, A., Ax roxIxI, E., anp Caputo, A., Arch. 


üty of (1961). Biochem. Biophys., 86, 540 (1959). 


den the | 
cellent | 
Caputo 
rations | 
and an 
the 
irve of | 
obin H 
-hemo- 
It 
abnor. 
oglobin 
oxygen 
our 9 | 
chain 
globin | 
hemo- 
ridence 
ed by 
chains 
nA 
on and 
Paul 
H. ſor 
afiltra- 
Science 
United 
ational , 
States 
) from 
Vino- 
b. Clin. 


Tue JouxxAL or Brotogica, CHEeMIsTRY 
Vol. 236, No 11, November 1961 
Printed in U.S.A 


The Spectrophotometric Determination of the Operational 
Normality of an q-Chymotrypsin Solution“ 


GREGORY R. SchoxBAUu, f Burt ZERNER, AND Myron L. BENDERT 


From the Departments of Chemistry, Illinois Institute of Technology, Chicago 16, Illinois and Northwestern 
University, Evanston, Illinois 


(Received for publication, May 12, 1961) 


The procedures employed in the determination of the specific 
activity of a solution of a-chymotrypsin have been elegantly 
summarized and evaluated by Laskowski (2). These methods 
involve the determination of the rate of a reaction catalyzed by 
a-chymotrypsin, with either “natural” or “synthetic” substrates. 
For these rate measurements the concentration of protein deter- 
mined by ultraviolet absorption spectrophotometry is ordinarily 
employed. 

Let us assume that we have a solution of 100% pure (active) 
a-chymotrypsin. Given the molecular weight of the enzyme 
and the number of active sites per molecule, we can establish a 
standard which is directly related to the molar concentration of 
the active sites of a-chymotrypsin (i. e. the operational normality 
of the solution). We can relate the activity of a test solution of 
a-chymotrypsin to that of the pure enzyme by means of a stand- 
ard rate assay, and, hence, estimate the molar concentration of 
active sites. We could further relate the absorption of a test 
solution of a-chymotrypsin to that of the pure enzyme by means 
of the standard absorption spectrum. However, this procedure, 
although convenient and widely used, necessarily requires a pure 
(active) enzyme preparation free from ultraviolet absorbing 
contaminants for the above extrapolation to be made. Absorp- 
tion spectrophotometry can therefore give no idea of the opera- 
tional normality of an enzyme solution. 

The results obtained by the rate assay described above are 
necessarily dependent on the uncertainties of the standardization. 
The number of active sites per molecule of a-chymotrypsin is 
known to be one with some certainty (3), and the molecular 
weight of the enzyme is probably not far from 24,800 (4-10). 
The accuracy of the determination of the enzyme normality, 
however, is limited by uncertainties in the molecular weight and 
in the enzyme purity, as well as uncertainties due to the large 
number of variables in the rate assay that must be controlled 
(temperature, ionic strength, cofactors, inhibitors, activators, 

etc.). Therefore, any simple analytical procedure which obviates 


* Paper VIII in the series, The Mechanism of Action of Proteo- 
lytic Enzymes. Presented at the 140th meeting of the American 
Chemical Society, Chicago, Illinois, September, 1961. The previ- 
ous paper is by Bender and Zerner (1). This research was sup- 
ported by Grant H-5726 of the National Institutes of Health. 

f Present address, Johnson Research Foundation, University of 
Pennsylvania, Philadelphia, Pennsylvania. 

t Alfred P. Sloan Foundation Research Fellow. Present ad- 
dress, Department of Chemistry, Northwestern University. 

1 Specific activity is defined for the present purpose as the 
activity per unit weight of total protein solids under certain 
standard conditions. If the activity of the pure enzyme is known, 
the purity of the enzyme preparation may be estimated. 


a knowledge of the molecular weight and purity of the enzyme, 
or both, under all conditions, and minimizes the number of reae. 
tion variables is to be preferred as a standard. 

Such a method is a direct spectrophotometric titration, de- 
scribed here, which determines simply, rapidly, and accurately 
the operational normality of a-chymotrypsin solutions. The 
titration exploits the observation that a relatively stable acyl-a- 


chymotrypsin compound, trans-cinnamoyl-a-chymotrypsin, can 


be formed at pH 5 (11-14); N-trans-cinnamoylimidazole is em- 
ployed as the acylating agent. 


O 
+ Chymotrypsin—H — 


0 
& \/ 

If we assume that 1 molecule of N-trans-cinnamoylimidazole re- 
acts with one active site of the enzyme, i.e. that the active site is 
monofunctional, the operational normality of the enzyme is given 
directly. Thus, this titration of active sites does not depend on 
the purity, molecular weight,? or number of active sites per 
molecule of the enzyme. Since it is known that a-chymotrypsin 
contains one active site per molecule, as has been shown in phos 
phorylation studies (3), the operational normality determined in 


this titration can be translated directly into molarity. The acyla- — 


tion takes place rapidly and quantitatively. Inactive protein 
does not interfere and the titration may be carried out in the 
presence of the zymogen activator, trypsin. Duplicate titra- 
tions, generally agreeing to 1% can be performed in approxi 
mately 15 minutes. The estimated accuracy of the procedure 
on a routine basis is +2%. 


EXPERIMENTAL PROCEDURE 
Preparation and Standardization of Reagent.—A solution of 
einnamoyl chloride (Eastman Kodak Company, white label; 
1.7 g; ~10 mmoles) in 20 ml of dry benzene was introduced 
during 10 to 15 minutes into a cooled suspension of imidazole 


(Eastman Kodak Company, white label; 1.4 g; ~20 mmoles) 


in 80 ml of dry benzene. The reaction mixture was vigorously 
stirred and the temperature was maintained at approximately 
10°. Approximately 5 minutes after the addition of the ein- 
namoyl chloride, the temperature of the reaction mixture was 


Indeed, the procedure should enable the molecular weight of 
the pure enzyme monomer to be determined with good precision. 
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raised to ~25°, 30 ml of dry benzene were introduced, and the 
stirring was continued for 20 minutes, by which time any N- 
frans-cinnamoylimidazole which might have precipitated was 
again brought back into solution. Imidazolium chloride was 
then filtered off and the benzene evaporated under reduced pres- 
sure. The yield of (crude) N-trans-cinnamoylimidazole was 
quantitative. On repeated, rapid recrystallization from dry 
eyelohexane, pure N-trans-cinnamoylimidazole was obtained as 
sheeny colorless needles, m.p., 133-133.5°. 

Eastman Kodak (Spectro Grade) acetonitrile was originally 
used as the solvent in the preparation of stock solutions of the 


reagent. However, owing to decomposition of the reagent ob- 


2. 


Peo 


served in some batches of this product, it is recommended that 
the spectrum of the reagent solution be determined immediately 
after its preparation or that acetonitrile be purified as described 
by Lewis and Smyth (15). It should be noted, moreover, that 
once the relevant spectrophotometric data have been obtained, 
slight decomposition of the reagent in the solvent is of no im- 

. Stock solutions have been stored at 5° for 3 to 6 
months with only slight decomposition. 

The titration requires a knowledge of the molar extinction 
coefficients (e) of N-trans-cinnamoylimidazole at 335 my or 310 
mu and pH 5. Owing to the spontaneous hydrolysis of the 
reagent at pH 5 (kobservea = 1.76 Xx 10~* sec™!, 0.1 u (total) ace- 
tate buffer, pH 5.05, 3.2% CH, CN, 25.0°), the extinction coeffi- 
cients are best obtained by a titration procedure also, with a re- 
cording spectrophotometer. The values obtained in the present 
work, with a Cary model 11 recording spectrophotometer® are: 
en = 9.37 X 10° and €3:0 = 23.8 X 10° (solvent, 0.1 M (total) 
acetate buffer containing 3.2% CH, CN, pH 5.05). 

The initial purity of N-trans-cinnamoylimidazole may be 
readily checked by its facile hydrolysis to cinnamate ion and 
imidazole (kon = 1.36 X 10? M* sec at 25.0°). The reaction 
is conveniently followed at 269.5 my where the molar extinction 
coefficient of cinnamate ion is 20.3 + 0.2 x 10°. trans-Cinnamic 
acid (Eastman Kodak Company, white label), twice recrystal- 
lized from 20% ethanol-water, m. p., 134.5-135°, was used in the 
preparation of the standard cinnamate ion solutions. Imidazole, 
moreover, does not show appreciable absorption at wave lengths 


greater than 240 my. This hydrolysis should not be considered 


a test of purity of an acetonitrile stock solution of the reagent, 
however, since the observed slight decomposition of the reagent 
in this solvent is probably due to traces of water. 

Direct Difference Spectrum of trans-Cinnamoyl-a-Chymotryp- 
nin The direct difference spectrum of trans-cinnamoy]-a-chymo- 
trypsin (versus enzyme) has been determined several times at pH 
values from 4 to 5 and the following values of Ae should replace 
those reported earlier (11, 12): Aes: = 17.6. X 10°; Aes = 
10.9, X 10°; Ae = 0.42 x 10°. The first two of these values 
are believed to be accurate to +1%, whereas the last is probably 
accurate to +4%. The presence of inactive protein in the en- 


*The spectrophotometer was checked against a potassium 
chromate standard solution as described by Haupt (16) and the 
results obtained agreed closely with hers. (Note: The pK of 
N-trans-cinnamoylimidazole has been determined spectrophoto- 
metrically as 3.65 + 0.01. Since the substrate will not be com- 
pletely in the basic form at pH 5.05, it is necessary to control pH 
carefully to obtain the highest precision. The standardization, 
of course, may be carried out at pH 5.6 to 5.7 to obviate this dif- 
ficulty. At the higher pH, the spontaneous hydrolysis of the 
substrate is decreased, but the deacylation of the acyl enzyme 

iate is somewhat faster.) 
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zyme solution does not interfere in these measurements, and the 
difference spectrum is not pH-sensitive in the region of measure- 
ment. A pH value of 4.0 to 4.2 is recommended for ease in the 
complete scanning of the spectrum. 

Theory of Titration—Two procedures of titration have been 
used which shall be labeled for convenience, Method A and 
Method B. Each method has advantages in particular circum- 
stances. 

Method A—Addition of Enzyme Solution to N-trans-Cin- 
namoylimidazole Reagent—The spectrophotometer is set at the 
desired wave length (335 my or 310 my) and the chart speed is 
adjusted to 1 to 2 inches per minute. Three milliliters of “pH 5” 
buffer (0.1 Mu (total) acetate) are pipetted into a I- em (square, 
open) silica cuvette; the temperature control is not critical; 100 
ul of a suitable stock solution‘ of N-trans-cinnamoylimidazole are 
introduced on the tip of a smooth flat-ended stirring rod. A 
slow (virtually linear) decrease in absorbancy is observed owing 
to the spontaneous hydrolysis of the reagent. One hundred 
microliters of the enzyme test solution“ are added, such that 
there is a suitable excess of N-trans-cinnamovlimidazole after 
acylation of the enzyme is complete. A very rapid drop in 
absorbancy occurs, corresponding to the acylation; this is com- 
plete in 30 to 90 seconds, depending on the concentrations of re- 
agent and enzyme. A change of absorbancy of 0.3 to 0.4 unit 
is recommended for good precision. The end point is best ob- 
tained by (linear) extrapolation of the absorbancy versus time 
curve back to the time of addition of the enzyme.“ The spon- 
taneous hydrolyses of N-trans-cinnamoylimidazole and of the 
acyl enzyme, (rans-cinnamoyl-a-chymotrypsin (Tobeerved = 9 X 
10-5 sec! at 25°) are sufficiently slow for this to be performed 
with excellent precision. One more operation is necessary: the 
theory requires the absorbancy of a solution prepared by the 
addition of 100 ul of the enzyme solution“ to 3.00 ml of pH 5 
buffer. This may be neglected at 335 my, but it is essential at 
310 my (see Table I). It is possible now to relate the change 
in absorbancy at the particular wave length with the operational 
normality of the a-chymotrypsin test solution. Fig. 1 illus- 
trates a formalized titration using Method A. With this titra- 
tion and the foregoing experimental detail, it may be shown that: 
at 335 my, 


0989904 + Ad) — 


270 (1) 


N 


and at 310 my, 


+ Ad) — As 
401.7 


where A; and 4, are the initial and (extrapolated) final values 
of the absorbancy as shown in Fig. 1; A, is the ubsorbancy of a 
solution prepared by the addition of 100 ul of the enzyme test 
solution to 3.00 ml of the pH 5 buffer, and & is the molar con- 
centration of active sites of a-chymotrypsin in the enzyme test 


(2) 


These volumes may be smaller, but experience has shown that 
reproducibility and accuracy (checked volumetrically) of 1% 
are easily obtained with this size of ‘‘A-pipette.”’ It will be ob- 
vious that the final equations will require modification if smaller 
volumes are used. 

‘If a Beckman model DK-2 spectrophotometer is used, all 
operations, including stirring artifacts are recorded directly on 
the chart. With the Cary instrument, however, this is not so 
and it is necessary to note the time on a clock. 
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Fic. 1. Formalized titration of a-chymotrypsin test solution 
with N-trans-cinnamoylimidazole solution at 335 mau, by Method 
A. 
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Fic. 2. Formalized titration of a-chymotrypsin test solution 
with N-trans-cinnamoylimidazole solution at 335 ma, by Method 
B. 


solution (i. e. the operational normality of the enzyme test solu- 
tion). 

The only assumptions involved in the derivation of Equations 
1 and 2 are: (a) acylation of the enzyme is so fast compared to 
the spontaneous hydrolysis of the reagent that the concentration 
of the cinnamic acid products does not change during the titra- 


tion. This is always a valid assumption;* and (6) any inactiye 
protein has negligible absorbancy. This is in general true u 
both wave lengths for solutions of commercially available a. 
chymotrypsin. 

Method B Addition of N-trans-Cinnamoylimidazole 


to Enzyme Solution This procedure was developed to enable the i 


titration to be carried out in the presence of high concentrations 
of inactive protein. It is very similar to Method A, except that 
the 100- Al aliquot of enzyme test solution is added first, followed 
by the 100 ul of N-trans-cinnamoylimidazole stock solution. 4 
different additional operation is now required because of a blind 
spot in the procedure. Since the absorbancy of a solution, con. 
taining 100 ul of the reagent stock solution dissolved in 3.00 ml 


of pH 5 buffer, cannot be read during the titration (owing to is 


instantaneous reaction with the enzyme), it must be determined 
separately. The method, however, has two advantages in that 
the theory is simplified and inactive protein does not interfere at 
all. With reference to Fig. 2, where a formalized Method B 
titration is shown, using the same symbols and volumes as before, 
it may readily be shown that: 


at 335 mu, 
A: — 4 
0 
and at 310 mu, 
A, — A; 
N= 01, (4) 


where A; = 4. + 0.969 41: 4. is the absorbancy of a solution 
prepared by the addition of 100 ul of the enzyme test solution 
to 3.00 ml of the pH 5 buffer; and A, is the absorbancy of a solu- 
tion prepared by the addition of 100 ul of reagent solution to 3.00 
ml of pH 5 buffer. Any inactive protein has been allowed for 
in the derivation of Equations 3 and 4, the only assumption again 
being rapid acylation. 

Method B would be the method of choice for the determination 
of very low concentrations of the enzyme. With the spectro- 


photometers currently available, using increased light path | 


length if necessary, direct determination of concentrations of 
a-chymotrypsin of the order 10-* to 10-7 & should present no 


problems. 


RESULTS 


In Table I are presented the results of titration of a test solu- 
tion of a-chymotrypsin. The solution was prepared by adding 
2.00 ml of pH 5.05 buffer (0.1 M (total) acetate) to 106.7, mg of 
a-chymotrypsin (three times crystallized, salt-free, Worthington 
Biochemical Corporation). The enzyme was stored in à te- 
frigerated desiccator over silica gel immediately upon receipt. 
Assuming dry weight, and taking account of the partial specific 
volume of a-chymotrypsin (18), the solution was calculated to 
contain 51.5 mg of protein per ml. This enzyme solution showed 
no detectable change in activity from the beginning to the end 
of the experiments described here. 


At either wave length, the agreement between the two methods 


of titration is excellent. There appears to be somewhat poorer 


Even if a slight amount of spontaneous hydrolysis of the res- 
gent did occur during the acylation reaction, it would be of little 
importance owing to the low apparent molar extinction coefii- 
cients for the equilibrium mixture of cinnamate ion and einnamie 
acid at pH 5.05 at wave lengths 335 my and 310 my. 
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t between the results at the two wave lengths. The 
difference is only of the order to 2% and points up well the con- 
sistency of the spectral data.’ The results in parentheses for 
Method A show the effect of ignoring the A, term in Equations 
and 2. Although this produces a serious error at 310 mu, it 
does not seriously alter the result at 335 mu. Thus, for Method 


4, 335 my is the wave length of choice since the A, term may, 


for all practical purposes, be neglected.’ 
For comparison purposes, it was of interest to determine the 
concentration by the procedure of Kunitz (2, 19). 
The results obtained with a selection of the most recently re- 
ported optical factors (2) are also shown in the table. The con- 
centration of protein determined from the weight of enzyme is in 
fair agreement with that determined spectrophotometrically, 
the more so since the assumption of a dry enzyme is undoubtedly 
poor. Taking the mean concentration of protein as 1.92 X 
10-* u (disregarding the low value) and comparing this with the 
normality obtained by titration, the concentration of inactive 
protein is found to be 0.33 X 10 M, assuming that the inactive 
protein has the same molecular weight and absorption spectral 
characteristics as (active) a-chymotrypsin. Again, this is a 


questionable assumption (20), but it does indicate that the en- 


me assays some 85 to 90% pure. This observation is sup- 
ported by the work of Hirs (21) and Rovery, Fabre, and Des- 
nuelle (20). 

Titration of a-Chymotrypsin in Presence of Trypsin Various 
current methods for the assay of a-chymotrypsin solutions em- 
ploy “natural” substrates such as casein (17), which is also acted 
upon by trypsin. Even with certain “synthetic” substrates, care 
has to be exercised (22, 23). Since the hydrolysis of such a rela- 
tively nonspecific “synthetic” substrate as p-nitrophenylacetate 
is catalyzed by both a-chymotrypsin (24) and trypsin (25), it 
was of interest to examine the titration of a-chymotrypsin in the 
presence of trypsin, treating the trypsin as inactive protein 
(Method B). 

A solution of trypsin (two times crystallized, salt-free, Mann 
Research Laboratories, Inc.) was prepared by adding 137.5 mg 
of trypsin to 2 ml of pH 5.05 buffer (0.1 M. (total) acetate). Not 
all the protein dissolved, and the solution used in these experi- 
ments was obtained by removing the undissolved material by 
centrifugation. The resulting clear solution was assayed to 
contain 63.7 mg of protein per ml with the optical factor (2) of 
0.695 at 280 my (26). The specific activity of the solution was 
determined essentially by the procedure of Schwert and Take- 
naka (27) at 25°, except that the pH value of the 0.05 M Tris 
buffer used here was 7.92. The specific activity (27) found was 
0.366 absorbancy unit change per mg of protein per ml per second 
at 253 mu. This assay was performed 18 hours after the follow- 
ing titration. In the interim the trypsin had been stored at 
35. 
A Method B titration was carried out in the normal manner, 
except that the 100 ul of enzyme solution added contained 50 ul 
of the a-chymotrypsin test solution and 50 ul of the above 


"Owing to the variations between spectrophotometers, it is 
recommended that the relevant molar extinction coefficients be 
redetermined on the observer’s own machine, to obtain maximal 
internal consistency and accuracy. 

This will depend on the magnitude of the absorbancy change 
at the end point. 


G. R. Schonbaum, B. Zerner, and M. L. Bender 


Taste I 
Normality and protein concentration of test 
solution of a-chymotrypsin 
Method Wave length! Normality Concentration of 
my w X 108 X 10 
Weight 2.08 
Optical 280 1.93¢: 
280 1.81 
282 1.91 4 
Titration A 310 1.56 (1.45) 
310 1.57 (1.46) 
335 1.60 (1.58)¢ 
335 1.59 (1.57)¢ 
Titration B 310 1.58 
310 1.57 
335 1.61 
335 1.60 
* Molecular weight of a-chymotrypsin taken as 24,800. 
> Optical factor 0.495 (17). 
¢ Optical factor 0.465 (4). 


4 Optical factor 0.482 (18). 
Result calculated ignoring A, term of Equations 1 and 2. 


The observed normality of the diluted a-chymotrypsin solu- 
tion (regarding the trypsin as inactive protein) was 8.08 x 
10~* n, which agrees very well with the estimated value of 8.0; x 
10-* from the previous measurements made by this method. A 
slight catalysis of N-trans-cinnamoylimidazole hydrolysis by 
trypsin was observed in this experiment. As has been shown in 
other experiments, however, the reagent is an exceedingly poor 
substrate for trypsin and this allows the titration of a-chymo- 
trypsin with accuracy in the presence of a roughly equal con- 
centration of (active) trypsin. 

DISCUSSION 


a-Chymotrypsin has been shown to possess one active site per 
molecule since the nerve gas diisopropyl phosphofluoridate 
reacts with chymotrypsin in a 1:1 stoichiometric reaction to give 
a crystalline product which contains 1 g atom of phosphorus per 
mole and which is completely inactive enzymatically (3). This 
determination indicates that, in principle, routine determinations 
of the absolute concentration of the enzyme, in terms of either 
normality or molarity, could be carried out by this experimental 
method. In fact, such determinations have not been carried 
out because of the labor involved and because of the experi- 
mental difficulties of the system which limit the accuracy of the 
determination to approximately 10%. Furthermore, the p- 
nitrophenol liberated after complete inhibition of trypsin by 
diethyl p-nitrophenyl phosphate (Paraoxon) has been shown to 
be equivalent to the molar concentration of the enzyme (28). 
Again, this method could be used as a method for the determina- 
tion of the absolute concentration of trypsin. However, the 
time required for these determinations and the difficulties of the 
method which limit the accuracy of the determination to approxi- 
mately 10% have precluded its use as an analytical method. 

The reactions of p-nitrophenyl esters of various carboxylic 
acids with a-chymotrypsin proceed through a pre-steady state 
characterized by a “burst” of p-nitrophenol, reflecting acylation 

*P. E. Wilcox, personal communication to Bettelheim and 
Neurath (4). 
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of the enzyme, followed by a steady state reflecting turnover of 
the enzyme. The “burst” of p-nitrophenol can, in principle, be 
related to the absolute concentration of the enzyme, but so far 
no one has developed this reaction into a practical method for 
the determination of the absolute concentration of the enzyme 
(29, 30). 

The present titration of active sites of an a-chymotrypsin 
solution depends on the fact that one active site must, on the 
basis of the above evidence, react with 1 mole of acylating agent. 
The practicality of the titration is based on the easy observation 
of the reaction. The observation of the stoichiometry of this 
reaction depends, of course, on the fact that the acyl enzyme, 
although rapidly formed, is relatively stable at the pH value of 
the titration, and therefore no turnover of the enzyme is ob- 
served.” The formation of a relatively stable acy] chymotryp- 
sin is well documented (11-14) as is the fact that these compounds 
are intermediates in the normal hydrolytic reaction catalyzed by 
a-chymotrypsin (1). Therefore, the titration described here 
measures the amount of a-chymotrypsin that will react with one 
equivalent of a substrate (i.e. the operational normality). 

This spectrophotometric titration is the first practical method 
for the determination of the absolute normality of a proteolytic 
enzyme which does not depend on an enzyme as a “primary” 
standard, as a rate assay does. As pointed out in the introduc- 
tion, the direct titration of active sites, with N-trans-cinna- 
moylimidazole as the primary“ standard, does not depend on the 
purity, molecular weight, or number of active sites per molecule 
of the enzyme; a rate assay, on the other hand, depends on all 
these factors, but most importantly on a pure enzyme as a 
primary standard. 

The substrate chosen for this titration, N-trans-cinnamoylimi- 
dazole, was selected for several reasons. It is related to the 
natural substrates of a-chymotrypsin since it is analogous to a 
B-phenylpropionic acid derivative and therefore shares some of 
the specificity of these compounds. Furthermore, it acylates 
a-chymotrypsin exceedingly rapidly even at pH 5. Finally, it 
has a high molar extinction coefficient and is quite soluble in 
water, in contrast to some of the synthetic substrates of a- 
chymotrypsin used for acylation such as the nitrophenyl esters. 
As mentioned above a number of other substrates, such as 
p-nitrophenylacetate, are also suitable for the titration of 
a-chymotrypsin. The production of p-nitrophenol in the pre- 
steady state reaction of a-chymotrypsin with p- nitrophenyl- 
acetate can be used as a measure of the a-chymotrypsin con- 
centration. However, the relative rates of acylation and 
deacylation are not nearly so favorable in this instance for the 
observation of a stoichiometric reaction as they are in the reac- 
tion of a-chymotrypsin with N-trans-cinnamoylimidazole. 

The fact that this titration is specific for a-chymotrypsin 
makes the method valuable in various analytical procedures, 
e.g. in determining the formation of a-chymotrypsin from its 
zymogen, chymotrypsinogen, in the presence of trypsin. An- 
other use is to determine the concentration of a-chymotrypsin 
in the presence of considerable quantities of inert (nonenzymatic) 
protein. The titration procedure has not been tested for inter- 
ference by enzymes other than trypsin, but since trypsin, the 


10 The formation of a stable acyl chymotrypsin is not essential 
to carry out the titration. The important criterion is that acyla- 
tion be faster than deacylation. However, if deacylation (turn- 
over) does occur, the necessary extrapolation to the value of the 
titrimetric end point may have considerable error associated with 
it. 
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closest relative of chymotrypsin, does not interfere with the 
titration, it is doubtful whether other enzymes would; however, 
interference by other enzymes is conceivable. 

It should be feasible to find suitable reagents for the titration 
of other enzymes. The obvious requirements are that the 
reagent react rapidly only with the active site(s) of the enzyme, 
thereby producing a derivative of the enzyme which is relatively 
stable and therefore does not turn over during the time of the 
analytical procedure.” The reaction must be observable in a 
straightforward manner. 

The advantages of obtaining absolute measurements of con- 
centration of enzyme solutions are great. The present rate 
methods of assay are convenient for obtaining relative concen- 
trations of enzyme solutions and these relative concentrations 


may suffice for many purposes, including some kinetic purposes: 


but to obtain an absolute concentration, an enzyme must be 
used as primary standard, certainly an inferior procedure to using 
a nonenzyme primary standard such as is used here. One trend 
in enzymology is to treat enzymes as chemicals in a stoichio- 
metric fashion. In order to carry out such an objective it is 
increasingly important to know the absolute concentration of a 
particular enzyme. One example of the necessity for knowing 
the absolute concentration of an enzyme solution occurs in the 
„rate“ and “all-or-none”’ assays carried out by Ray, Ruscica, and 
Koshland (31, 32). Another example of the necessity for know- 
ing the absolute concentration of an enzyme solution occurs in the 


determination of kinetics of enzyme-catalyzed reactions in which 
the enzyme is utilized in greater concentration than the sub- 
strate. In the system, methyl cinnamate-a-chymotrypsin, 
these conditions were used (1). In order to analyze the kinetics 
of such a system, it is essential to know the absolute concentra- 
tion of the enzyme. : 

Of course it may be argued that the operational definition of 
an enzyme is concerned with its activity toward some substrate, 
and is not concerned with its concentration. This, however, is 
tantamount to saying that the operational definition of the 


catalyst hydronium ion is concerned with its catalytic ability 
toward some substrate and not concerned with its concentration. 
When the chemistry of enzymes is limited to observations of 
their ability to catalyze reactions, a rate assay is indeed a suffi- 
cient and appropriate operational definition. One of the aims 
of present-day enzymology, however, is to delve into the heart 
of the active site of enzymes. To this end, an operational 


* 


paper, should be the definition of choice. Many enzyme reac- 
tions involve factors other than simply enzyme and substrate. 
These may include activators, metal ions, cosubstrates, coen- 
zymes, and added salts. However, starting from a knowledge 
of the concentration of the active sites, it is then possible to 
define rates of reaction in terms of these concentrations together 
with the concentrations of the many other factors enumerated 
above. Without the absolute concentration of the active site, 
the description of an enzyme reaction is a recipe. With the 
absolute concentration of the active site, the description of an 
enzyme reaction can be quantitative and its meaning clear. 


SUMMARY 

1. A rapid, reliable spectrophotometric titration of a-chymo | 

trypsin normality is described. This is the first routine method 

for the measurement of the absolute concentration of a protec 
lytic enzyme. 
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2. The method makes use of the absorbancy change which 
occurs at 310 my or 335 mu when a-chymotrypsin is rapidly and 
quantitatively acylated by N-trans-cinnamoylimidazole, at pH 5. 

3. Inactive protein does not interfere. 

4. The enzyme may be accurately titrated in the presence of a 
roughly equal concentration of (active) trypsin. 
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Studies of the Electron Transfer System 


XXXVIII. LIPID COMPOSITION OF PURIFIED ENZYME PREPARATIONS DERIVED FROM BEEF | 
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The high concentration of lipid in mitochondria has stimulated 
a great deal of speculation as to its role in electron transport 
(1-4). Coenzyme Q, one of the lipid components, has been 
shown to be an oxidation-reduction component of the electron 
transfer chain but the function of other lipids is still not clear. 
In order to establish a function for the lipids it is desirable to 
know which lipids are present and how they are distributed. 
Because the tools are not available to observe, in situ, which 
lipids are associated with each of the oxidation-reduction com- 
ponents, our approach was to analyze the lipid content of sub- 
mitochondrial particles which represent different segments of the 
over-all electron transfer process. This report contains the 
results of such a study. 


EXPERIMENTAL PROCEDURE . - 


Preparations Analyzed—The preparations analyzed are listed 
in Table I. Two different preparations of beef heart mito- 
chondria were studied. The one labeled heavy beef heart mito- 
chondria was obtained by homogenizing beef heart muscle in a 
mechanical blendor (5), the other, labeled beef heart mitochon- 
dria-Nagase, was obtained by digesting a pulp of heart muscle 
with a bacterial proteinase known as Nagarse (6). The subse- 
quent fractionation procedure for the two mitochondrial prepa- 
rations was identical. The electron transport particle, which 
was prepared from mitochondria by sonic disruption contains 
the complete electron transport chain (7). When the sonic 
treatment is carried out in the presence of Mg“, the electron 
transport particle so derived is capable of phosphorylation. 
When sonic treatment is carried out in absence of Mg++ a modi- 
fied electron transport particle is obtained which requires a 
soluble factor for phosphorylation (8). The remaining five 
preparations are the pieces into which the electron transport 
system has been fragmented. They are: cytochrome e oxidase 
(9), DPN H-cytochrome c reductase (10), succinate-cytochrome c 
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Netherlands). 

t Postdoctoral trainee of the Institute for Enzyme Research, 
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1D. E. Green, and L. Fowler, in preparation. 


reductase,' succinate-CoQ reductase (11), and DPNH diaphorase 
or the lipoflavoprotein (12). They are all highly active enzyme 
preparations and the electron transfer process in these particles 


is inhibited by the same selective inhibitors that are effective — 


in the intact mitochondrion. The flow diagram shown in Fig. | 
summarizes the key steps in the preparation of these particles. 
Analytical Methods All analyses were carried out on lipid 
extracts prepared by the method of Folch, Lees, and Sloane 
Stanley (13). Two milliliters or less of the enzyme preparation, 
usually in 0.25 M sucrose, are homogenized with 20 volumes of 
chloroform-methanol (2:1). The suspension is filtered through 


a sintered glass filter and the residue twice re-extracted with | 


approximately 10 volumes of solvent each time. The total 
* chloroform-methanol filtrate is mixed with 0.2 volume of 0.017% 


MgCl,. The upper layer is discarded but not the insoluble 
“fluff” at the interphase. The lower layer is again extracted 
three times with “upper phase” (13) containing 0.017% MgCl. 
Finally, the “fluff” is dissolved into the lower layer by the addi- 
tion of methanol. 
by filtration. 
and prepurified nitrogen was bubbled through solutions during 
the various procedures. The multiple solvent extraction with 
20, 10, and 10 volumes, respectively, as well as the precautionary 
use of nitrogen is a modification of the Folch procedure (13) by 
Rouser et al. (14, 15) in order to achieve more complete Jipid ex- 
traction and to prevent oxidation. 

The amount of lipid was determined by titration with chromate 
(16) and the results are expressed in terms of palmitic acid equiva- 
lents (1.28 mg of mitochondrial lipid reacts with as much chro- 
mate as does 1.00 mg of palmitic acid). This factor of 1.28:1.00 
was determined only for total mitochondrial lipids and was used 
to calculate the lipid content in all of these preparations. Since 
the lipid extracts contained variable amounts of bile acids it was 
necessary to determine the bile acid content of each individual 
extract by the method of Mosbach et al. (17) and subtract the 
palmitic equivalents due to this contamination (1.35 mg of eholie 
acid or 1.37 mg of deoxycholic acid reacts with the same amount 
of chromate as does 1.0 mg of palmitic acid). Per milligram of 
lipid, the bile acid content in the lipid extracts averaged for these 
preparations: succinate-cytochrome c reductase, 0.1 mg of cho- 
late; succinate-CoQ reductase, 0.6 mg of deoxycholic acid; 


2 Dr. George Rouser, personal communication; City of Hope 
Medical Center, Duarte, California. 


Any insoluble matter at this point is removed 
Homogenization was carried out under nitrogen 
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Fig. 1. Key steps in the isolation of mitochondria and the de- 
rived submitochondrial preparations from beef heart. The ab- 
breviations used are: BHM-N, beef heart mitochondria-Nagarse; 
BHM, beef heart mitochondria; SDC, succinic dehydrogenase 
complex; HBHM, heavy beef heart mitochondria; ETP, electron 


I 
List of preparations analyzed 


Preparation Properties 


Heavy beef heart mito- | Maximal phosphorylation 
chondria (5) 
Beef heart mitochondria- | Maximal phosphorylation with re- 
Nagarse (6) spiratory control 
Electron transport parti- | Maximal phosphorylation 
cle (7) 
Modified electron trans- | Requires factor for oxidative phos- 
port particle (8) phorylation 
Cytochrome c oxidase (9) | 140 to 180 moles of cytochrome c* 
DPNH-cytochrome c re- | 60 to 70 moles of DPNH* 


Succinate - cytochrome c | 13 to 21 moles of succinate* 
Succinate-CoQ reductase | 40 to 42 moles of succinate* 
DPNH diaphorase (12) 400 umoles of DPNH* 


* Rate at 38° per minute per milligram. 


swo Rs — 


port particle; M-ETP,, modified electron transport particle 
RB. — e reductase; F. b, succinate-CoQ reduc- 
tase; LFP, DPNH — — succinate-cytochrome c redue - 
tase; C. O., cytochrome c oxi 


DPNH-cytochrome c reductase, 0.3 mg of deoxycholic acid; 
DPNH diaphorase, 0.04 mg of cholate; cytochrome oxidase, 1.0 
mg of deoxycholic acid. 

Protein was determined by the method of Gornall, Bardawill, 
and David (18) and the percentage of lipid calculated from the 
formula: 
mg of lipid 


Lipid phosphorus was determined by a modification of the 
method of Chen, Toribara, and Warner (19). Unsaturation 
was determined by measuring bromine uptake spectrophoto- 
metrically as modified after Trappe (20). Plasmalogen was 
determined by the p-nitrophenylhydrazone reaction (21). 
Palmitaldehyde“ was used as a standard and the molecular 


* Palmitaldehyde was —— from palmitaldehyde sodium 
bisulfite (K and K — Inc.,) as follows. Palmitalde- 
hyde sodium bisulfite, 150 mg, was shaken several hours in 100 
ml of 3.5% NazCOs, containing 75 ml of ether and 15 ml of metha- 
nol. The emulsion formed was broken by the addition of KCl 
crystals. The water layer was discarded. More methanol-ether 
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TABLE II 
Lipid composition of mitochondrial and submitochondrial preparations 
No. of | | | | 1 | | i 
dif- Fatty acid 3 
Preparation ferent | % Lipid CoQ Phosphorus | Double bond pm Fn Plasmalogen >t 
— 
lipid umoles/mg lipid ymoles/wmole P 
Heavy beef heart mitochondria... 6 26 & 2 3.5 (26)* 33 +1 3.5 + 0.2 2.0 + 0.1 0.44 + 0.06 3.2 1.8 0.40 
Beef heart mitochondria-Nagarse. 1 27 32 3.4 1.8 0.39 3.4 | 1.6 | 0.39 
Electron transport particle....... 3 32 & 2 | 4.0f 33 & 2 3.6 & 0.2 1.9 + 0.1 0.38 + 0.02 | 3.3 1.7 | 0.35 
Modified electron transport par- 

—— ͤ ate 1 30 4.01 33 3.6 1.9 0.41 3.3 1.7 0.37 
Cytochrome c oxidase............ 7 27 & 1 | 1.83.09) 26 & 2 2.5 & 0.2 1.8 + 0.1 0.24 + 0.03 3.1 2.1 0.29 
DPNH-cytochrome ¢ reductase... 4 2741 3.7 (10) 26 & 1 3.5 & 0.1 1.8 + 0.1 0.26 + 0.04 4.2 2.1 0.3) 
DPNH diaphorase............... 5 83 * 11 Ot 3444 3.5 & 0.7 2.0 + 0.2 0.46 + 0.06 3.2 1.8 | 0.42 
Succinate-CoQ reductase......... 5 26 * 1 Ot 299+4 3.0 & 0.3 1.8 + 0.3 0.32 + 0.05 3.2 1.9 | 0.34 
Succinate-cytochrome c¢ reduc- 

7 29 X 4 #1.5-3.0! 20 & 5 2.74 0.5 1.6 + 0.1 0.32 + 0.02 2.9 1.7 0.34 


* Reference numbers appear in parentheses. 
t Dr. D. M. Ziegler, personal communication. 


extinction coefficient of the corresponding hydrazone was found 
to be 22 x 10°. 

The phospholipids were analyzed by silicic acid paper chroma- 
tography according to the method of Marinetti, Erbland, and 
Kochen (22). More reproducible papers are obtained by wash- 
ing with distilled water to a pH of 4.8 (15, 16), after coating the 
papers with sodium silicate and treating with acid as recom- 
mended. Diisobutyl ketone-acetic acid-H,O (40:20:3) was the 
solvent system (23). The papers were stained with Rhodamine 
6G and the phospholipids were outlined under ultraviolet light 
(22). The spots were then cut out and eluted and phosphorus 
was determined. 


RESULTS AND DISCUSSION 


The gross chemical composition of the lipids in the mito- 
chondrion and in the derived preparations is summarized in 
Table II. 

A significant amount of lipid was found in all these prepara- 
tions. In fact, with the exception of the DPNH diaphorase, 
the lipid content was very similar. The lipid content of the 
DPNH diaphorase was a bit variable but always very much 
higher than the other preparations. The average lipid content 
of five different DPNH diaphorase preparations was 83% (4.9 
mg of lipid per mg of protein). On the other hand, the lipid 
content of mitochondria is 26 to 27% (0.35 to 0.37 mg of lipid 
per mg of protein). The subunits, cytochrome oxidase, DPNH- 
cytochrome c reductase, succinate-CoQ reductase, and succinate- 
cytochrome c reductase averaged 26 to 29% lipid; the electron 
transport particle and the modified electron transport particle 
contained 30 to 32 0% lipid, respectively (single determination). 
This similarity in lipid content was quite startling since inter- 
mediate fractions of such fragmentation contain from 6 to 95% 
lipid (1, 24); e.g. two intermediates analyzed at random, succinic 


(5:1, volume for volume) and H:O were added and the aqueous 
layer again discarded. The organic layer is evaporated to remove 
the ether and 0.33 volume of HO is added. The palmitaldehyde 
is filtered and dried in a vacuum (m. p., 33.5-34.5°). The palmital- 
dehyde was dissolved in glacial acetic (94 wg per ml) and stored 
in the frozen state. 


dehydrogenase complex (25), (cf. Fig. 1) which is an intermediate 
in the preparation of both succinate-cytochrome c reductase, and 
DPNH diaphorase, contained 55% + 9 (three preparations) 
(1.22 mg of lipid per mg of protein), and R. i, (cf. Fig. 1) which is 
an intermediate in the preparation of DPNH-cytochrome e re- 
ductase, contained 38% (one preparation) (0.61 mg of lipid per 
mg of protein). 

The relative amount of neutral lipid and phospholipid can be 
estimated from the phosphorus content. Mitochondrial lipid 
averaged 33 ug of P per mg of lipid. If we assume an average 
of 3.8% phosphorus for typical purified mitochondrial phospho- 
lipid, then 88% of the mitochondrial lipid is phospholipid. 
When mitochondrial lipids are separated into neutral and phos- 
pholipids on a silicic acid column, the estimate of phospholipid 
content based on the amounts in the two fractions is 92 to 94% 
The lipids of cytochrome c oxidase and DPNH-cytochrome ¢ 
reductase have the lowest phosphorus content. It is clear, 
however, that phospholipids are the major constituents of the 
lipids in all of these preparations. 

The lipids average generally 3.3 wmoles of double bonds, 18 
umoles of fatty acid ester, and 0.35 umole of plasmalogen per 
umole of phosphorus. From these averages, only a few small 
differences stand out. The lipids of DPNH-cytochrome e 
reductase are more unsaturated (4.2 umoles of double bond per 
umole of phosphorus) than the lipids of the other particles. 


Both the lipids of DPNH-cytochrome c reductase and cytochrome — 


c oxidase have somewhat higher fatty acid ester and lower 
plasmalogen contents when calculated per micromole of phos- 
phorus than do the lipids of the other particles. 

The CoQ content of the preparations is quite variable. Mito- 
chondria and the electron transport particle have approximately 
3.5 mumoles of CoQ per mg of protein, i. e. CoQ accounts for 
approximately 1% of the mitochondrial lipid. Succinate-CoQ 
reductase and the DPNH diaphorase are the only two lipid- 
containing complexes which are devoid of CoQ. The CoQ 
content of succinate-cytochrome c reductase and cytochrome ¢ 
oxidase was quite variable (1.5 to 3.0 mumoles per mg of pro- 
tein). 

The phospholipid profile of beef heart mitochondria is rels- 
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Fic. 2. Chromatography of mitochondrial lipids, according to 
the method of Marinetti et al. (22, 23). A typical paper chro- 
matogram of mitochondrial lipids on silicic acid-impregnated 
paper is shown. Cardiolipin and phosphatidylinositol (PJ) ap- 
pear as blue spots under ultraviolet light after Rhodamine stain- 
ing; phosphatidylethanolamine (PZ) and lecithin are yellow. 
The ninhydrin test is given only by PE. The test for choline is 
not entirely specific. Unsaturated cephalins (the phosphatidyl- 
ethanolamine) give a faint positive in addition to the strong blue 
color given by lecithin (22). 


tively simple. Fig. 2 is a tracing of a typical paper chromato- 
gram of mitochondrial lipids on silicic acid-coated paper. The 
phospholipids were identified by comparison of the R, values 
with standards,‘ and by the color under ultraviolet light after 
Rhodamine 6G staining. Phosphatidylethanolamine was fur- 
ther identified by staining with ninhydrin, and lecithin by stain- 
ing for choline (27). The presence of phosphatidylinositol in 
the lipids of heavy beef heart mitochondria was detected by the 
method of Hanahan and Olley (28). Lecithin, phosphatidyl- 
ethanolamine, cardiolipin, and a substance(s) migrating at the 
same Rp value as phosphatidylinositol account for practically 
all of the phospholipids of beef heart mitochondria. Strickland 
and Benson (29) have recently shown that polyglycerophospha- 
tide of mitochondria (30) is identical with cardiolipin (31). A 
sample of cabbage phosphatidic acid’ had an R, value between 
that of cardiolipin and the neutral lipids in this chromatographic 
system. 

Little or no cerebrosides, sphingomyelin, phosphatidylserine, 
or lysophosphatides are present. Invariably, a light blue area 
is observed under ultraviolet light between phosphatidylethanol- 
amine and lecithin which is neither choline- nor ninhydrin- 

‘Phosphatidylethanolamine and phosphatidylserine were gifts 

Dr. George Rouser. Sphingomyelin was a gift from Dr. H. 

Carter, University of Illinois, Urbana, Illinois. Cardiolipin was 

from the Sylvana Chemical Company, East Orange, 

New Jersey. This preparation also contained a constituent 

migrating between phosphatidylethanolamine and lecithin on 
acid paper chromatography (22, 23). 

*The cabbage phosphatidic acid was a gift from Dr. Lowell 
Hokin, University of Wisconsin, Madison, Wisconsin. 
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Taste III 
Phospholipid ition of mitochondrial 1 
Per cent of total lipid phosphorus 
No. of 
Preparation different 

Heavy beef heart 
mitochondria..... 3 (10 + + 331 + 216 + 2543 
Beef heart mito- 
chondria-Nagarse| 1 11 40 34 14 1 
Eleet ron transport 
partielle 1 8 42 34 15 1 
Modified electron 
transport parti- 
| 1 10 42 13 1 
Cytochrome c oxi- 
. 3 9 + 126 + 325 + 030 + 39 + 2 
DPNH-cyto- 
chrome c reduc- 
1 3 12 + 131 + 330 & 123 & 15 & 3 
DPNH diaphorase 2 8 + 144 + 531 + 113 + +1 
Succinate-CoQ re- 
ductase.......... 3 16 & 248 4 321 & 47 & 27 4X 4 
Succinate-cyto- 
chrome c reduc- 
1 2 15 + 438 + 28 + 3116 + 3+ 2 


positive. The phospholipid compositions are summarized in 
Table III. The results are expressed as percentage of total 
phosphorus. 

In mitochondria, lecithin is the largest component, 37%; then 
phosphatidylethanolamine, 31%; cardiolipin, 16%; and phos- 
phatidylinositol, 10%. The residue is defined as phospholipid 
phosphorus not attributable to the four phospholipids. This 
varied not only with the preparation but with the particular 
batch of silicic acid paper used. The phosphorus recovery was 
close to 100%. The phospholipids of mitochondria and of both 
types of electron transport particles are identical within the 
resolution of the method. Although all four phospholipids are 
present in the other preparations, the relative amounts vary 
significantly. The most striking differences compared to mito- 
chondria were found in the lipid of cytochrome c oxidase and 
succinate-CoQ reductase. In cytochrome c oxidase, cardiolipin 
is the largest phospholipid component. In succinate-CoQ re- 
ductase, cardiolipin accounts for only 7% of the total phos- 
phorus, but lecithin and phosphatidylinositol are relatively high. 

Although information is available on the lipid composition of 
subcellular fractions (29, 30, 39-41), the literature contains few 
reports on the lipid composition of submitochondrial preparations 
(32-35). Marinetti et al. were the first to bring to bear adequate 
methodology for the examination of the lipids in mitochondria 
and submitochondrial particles and it is of interest, therefore, to 
compare our results with those of the pioneer studies reported by 
this group (30, 32, 33). The lipid composition of pig heart mito- 
chondria reported by Marinetti et al. closely parallels the com- 
position that we find in beef heart mitochondria. The values for 
percentage lipid, for phospholipid content and the proportions of 
the major phospholipid components reported for pig heart mito- 
chondria are strikingly similar to the values found by us for beef 
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heart mitochondria although they find more minor phospholipid 
components than we. There are discrepancies between our 
results and those of Marinetti et al. for the submitochondrial 
particles. It appears very likely that these discrepancies are 
more apparent than real. Firstly, the low phospholipid content 
of the two submitochondrial preparations studied by Marinetti 
et al. (bc, preparation and cytochrome oxidase) could be in large 
measure explained in terms of the high bile salt content of these 
preparations, in the light of our experience of the tenacity with 
which bile salts remain bound to particles even after extensive 
dialysis. Since no correction was made for residual bile salt 
the value for neutral lipid would be augmented. The presence 
of lysophosphatides in the bei preparation is recognized by Mari- 
netti et al. as a probable consequence of the acid treatment to 
which their bei preparation was exposed during the preparative 
procedure. The significant point noted also by Marinetti et al. 
is that the parent particle, viz. the mitochondrion, contains no 
appreciable amounts of lysophosphatides. But even when all 
these various factors that could contribute to discrepancies in 
the results of the two laboratories are taken into account, there 
still exist notable differences in phospholipid composition espe- 
cially in cytochrome oxidase. In the light of our present knowl- 
edge we consider it fruitless to belabor these differences until a 
much more fundamental issue can be resolved, t.e. the relation of 
the lipid composition of the subunits to the lipids in the cor- 
responding segments of the electron transfer chain. This would 
be determined by the extent of alteration which has taken place 
during the fragmentation process. In this regard, it is instruc- 
tive to look at the flow diagram (Fig. 1). 

All the preparations were derived from beef heart mitochondria 
with the combined use of several key reagents. They are bile 
acids, alcohols, and salt. We have previously reported that 
such reagents are also responsible for the solubilization of lipids 
as well (36). In fact, the Q-lipoprotein (37), turned out to be a 
misnomer. It is essentially solubilized lipid. There can, there- 
fore, be little doubt that some alteration in the lipid composition 
occurs during fragmentation. It may well be that the very 
high lipid content of the lipoflavoprotein reflects the selective 
extraction of phospholipids along with the diaphorase into the 
iso-octane gel. Since succinate-CoQ reductase and the DPNH 
diaphorase as isolated have undergone extraction with cyclo- 
hexane and petroleum ether (38), the lack of CoQ in these 
complexes may not be significant. 

For most of these preparations, exacting conditions must be 
met in order to obtain particles of high enzymic activity. Stud- 
ies are now in progress to determine whether this is related to 
the need for preserving the lipid content or the composition of 
these particles, or both. From the data presented, we can 
conclude only that these are the lipids in highly functional sub- 
units which correspond to the different segments of the electron 
transfer chain. If the lipid composition has been changed, then 
it is possible to retain a high degree of enzymic activity and 
specificity despite such alteration. 

Yet one cannot but be impressed with the fact that lipid is 
intimately associated with all these complex, highly functional 
particles isolated in our laboratory. In fact, they contain 
approximately the same proportion of lipid as does the original 
mitochondrion. The DPNH diaphorase which contains much 
more lipid is an exception. The lipid is predominantly phos- 
pholipid in every case. If we assume that the isolation pro- 
cedures employed lead to some alteration in the relative propor- 
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tion of the different phospholipids, our data would then suggest 
that what is important for the preservation of activity is the 
maintenance of a normal quota of lipid. Small alterations in 
composition may not be critical as long as the full complement 
of lipid is maintained. In other words, a strictly defined lipid 
mixture may not be necessary as long as the chemical or physica] 
properties of lipid are approximated. Since none of the sub- 
units which contain lipid of different composition from the 
mitochondrion are capable of carrying out oxidative phosphoryla- 
tion these arguments would be valid only for electron transport, 


SUMMARY 


Analytical data is presented on the lipid composition of beef 
heart mitochondria and various submitochondrial particles which 
correspond to the different segments of the electron transfer 
chain. The highly active electron transport subunits, cyto- 
chrome c oxidase, DPNH-cytochrome c reductase, succinic eyto- 
chrome c reductase, and succinic coenzyme Q reductase have 3 
lipid content in the range of that found in mitochondria, i.e. 26 
to 27%. The DPNH diaphorase contains 83% lipid. The 
lipid in all particles is predominantly phospholipid. Lecithin, 
phosphatidylethanolamine, cardiolipin, and phosphatidylinositol 
account for practically all of the phospholipids. The different 
segments show a similar, but not identical, lipid pattern. This 
pattern may reflect real differences in lipid composition along 


the electron transfer chain or could be merely an expression of | 


alterations in composition which attend the respective prepara- 
tive procedures. 
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Changes in the ultraviolet absorption spectra of proteins as- 
sociated with denaturation or proteolysis have been intensively 
investigated in recent years. These studies have been, in the 
main, restricted to the difference spectra of proteins and model 
compounds in the region between 270 and 300 mu. The changes 
in this region have been assigned almost entirely to the alterations 
in the environment of tyrosine and tryptophan residues (1). 
Much valuable information has been obtained concerning the 
environment of these chromophores in a number of proteins (2). 

In a recent communication (3), we have reported on the differ- 
ence spectra which are obtained on denaturation and proteolysis 
of proteins over the wave length range 220 to 320 my. It was 
shown that alterations in native protein structure were asso- 
ciated with the appearance of a peak at 230 to 235 my in the 
difference spectrum on comparison of the native with the de- 
natured protein. The present paper represents both an exten- 
sion of the data previously presented in preliminary form (3), 
and an attempt to identify the chromophore(s) responsible for 
the 230 to 235-my peak. 


EXPERIMENTAL PROCEDURE 

The proteins and polypeptides used in this study are listed in 
Table I. The concentration of the protein solutions was gen- 
erally determined spectrophotometrically. When Elta values 
were not available, the protein content was determined by dry 
weight (see Table I). All other materials used were of reagent 
grade. The urea was recrystallized from aqueous ethanol. 

The Cary model 14 recording spectrophotometer was used 
with 1-cm silica cells. When shorter light paths were desired, 
9.0-mm and 9.5-mm inserts were employed. Both the cells and 
inserts were matched over the range 220 to 320 my with water 
and also with indole solutions. Determinations of pH were per- 
formed with a Radiometer TTT1 titrator. All measurements 
were performed at 25+ 3°. 


RESULTS 


Effect of Various Denaturing Agents on Proteins 


In our first communication (3), we reported that denaturation 
of a number of proteins was associated with the appearance of a 
difference peak in the region 230 to 235 mu. It was of interest 
to extend this investigation to a larger number of proteins to 
establish the generality of this phenomenon. As shown in Figs. 


* This investigation was aided by research grants from the 
National Institutes of Health, United States Public Health Serv- 
ice. 


1 and 2, papain, ribonuclease, human serum albumin, lysozyme, 
ovalbumin, chymotrypsinogen, and pepsin all manifest the same 
over-all change in the 230- to 235-my region on denaturation, 
although a variety of denaturing treatments were employed, 
e.g. urea denaturation for ovalbumin, acid denaturation for hu- 
man serum albumin. Protamine sulfate, which is considered to 
exist as an open chain in aqueous solution, did not give the spee- 
tral change observed in the other cases. The Ae values for 


number of proteins are presented in Table II. These data | 


supplement those presented earlier (3). 
Autolysis of Pepsin—It was of interest to know whether 
changes in primary structure produced by proteolysis would also 


result in the appearance of the difference peak in the 230- to 


235-my region. Proteolysis is known to be accompanied by the 
appearance of the tyrosine and tryptophan difference spectra 
(12-14). 

This point was examined by study of the difference spectra 
obtained by comparing pepsin at a given pH with its autolysate 
at different periods of time. This experiment was performed at 
two different temperatures and pH values. The difference 
spectrum showed a peak at 230 my, the peaks caused by tyrosine 
at 279 and 286 mu, and the peak caused by tryptophan at 292 
mu. (See Fig. 2, for example.) 

A reasonably good correlation was obtained between the 
Ae * at 230 mu and the amount of a-amino nitrogen as deter- 
mined by the ninhydrin method (15). Thus, at pH 1.45, a 
Ae decrease of 13,360 was obtained after proteolysis for 2 hours 
at 39° and a ninhydrin color increment per mole (AN mots:) of 
18,900, giving Aew:AN moss = 0.71, whereas at pH 4.5 the 
decrease at 230 mu gave a Ae % = 9,000 and the ninhydrin color 
increment per mole, AN = 11,500, giving Ae w:AN = 
0.78. 

Alkaline Denaturation of Pepsin—Tyrosine and tryptophan 
residues contribute substantially to the absorption of proteins in 
the region of 230 mu. It was of great importance, therefore, to 
determine whether the changes in the absorption spectra of these 
chromophores, which accompany denaturation, make a large 
contribution to the observed difference peak in the 230- to 235-mp 


region. As already noted (3), no correlation could be shown | 
between the tyrosine and tryptophan content of the proteins 


studied and the magnitude of the 230- to 235-my peak obtained 
on denaturation. 

The spectrophotometric study of the alkaline denaturation of 
pepsin has provided evidence which casts some light on this 
problem. Fig. 3 shows the spectrum obtained when pepsin st 


pH 5.7 is compared to pepsin at pH 7.3. It may be clearly en 
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Proteins and polypeptides used for spectrophotometric studies 


Assumed % 
Material Source molecular! Amax eace 
Mp 
Insulin (bovine) Squibb, Zn-free 5,700 280 10.0 (4) 
Ribonuclease...... Worthington Bio- 13,683 280 6.9 (5) 
chemicals Corpo- 
Chymotrypsino- 
gen Armour Lot No. 25,1 0; (6) 
R337254 
g-Lactoglobulin . . .| Crystallized 3 times 35,500 9.5 (7) 
Lysozyme......... Armour Lot No. 14,000 282 27.3 (8) 
003L1 
Ovalbumin........ Nutritional Bio- 45, 7 (9) 
chemicals Corpo- 
ration, Crystal- 
lized twice 
. Crystallized 3 times 35, 14.3 (10) 
Serum albumin 
(human) 65,600 5.3 (11) 
prot amine sulfate Squibb 8,000; * | * 
Poly- l- glut amate. Gift of Dr. E. Kat- 150, 000 
chalski 
Oxidized A-chain 
of insulin....... Gift of Dr. R. L. 2, 7s 
Hill 
Glucagon........ Lilly Research Lab- | 4, 3 
oratories, Lot No. 
258-234B -54-2 
Tetraglyeine Nutritional Bio- * 
chemieals Corpo- 
ration, Lot No. 
7484 


* Concentration was determined by dry weight. 


that there are prominent difference peaks at 278, 286, and 292 
mu. These peaks have been shown (16-18) to result from 
alterations in the environment of tyrosine and tryptophan resi- 


dues. 


Yet, there is essentially no change in the absorption of 


pepsin in the region of 225 to 245 my. This clearly demonstrates 
that changes in the environment of tyrosine and tryptophan 
residues do not necessarily produce marked changes in the ab- 
sorption of pepsin in the region of 230 my. As already noted 
above, however, there is no question that autolysis of pepsin 
does result in the appearance of a peak at 230 my in the differ- 
ence spectrum. It would seem, therefore, that the difference 
peak at 230 mu must be due to some factor other than, or in 
addition to, changes in the environment of phenolic and indole 
side chains, at least in the case of pepsin. 
Denaturation of Ovalbumin by Urea and Guanidine Hydro- 
chloride Further evidence that the changes in the 230-my re- 
gon reflect alterations in native protein structure in addition to 
changes in the environment of the tyrosine and tryptophan resi- 
dues was obtained by kinetic studies on the urea and guanidine 
hydrochloride denaturation of ovalbumin. Denaturation of 
ovalbumin by these two agents results in the appearance of 
peaks at 292.5, 287.5, 279, and 232.5 my. The rate of change 
in optical density at 292.5, 287.5, and 232.5 my was studied at a 
number of concentrations of guanidine hydrochloride and urea 


_ in the range of pH 5 to 8. In this range, the changes in optical 


1 1 
270 310 
(mp) 

Fic. 1. Effect of acidification on the ultraviolet difference 
spectra of proteins. Papain (0.034%) at pH 5.2 versus pH 1.4; 
human serum albumin (0.049%) at pH 5.2 versus pH 1.4; ribo- 
nuclease (0.086%) at pH 5.4 versus pH 1.4; protamine sulfate 
(0.016%) at pH 5.2 versus pH 1.5; light path, 10 mm. 


230 250 


0 290 

Fid. 2. Effect of alteration of primary and secondary structure 
on the ultraviolet difference spectra of proteins. Lysozyme 
(0.013%) at pH 5.4 versus lysozyme heated at 92° and pH 11.4 for 
10 minutes, cooled, and adjusted to pH 1.4 before scanning. 
Ovalbumin (0.046%) at pH 7.8 versus ovalbumin in 8 u urea at 
pH 7.8 after 24 hours at 25° (uncorrected for urea absorption). 
Chymotrypsinogen (0.037%) at pH 6.0 versus chymotrypsinogen 
exposed to pH 11.5 at 25° for 10 minutes, then acidified to pH 1.4 
and allowed to stand for 10 minutes before scanning. Pepsin 
(0.038%) at pH 4.6 versus pepsin at pH 1.4, both solutions allowed 

to stand at 4° for 2 hours before scanning. Light path, 10 mm. 


310 


rotation and viscosity of ovalbumin in the above mentioned 
denaturing agents are comparatively slow and lend themselves 
well to kinetic studies (19, 20). Fig. 4 shows the results ob- 


tained from a typical experiment. 
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TABLE II 
Difference spectra for protein in neutral solution and under di 
conditions specified lt 
pH of 
Protein pro- Denaturation conditions Amax aN an 
ea 
my de 
Human serum al- p90 
bumin.......... 5.2 | pH 1.4, 25° 233.0 | 29,250 tio 
279.5 3,030 
288.0 7,530 0 i i he 
0 10 20 30 70 50 150 250 350 450 thi 
Ribonuclease ..... 5.4 | pH 1.4, 25° 235.0 | 3,040 Time (minutes) stu 
279.0 310 Fic. 4. Kinetics of the denaturation of ovalbumin in 3.15 y 
287. 5 520 guanidine hydrochloride. Protein concentration, 0.047%; pH 
5.6; 0.01 M citrate buffer; 23°; light path, 10 mm; left ordinae, ™ 
Lysozyme....... 6.0 | pH 1.4, 39°, 24 hours None 4A at 232.5 my; right ordinate, AA at 287.5 and 292.5 my. lon 
Alkaline denaturation | 231.5 | 11,280 T III tra 
286.0 1,670 1 ha 
292.8 | 3,130 Kinetics of absorbancy changes at 292.5, 287.5, and 232.5 my ver 
ovalbumin on denaturation with urea or guanidine hydrochloride 40 
Heat denaturation None Protein concentration was 0.04 to 0.1%. ir 
pH 5.2, 20 minutes, 92° oft 
Concen- Tem- wa 
Denaturing agent tration Buffer pera- 2 ( 
Ovalbumin...... 7.8 | pH 7.8, 0.012 u phos- | 233.0 |55,250* of agent ture 40 
phate buffer, 8 m 280.0 1,040 “ orga dif 
, 24 hours at 24° | 287.0 | 3,960 : oo 
20.0 2.870 8 Phosphate, 0.012 24° 202.5 ½ bei 
Mu, pH 7.8-7.9 287.5 75 4 te 
Prot amine sulfate 5.0 | pH 1.4, 39°, 2 hours None 232.5 140 — 
in 
Insulint......... H 1.5, 25° 234.0 | 2,400  Guanidine hydro- 0 
chloride. . . 2.7 | Citrate, 0.01 u, 24° 202.3 
6-Lactoglobulint... pH 1.4, 24 hours, 25° | 236.0 | 1,230 pH 5.6 287.5) I tein 
Alkaline denaturation} | 236.0 |12,250 22.3 10 
* All ovalbumin a values have been corrected for urea ab- Guanidine hydro- * 
sorbaney. chloride 3.15 | Citrate, 0.01 u, 23° 292.5 2.1 mn 
t Difference peaks in the region 275 to 295 my not computed. pH 5.6 287.5 |~2.1 te 
t Alkaline denaturation was for 10 minutes at pH 11.4 in a 22.5 4.5 at2 
water bath at 92°, followed by acidification to pH 1.4. Cooled to — app 
25° before scanning. 10 ſore 
mos 
T 
beli 
ol tl 
AA 
Humon 
(ap) serum olbumin 
Fic. 3. Difference in absorption at room temperature between 2 
pepsin solutions at pH 5.7 and pH 7.3 (reference cell) in 0.2 u J 
phosphate buffer. Measurements were performed within 3 min- 0% ton 004 006 008 0.10 de 
utes of mixing. Protein Concentration (mg/ m 


Fia. 5. Difference in absorption at room temperature between 
In all cases, changes at 232.5 my continued after changes at human serum albumin solutions at pH 5.2 versus pH 1.4, at 24 


ceased : times mn, and native ovalbumin versus ovalbumin after 10 hours at 25° 
n N oe in 3.15 m guanidine hydrochloride, pH 5.6, 0.01 M citrate buffer 


of the changes at these three wave lengths obtained under a yin — for idine h hloride 
variety of conditions. The half-time of the change at 232.5 m — Light path, — ordinate, —— 
was found to be considerably longer in every case than that of right ordinate, ovalbumin. 

the change at 292.5 and 287.5 mu. 

It is unlikely that dispersion contributes significantly to the plot of AA. versus concentration is linear over this range (Fig 
absorbancy changes observed at 232.5 my. First, at the protein 5). Second, the wave length dependence of the absorbancy 
concentration range employed, 0.04 to 0.1%, no aggregation change is not consistent with the dispersion law. This evidence 
would be expected. This is further excluded by the fact that a indicates, therefore, contributions from chromophores other than 
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tyrosine and tryptophan to the 232.5-my peak in urea - or guani- 
dine-denatured ovalbumin and lends further support to the con- 
clusions based on the pepsin autolysis data presented above. 
Studies on Poly- - glutamaie— The investigations on ovalbumin 
and pepsin, as well as the ones on the free amino acids presented 
earlier (3), suggested strongly that the changes in the 230 mu 
region might arise from disturbances of the environment of the 
polypeptide backbone of the protein associated with denatura- 
tion. 

Poly-L-glutamic acid was chosen as a model compound. The 
helix-coil transition which had been clearly demonstrated for 
this polypeptide (21) lends itself well to spectrophotometric 


studies. 

Doty et al. (21) have shown that at pH 4, this molecule exists 
as an a-helix. As the pH is raised and the carboxyl groups 
ionize, repulsion between adjacent carboxylate ions results in a 
transformation of this helix into a random coil. Doty et al. (21) 
have shown that the proportion of helix to random coil follows 
very closely the ionization curve of the - earboxyl of glutamic 
acid. Poly-t-glutamic acid thus offers a model system for the 
investigation of the effect on ultraviolet absorption of uncoiling 
of an a-helix. 

On comparison of a solution of poly-t-glutamic acid at pH 
40 with a solution at the same concentration at pH 11.4, the 
difference spectrum showed a peak at 225 my. Further, the 
height of the 225-my peak was dependent on pH in the range 
4 to 6 in an analogous fashion to that observed by Doty et al. 
(21) for the helical content. The experimental results are shown 
in Fig. 6. 

Calculation of Ae per residue at 225 my gave a value of 85. 
This value is somewhat lower than that observed for the pro- 
teins which gave Ae per residue values in the range 100 to 200. 
Moreover, some of the observed change in the absorption spec- 
trum of poly-L-glutamate with pH may be attributed to increase 
in the absorption at 225 my of the carboxyl group in going froin 
the ionized to the un-ionized form. The Ae(COO- — COOH) 
at 225 my in a carboxylic acid such as citric acid was found to be 
approximately 15 per carboxyl group. It would appear, there- 
fore, that the change in carboxy] ionization would account for at 
most 20% of the observed change in poly-t-glutamate absorption. 

The tentative conclusion may, therefore, be drawn that the 


belix-coil transition is, in fact, associated with a spectral change 
of the same general type as that observed on protein denatura- 


tion. 
0.04 
0 + 
004 
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Fic. 6. pH dependence of the difference spectrum of poly- 1. 

acid. Concentration of poly-t-glutamic acid = 0.22 

mg per ml. Reference solution at pH 6, sample solutions at the 

2 O, in absence of salt; @, in 0.16 u NaCl; light 
10 mm. 
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290 310 
X 

Fic. 7. Difference spectra of glucagon (0.028%) produced 

guanidine hydrochloride; light path, 10 mm. 
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310 


4 i i L 


270 290 
(mp) 
Fig. 8. Difference spectrum of oxidized A-chain of insulin 
(2.5 X 10-* produced by 52.5% sucrose; light path, 10 mm. 


Effect of Refractive Index of Medium on Ultraviolet 
Absorption Spectrum of Glucagon, A-Chain 
of Oxidized Insulin, and Tetraglycine 


It has been shown by Bigelow and Geschwind (18), by Yanari 
and Bovey (22), and by others that changes in the refractive 
index of the medium produce alterations in the absorption spec- 
trum of the tyrosine and tryptophan residues in proteins very 
similar to those produced by denaturation. It was of interest, 
therefore, to examine the effect of changing the refractive index 
of the medium on the absorption of polypeptides of known struc- 
ture in the region of 230 my. 

Glucagon—The difference spectra, obtained by comparison of 
glucagon in concentrated sucrose and lithium chloride solutions 
with glucagon in water, are shown in Fig. 7. In addition to the 
peaks at 285 and 292.5 mu, which are presumably due to changes 
in the absorption spectrum of tyrosine and tryptophan residues, 
a peak at 230 my was found on comparison of the solution of 
glucagon in 52.5% sucrose with the solution of glucagon in water. 
When lithium chloride was employed, the peak was at 232 my 
(see Fig. 7). 

It may be noted that at near neutral pH it was necessary to 
work in dilute guanidine hydrochloride solutions (0.56 M) to 
dissolve the glucagon. The details of the composition of the 
solutions used are given in the legend to Fig. 7. 

Oxidized Insulin A-chain—The effect of sucrose on the A-chain 
of oxidized insulin was similar to that observed with glucagon. 
This is shown in Fig. 8. The optical rotatory dispersion studies 
of Linderstrgm-Lang and Schellman (23) indicate that the oxi- 
dized A-chain is largely unfolded in aqueous solution. 

Tetraglycine—Tetraglycine (10-* ) in water was compared 
with the peptide in 5 M lithium chloride. No peaks were observed 
in the difference spectrum over the wave length range 220 to 320 
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mu. The absorption of tetraglycine in the lithium chloride 
solution was somewhat lower at wave lengths below 230 my. 

These results indicate that a change in refractive index of the 
medium does bring about changes in the absorption spectrum of 
polypeptides in the region of 230 my similar to those observed 
with proteins. Since no difference spectrum was obtained with 
tetraglycine, it would seem that a certain minimal molecular 
size and, perhaps, certain types of side chains, are necessary to 
produce the difference peak at 230 my. 


DISCUSSION 


From the investigations reported in this paper, it appears that 
denaturation of proteins results in some conformational change 
which is associated with the appearance of a peak in the differ- 
ence spectrum in the region of 230 mu. Although the aromatic 
amino acids contribute to the over-all absorption of proteins in 
this region of the spectrum, a number of observations suggest 
that the 230- to 235-my difference peak cannot be attributed 
solely to changes in the environment of the aromatic side chains. 

The most striking evidence that changes in the environment 
of aromatic side chains need not give rise to the difference peak 
at 230 my is given by the difference spectrum obtained by com- 
paring pepsin at pH 5.7 to the protein at pH 7.3. Exposure to 
pH 7.3 is known to alter the native structure of pepsin and to 
inactivate it (10, 24). The difference spectrum shows peaks at 
278, 286, and 292 my. Other investigators (16-18) have con- 
cluded that these peaks unquestionably represent changes in the 
environment of the tryptophan and tyrosine residues. Yet, 
examination of the difference spectrum of pepsin, which displays 
these peaks prominently, fails to reveal any significant change in 
the region 225 to 245 mu. The conclusion may, therefore, be 
drawn that changes in the tyrosine and tryptophan absorption 
associated with protein denaturation need not be reflected in the 
225- to 245-mu region of the difference spectrum. 

The kinetics of the denaturation of ovalbumin by urea and 
guanidine hydrochloride clearly indicate that the rate of change 
of absorbancy at 232.5 my is different from that at 287.5 and 
292.5 mu, whereas the changes at the last mentioned wave lengths 
are essentially synchronous. Finally, there is no correlation 
between the magnitude of the 230- to 235-my peak and the 
tryptophan and tyrosine content of the proteins studied (3). 

It should be emphasized that the examples of pepsin and oval- 
bumin are selected ones. In most of the proteins examined, 
€.g. papain and serum albumin, the changes in spectrum pro- 
duced by denaturation, all occurred so rapidly that no differentia- 
tion was possible. Clearly, a study of other proteins should 
produce additional instances in which a separation of the spectral 
phenomena occurs at the different wave length regions. 

The imidazole group of histidine and the carboxyl groups of 
the dicarboxylic amino acids absorb in the region of 225 to 230 
mu. However, the Aey values obtained for the changes in 
ionization of the imidazole group (3) and the carboxy] group are 
not of the same order of magnitude as the changes observed on 
protein denaturation. Furthermore, as in the case of tyrosine 


and tryptophan, no correlation was observed between the histi- 


dine or carboxy] content of the proteins studied and the difference 
peak in the 230 my region. 

The finding of a difference peak associated with the helix-coil 
transformation of poly-L-glutamic acid at 225 my suggests that 
changes in the conformation of the peptide backbone are reflected 
in this region of the spectrum. 
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assumed that all of these slowly exchanging hydrogen atoms 
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The fact that a difference peak at 230 to 235 my is obtained 
on comparing glucagon and the A-chain of oxidized insulin in 
media of high refractive index with these polypeptides in water 
also indicates that this region of the spectrum of these polypep. 
tides is influenced by the refractive index of the medium. 


Deuterium exchange studies on a number of the proteins used 
in this investigation (25-27) indicate that some of the hydrogen 
atoms of native proteins exchange very slowly with deuterium, 
In general, the ratio of slowly exchanging hydrogen atoms to 
peptide bonds in these proteins is less than 1:2. Even if it js 


represent peptide N—H hydrogen atoms, no more than half of 
the peptide N—H groups could be involved in hydrogen-bonded 
a-helices. On the other hand, little is known about possible | 
conformations in the so-called random“ sections of polypeptide 
chains in proteins in which hydrogen and hydrophobic bonding 
could result in the formation of large ring structures with strong 
absorption in the far ultraviolet. It is likely that disruption of 
such arrangements could produce the observed spectral changes, 
Although it is not as yet possible to define in structural terms 
the exact changes responsible for the observed spectral shift, the 
available evidence would seem to implicate changes in the con- 
formation of the peptide backbone of the proteins as a possible — 
source of the effects observed. 

Support for this interpretation is provided by the work of 
Simmons and Blout (28) on the ultraviolet rotatory dispersion 
of the protein subunits of tobacco mosaic virus. The rotatory 
dispersion of the protein subunits shows the beginnings of a lage 
negative Cotton effect with a trough at 233 my. If the protein 
is denatured with 8 u urea, this Cotton effect disappears and the 
optical rotation in the 233-my region becomes much less negative. 
Blout (29) has reported that this Cotton effect is characteristic 
of the helical form of polypeptides and proteins as indicated by 
investigations of the rotatory dispersion of known helical forms 
of poly-y-benzyl-t-glutamate, poly-L-methionine, and poly- 
glutamic acid. 

It appears very likely that the peak in the 230-my region ob- 
tained by us in the difference spectrum on comparing native with 
denatured proteins represents changes in the position and in- 
tensity of the absorption band which is the locus of the Cotton 
effect in the rotatory dispersion measurements reported by Sim- 


mons and Blout (28). 
Studies on the far ultraviolet spectra of amides (30), peptides | 
(31, 32), polyaminoacids (33), and proteins (32), both in the solid — 
state and in solution, have indicated that the main absorption 
band of the peptide group is at about 190 mu. This band can- 
not account for the Cotton effect reported by Simmons and Blout 
(28). It is also unlikely that changes in this band would be | 
detected in the difference spectrum at 230 mu. On the other 
hand, Peterson and Simpson (34) have concluded from a study 
of the polarized electronic spectrum of crystalline myristamide 
that a weak n- II transition of the peptide group is situated st 
220 mu. Such a band may contribute to the observed effects. 
Finally, it should be emphasized that we do not feel that the 
difference peak in the region of 230 mu produced by denaturation — 
of proteins can be attributed to a single phenomenon. There 
are, undoubtedly, contributions produced by changes in carboxy! 
group ionization and in aromatic absorption; however, some of 
the changes appear to represent contributions from alterations 
in protein conformation other than those mentioned. Clearly, 
further study on model compounds is necessary before the tre 
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tural features giving rise to the difference peak in the 230 mu 
region can be unequivocally identified. 
SUMMARY 


It has been established that denaturation or proteolysis of 
proteins results in some conformational change associated with 
the appearance of a peak in the difference spectrum in the region 
of 230 to 240 mu. 

Studies on the alkaline denaturation of pepsin have demon- 
trated that changes in the environment of tyrosine and trypto- 
phan residues as manifested by spectral changes at 278, 286, and 
992 mu are not accompanied by a change in the region of 230 to 
240 my. Kinetic studies on the denaturation of ovalbumin have 
indicated that the change of absorbancy associated with the 
aromatic amino acids is faster than that at 230 to 240 mu. 
These observations show that the conformational change re- 
flected by the spectral difference at 230 to 240 my involves 
structural alterations other than those associated with tyrosine 
and tryptophan. 

Studies on the difference spectra of glucagon and the A-chain 
of oxidized insulin produced by varying the refractive index of 
the medium indicate that changes in the refractive index of the 
medium are associated with spectral changes in the 230-my re- 


gion. 

Present evidence indicates that the peak in the 230-my region 
in the difference spectrum of proteins is related to changes in 
peptide backbone conformation. 
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Various properties of crystalline papain have been under in- 
vestigation in this laboratory for several years in attempts to 
understand the specificity, mode of action, and other aspects of 
the behavior of this enzyme (1). Inasmuch as papain must be 
in its native state to retain its enzymic activity, a knowledge of 
the role of the amino acid side chains in maintaining conforma- 
tion is essential. The difference spectrum obtained by compari- 
son of papain in acid and neutral solution exhibits peaks at 279 
and 287 my (2) and is suggestive of the involvement of the 
phenolic hydroxyl groups in hydrophobic or hydrogen bonding. 

Crammer and Neuberger (3) developed a spectrophotometric 
procedure to investigate the ionization of phenolic groups in 
ovalbumin and insulin. Similar investigations have since been 
performed on poly-t-tyrosine (4), serum albumin (5), ribonu- 
clease (6, 7), lysozyme (8, 9), chymotrypsinogen (10), trypsinogen 
(11), myosin, and the meromyosins (12). These studies have 
shown marked differences in the ionization behavior of phenolic 
groups in various proteins. 

This paper presents an investigation of the behavior of the 
phenolic hydroxyl groups in papain by means of spectrophoto- 
metric titration of this protein in the range from pH 5.5 to 14. 


EXPERIMENTAL PROCEDURE 


Papain was prepared by the method of Kimmel and Smith 
(13). Ovalbumin, twice crystallized, salt-free, was obtained 
from Nutritional Biochemicals Corporation. Lysozyme was 
obtained from Armour and Company (Lot No. 003L1). Fresh 
stock solutions of twice recrystallized, salt-free lyophilized pa- 
pain were prepared each day and stored at 4°. Protein concen- 
tration was determined from the absorption at 278 my in an 
appropriately diluted solution. The value of Elen was found 
to be 25.0 for anhydrous, ash-free papain. The value for the 
molecular weight of papain used in all calculations was 20,700. 
A stock solution of sodium hydroxide was made by diluting a 
saturated solution with carbon dioxide-free water. The concen- 
tration was checked by titration against standard potassium 
biniodate. The solutions for measurement were in the concen- 
tration range 1 to 2 X 10-5 M papain, and the pH was adjusted 
by careful addition of appropriate amounts of acid or base. 
Sodium chloride was used to adjust the ionic strength of each 
solution to either 0.01 or 0.2. 

Measurements of pH were made with a Radiometer-Copen- 
hagen type TTT 1a autotitrator equipped with a type C electrode. 
Correction for sodium ion errors was made with the aid of a 
nomograph supplied with the instrument. Solutions of high pH 


* This investigation was aided by research grants from the 
National Institutes of Health, United States Public Health Serv- 
ice. 


(in the range 11.5 to 13.0) were NaOH solutions of known 


molality containing sufficient sodium chloride to bring the ionie 


strength to 0.2. The pH of these solutions was computed from 


the activity coefficients obtained from hydrogen electrode meas- 


urements by Tanford (14). The Radiometer autotitrator and 

the Cary spectrophotometer (see below) were both located in 3 

room where the temperature was maintained at 27.0 + 0.2°. 
A Cary model 14 recording spectrophotometer was used for 


absorption measurements. Cylindrical tightly stoppered cells 


with a 10-mm light path were employed. The cells were 
matched with water over the range 400 to 220 my with the 
multipots on the instrument. 


RESULTS 


Ultraviolet Absorption Spectrum of Papain—The spectrum of 


papain in neutral solution, immediately after adjustment to pH 
12, and immediately after adjustment to pH 13, is shown in 
Fig. 1, which shows that not all the phenolic hydroxyl groups 
are ionized at pH 12 (Table I). In fact, the situation appears to 
be very similar to that described by Crammer and Neuberger (3) 
for ovalbumin. 

It was observed that the absorbancy of papain solutions in the 
pH range of 12 to 12.5 changes with time. A typical plot of 
change in absorbancy as a function of time is shown in Fig. 2. 
The molar extinction at pH 12.2 increases from about 40,000 
(obtained within 30 seconds of adjusting the pH) to 51,000 + 
1,000 at the end of approximately 60 minutes at 27°. Adjust- 
ment of a solution from pH 6 to 13 is accompanied by an in- 
stantaneous change in the molar extinction from 12,500 to about 
50,000. A slow increase in absorbancy at 295 my is then ob- 
served, a final value of 52,500 being reached in about 30 minutes 
at 27°. Exposure to normal sodium hydroxide (near pH 14) for 
2 or 3 minutes at 39° results in a final molar extinction of 52,800 
at 295 mu. 

It was essential to decide whether the time-dependent changes 
at 295 my observed above pH 12 were due to slow ionization of 
a few phenolic groups, or, whether they were due to some other 
cause such as an increase in light scattering caused by denatura- 
tion and aggregation. The ionization of the phenolic groups in 
tyrosine (3), polytyrosine (4), and in a number of proteins (3, 7) 
is accompanied by a large increase in extinction at 295 mu, à 
considerably smaller change at 265 my, and a very small change 
at 278 mu. It was observed that the wave length dependence 
of the increase in absorbancy of papain solutions follows that of 
tyrosine. It thus appears that the changes with the protein are 
due to a slow ionization of phenolic groups. 

A similar situation has been reported for ribonuclease (7). In 
this protein, a slow ionization of three phenolic groups takes 
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Fic. 1. Ultraviolet absorption spectrum of papain 
tion of pH. Spectra scanned immediately after pH adjustment. 


in as a func- 


TABLE I 
Ionization of phenolic hydrozyl residues in papain 
° No. of ionized 
11.8 5 minutes at 27° 11.6 
13.0 30 seconds at 27° 15.5 
14.07 | 5 minutes at 39° 17.0 
* All solutions were 0.2 mw in NaCl. 
t Normal sodium hydroxide solution. 


place at pH values greater than 12, the wave length dependence 
of the process being very similar to that observed with papain. 
On the other hand, the slow change in absorbancy observed 
with bovine serum albumin at pH values greater than 12, shows 
the greatest change at 265 my, a smaller one at 278 mu and the 
smallest at 295 my, and has thus been attributed to a denatura- 
tion process (5). 

Change in Molar Extinction The molar extinction at 295 mu 
of solutions of papain in the pH range 5 to 8 is 12,500. This 
value was taken as the molar extinction of papain before the 
ionization of the phenolic groups. When the curves for ab- 
sorbancy at 295 my versus time at pH values greater than 12 are 
examined (e.g. Fig. 2), it is found that these approach the limiting 
value of 52,800. Amino acid analysis (1) as well as spectrophoto- 
metric determinations (see below) have indicated the presence 
of 17 tyrosine residues in the papain molecule. The total change 
in the molar extinction at 295 my is 40,300. This corresponds 
to a change of 2,370 per tyrosine residue. This is in good agree- 
ment with the value of 2,300 for tyrosine at the same wave length 
(3). Tanford and Roberts (5) found the change at 295 my per 
phenolic group to be 2,430 for bovine serum albumin. The 
value of 2 630 was obtained with ribonuclease (7). 

The titration curve for papain shown in Fig. 3 
‘an be fitted with a single S-shaped curve in the pH range 8.0 
to 11.5. Over this pH range, the ionization is completely re- 
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Fic. 3. Ionization of the phenolic groups in papain. 
direct titration; O, ionic strength 0.01; A, ionic strength 0.20. 
----, reversed titration, reversed after exposure to pH 13 for 
sufficient time to attain complete ionization equilibrium. @, 
ionic strength 0.01; A, ionic strength 0.20. 


versible. Exposure of papain to pH values higher than 12.0 
leads to irreversible changes in the ionization behavior. The 
curve obtained by back titration of a solution which had been 
kept at pH 13 for a sufficient time for the attainment of ioniza- 
tion equilibrium is also shown in Fig. 3. 

After exposure to a pH value greater than 12 for a few minutes, 
the protein becomes insoluble at pH values below 9.5, (presum- 
ably, because of denaturation and aggregation), and the ioniza- 
tion reversal curve cannot be continued below this pH. The 
results obtained in the pH range 9.5 to 13.5 indicate that all the 
17 tyrosine hydroxy] groups show normal ionization behavior 
after the exposure to pH values greater than 12 for sufficient 
time to attain equilibrium. 

Spectrophotometric Determination of Tyrosine and Tryptophan 
Content—The ultraviolet absorption spectrum of papain in 
alkaline solution was studied under a variety of conditions. The 
methods of Goodwin and Morton (15) and of Benche and Schmid 
(16) were applied to the determination of the tyrosine to trypto- 
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II 
Tyrosine to tryptophan ratio in papain and ovalbumin 
Tyrosine to tryptophan ratios reported in the literature are 
3.4:1 for papain (1) and 2.5:1 for ovalbumin (3). 


of Tyrosine-tryptophan ratio 
tions method 
(16) (1S) 
Papain | pH 13, 27°, 5 min 4 2.70 + 0.102.50 + 0.20 
pH 13, 27°, 17 hours 4 3.20 + 0.05 3.15 + 0.02 
pH 13.5, 39°, 90 min 2 2.95 + 0.05 2.87 + 0.08 
pH 13.5, 39°, 180 min | 3 3.25 + 0.15 3.25 + 0.20 
Denatured at pH 1.7 at 2 2.80 + 0.102.8 + 0.17 
92° for 5 min, then | 
pH 13.5, 39°, 30 min . j 
Ovalbu- | pH 13, 27°, 5 min 2 2.65 + 0.05 2.85 + 0.20 
min pH 13, 27°, 17 hours 2 2.60 + 0.05 2.80 + 0.10 
Denatured at pH 1.7 at 2 2.65 + 0. 10 2.85 + 0.20 
92° for 5 min, then 
pH 13, 27°, 5 min 


phan ratio in papain under the various conditions used. In 
agreement with the results obtained by measuring the Aey at 
295 my, it was found that the true tyrosine to tryptophan ratio 
of 3.4:1 (indicated by amino acid analysis) was approached only 
after prolonged exposure of the protein to alkali (see Table II 
for details). After 24 hours at pH 13 and 27°, or after 3 hours 
at pH 13.5 and 39°, a ratio of 3.25:1 was obtained. 

Since the papain concentration was known, it was possible to 
calculate that the content of tyrosine was 16.7 + 0.5 and of 
tryptophan 4.8 + 0.1 residues per mole. These values are in 
excellent agreement with earlier studies, which had shown the 
presence of 17 tyrosine and 5 tryptophan residues in papain by 
direct analysis (1). 

Ovalbumin was used as a control! in the determination of the 
tyrosine to tryptophan ratio under various conditions. The 
tyrosine to tryptophan ratio in ovalbumin was found to be 2.80: 1 
by the Goodwin and Morton method and 2.60:1 by the Benche 
and Schmid method, in good agreement with the value of 2.5:1 
reported by the latter authors (16). 

Denaturation of papain and ovalbumin by heating at 92° at 
pH 1.7 for 5 minutes, before adjusting the solutions to pH 13, 
had only a slight influence on the tyrosine-tryptophan ratio in 
each case (see Table IT). 


DISCUSSION 


Of the 17 phenolic groups of papain, 11 to 12 ionize in the pH 
range 8.5 to 12. The observed pK’ for these groups is 10.3 + 
0.1. The following values have been assumed for the calculation 
of the electrostatic interaction factor, w, and of the intrinsic pK 
(7). The molecular weight has been taken as 20,700 (1), ö, the 
radius of the protein sphere including 10% of water of hydration, 


as 18.9 A, ö as 0.724 (1), water of hydration as 10%, and ionic 


1 The tyrosine to tryptophan ratio in lysozyme was also deter- 
mined under various conditions. A tyrosine to tryptophan ratio 
of 0.28 + 0.02 was obtained by the Benche and Schmid method 
after exposure of lysozyme to 0.1 n NaOH for 5 minutes at 27°. 
This ratio changed to 0.49 + 0.02 after exposure of this protein 
to 0.1 n NaOH for 17 hours at 27°. 
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strength 0.20. Z at pH 10.3 has been calculated to be —7 from 
the amino acid composition of papain on the assumption that the 
ionization of groups other than phenolic offers no unusual fea. 
tures. The value obtained for pKintriasic computed from the 
above values is 9.8 + 0.1. This value falls in the range fo 
normally ionizing protein phenolic groups (7). 


Three to four phenolic groups in papain ionize slowly at pfl 
values between 12 and 13. This behavior is analogous to that | 


observed for 3 of the 6 phenolic groups in ribonuclease. Above 
pH 13, a slow ionization of 1 to 2 phenolic groups takes place, 
These 2 groups show a unique ionization behavior. In oval. 
bumin, 8 of the 10 tyrosine hydroxyl groups show abnormal 
ionization behavior (3). All of these, however, ionize immedi- 
ately on exposure of the protein to pH 13 at room temperature, 
Only 15 of the 17 tyrosine phenolic groups of papain ionize im. 
mediately under these conditions. The remaining 2 groups 
ionize slowly. 

These data suggest that a portion of the secondary structure 
of papain is highly inaccessible to hydroxyl ions. This behavior 
is in keeping with the known high stability of papain in alkaline 
solution (1). The extreme tightness of the secondary structure 
of at least a portion of the papain molecule is also indicated by 


— 


the relatively high stability of this protein towards urea and 


guanidine hydrochloride (17). 
Since the titration of 11 to 12 of the 17 phenolie groups in 
papain is normal and reversible, these groups cannot be involved 


in interactions in which rupture would lead to disorganization of © 


the molecule. It is known that papain retains a high proportion 
of its enzymic activity after exposure to alkaline solutions at pH 
values below 12 (1). 

As noted above, exposure of papain to pH values higher than 


12 results in the slow ionization of approximately four more 


phenolic groups. Since the protein which had been exposed to 
pH values higher than 12 is insoluble below pH 9.5, it would seem 
that the ionization of these four groups is associated with an 
irreversible disorganization of the papain molecule. Such a dis- 
organization is also indicated by the fact that the phenolic ioniza- 
tion curve of papain is not reversible once the protein has been 


exposed to pH greater than 12. 


SUMMARY 


The ionization of the phenolic groups of papain has been deter- 


mined by spectrophotometric titration. The titration of 11 to 
12 tyrosine residues in the pH range 9.0 to 12.0 has been found 
to be normal and reversible. These phenolic groups have an 
observed pK’ value of 10.3 + 0.1 with a calculated intrinsic pK 
value of 9.8 + 0.1. A slow ionization of four groups takes place 
in the pH range 12 to 13. These residues are instantaneously 
ionized at pH 13. One to two residues ionize slowly above pH 
13. The titration curve for the phenolic groups of papain, ex 
posed to a pH greater than 12, is irreversible. The tyrosine and 
tryptophan content of papain has been determined spectrophoto- 
metrically and is in good agreement with that obtained by amino 
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It has been postulated that the remarkable ability of certain 
microorganisms to grow at high temperatures is due to the rela- 
tive thermal stability of their cellular components. Many 
enzymes obtained from thermophilic bacteria have been ex- 
amined and compared with their counterparts in mesophilic 
microorganisms. Some of thé enzymes have shown unusual 
heat stability, while possessing other properties identical with 
enzymes found in mesophilic bacteria. The literature on this 
and other aspects of thermobiosis has been reviewed by Koffler 
(1). 

The a-amylases obtained from thermophiles have been found 
to be quite heat-stable (2-6). Imshenetskii et al. (2) reported 
that the hydrolysis of starch by a-amylase preparations obtained 
from thermophilic species of the genus Bacillus was most active 
between 70° and 100°. Stark and Tetrault (3) and Hartman et 
al. (4) reported that a partially purified a-amylase obtained from 
Bacillus stearothermophilus was active after 12 hours at 90°. 
Campbell (5, 6) purified and crystallized the a-amylase produced 
by the facultative thermophile, Bacillus coagulans. The enzyme 
maintained its thermostability after crystallization, as evidenced 
by a loss of only 10% of its activity after 1 hour at 90°. The 
small yields of the ——— enzyme, however, have prevented 
a detailed study of its physical and chemical properties. 

Thus far it has not been possible to determine if the thermal 
stability of enzymes obtained from thermophilic bacteria is the 
result of a unique molecular organization or if it is due to the 
presence of small amounts of protective material (s) in the en- 
zymes. In an attempt to obtain information bearing on this 
point, a study of the chemical and physical properties of a crystal - 
line enzyme, obtained from a thermophilic bacterium, has been 
initiated. This report is concerned with the crystallization and 
a study of some general properties of the a-amylase produced 
by the obligately thermophilic bacterium, Bacillus stearothermoph- 
ilus. Subsequent papers will present data on some physical 

* Project 1341, Agricultural Experiment Stations, Institute of 
Agricultural Sciences, Washington State University, Pullman. 
These studies were aided by a contract (NR-108-330) between the 
Office of Naval Research, Biochemistry Branch, Department of 
the Navy, and Washington State University. 

t The material presented in this paper was taken in part from 
a thesis submitted by Gilbert B. Manning in partial fulfillment 
of the requirements for the degree of Doctor of Philosophy in 
June 1958. Present address, Department of Biochemistry, Sacred 
Heart Hospital, Spokane 4, Washington. 

t Present address, Department of Microbiology, School of 
Medicine, Western Reserve University, Cleveland 6, Ohio. 


and chemical properties which relate to the thermal stability of 
this enzyme (7, 8). 


EXPERIMENTAL PROCEDURE 
The organism used throughout this investigation was B. 
stearothermophilus, strain 503-4. Stock cultures were main 
tained by biweekly transfer on Difco nutrient agar slants and 
stored at 5°. Lintner soluble starch was obtained from either 
Fisher Scientific Company or Merck and Company, Ine. Pes 


_ amylose, corn amylose, and corn amylopectin were kindly sup- 


plied by Dr. W. Z. Hassid, University of California, Berkeley. 
Crystalline egg albumin was purchased from Nutritional Bio- 
chemicals Corporation. All other chemicals and reagents were 
obtained from commercial sources and were of the highest purity 
available. 

Assay for Amylase Activity—A modification of the dextrino- 
genic assay of Smith and Roe (9) was used routinely for measuring 
enzyme activity. A 1% solution of Lintner soluble starch was 
prepared in 0.1 M acetate buffer, pH 4.6. To each of two test 
tubes were added 5.0 ml of the buffered starch substrate, 3.0 ml 
of 0.1 Mu acetate buffer (pH 4.6), and 1.0 ml of 0.5 M CaCl. 4 
third tube served as a reagent blank. The tubes were incubated 
at 65° until equilibrated. To one tube was added 1.0 ml of en- 
zyme and, after a 10-minute reaction time at 65°, 2.0 ml of 1s 
HCl were added to each tube. Enzyme (1.0 ml) was then added 
to the reagent blank and the undigested starch control tube. 
After thorough mixing, 0.2 ml of each of the three tubes was 
placed in 50-ml volumetric flasks containing 0.5 ml of 1 x HC 
and 40 ml of distilled water. Color was developed in each flask 
by the addition of O. I ml of an iodine solution (3.0% KI and 0.3% 
Iz). The flasks were brought to volume and thoroughly mixed. 
The resultant blue solutions were decanted into colorimeter tubes 
and absorbancy read at 620 mu with a Bausch and Lomb Spee- 
tronic 20 colorimeter. Activity was calculated by the equation: 


AbC — AbD 


AbC X mg of starch initially presen 


= mg of starch hydrolyzed 


in which AbC is the absorbancy of the control and AbD is the 


absorbancy of the digest. One unit of a-amylase is that amount 
of protein which will hydrolyze 10 mg of starch per minute under 
the specified conditions. Specific activity is expressed as units 
per mg of protein. 

Determination of Protein—During the initial studies on the 
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purification of the enzyme, protein concentration was determined 
by the method of Lowry et al. (10) with crystalline egg albumin 
as a standard. When crystalline a-amylase from B. stearo- 
thermophilus was obtained, it was employed as the standard. 
In studies on the properties of the crystalline enzyme, protein 
concentration was determined by the spectrophotometric method 
of Waddell (11). 

Production of Enzyme— A modification of the medium described 
by Hartman et al. (4) was used for enzyme production. The 
modified medium contained trypticase (Baltimore Biological 
Laboratory), 20 g; NZ-case (Sheffield), 4.0 g; soluble starch, 1.0 
g: and KNOs, 5.0 E per liter of distilled water. The pH of the 
medium was 7.3 to 7.4 after sterilization at 121° for 15 minutes. 

A series of Fernbach flasks, each containing 500 ml of the 
trypticase-NZ-case-starch medium, was inoculated with 30 ml 
of an 18-hour broth culture of the organism. After 36 hours of 
incubation at 55°, the cells were removed by centrifugation in a 
Sharples centrifuge and discarded. The resultant cell-free liquor 
contained the a-amylase. Approximately equal yields of the 
enzyme were obtained when the cultures were incubated under 
still or shake flask conditions. 


Purification and Crystallization of a-Amylase 


The methods used for the purification and crystallization of the 
a-amylase from B. stearothermophilus were similar to those de- 
scribed by Campbell (5) for the crystallization of the a-amylase 
from B. coagulans. Except where noted, 1.0 & solutions of HC! 
or NaOH were used for pH adjustment during the purification. 

Step 1—To each liter of the cell-free culture liquor, adjusted 
to pH 6.2, 200 g of anhydrous ammonium sulfate and 200 g of 
anhydrous sodium sulfate were slowly added with constant stir- 
ring. After the addition of the salt, the liquor was stirred for 2 
hours at room temperature. The dark brown, sticky precipitate 
was collected on a Buchner funnel containing a Celite filter pad. 
The filter pad was prepared by passing a suspension of Celite 
503 (50 g/500 ml of water) over two sheets of Whatman No. 1 
filter paper. After filtration, the Celite pad was suspended in 
200 ml of 0.2 Mu calcium acetate and stirred for 1 hour at 1°. 
Celite was removed from the soluble enzyme by filtration. The 
dark brown enzyme solution was dialyzed overnight against 20 
liters of 0.01 u calcium acetate at 1°. The dialyzed solution 
was removed from the dialysis tubing and filtered to remove the 
precipitate of calcium sulfate which forms. 

Step 2—The dialyzed enzyme solution was adjusted to pH 6.2 
and two volumes of cold (- 10°) acetone were added with stirring. 
The acetone-enzyme solution was held at —10° for 3 hours. 
The light brown precipitate was collected by gravity filtration 
at 1° and dissolved in 200 ml of 0.2 M calcium acetate. 

Step 3—The light amber enzyme solution was adjusted to pH 
5.5 by the addition of 0.1 M acetate buffer, pH 4.6. The solution 
Was again treated with two volumes of cold (—10°) acetone and 
placed at —10° for 18 hours. The precipitate was collected by 
gravity filtration and dissolved in 200 ml of 0.02 u calcium ace- 
tate. 

Step 4—The enzyme solution was adjusted to pH 6.0 and a 
total of 50 g of anhydrous ammonium sulfate per 100 ml of solu- 
tion was slowly added with constant stirring. After approxi- 
mately one-half of the salt had been added, a precipitate of 
calcium sulfate formed. This precipitate was removed by 
centrifugation and discarded. The remainder of the ammonium 
sulfate was added to the supernatant liquid and the solution was 
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Fic. 1. Crystalline a-amylase of H. stearothermophilus 


Taste | 
Purification and crystallization of a-amylase of 
Bacillus stearothermophilus 


Total units* activity 


Fraction Volume Yield 
ml unils/mg protein, % 

Crude liquor 7,200 236,060 2.11 
Dialyzed solution 250 | 190,840 57.2 80.84 
Ist acetone............. 200 139,860 200 59.2 
2nd acetone 200 123.450 551 32.3 
Crystallization. ........ 50 76,144 1,384 32.3 
Ist reerystallization 25 36,825 1,412 15.6 
7th recrystallizat ion 15 29,040 1,614 12.3 
St h recrystallization 15 24,078 1,508 10.2 


* One unit is that amount of protein which will hydrolyze 10 
mg of starch per minute, as measured by the dextrinogenic assay. 


allowed to stand at 1°. Long, thin, needle-like a-amylase crys- 
tals started to form within 24 hours. After 48 hours, the crystals 
were collected by centrifugation and the supernatant liquid was 
again held at 1° to allow further crystallization of the enzyme. 
Step 5—Reerystallization was accomplished by dissolving the 
enzyme in distilled water, adding calcium acetate to a final con- 
centration of 0.2 Mu. and allowing it to stand at 1° for 48 to 72 
hours. a-Amylase recrystallized eight times is shown in Fig. 1. 
Step 6—The recrystallized enzyme was taken up in a minimal 
volume of cold distilled water and dialyzed against 4 liters of 
distilled water at 1° for 48 hours, with a complete water change 
every 16 hours. The dialyzed enzyme solution was then lyo- 
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TakLE II 
Hydrolysis of starch fractions by a-amylase of 
Bacillus stearothermophilus 


Thermostable a-Amylase of B. stearothermophilus. I 


Vol. 236, No. 11 


Table II shows that enzyme activity was greater with the 
branched chain substrate, amylopectin, than with the straight 
chain substrate, amylose. No maltase activity was detected at 
either high enzyme or high substrate concentrations. 


| Effect of Temperature on Enzyme Activity—<Activity measure. 
GGG 22.82 ments of the crystalline enzyme were carried out at pH 4.6 over 
Pea amylose............... . 26.07 a temperature range of 35° to 85° at 5° increments. The optimal 
Corn amylopectin............ = vena ees 95.03 temperature for activity was found to extend over a range of 55° 
Lintner soluble starch................. 149.32 to 70°. A plot of the logarithm of the velocity as a function of 


the reciprocal of the absolute temperature reveals essentially 
a straight line over the temperature range of 35° to 65° (Fig. 2). 
By means of Arrhenius’ equation, the energy of activation of the 
dextrinogenic reaction was calculated and found to be 14,000 + 
500 calories over the temperature range of 40° to 65°. The 
temperature coefficient (Qj) was found to be 2.3 between 35° 
and 45°, 1.96 between 45° and 55°, 1.91 between 50° and 60°, 2.1 
between 55° and 65°, and 1.06 between 65° and 75°. 

Effect of pH on Enzyme Activity—The effect of pH on enzyme 
activity at 65° was determined by the use of buffered starch sub- 
strates prepared with Britton and Robinson’s universal buffer 
(6). The pH values were determined on the digests at the end 
of the experiment. The pH range of maximal enzyme activity 
was found to be 4.6 to 5.1 (Fig. 3), which is lower than the optimal 
range reported for most microbial a-amylases (4, 15-18). 

Effect of Enzyme and Substrate Concentration on a-Amylase 
Activity—Enzyme activity was found to be linearly related to 


* Milligrams of maltose formed per u of protein per hour, as 
measured by the saccharogenic assay (13, 14). Substrates were 
prepared in 0.1 M acetate buffer, pH 4.6. Reaction temperature 
was 65°. 


Rash 4 4 4 


A 


A 


enzyme concentration over the range studied (Fig. 4). Fig. 5 
shows the effect of substrate concentration on a-amylase activity 
plotted according to Lineweaver and Burk (19). The K. was , 
calculated to be 1.0 X 10g per ml. The K, value recorded 
295 300 305 310 315 320 325 for a-amylases of animal, plant, and microbial origin have ranged 
x 10° from 1.8 X 10-4 to 6.5 X 10g per ml (15, 16, 18). . 
oe Effect of Calcium and EDTA on Enzyme Activity—Crystalline . 
Fic. 2. Effect of temperature on @-amylase activity of H. nzvme preparations were dialyzed for various periods of time 
stearothermophilus. Dextrinogenic activity measurements car- 
ried out at pH 4.6 over the temperature range of 35° to 65°. Pro- Against distilled water, and the Ca** concentration determined 
tein concentration, 0.1%. The logarithm of the velocity of the With a Beckman model B flame photometer by measurement of 
dextrinogenic reaction is plotted as a function of the reciprocal of light emission at 554 ma. Dextrinogenic activity of the dialyzed 
the absolute temperature. preparation was determined as previously described, except that 
CaCl, was omitted from the reaction mixtures. Table III 
philized on a Machlett freeze-dry apparatus and stored at —10° shows the effect of CaCl: concentration on the activity of dialyzed 
until used. Table I summarizes a typical purification procedure. preparations. These data clearly show that Ca- stimulated 
The recrystallized enzyme was usually obtained in yields of 8 to enzyme activity. In additional experiments, crystalline enzyme 
12% The crystalline protein appears to be homogeneous as preparations were dialyzed for 7 days at 4° against 4 liters of 
judged by electrophoretic mobility and ultracentrifugation data EDTA (1 x 10 2 ½, with changes of the dialysis liquid every 8 
(7). hours and the Ca“ concentration determined. By using the 
| value of 15,000 for the molecular weight (7, 8), it was found that 
se ee the enzyme contained 2 g atoms of bound calcium per mole. 
Determination of Type of Amylase Elaborated by B. stearother- The effect of EDTA on enzyme activity was also studied. 
mophilus—In order to determine the type of amylase (i. e. q or 8) EDTA at a concentration of 1.04 Xx 10°? u inhibited activity 
produced by B. stearothermophilus, starch liquefaction (12) and 54.5% and this inhibition could be reversed by the addition of 
saccharogenic activity (13, 14) were determined in conjunction an excess of Cat*. The absence of a more pronounced effect of 
with the dextrinogenic activity. The enzyme caused a 96.49 EDTA on enzyme activity can probably be attributed to the 
reduction in viscosity of a 5% buffered (pH 4.6) starch substrate presence of the bound calcium in the enzyme. These findings 
in 30 minutes at 65°. In addition, a rapid loss in iodine color suggest that Ca++ may be an absolute requirement for enzyme 
and the formation off reducing sugar occurred.' The saccharo- activity. 
genic-dextrinogenic ratio was calculated to be 9.3. These obser- Calcium has been reported to be necessary for the hydrolysis 
vations indicate that the enzyme is of the a@-amylase type. of starch by several a-amylases (6, 15, 20, 21), and has also been 
digests revealed the presence of glucose, maltose, and oligosac- „Ein from denaturation and proteolytic degradation (18, 22 — 
charides containing 3, 4, 5, 6, 8, and higher units (Welker and 25). Stein and Fischer (25) and Vallee et al. (26) have reported me 
Campbell, unpublished data). that all a-amylase investigated contained at least 1 g atom of 
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firmly bound calcium per mole of enzyme. This finding suggests 
that calcium has an important function in a-amylases irrespective 
of their origin. 

Effect of N-Ethylmaleimide and p-Hydroxymercuribenzoate on 
Enzyme Activity—N-Ethylmaleimide and p-hydroxymercuri- 
benzoate at a concentration of X 10°? M showed no inhibition 
of starch hydrolysis, indicating that free sulfhydryl groups are 
not necessary for enzyme activity. This is in agreement with 
our findings that the enzyme does not contain any measurable 
free sulfhydryl groups (8). Salivary (27) and pancreatic a- 
amylase (28) have been reported not to require free sulfhydryl 
groups for activity. 

Thermostability of Crystalline a-Amylase—To study the ther- 
mal stability of the enzyme, samples were placed in a water bath 
at the desired temperature. At suitable time intervals, aliquots 
were withdrawn and the activity tested under optimal assay 
conditions. There was no enzyme inactivation after 24 hours 
at 65° or 70°. & loss of 29° of the initial activity occurred, how- 
ever, after 20 hours at 85°. These results show that the crystal- 
line a-amylase of B. stearothermophilus is relatively resistant to 
thermal inactivation. This finding is in agreement with the 
data previously reported for a-amylase preparations obtained 
from thermophilic bacteria (3-6). 

Ultraviolet Absorption Spectrum of a-Amylase—The ultraviolet 
absorption spectrum of the crystalline enzyme showed a maximal 
absorption peak at 280 my, with a slight inflection point around 
288 to 290 my, which is common for most a-amylases (15, 16). 

Dye-binding Capacity of a-Amylase—The dye-binding capacity 
of crystalline enzyme preparations was measured in order to 
estimate the number of acidic and basic groups on the enzyme. 
The methods emploved were those described by Fraenkel-Con- 
rat and Cooper (29). Orange-G-binding was measured at 472 
mu with an Evelyn photoelectric colorimeter with the use of the 


0 30 40 50 60 70 
pH 
Fig. 3. Effect of pH on a-amylase activity of B. stearothermo- 
Philus. Starch substrates buffered at appropriate pH values 
Were incubated at 65° for 10 minutes and the dextrinogenic activity 
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Fic. 4. Effect of enzyme concentration on dextrinogenic ac- 


activity. Starch substrates buffered at pH 4.6 were incubated 
with the indicated amount of enzyme at 65°. 
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Fid. 5. Lineweaver-Burk plot of starch hydrolysis by a-amylase 
of B. stearothermophilus. 


Taste III 
Effect of calcium ion on deztrinogenic activity of dialyzed 
a-amylase of Bacillus stearothermophilus 

The enzyme preparation was dialyzed for 72 hours at 4° against 
4 liters of distilled water, with changes of water every 12 hours. 
Equal concentrations of NaCl, KCl, or MgCl, did not restore en- 
zyme activity, which demonstrates that the chloride ion was not 
required. 


CaCh added to reaction mixture | Specific activity 
mg/ml | units/mg protein 
0 | 325 
0.6 | 974 
0.9 1200 
1.2 1250 
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(H+) x10 4 


10 20 30 40 50 60 70 80 90 100 ILO 
pH 
Fic. 6. Potentiometric titration curve of crystalline a-amylase 
of B. stearothermophilus. 


TaB_Le IV - 


Electrophoretic mobility of crystalline a-amylase of 
Bacillus stearothermophilus 


| pH Calculated mobility 
| XI volts” 
Glyeine- HCI | 3.6 | +1.162 
Phosphate-Na cl. 6.0 | —0.92 
Phosphate-NaCl....... | 7.2 —2.52 
| 9.0 —4.22 
Glycine-NaOH....... | 10.4 | —5.82 


04 9.0 Veron! Buffer 4201 


Fic. 7. Electrophoretic mobility of crystalline a-amylase of 
B. stearothermophilus. Enzyme concentration, 0.5%; tempera- 
ture, 2°. 
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short lightpath absorption cell described by Udy (30). Safrg. 
nine-O-binding was measured at 452 my with a Beckman model 
DU spectrophotometer. There was extremely little dye-binding 
observed between the enzyme and Orange-G at pH 2.2. X bind. 
ing of 0.1563 acid equivalent of Orange-G dye per g of protein y 
10* was calculated from the data obtained. This finding indi. 
cates the presence of only a few lysyl, guanidyl, imidazole, and 
free amino groups in the enzyme. The results of enzyme-safrg. 
nine-O-binding at pH 11.5 showed a striking difference. & value 
of 8.402 basic equivalents of safranine-O dye per g of protein x 
10“ was calculated. This value indicates a preponderance of 
free carboxyl groups in the enzyme. The data on dye-binding 
are in essential agreement with the amino acid composition of 
the enzyme (8). 

Potentiometric Titration of Enzyme—Titrations were performed 
with aqueous solutions of the enzyme, which were prepared with 
weighed samples of the crystalline a-amylase. The pH was 
determined by using a Beckman pH meter, model H2, equipped 
with microelectrodes. Acid or base was added by the use of an 
Agla micrometer syringe (Burroughs Wellcome and Company), 
Fig. 6 shows the potentiometric titration curve of the crystalline 
enzyme. The behavior of the curve between pH 2.8 and 50 
deviates in form from what is generally expected. Similar titra 
tion curves have been presented by Koffler (1) for flagella ob- 
tained from a thermophilic bacterium. If we assume that the 
observed step in the titration curve is the result of proton gain 
by free carboxyl groups, a value of 7.7 acid equivalents per g of 
protein Xx 10‘ is obtained. This value is close to that obtained 
for basic equivalents as determined by safranine-O-binding. 

Electrophoretic Mobility To determine the electrophoretic 
mobility of the crystalline enzyme, weighed samples of the en- 
zyme were dissolved in the appropriate buffer and dialyzed 
against the buffer for a period of 24 hours at 4°. Mobility pat- 
terns were recorded by means of a Perkin-Elmer model 384 
electrophoresis apparatus with a Polaroid Land Camera attach- 
ment. Mobilities were calculated by means of standard meth- 
ods (31). The calculated mobilities at various pH values in 
buffers of 0.1 ionic strength are presented in Table IV. A plot 
of the mobility of the enzyme versus pH revealed that the iso- 
electric point of the enzyme was at pH 4.82. Tracings of the 
ascending boundaries of the enzyme at pH 7.2 and 9.0 are pre- 
sented in Fig. 7. The enzyme was found to be homogeneous 
at all pH values studied. 


SUMMARY 


A method for the purification and crystallization of the thermo- 
stable a-amylase of Bacillus stearothermophilus was deseribed. 
The enzyme was found to have a pH optimum of 4.6 to 5.1, to be 
extremely resistant to heat inactivation, and to hydrolyze starch 
at an optimal temperature range of 55° to 70°. Calcium ton 
was demonstrated to be required for activity. Potentiometne 
titration and dye-binding data indicate the presence of a large 
number of free acidic groups. The enzyme was found to be 
homogeneous as judged by electrophoresis studies and to have 
an isoelectric point of pH 4.82. 
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Thermostable q-Amylase of Bacillus stearothermophilus 


II. PHYSICAL PROPERTIES AND MOLECULAR WEIGHT* 
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The thermostability and some general properties of the crystal- 
line a-amylase of Bacillus stearothermophilus have been described 
in a previous paper (1). A study of some of the physical prop- 
erties of this enzyme might provide an explanation, or at least 
rule out some possibilities, for its thermostability. Conse- 
quently, some of the properties which have been related to the 
size, shape, and hydration of protein molecules were determined. 
The optical rotatory power, which has been related to the a- 
helical content of soluble proteins, was also investigated. This 
paper presents the results of these studies. 


EXPERIMENTAL PROCEDURE AND RESULTS 


Preparation of Enzyme—The crystalline enzyme (crystallized 
six times) used in these studies was prepared as described pre- 
viously (1). Before use, the recrystallized enzyme was exhaus- 
tively dialyzed against distilled water at 4° for 7 days. 

Sedimentation and Diffusion Constants—The sedimentation 
constant 8% (2) was determined with a Schachman-type syn- 
thetic boundary cell (3) in the Spinco model E analytical ultra- 
centrifuge equipped with Schlieren optics. The S. constant 
was calculated to be 0.762 X 10 W seconds. The enzyme be- 
haved as a homogeneous component in both the sedimentation 
and diffusion runs. 

The material used for the sedimentation experiments was also 
used for diffusion studies. The height-area method (4) was used 
to calculate the diffusion constant from the data obtained with 
the Schlieren Optical System of a Spinco model H electrophoresis 
apparatus. The Schlieren patterns obtained are presented in 
Fig. 1. The data used for the calculation of Dx, are presented 
in Table I. The Do, was calculated to be 3.85 X 10-7 em? per 
second. 

Partial Specific Volume—The partial specific volume (¢) of the 
enzyme was determined by standard pycnometer techniques (5) 
in the region of 1% by weight of protein (Fig. 2). From the 
data obtained, d was calculated to be 0.69 ml per g. Calculation 


* Project 1341, Agricultural Experiment Stations, Institute of 
Agricultural Sciences, Washington State University, Pullman. 
These studies were aided by a contract (NR-108-330) between the 
Office of Naval Research, Biochemistry Branch, Department of 
the Navy, and Washington State University. 

+ The material presented in this paper was taken in part from 
a thesis submitted by Gilbert B. Manning in partial fulfillment of 
the requirements for the degree of Doctor of Philosophy in June 
1958. Present address, Department of Biochemistry, Sacred 
Heart Hospital, Spokane, Washington. 

t Present address, Department of Microbiology, School of 
Medicine, Western Reserve University, Cleveland 6, Ohio. 


of the apparent specific volume from amino acid analysis (6) by 
the method of McMeekin and Marshall (7) gave a value of 0.7] 
ml per g, which is in good agreement with that determined exper: 
mentally. 

Molecular Weight Determination—By using the standard for. 
mula (2) 


Del — Fo 


and the sedimentation and diffusion data, a molecular weight 
15,600 was calculated for the enzyme. This value agrees quite 
well with 15,404 obtained by osmotic pressure measurements 
(see Table II) and the minimal molecular weight of 15,688 caleg 
lated from the amino acid composition (6). 

Osmotic Pressure Determinations—Osmotic pressure measufe- 
ments of the enzyme were carried out by using the osmomete 
and methods described by Mallette (S). The molecular weight 
of the enzyme was calculated from the data obtained according 
to the equation 


M 


(C)(T) (CR) 


MW. OP 


in which J. M. is the molecular weight, C is the final concentr- 
tion of the nondiffusible enzyme in grams per liter, T the absolute 
temperature, R the gas constant in liter-millimeter of toluene at 
temperature T, and OP, the osmotic pressure at equilibrium 
(corrected for capillarity). The data are presented in Table Il 


and show that the calculated molecular weight from osmotic’ 


pressure determinations is in essential agreement with that ob- 
tained from the sedimentation and diffusion data. 

Viscosity—The capillary viscosity of the enzyme was measured 
with an Ostwald viscometer with a flow time of 100 seconds. 
The intrinsic viscosity as a function of protein concentration 
shown in Fig. 3. From these data, the viscosity increment (9) 
was taken as 20. 

Optical Rotation Studies—The optical rotation of the enzyme 
was measured at the sodium D line with a Rudolph Precision 
Polarimeter or a standard model D Keston polarimetric unit 
attachment to the Beckman model DU spectrophotometer. The 


optical rotation values and activity of the enzyme in the presence 


and absence of 8 M urea and 4 M guanidine are presented in Table 
III. From these data, it is clear that the enzyme has a rather 
large negative rotation value in the absence of urea and guall- 
dine, and that these solvents do not inactivate or cause aly 
significant change in the optical rotation of the enzyme. The 
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Fic. 1. Schlieren patterns obtained with a-amylase of B. stearothermophilus in a Spinco model H electrophoresis appara- 
tus. In these experiments, a 0.2% solution of the enzyme in 0.1 u phosphate buffer, pH 7.0, was prepared. The enzyme was 
dialyzed for 24 hours against the same buffer at 0° prior to the diffusion studies. 


large negative optical rotation of the enzyme is in keeping with 
the high proline content of 16% (6). Fig. 4 shows that exposure 
of the enzyme to 65° and 75° for 12 hours does not affect the 
optical rotation. Activity measurements during this experiment 
also revealed that there was no loss of enzyme activity at these 
temperatures. 


DISCUSSION 


By employing the data obtained in this study, the frictional 
ratio (10) of the enzyme was calculated to be 1.60. This leads 
to the conclusion that the enzyme in solution deviates markedly 
from a nonhydrated sphere (10). The value of the viscosity 
inerement reported also indicates large deviation from a non- 
hydrated sphere (10). In fact, the data suggest a rather large 
degree of hydration, or large hydrodynamic volume for the 
molecular weight, for any possible shape. 


The optical rotation data are not compatible with the helical 
structure (11) for several reasons: (a) the large negative value, 
(b) the behavior in hydrogen bond-breaking solvents, and (c) 
the stability at high temperatures. The high proline content 
(6) would also seem to rule out appreciable amounts of helical 
structure (12). 

Thus we are led to the conclusion that the a-amylase of B 
stearothermophilus in the native state exists as a semi-random- or 
random-coiled, well hydrated molecule, thus accounting for its 
resistance to heat inactivation and its resistance to inactivation 
by hydrogen bond-breaking solvents. If future experiments 
substantiate this conclusion, this would be the first example 
known for the structure of an enzyme. It is probable that any 
secondary structure that the enzyme possesses is due to the 
presence of disulfide bonds. The presence of four half-cystine 
residues and the absence of any detectable free sulſhydryl groups 
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TaBLe I 
Data used for calculation of free diffusion coefficient of 
a-amylase of Bacillus stearothermophilus 
By employing the data given in this table, the following values 
were used in the calculations: 


1. G (magnification factor) = 6.8167; G? = 46.47; 4nG = 583.9 
2. Average area = 13.5; average area? = 182 
3. Slope of 1/H? versus t = 6.4 X 10°77 
4. D calculated = 2.0 X 1077 
5. Corrections: 
we oN 1 buff 
TY 0 11 
0 0 


The data were obtained as follows. The negatives were placed 
in an enlarger and projected on paper. A peneil copy of the 
Schlieren pattern was made on the paper by tracing the first line 
inside the peak. The area was measured with a polar planimeter 
to 0.1 em?. The heights were measured with a scale to 0.05 cm. 
The reciprocal of the squared height was plotted against time in 
seconds and the slope of the straight line was calculated. In the 
experiments, the diffusion coefficient was calculated by multi- 
plying the area squared by the slope and dividing by 4x times the 
enlargement factor squared. This coefficient was then corrected 
for temperature and viscosity in order to calculate the diffusion 
coefficient at 20° in water. 


Negative No. Area Height (/ 11 | 1/H® Xx 108 
| min | cm? cm 

1 146.1 12.6 10.9 119 8.42 
2 182.2 14.3 10.4 108 9.25 
3 218.1 13.4 9.7 94.1 10.6 
4 _ 294.4 13.3 8.4 70.6 14.2 
5 383. 6 13.5 7.6 57.8 . 17.3 
6 481.6 13.3 6.8 46.2 21.6 
7 628.8 13.8 6.15 37.8 26.4 
8 1162.6 13.6 4.55 20.7 48.3 
9 1377.0 13.8 3.9 15.2 65.7 
10 | 2700.5 13.7 3.0 9.0 111.0 


in the enzyme (6) indicate that these residues exist as disulfide 
linkages in the enzyme. Further support of this is given by the 
fact that performic acid oxidation cleaves the enzyme into two 
peptide chains with a complete loss of activity (13). 


TaBLeE II 
Osmotic pressure measurements and calculated molecular weight 
of crystalline a-amylase of Bacillus stearothermophilus 


a-Amylase Osmotic equilibrium Temperature Calculated reed 

lite: mm toluene 
1.0 17.0 0° 15,325 
3.0 52.3 0° 15,003 
5.0 83.4 0° 15,680 
3.0 56.4 25° 15,580 
5.0 94.9 25° 15,433 
Average 15,404 


* Corrected for capillarity. Measurements were conducted in 
0.1 u acetate-0.5 m sodium chloride, pH 4.6. 


10 9 
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3490 .3494 .3500 3510 
WT. PYCNOMETER CONTENTS (VOL. 35ML.) 

Fic. 2. Data employed for calculation of the partial specific 

volume of B. stearothermophilus a-amylase. Weight pycnometer 


contents are plotted against weight fraction (W:). The slope of 
the straight line between points was calculated to be 0.111. 
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Fic. 3. Intrinsic viscosity of solutions of the a-amylase of B. 
stearothermophilus as a function of protein concentration. 
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Fic. 4. Effect of temperature on optical rotation of the a- amyl- 
ase of BH. stearothermophilus. O, 65°; @, 75°. Protein concen- 
tration, 0.2% in 0.1 u NaCl, pH 7.0. 
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TanLE III 
Optical rotation and activity of crystalline a-amylase of 
Bacillus stearothermophilus in urea and guanidine 
Protein concentration was 0.2% in the appropriate solvent. 
Starch substrates were prepared and the enzyme was diluted for 
assay purposes in the appropriate solvent. 


Solvent -lalp Specific activity 
unils mg protein 
98.55 1120 
94.8% 1116 
40 w Guanidine HCI. 101 .4° 1109 
SUMMARY 


Some properties related to the size, shape, and hydration of the 
a-amylase of Bacillus stearothermophilus were determined. The 
enzyme had a calculated molecular weight of 15,600 based on 
sedimentation and diffusion data and 15,404 based on osmotic 
pressure determinations. The enzyme behaved as a homogene- 
ous component in the ultracentrifuge and diffusion runs. A large 
negative optical rotation characteristic of “unfolded” proteins 
was found for the enzyme. The optical rotation was not signifi- 
cantly affected by 8.0 M urea, 4 M guanidine, or temperatures of 
65° and 75°, nor was there any loss of enzyme activity under these 
conditions. 

It was concluded that the a-amylase of Bacillus stearothermoph- 
ilus in the native state exists as a semi-random- or random- 
coiled, well hydrated molecule, with any secondary structure 
due to the presence of disulfide bonds. 


G. B. Manning, L. L. Campbell, and R. J. Foster 
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L. Leon CAMPBELLT AND GILBERT B. XIXX 


From the Laboratory of Microbial Biochemistry, Institute of Agricultural Sciences, Washington State University, 
Pullman, Washington, and the Department of Microbiology, School of Medicine, Western Reserve 
University, Cleveland 6, Ohio 


(Received for publication, June 1, 1961) 


In previous papers, some general and physical properties of 
the thermostable crystalline a-amylase of Bacillus stearothermoph - 
ilus were described (1, 2). The data obtained indicate that 
this enzyme is a low molecular weight, well hydrated, acidic 
protein which possesses a random-coiled structure in the native 
state. The purpose of this paper is to report the amino acid 
composition of this enzyme, as determined by quantitative 
column chromatographic methods employing the automatic 
amino acid analyzer (3, 4). 


EXPERIMENTAL PROCEDURE 


The crystalline a-amylase of B. stearothermophilus was pre- 
pared as previously described (1), recrystallized six times, and 
<lialyzed against distilled water for 48 hours at 5°. The enzyme 
was homogeneous as judged by its electrophoretic and sedimenta- 
tion behavior (1, 2). * 

Small ions were removed from the dialyzed enzyme by passage 
over a mixed bed column of Amberlite resins, as described by 
Wilcox et al. (5). The deionized enzyme was lyophilized and 
separate samples weighed out for hydrolysis and for nitrogen 
determinations. Constant weight was obtained after drying 
the lyophilized enzyme for 3 hours at 100° and 0.1-mm pressure 
over POs. Triplicate micro-Kjeldahl analyses gave a nitrogen 
content of 15.00. 

Hydrolysis was performed on 10-mg samples of a-amylase 
weighed directly into 9- X 125-mm heavy-walled Pyrex tubes. 
The enzyme was dissolved in 2.0 ml of constant boiling, glass- 
distilled HCI, frozen in a bath of solid carbon dioxide and ethanol, 
and the tubes evacuated with an oil pump and sealed. The 
hydrolyses were carried out in pairs in an autoclave set at 110° + 
1° for periods of 24, 48, and 72 hours. After hydrolysis, the 
choled tubes were opened and the contents evaporated to dryness 
over NaOH pellets in a vacuum desiccator at room temperature 
for 24 hours, and dissolved in a minimal quantity of warm, dis- 
tilled water. The nitrogen content of the hydrolysates was 


* Project 1341, Agricultural Experiment Stations, Institute of 
Agricultural Sciences, Washington State University, Pullman. 
These studies were aided by contracts (NR-108-330) between the 
Office of Naval Research, Biochemistry Branch, Department of 
the Navy, and Washington State University, and between the 
Office of Naval Research and Western Reserve University. 

+ Present address, Department of Microbiology, School of 
Medicine, Western Reserve University, Cleveland 6, Ohio. Senior 
Research Fellow of the Public Health Service (SF 315). 

t Present address, Department of Biochemistry, Sacred Heart 
Hospital, Spokane 4, Washington. | 
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determined by duplicate micro-Kjeldahl analysis. The solution 
was then brought to pH 2.4 by the addition of 0.1 ml of freshly 
prepared 1.0 xs HCI and 2.0 ml of 0.2 & sodium citrate buffer at 
pH 2.2. Aliquots of the hydrolyzed enzyme were subjected to 
chromatographic analysis by the Spinco automatic amino aeid 
analyzer (3, 4). 

Amide NH; was determined essentially in the way described 
by Hirs, Stein, and Moore (6) on duplicate 3-mg samples of the 
enzyme. 

The tryptophan content of the enzyme was determined by 
spectrophotometric methods (7, 8), and by alkaline hydrolysis 
and starch column chromatography (6, 9). Tryptophan was 
absent from this protein, according to these methods of analysis. 


TaBie I 
Amino acid composition of hydrolysates of Bacillus 
stearothermophilus a-amylase 
The values are given in terms of grams of amino acid per 100g 
of protein. 


Time of hydrolysis (hrs) | 


Amino acid Average 
24 72 
| 

Aspartic acid. 9.25 9.34 9.31 9.30 
Threonine 5.82 5.45 5.00 6.20° 
3.92 | 3.66 | 3.32 4.24° 
Glutamic acid 20.38 20.32 20.37 20.36 
16.36 16.17 16.28 16.27 
4.21 4.22 4.28 4.20 
Ala nine 4.82 | 4.74 | 4.76 4.77 
8.48 8.62 8.51 8.53 
Methionine 2.66 2.70 2.63 2.66 
Isoleu eine 6.16 6.038 5.98 6.05 
7.28 7.18 7.20 7.2 
Tyro sine 2.88 3.05 2.95 2.96 
Phenylalanine 6.42 6.37 6.41 6.40 
5.20 6.25 | 5.21 5.22 
Histidine 1.50 1.16 4.32 4.33 
Arginine.............. 3.35 3.39 3.33 3.36 
Half-cystinet.. 3.41 3.2 3.42 3.42 
Amide NH;........... | | | 0.363 


* Values for threonine and serine represent the values after 
extrapolation of each to zero time of hydrolysis. 

t Determined as cysteic acid after performic acid oxidation 
(14, 15) and hydrolysis of the enzyme. 

t Average of two determinations of amide NH; (6). 
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Fic. 1. The amino acids in a 24-hour acid hydrolysate of crystalline a-amylase of B. stearothermophilus. Chromatography was 


carried out on the Spinco automat ie amino acid analyzer (3, J). 


Proline content of the hydrolysates was determined independ- 
ently by the photometric method of Chinard (10), as modified 
by Troll and Lindsley (11). Hydroxyproline was deter- 
mined by paper chromatography (12) with the ninhydrin-isatin- 
triethylamine reagent of Kolor and Roberts (13). This reagent 
will detect as little as 0.0075 ug of hydroxyproline (13). No 
hydroxyproline was found when these procedures were used. 

Cystine and cysteine were determined as cysteic acid after 
performic acid oxidation (14, 15) and hydrolysis of 10-mg samples 
of the enzyme. Measurement of free sulfhydryl groups of the 
native enzyme was also carried out to determine if both cystine 
and cysteine were present. The following methods were em- 
ployed for determining the free sulfhydryl! groups of the enzyme: 
(a) the quantitative nitroprusside method as described by Gru- 
nert and Phillips (16); (6) the spectrophotometrie p-chloro- 
mercuribenzoate-binding method of Boyer (17); (c) the spectro- 
photometric N-ethylmaleimide method of Alexander (18); (d) 
the mercurimetric-amperometric titration method of Kolthoff, 
Stricks, and Morren (19); and (e) the argentometric-ampero- 
metrie method of Benesch, Lardy, and Benesch (20). No meas- 
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Fic. 2. Decomposition of threonine and serine as a function of 
hydrolysis time. The straight lines represent the best fit of the 
data according to the method of least squares. 
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TABLE II 
Amino acid composition and molecular weight of Bacillus stearothermophilus a-amylase 
— — 
| 14 | Amino acid Calculated No. of No. of residues Calculated 
| | % total N 
Aspartic acid.................... 9.30 8.04 6.53 1,431 10.90 11 15,741 
/// ĩ | 6.20 | 5.26 4.86 1,922 8.11 | 8 15,376 
JJC | 4.24 | 3.51 3.80 2,481 6.28 | 6 14, 886 
Glutamie acid.................... 20. 36 17.86 13.00 723 21.60 22 15,906 
13.20 708 20 22 15,576 
rr ĩ ͤ ( | 4.24 | 3.22 5.20 1,771 8.80 9 15,939 
% ô˙¼½ÿ§0O!r? r 4.77 | 3.80 5.00 1,870 8.34 8 14,960 
| 8.53 | 7.21 6.80 1,374 11.35 11 15,114 
Methionine......................| 2.66 | 2.33 1.67 5,630 2.77 | 3 16, 890 
r Na eee 6.05 5.22 4.34 2.167 7.20 | 7 15, 169 
7.22 | 6.22 5.13 1,818 8.58 | 9 16,362 
ĩ 2.96 2.66 1.53 6,132 2.54 3 18,396 
Phenylalanine.................... 6.40 5.70 3.60 2,580 6.04 6 15,480 
c 5.22 | 4.57 6.66 2,803 5.56 6 16,818 
| 4.33 | 3.82 7.93 3,592 4.34 4 14,368 
% | 3.36 | 3.01 7.20 5, 186 3.00 | 3 15,558 
Half-cystine................. 2 . 3.42 | 3.16 2.66 3,544 4.34 4 14,176 
canes | 0.36 2.73 3.12 3 
| (Average) 


* (Molecular weight of amino acid residues A 100)/per cent of amino acid residue in protein. 
Molecular weight of 15,600 calculated from physicochemical measurements (2). 
t Minimal molecular weight Xx the nearest integral number of residues. 


urable free sulfhydryl groups were found in the enzyme by any 
of these methods. 1 


RESULTS AND DISCUSSION 


Three different periods of time for hydrolysis of the enzyme 
were employed, in view of the evidence that some amino acids 
undergo moderate to extensive decomposition on acid hydrolysis 
(4, 6, 21-23) and that other amino acids, such as valine and 
isoleucine, increase with longer times of hydrolysis (4, 6, 22-25). 
The analytical values from 24-, 48-, and 72-hour hydrolysates of 
B. stearothermophilus a-amylase are presented in Table I. A 
comparison of the values indicates that complete liberation of the 
amino acids occurred within 24 hours. A typical elution curve 
for a 24-hour hydrolysate is presented in Fig. 1. 

Extensive decomposition of serine and threonine with increas- 
ing hydrolysis time was noted; losses averaged 14°; decrease for 
threonine and 16% for serine between 24 and 72 hours of hy- 
drolysis. The decrease for both amino acids was linear with 
time, as shown in Fig. 2. The concentration of serine and threo- 
nine was calculated by extrapolation to zero time by the method 
of least squares. The extensive decomposition of these amino 
acids may be due to the catalytic action of calcium in the enzyme 
(1). Junge et al. (23) have postulated a similar role for metals 
in the extensive decomposition of these amino acids in hydroly- 
sates of Bacillus subtilis a-amylase. : 

From the data presented in Table I and Fig. 1, it is evident 
that the a-amylase of B. stearothermophilus has a rather high 
content of glutamic and aspartic acids and a rather low content 
of basic amino acids. This is in keeping with the acidic nature 


of the enzyme, deduced from dye-binding, titration, and electro- 
phoretic data (1). 


The high proline content of the enzyme is in 


keeping with the large negative optical rotation previously te- 
ported (2). 

The presence of cysteic acid after oxidation and hydrolysis 
of the enzyme and the absence of any measurable free sulfhydrv 
groups in the native enzyme indicate that B. stearothermophilu 
a-amylase contains cystine rather than cysteine. (It is possible 
that cysteine is present in the enzyme but the sulfhydryl] group 
is masked in some way.) This is in keeping with the observations 
that the enzyme is not inactivated by N-ethylmaleimide or 9. 
hydroxymercuribenzoate (1) and that performic acid oxidation 
results in complete inactivation and fragmentation of the enzyme 
into two polypeptide chains (26). 

The molecular weight of B. stearothermophilus a-amylase bas 
been calculated to be 15,600 from measurements of the sedi- 
mentation velocity, diffusion constant, and partial specific 
volume (2). This value was used, in combination with the mini- 
mal molecular weights determined for each amino acid from the 
analytical data (27, 28), to calculate the number of amino acid 
residues present in the enzyme. These data are presented in 
Table II. The calculated molecular weights for each amino acid 
from the most probable integer show that the data obtained br 
chemical analysis are in essential agreement with the molecular 
weight obtained by physicochemical methods (2). With the ue 
of the average of the molecular weights calculated for the sevet- 
teen amino acids, a value of 15,688 was obtained for the mean 


molecular weight of the a-amylase of B. stearothermophilus. 


The absence of tryptophan, the low content of tyrosine, and 
the high content of proline and glutamic acid reveal that the 
amino acid composition of B. stearothermophilus a-amylase differs 
from that of other a-amylases (23, 29-33). Table III gives 4 
tentative classification of the side chains present in B. stearothe- 
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TaBLe III 
Calculation of side chains in Bacillus stearothermophilus 
a-amylase* 
Type of group, amino acid n 
lonizable side chains 
Cationic 
Guanido, argin ine 19 
// 38 
Imidazole, histi dine 20 
Total cationic side chains | 83 
Anionic 
Carboxyl, aspartic, and glutamic......... 192 
Hydrophilic side chains | 
Amide, asparagine, and glutamine 19 
Total carboxyl and amide groups | 211 
Hydroxyl | 
AAA 38 
51 
Aromatic, tyros ine | 19 
Total hydroxylie groups............... | 108 
Total nonhydrophobie groups 402 
Hydrophobic side chains | 
Hydrogen, glycine. 58 
%%% ewe we 71 
45 
58 
Pyrrolidine, pr oline 141 
Aromatic, phenylalanine 38 
ſmethion ine 19 
aller containing hl -cystinef............. 20 
Total hydrophobic groups | 507 
Total number of amino acid residues per 100,000 
| 909 


* Calculated from the data of Table II. The end groups are 
not included. 

t For convenience, tyrosine and half-cystine have been classi- 
fied as nonionizable. 


mophilus a-amylase. When compared with similar data pre- 
sented by Stein et al. (32) for other a-amylases, it can be seen 
that the enzyme is relatively poor in basic amino acids compared 
to B. subtilis, hog pancreas, and human salivary amylases. It 
is rich in acidic amino acids containing 2 to 2.5 times as much 
aspartic and glutamic acids as other a-amylases. The most 
striking difference, however, is in the proline content; it contains 
4.5 times as much proline as other a-amylases. Cystine has 
been shown to be present in all a-amylases except B. subtilis (23, 
29-33). The presence of cystine in B. stearothermophilus a- 
amylase points up another difference between the two bacterial 
enzymes. 


SUMMARY 
The amino acid composition of Bacillus stearothermophilus 
a-amylase has been determined by column chromatography with 
the use of the automatic amino acid analyzer. Analyses after 
acid hydrolysis for 24, 48, and 72 hours indicate that only serine 
and threonine underwent marked decomposition under the 
hydrolysis condition employed. The analytical values gave 
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integral numbers of residues for most of the amino acids, and 
account for 101 / of the nitrogen of the enzyme. The protein 
does not contain tryptophan, is low in tyrosine, and rich in 
proline and glutamic acid. The absence of free sulfhydryl groups 
and the presence of half-cystine residues indicate the presence of 
cystine in the enzyme. The analyses indicate that the a-amylase 
of Bacillus stearothermophilus (molecular weight, 15,600) is com- 
posed of the following 145 amino acid residues: glutamic acid, 22; 
proline, 22; aspartic acid, 11; valine, 11; glycine, 9; leucine, 9; 
alanine, 8; threonine, 8; isoleucine, 7; lysine, 6; phenylalanine, 6; 
serine, 6; half-cystine, 4; histidine, 4; arginine, 3; methionine, 3: 
tyrosine, 3; and amide, 3. 
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Some general and physical properties and the amino acid 
composition of the thermostable a-amylase of Bacillus stearother- 
mophilus have been described in previous papers (1-3). In an 
effort to further correlate the thermostability of this enzyme with 
its molecular organization, a study of the structure of this protein 
has been undertaken. In this paper are reported the results of an 
investigation of the amino-terminal and carboxyl-terminal 
amino acid residues of this enzyme. 


EXPERIMENTAL PROCEDURE 
Materials 


The crystalline a-amylase of B. stearothermophilus was pre- 
pared as described previously (1), recrystallized six times, and 
dialyzed against distilled water for 48 hours at 5°. The enzyme 
was homogeneous as judged by electrophoretic and sedimentation 
behavior (1, 2). 

Carboxypeptidase, crystallized three times in a water suspen- 
sion, was obtained from Mann Research Laboratories, Inc. 
Diisopropy! fluorophosphate was purchased from Aldrich Chemi- 
cal Company, Inc. Fluorescent cadmium borate was obtained 
from Lumalampen, Stockholm, Sweden. DNPI- amino acids 
were prepared according to Sanger (4). PTH-amino acids were 
prepared in the way described by Edman (5). 


Methods 


NH.-Terminal Amino Acid Analyses—The NH,-terminal 
amino acid residue of B. stearothermophilus a-amylase was deter- 
mined by the FDB procedure (6). The crystalline enzyme (6.24 
mg, 0.4 umole) was used with an equal weight of NaHCO;. The 
reaction with FDB was allowed to proceed for 2 hours at room 
temperature with shaking. The reaction was terminated by 
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acidifying with 0.2 ml of concentrated HCl. The dinitrophenyl 
protein was centrifuged and washed successively with ethanol 
and ether. After the final wash with ether, dinitrophenol was 
removed by vacuum sublimation onto a cold finger filled with 
crushed solid carbon dioxide (7). The dinitrophenyl protein 
was dissolved in 2.0 ml of 5.7 V HCI, evacuated with an oil pump, 
and the tubes sealed. The optimal time of hydrolysis was found 
to be 14 hours at 100°, at which time the recovery of added 
phenylalanine was 640%. Results obtained with the enzyme were 
corrected with the use of this factor. The hydrolysate was made 
1.0 N with respect to HCl and extracted with ether until no yellow 
color appeared in the extracts. The ether extracts were then 
subjected to paper chromatography as described below. 

For qualitative identification of the NH terminal amino acid, 
two-dimensional paper chromatography of the ether extracts and 
known DNP-amino acids was carried out with the following 
solvent systems: (a) the tertiary-amyl alcohol-phthalate buffer 
(pH 6.0) system of Blackburn and Lowther (8), and (0) the 
“toluene”’-phosphate buffer (pH 6.0) system of Levy (9). Fur- 
ther identification of the DNP-amino acid was effected by 
hydrolysis with concentrated aqueous NH; (10) and chro- 
matography of the free amino acid in the tertiary-amyl 
alcohol-phthlate buffer system. 

Quantitative estimation of the DNP-amino acid in the ether 
extracts was carried out exactly as described by Fraenkel-Conrat, 
Harris, and Levy (6) except that the two-dimensional paper 
chromatography was performed in the tertiary-amyl alcohol- 
phthalate buffer (pH 6.0) system. 

In order to confirm the results obtained with the FDB pro- 
cedure, the PTH method of Edman and Sjéquist (11), as modified 
by Heijkenskjéld (12), was also used. Samples of the crystalline 
amylase (10 mg, 0.641 umole) were dissolved in 2.0 ml of 0.05 ™ 
NazH PO. (adjusted to pH 9.0 with 2.5 N NaOH). To the en- 
zyme solution were added 2.0 ml of 0.5% phenylisothiocyanate 
in ethanol. The mixture was stirred with a magnetic bar and 
the pH maintained between 8.5 and 9.0 by periodic additions of 
0.01 N NaOH. At the end of a 3-hour reaction period, the mix- 
ture was adjusted to pH 4.0 with 0.1 * HCI, placed at 4° for ! 
hour, and centrifuged. The PTH protein precipitate was washed 
three times with ethanol, transferred with a maximal volume of 
10 ml of distilled water to a 50-ml round bottom flask, and 
lyophilized. To the dry protein powder were added 10 ml of 1.0 
HCl and the mixture gently refluxed for 2 hours in a Glas- Col 
heating mantle. The hydrolysate was cooled and extracted 


2966 


a, @ 


2. & 


fe 
1 4 


5 FF FFSRSTE 


* 
— * 


November 1961 


with 3- X 10-ml portions of ethyl acetate and the solvent evap- 
orated in a vacuum. The dry residue was dissolved in a small 
quantity of ethyl acetate, applied to formamide-buffered What- 
man No. | paper, and developed by descending chromatography 
with o-xvlene as the solvent (II). Known PTH-amino acids 
were run together with the unknown. Identification of the spots 
was made with an ultraviolet lamp, with the aid of a fluores- 
cent screen, and by the iodine-azide spray (13). To further iden- 
tify the PT H- amino acid, the extracts were boiled for 3 hours in 
90 x NaOH to convert the derivative to the original amino 
acid. Identification of the original amino acid was made by two- 
dimensional paper chromatography according to Dent (14). 

For quantitative estimation of the NH: terminal amino acid 
as the PTH derivative, the procedure of Heijkenskjéld (12) was 
followed exactly. 

COOH-terminal Amino Acid Analyses—The COOH-terminal 
amino acid residue of B. stearothermophilus a-amylase was deter- 
mined with the use of carboxypeptidase (6) and the hydrazinoly- 
sis procedure of Akabori et al. (15) as modified by Niu and Fraen- 
kel-Conrat (16). 

Amylase samples (6.24 mg, 0.4 umole) were dissolved in 2.0 
ml of 1% NaHCOs, 0.5 ml of 0.1 u diiosopropy! fluorophosphate 
in isopropanol was added, and the mixture allowed to stand for 1 
hour at 25°. To ensure the complete absence of endopeptidase 
activity, diiosopropyl fluorophosphate-carboxypeptidase was 
prepared by using procedure 1 described by Fraenkel-Conrat, 
Harris, and Levy (6). The amylase samples were incubated 
with carboxypeptidase in an enzyme to substrate molar ratio of 
1:30 in 1% NaHCO;. Digestion was carried out at 25°. 

For qualitative identification of the COOH-terminal amino 
acid, aliquots were removed at intervals and treated with an equal 
volume of 10% trichloroacetic acid. The tubes were centrifuged 
and the supernatant liquid neutralized with 0.1 * NaOH and 
evaporated to dryness in a vacuum. The dry residues were 
dissolved in 1.0 ml of distilled water and aliquots were taken for 
descending chromatographic analysis on Whatman No. 1 paper 
with n-butanol-acetic acid-water (4:1:5) as the solvent. Known 
amino acids were run as controls. 

Quantitative estimation of the COOH-terminal amino acid 
was performed on aliquots of the digestion mixture with the FDB 
method described by Fraenkel-Conrat, Harris, and Levy (6) for 
quantitative estimation of COOH-terminal groups in proteins. 

Samples of amylase (6.24 mg, 0.4 umole) were also subjected 
to the hydrazinolysis procedure for proteins exactly as described 
by Niu and Fraenkel-Conrat (16). Hydrazinolysis times of 5 
and 22 hours were used. Results were corrected by using experi- 
mentally determined recovery factors which were similar to those 
reported previously (16). Identification of the resulting DNP- 
amino acid was checked by hydrolysis and chromatography of the 
free amino acid as described in the section on NH-terminal 
residues. 

RESULTS AND DISCUSSION 


Only one NH: terminal amino acid was found in the a-amylase 
of B. stearothermophilus. The amino acid was identified as 
phenylalanine by its chromatographic behavior as the dinitro- 
phenyl and PTH derivatives, and as the free amino acid upon 
regeneration from these derivatives. Tables I and II present 
the results of the quantitative estimation of NH- terminal 
phenylalanine as determined by the FDB and the PTH methods, 
respectively. These data indicate that 2 moles of phenylalanine 
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Quantitative estimation of NH:-terminal phenylalanine of Bacillus 
stearothermophilus a-amylase as determined by FDB method 


“Moles of 
Experiment No. Phenylalanine formed? 
amylase 


pmoles 


pmoles 
1 0.4 0.736 1.84 
2 0.4 0.793 | 1.98 
3 0.4 0.765 | 1.91 


* Molecular weight of amylase was taken as 15,600 (2). 
t Corrected for destruction of DNP-phenylalanine by acid 
hydrolysis as described in the text. 


Taste II 


Quantitative estimation of NH:-terminal phenylalanine of Bacillus 
stearothermophilus a-amylase as determined by PTH method 


Amount of amylase Phenylalanine ber mole e 
amylase 
| | 
| pmoles pmoles 
1 0.641 1.19 1.85 
2 | 0.641 1.24 1.93 
3 | 0.641 | 1.21 1.88 


* Molecular weight of amylase was taken as 15,600 (2). 
t Corrected for destruction of PTH-phenylalanine as described 
by Heijkenskjéld (12). 


Taste III 
Quantitative estimation of COOH-terminal aianine liberated by 
carborypeptidase action on a-amylase of Bacillus 


stearothermophilus 
"Amount of | Moles of alanine 
Sample No. Digestion time § amylase Alanine formedt per mole of 
used“ | amylase 
hrs pmoles | pmoles 

1 8 | 0.4 : 0.480 1.20 
2 16 | 0.4 | 0.568 1.42 
3 24 | 0.4 | 0.596 1.49 


* Molecular weight of amylase was taken as 15,600 (2). 

t Alanine determined by the quantitative FDB method as de- 
scribed in the text. Enzyme to substrate molar ratio of 1:30; 
pH 8.4; incubated at 25°. 


are present as NHz- terminal amino acid per mole of amylase. 
This suggests that the a-amylase of B. stearothermophilus is com- 
posed of two peptide chains, each containing phenylalanine as 
the NH.-terminal amino acid. The presence of two peptide 
chains would be in agreement with data obtained on performie 
acid oxidized amylase, in which two polypeptide fragments have 
been detected by paper electrophoretic analysis (17). 

When the a-amylase of B. stearothermophilus was treated with 
carboxypeptidase, only one COOH-terminal amino acid, alanine, 
was found. The data presented in Table III show that COOH- 
terminal alanine was present to a slightly greater extent than 1 
mole per mole of amylase. Since 2 moles of NH- terminal 
phenylalanine were found per mole of enzyme, it was expected 
that COOH-terminal alanine would also be recovered in the same 
ratio. A possible explanation for the low recovery of COOH- 
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Fic. 1. Rate of release of alanine by carboxypeptidase action 


on B. stearothermophilus a-amylase. Enzyme to substrate molar 
ratio of 1:30; pH 8.4; incubated at 25°. 
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TABLE IV 


Quantitative estimation of COOH-terminal alanine of Bacillus 
stearothermophilus a-amylase as determined by 
hydrazinolysis method* 


Experiment No. Amount of amylase Alanine formed 
| 
pmoles pmoles 
1 | 0.4 0.736 1.84 
2 0.4 0.704 i 1.76 
3 | 0.4 0.720 1.80 


* Hydrazinolysis was carried out for 22 hours as described in 
the text. * 

t Molecular weight of amylase was taken as 15,600 (2). 

t Alanine determined by the quantitative FDB method as 
described in the text. 
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Fic. 2. Absorption spectrum of dinit rophenyl derivative of C- 
terminal peptide from B. stearothermophilus a-amylase. Condi- 
tions as described in text. 


terminal alanine can be made in light of available information on 
the action of carboxypeptidase on proteins. 
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A study of the rate of liberation of alanine by carboxy pe) tidase 
revealed that this amino acid was rather slowly liberate:| from 
amylase (Fig. 1). Several factors are known to influence the 
rate of release of COOH-terminal amino acids by carboxypep. 
tidase. One of the factors has to do with the nature of the amino 
acid residue which contributes its carboxyl group to the suscepti. 
ble peptide bond. It has been shown that, if glutamyl or prolyl 
residues are the adjacent residues, the rate of release of COOH. 
terminal amino acids is slower (18, 19). The presence of an 
a-peptide bond is also required for carboxypeptidase action. If 
the adjacent bond involves the ring nitrogen of proline, the action 
of carboxypeptidase is retarded or completely inhibited (20). 
The slow rate of release of alanine and the high proline content 
of this enzyme (3) suggest that a prolyl alanine COOH-terminal 
sequence might exist in B. stearothermophilus amylase. If such 
a COOH-terminal sequence were present, this could explain the 
low recovery of alanine, as well as the fact that it is the only 
amino acid liberated by carboxypeptidase. 

To obtain more information on the COOH-terminal sequence 
in B. stearothermophilus a-amylase, the enzyme was subjected 
to hydrazinolysis. Hydrazinolysis of the enzyme for 22 hours 
also revealed that one COOH-terminal amino acid, alanine, was 
present. The data presented in Table IV show that the amount 
of alanine found more nearly approached 2 moles per mole of 
amylase than that found in the carboxypeptidase experiments, 
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Fic. 3. Paper chromatogram of aqueous phase of a hydrolysate 


of the dinitrophenyl derivative of the C-terminal peptide from 


B. stearothermophilus a-amylase. A, control proline; B, hydroly- 
sate; C, control alanine. Descending chromatography on What- 
man No. | paper with the upper layer of a phenol-n-butanol-acetie 
acid - water (25: 12.5: 5: 25) solvent system. Chromatogra 
phy time was 18 hours at ambient room temperature. Paper 
sprayed with 0.3% ninhydrin in 95% ethanol; color development 
at ambient room temperature. 
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Fic. 4. Paper chromatogram of the dinit rophenyl derivatives 
of the C-terminal residue of B. stearothermophilus a-amylase. A, 
control DNP-alanine, B, control DNP-prolyl alanine; C, dinitro- 
phenyl derivatives from a 5-hour hydrazinolysis mixture; D, 
control DNP-proline. Descending chromatography on Whatman 
No. l paper with u- trisodium eitrate-x-H—Ci (100:7) buffer system 
(pH 6.2). Chromatography time was 11 hours at ambient room 


temperature. 


In addition to alanine, a trace of an unidentified dinitrophenyl 
derivative was detected on the chromatograms. 

Niu and Fraenkel-Conrat (16, 21) have shown that a DNP- 
prolyl peptide from dethreoninated tobacco mosaic virus prepara- 
tions was formed in amounts inversely related to hydrazinolysis 


time and the amount of COOH-terminal amino acid present. 


We, therefore, subjected amylase to the hydrazinolysis procedure 
for 5 hours. Paper chromatographic analysis (9) revealed the 
presence of two dinitrophenyl spots, one corresponding to known 
DNP-alanine and an unidentified dinitrophenyl spot. The 
unknown dinitrophenyl derivative was eluted from the chroma- 
togram and subjected to a spectral analysis. The eluted material 
showed maximal absorption at 375 my (Fig. 2) and a 390/360- 
my ratio of 1.047. These properties are characteristic of DNP- 
prolyl peptides (16). 

The unknown derivative was hydrolyzed (5.7 x HCl for 5 
hours under gentle reflux) and the hydrolysate extracted three 
times with ether. Paper chromatographic analysis (9) of the 


ether extract showed the presence of dinitrophenol and a small 
amount of DNP-proline. The aqueous phase of the hydrolysate 
was subjected to chromatographic analysis on Whatman No. 1 
paper with the upper layer of a phenol-n-butanol-acetic acid- 
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water (25:12.5:5:25) solvent system (22). Two free amino 
acids (Fig. 3) corresponding to alanine (N. 0.38) and proline (N. 
0.65) were present in approximately equimolar amounts. 

One-dimensional paper chromatographic analysis of the 5-hour 
hydrazinolysis reaction mixture was carried out in the u- triso- 
dium eitrate-x HCl (100:7) buffer system (pH 6.2) of Rovery 
and Fabre (23). Authentic samples of DNP-alanine, DNP- 
proline, and DNP-prolyl alanine were run as controls. Fig. 4 
shows that the chromatographic properties of the dinitrophenyl 
derivatives present in the 5-hour hydrazinolysis mixture were 
identical with DN P-alanine and DNP prolyl alanine. The above 
data are consistent with a COOH-terminal sequence of -prolyl 
alanine in B. stearothermophilus a-amylase. 

SUMMARY 

The terminal amino acid residues of crystalline Bacillus stearo- 
thermophilus a-amylase were determined. Two moles of NH- 
terminal phenylalanine per mole of enzyme were found by using 
the fluorodinitrobenzene and phenylthiohydantoin methods. 
Carboxypeptidase and hydrazinolysis procedures revealed that 
-prolyl alanine was the COOH-terminal sequence of the enzyme. 
The data presented indicate that the enzyme is composed of two 
polypeptide chains with identical NH,-terminal and COOH- 
terminal residues, presumably held together by disulfide bonds. 
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Corticotropin from human pituitary glands, like corticotropin 
from pig, beef, and sheep pituitaries, consists of 39 amino acids 
(1,2). Determination of part of its amino acid sequence showed 
that human adrenocorticotropic hormone has the same general 
structure as adrenocorticotropic hormone from the other species. 
Whereas the amino acid sequence of the first two-thirds of the 
adrenocorticotropic hormone molecule appears to be the same 
regardless of source, species differences occur in the last third of 
the molecule (3-5). This is consistent with the structural re- 
quirement for biological activity that 23 residues are sufficient 
for full adrenocorticotropic activity (6-8). In this report we 
will describe the carboxyl-terminal sequence of human adreno- 
corticotropic hormone from positions 22 through 39. 


EXPERIMENTAL PROCEDURE 


Materials—Crude concentrates of corticotropin were obtained 
as oxycellulose eluates from Dr. MI. S. Raben, New England 
Medical Center, and Dr. J. D. Fisher, Armour Pharmaceutical 
Company. Corticotropin was prepared by a previously de- 
scribed procedure (2). In addition, human pituitary glands 
were collected from autopsies performed in several Connecticut 
hospitals. The glands were placed in acetone at 5° as soon as 
possible. Later, they were ground to a powder and dried. The 
method of preparing ACTH from this starting material has been 
reported (9). 

Crystalline trypsin and pepsin were purchased from Mann 
Research Laboratories, Inc., and purified carboxypeptidase was 
obtained from Worthington Biochemical Corporation. 

Peptic and Tryptic Digestions—For peptic digestions an en- 
zyme-substrate ratio of 1:100 was used. The substrate was 
dissolved in 0.01 N HCl at a concentration of 2 mg per ml. The 
required amount of enzyme was added as a 0.5 mg per ml solu- 
tion in the same solvent. The mixture was incubated at 37° 
for 1 to 4 hours depending upon the extent of degradation de- 
sired. After the required period of incubation, enzymic hy- 
drolysis was terminated by heating the reaction mixture in a 
boiling water bath for 5 minutes. An aliquot of the digest was 
dried over P.O; and KOH in a vacuum and was fractionated by 
paper chromatography in an n-butanol-acetic acid-water (4:1:5) 
system. Three prolyl peptide fragments were located by spray- 
ing guide strips of a chromatogram separately with ninhydrin 
and isatin solution (10). These fragments were isolated and 
purified in the usual way (9). To the remaining portion of the 
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peptic digest, Amberlite IRA-400 (acetate) was added in the 
proportion of 100 mg per ml of digest. “The mixture was shaken 
gently for 1 hour. All acidic peptide fragments produced during 
the peptic digestion were adsorbed by the ion exchange resin, 
The resin was removed by filtration and washed several times 
with distilled water. Elution of the acidic peptide fragments 
was achieved by shaking the washed resin for 1 hour with 05 
HCl in the proportion of 1 ml/ 100 mg of resin. The eluate 
from a 4-hour digest contained mainly the small acidic peptide 
fragments derived from the COOH-terminal sequence of human 
corticotropin and a small amount of a peptide fragment of the 
composition Ser-Glu-Tyr-Met which was derived from the 
NH; terminus. This fragment did not appear when the pepsin 
hydrolysis was carried out for 1 hour. After being dried over 
P.O; and KOH in a vacuum desiccator, the eluate was frae- 
tionated by iontophoresis in pyridine-acetic acid-water (100:4: 
900) buffer, pH 6.5. The peptide fragments were separated 
and further purified by paper chromatography in the n-butanol- 
acetic acid-water (4:1:5) system. 

The unadsorbed fraction from Amberlite [RA-400 (acetate) 
treatment contained the remaining portion of the human cortico- 
tropin molecule, mostly in the form of large, basic peptide frag- 
ments. This fraction was dried and submitted to further diges- 
tion with trypsin. The enzyme-substrate ratio was 1:100. The 
substrate was dissolved in water at a concentration of 2 mg per 
ml, and the pH was adjusted to 8.50 with 0.05 N NaOH in an 
autotitrator. An aqueous solution of trypsin at 0.5 mg per ml 
was added, and the pH of the reaction mixture was maintained 
in the autotitrator at 8.50 for 33 hours at 37°. This digest was 
treated in the same manner with Amberlite IRA-400 (acetate) 
as the peptic digest. The eluate from the resin contained acidic 
peptide fragments occupying various lengths of positions 22 to 
32 of the ACTH molecule. They were fractionated and purified 
in the usual manner. The supernatant solution from the ion 
exchange resin contained the usual basic peptide fragments pro- 
duced during tryptic digestion of human corticotropin and was 
saved for future use. 

Determination of Sequence—The methods for determining 
NH: and COOH-terminal amino acids and for elucidating se- 
quences of peptide fragments have been described elsewhere (9). 


RESULTS 


Peptic digestion of human corticotropin under the conditions 
described produced a number of small, acidie peptide fragments 
as shown in Fig. 14. It was reported that, when peptide bonds 
in corticotropin were hydrolyzed by pepsin, cleavage occurred 
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TaBLe I 
Peptide fragments from peptic digestion of human corticotropin 
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The peptides were obtained as a mixture after treatment with Amberlite resin, and were isolated after electrophoresis. 


Peptide | Amino acids Ni- terminal COOH-terminal Amino acid sequence 
P2a* Pro, Phe) Phe-Pro 

P2b* | (Pro, Leu) Pro-Leu 

P3at | (Ser, Glu, Met , Tyr) Glu Ser-Tyr-Ser-Met-Glu 
Page | (Ser,Glu, Ala) Ser Ser- Ala Glu 
P4b* | (Glu, Pro, Phe, Leu) Pro-Leu-Glu-Phe 

P5 (Glu, Ala, Phe) Glu Phe + (Glu, Ala) (ilu- Ala-Phe 

P6 | (Ser,Glu, Ala) Glu Ala lu-Ser-Ala 

27 | (Asp,Ser,Glu, Ala) Asp Ala Asp-Glu-Ser-Ala 

P8 | (Asp,Ser,Glu, Ala) Glu Asp-Glu-Ser-Ala-Glu 


These peptides were isolated directly from a peptic digest by paper W in n-butanol-acetic acid-water (4:1:5) sys- 


tem without ion exchange resin treatment. 


t This peptide is the known NH;-terminal portion of intact human corticotropin (2). 


mainly in the COOH-terminal sequence (6, 11) and attack on 
the NH.-terminal sequence occurred to a limited extent at the 
glutamy!-histidyl bond, i. e. amino acid residues 5 and 6 (12). 
Our results on human corticotropin are consistent with these 
observations. The amino acid leomposition and NH- and 
COOH-terminal sequences of peptide fragments from peptic 
digestion are shown in Table I. The acidic peptide fragments 
released from the COOH-terminal sequence were separated from 
the neutral and basic components of a peptic digest of human 
ACTH by treatment with the ion exchange resin. Fractions 
P2 and PZ were complex mixtures of peptide fragments that 
contained prolyl peptides as revealed by isatin solution (Figs. 
IB and 10). It was found that these prolyl peptides could be 
isolated from a peptic digest by paper chromatography without 
Amberlite IRA-400 treatment (Fig. 2). The unadsorbed frac- 
tion from Amberlite treatment contained fractions Pl and P2. 
During electrophoresis at pH 6.5, fraction PI behaved like a 
mixture of cations and gave positive tests for tyrosine, histidine, 
tryptophan, and arginine (10). Hence, it contained peptide 
fragments from the NH;-terminal sequence of corticotropin. 
These fragments were of various lengths and had as many as 32 
residues. Previous work (1, 2) showed that trypsin catalyzed 
the cleavage of human corticotropin into a neutral peptide, T2 
(positions | to 8); a basic peptide, T3 (positions 9 to 15); a group 
of related basic peptides, T4a, T4b, T5, T6 (corresponding to 
various sections of the sequence 16 to 21); and an acidic peptide 
TI (positions 22 to 39). Tryptic hydrolysis degraded fraction 
Pl in a similar manner and produced a group of related acidic 
peptides possessing an NH- terminal sequence identical to that 
of TI and occupying various portions of positions 22 to 32 of 
the corticotropin molecule. These peptides were separated by 
treatment with Amberlite ion exchange resin and fractionated by 
iontophoresis as shown in Fig. 3. When ACTH was submitted 
to a 4-hour peptic digestion, a fraction Pl was obtained which 
yielded, after tryptic digestion, a major acidic peptide, PT 1a. 
When fraction Pl was obtained from a 1-hour peptic digest, a 
second acidic peptide, PTib, was derived from subsequent 
tryptic digestion. The amino acid composition and NH- ter- 
minal sequence of PTla and PT1b are shown in Table II. The 
amino acid sequence of peptide PTla was elucidated by sub- 
mitting it to partial acid hydrolysis and identifying the individ- 
ual amino acids in the small fragments that were produced. 
Results are shown in Table III. 


Pi P2 P3P4 PSP6E P7PS 


oo 09 +| 


pi pz P3Pq4 P7 Pg 


B 
C 00 02 00 


Fic. 1. Ninhydrin- positive components on an electrophoreto- 
gram of a 4-hour peptic digest of human corticotropin. Elec- 
trophoresis was carried out in pyridine-acetic acid-water buffer 
(100:4:900), pH 6.5, 30 volts per em. Conditions of pept ie diges- 
tion are described in the text. A, Complete digest before treat- 
ment with Amberlite resin (see text). Electrophoresis was carried 
out for 2 hours. B. Supernatant, or unadsorbed, material from 
Amberlite treatment, after electrophoresis for 3 hours. C, Mate- 
rial eluted from Amberlite resin with 0.5 J HCl, after electro- 
phoresis for 3 hours. 


+ 


P20 P2bP4b 
A COO C0030 
B 300 


Fic. 2. Paper chromatogram, in n-butanol-acetic acid-water 
(4:1:5) system, of aliquots from a 4-hour pept ie digest of human 
corticotropin. <A, the ninhydrin-positive components; B, com- 
ponents giving the characteristic color reaction of prolyl peptides 
with isatin. The dotted figures indicate areas of low intensity. 


PTia PTib 


Fic. 3. Eleet rophoretogram of a tryptic digest of neut ral and 
basic peptides derived from a peptic digest of human cortico- 
tropin. A 4-hour peptic digest was treated with Amberlite resin, 
as described in the text. The unadsorbed fraction was submitted 
to tryptic digestion. Electrophoresis was carried out as described 
in Fig. 1 for3 hours. All of the spots shown were ninhydrin-posi- 
tive. PTla, PTib, and PTle were positive for tyrosine. 
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TaRLE II 
Amino acid composition of peptides obtained from tryptic digestion 
The peptides were isolated from tryptic digests of neutral and 
basic fractions obtained from peptic digests of human corticotro- 
pin. Amino acid compositions were determined on Stein-Moore 
columns. 


Peptide Amino acid composition terminal 
Prin- Val-Tyr-Pro 
vali) | 
PTIbt Alaz, Pro- 

Val) | 


* Isolated from a 4-hour peptic digest. 
t Isolated from a 1-hour peptic digest. 


Taste III 
Partial acid hydrolysis and sequence of peptide PT 1a 
Fragments I, II, and III were isolated after electrophoresis of 
the hydrolysate. Fragments IIIa, b, e, and d were isolated from 
a paper chromatogram of Fraction III. 


Fragment | Sequence 
IIId Val-Tyr-Pro( Asp, Gly, Ala) 
IIIb | Pro(Asp,Gly, Ala) 
II | (Gly, Ala)Glu 
I | Gly-Glu 
Ille | Tyr-Pro-Asp-Ala-Gly 


Illa | Gly 


Sequence of PTla... Val-Tyr-Pro-Asp-Ala-Gly-Glu 


- 


The proposed COOH-terminal sequence of human cortico- 
tropin, positions 22 to 39, is shown in Fig. 4. The assignment 
of all peptide fragments to their respective positions is supported 
by the following evidence. It was shown that Leu-Glu- Phe is 
the COOH-terminal sequence of human ACTH and that there 
is only one leucyl residue in the molecule (1, 2). Therefore, 
peptide P4b, Pro—Leu-Glu-Phe, must have been derived from 
the COOH terminus. Two of the four prolyl residues in the 
molecule were located in the NH--terminal sequence; there is 
one prolyl residue in peptide PTla and one in P4b. This fixed 
the position of P2a, Phe- Pro, next to P4b and extended the 
sequence to Phe-Pro-Leu-Glu- Phe. Peptide P5, Glu-Ala- 
Phe, occupied a position overlapping P2a. There are three 
phenylalany] residues in the ACTH molecule. One was identi- 
fied previously in the NH,-terminal portion, one was the COOH 
terminus of the molecule, and the remaining one must be shared 
by fragments P2a and P5. Thus, the sequence was extended 
further to Glu-Ala—Phe-Pro-Leu-Glu-Phe to include peptide 
P5. Human ACTH possesses five glutamyl residues. Two 
were assigned positions as shown, one was accounted for in 
peptide P3a which was known to be derived from the NH; ter- 
minus of the molecule, and the remaining two were found in 
peptides PTla and P7. Since peptide PS, Asp-Glu-Ser-Ala- 
Glu, differed from P7 only by a COOH-terminal glutamy] resi- 
due, it must have been derived from the same portion of the 
sequence. The presence of two glutamyl residues in P&S indi- 
cated an overlap with the COOH-terminal sequence, Glu-Ala- 
Phe-Pro-Leu-Glu-Phe. Therefore, we could assign PS a posi- 
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tion next to P5 and establish the II- residue sequence, Asp Glu- 
Peptide PTI) had 
the combined amino acid compositions of peptides PTla and P7 
so it must have had the sequence Val-Tyr-Pro-Asp-Ala Gly- 
Glu-Asp-Glu-Ser-Ala. This peptide provided the necessary 
evidence to connect peptide PTla to the established 11-amino 
acid residue sequence to form the COOH-terminal sequence of 
human corticotropin from positions 22 to 39 as shown in Fig. 4. 

Because of the limited supply of human pituitary glands we 
were not able to ascertain whether human ACTH contains as. 
paragine or glutamine residues. The following observation indi- 
cated that an amide group might be present. Peptide P3e, 
Ser-Ala-Glu, was markedly less basic than PG, Glu-Ser—Ala, 
positions 30 to 32, as judged by their mobilities during ionto- 
phoresis at pH 6.5. Thus, it seemed that the glutamyl residue 
at position 30 might be in an amide form. In addition, it was 
found that, after partial acid hydrolysis of peptide PT 1a, frag- 
ments IIIb, IIIe, and IIId (Table III), all containing an as. 
party! residue, behaved as if they were neutral fractions during 
iontophoresis at pH 6.5. The probable explanation for this 
finding is that amino suceinyl (or a-8-aspartyl) peptides from 
peptides containing aspartyl residues were formed as reported 
by Swallow and Abraham (13) and Naughton et al. (14). 


DISCUSSION 


From experimental data given in this and previous reports 
(1, 2) the structure of human ACTH can be written as shown in 
Fig. 5. There is indirect evidence that the sequence of the 
first 21 amino acids of human ACTH is the same as that from 
pig, beef, or sheep. In 1956 Bell et al. (6) studied pepsin-hy- 
drolyzed pig ACTH and found that the first 24 amino acids 
from the NH,-terminal end possessed as much ascorbic acid- 
depleting activity in the rat as does the intact peptide of 39 
amino acids. Hofmann et al. (8) in 1960 synthesized a peptide 
containing the first 23 amino acids of ACTH and found that 
this peptide also had full activity as assayed by the ascorbic 
acid depletion test. On the other hand, Li et al. (7) showed at 
the same time that a synthetic peptide composed of the first 19 
amino acids of ACTH had only 30% of the biological activity of 
ACTH. Thus, 20 to 23 amino acids are required for full as- 
corbic acid depletion activity. Since the first 21 amino acid 
residues of pig, beef, and sheep ACTH are in the same sequence, 
and since this same part of the molecule of human ACTH con- 
tains the identical amino acids having a partial sequence in 
common with that of the other species, it is likely that the first 
21 amino acids of human ACTH are arranged like those in 
ACTH from the other animals. However, the possibility of 
two amino acids being interchanged without a resultant differ- 
ence in biological activity cannot be ruled out. 

Whereas the first 24 and the last 7 amino acids of ACTH 
from human, pig, beef, and sheep pituitary glands probably have 
the same sequence, species differences occur in the narrow region 
from positions 25 through 32 (Fig. 6). Here, no two peptides 
are identical in structure. The amino acids in this part of 
human, beef, and sheep ACTH are the same, although their 
sequences are not, and differ from pig ACTH in that a seryl 
replaces a leucyl residue. Indeed, there is not a single position 
between 25 and 32 at which all four peptides have the same 
amino acid. Nevertheless, human ACTH is quite similar to 
that from pigs. The only differences are an interchange be- 
tween a glycyl and an alanyl group and a substitution of a seryl 
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Pro-Leu-Glu- Phe 
e P2b— 
P4b > 


Glu-Ala-Phe 
Asp-Glu-Ser-Ala-Glu 
«— P38e— > 


» 
* * 


. la 17 > 
PTIb 
* 


22 23 21 25 20 77 28 29 30 31 32 33 34 35 36 77 38 39 
Fig. 4. COOH-terminal sequence of human corticotropin and the peptides isolated from peptie and tryptic digests 


Ser-Tyr-Ser-Met—Glu(His,Phe) Arg-Try (Gly, Lys, Pro, Val, Gly) Lys-Lys(Arg, Arg, Pro, Val) Lys-Val-Tyr- 
241 23 2 7 28 29 30 31 32 33 34 35 360 3/7 38 39 
xu. 
Fic. 5. Proposed amino acid sequence of human ACTH 


NH; 

Human Lys-Val-Tyr-Pro-Asp-Ala-¢ il Phe 
Ju. 

H: 

Lys-Val-Tyr-Pro-Asp-Gily 
| Nn. 

Lys-Val-Ty r-Pro-Ala-t ily-Glu-Asp-Asp—€ Ala zlu-Ala-Phe- Pro- Leu-(ilu- Phe 


Fia. 6. COOH- — sequences of custiostonpins from various species 


for a leucyl residue. It is remarkable that the ACTH molecules 7 positions of adrenocorticotropic hormone from all four animal 
from four species are nearly the same and that only relatively species. Relatively minor species variations occur in the nar- 
minor differences occur in amino acid positions 25 through 32. row range of amino acid positions 25 through 32. 
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Crystalline p-Gluconate 6-Phosphate Dehydrogenase* 
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A method for the purification of p-gluconate 6-phosphate de- 
hydrogenase from brewers’ yeast has been described by Horecker 
and Smyrniotis (1). The enzyme preparation also catalyzed the 
oxidation of h- glucose 6-phosphate and isocitrate and in addition 
contained significant amounts of b-ribose 5-phosphate isomerase. 
The utility of the enzyme for the assay of b-gluconate 6-phos- 
phate and for the preparation of b-ribulose 5-phosphate was 
vriously affected by the presence of these contaminating activi- 
ties. For a further investigation of the properties of the enzyme 
and of the nature of the two-step reaction, a more highly purified 
preparation was necessary. 

A method has now been developed which yields from Candida 
veast a crystalline preparation which is free of detectable quan- 
tities of b-glucose 6-phosphate dehydrogenase and p-ribose 
phosphate isomerase. To remove the former enzyme, advan- 
tage was taken of its lability to heat after treatment with char- 
coal (2, 3). p-Glucose 6-phosphate dehydrogenase is known to 
be unstable in the absence of triphosphopyridine nucleotide. 
With the purified enzyme, only p- ribulose 5-phosphate is formed, 
and this ester can thus be obtained free of p-ribose 5-phosphate 
and p-xylulose 5-phosphate. 

Since the crystalline enzyme preparation catalyzes the oxida- 
tion of reduced triphosphopyridine nucleotide by CO, and p-ribu- 
lose phosphate at a rate equal to that observed with crude enzyme 
preparations, we have concluded that a single enzyme is respon- 
able for both oxidation and decarboxylation reactions. 

We have also undertaken an investigation of the specificity of 
the Mg** requirement (1) and have found that at high concen- 
trations of NaCl, full activity is obtained in the absence of Mg**. 
There is reason to believe that the nature of the anion plays a 
tole in the activation of the enzyme. 


EXPERIMENTAL PROCEDURE 


Materials Candida utilis dried at low temperature was kindly 
provided by the Lake States Yeast Corporation, Rhinelander, 
Wisconsin. 

Transketolase was prepared from spinach leaves and assayed 
as previously described (4). Crystalline a-glycerophosphate de- 
hydrogenase (containing triosephosphate isomerase), p-glucose 
phosphate dehydrogenase and lactic dehydrogenase were pur- 
chased from Böhringer and Söhne. p-Xylulose 5-phosphate-3- 
epimerase and p-ribose 5-phosphate isomerase were prepared 
according to the method described by Ashwell and Hickman (5). 

Acid phosphatase from potato, obtained+from a commercial 
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source, Was purified by acetone fractionation to remove b-ribose 
5-phosphate isomerase and p-xylulose 5-phosphate-3-epimerase. 

A sample of p-ribulose-o-nitrophenylhydrazone was converted 
to free p-ribulose by decomposition with benzaldehyde (6). 
Protamine sulfate (salmine) was obtained from the Sigma Chemi- 
cal Company. Other substances were commercial preparations. 

Methods—v-Xylulose 5-phosphate-3-epimerase activity was 
evaluated with purified transketolase according to the procedure 
reported by Horecker et al. (4). The evsteine-carbazole reaction 
of Dische and Borenfreund (7) was used for the determination 
of the ketopentose. p-Ribose 5-phosphate isomerase was deter- 
mined essentially as described by Axelrod and Jang (8). p-Glu- 
cose 6-phosphate dehydrogenase was measured as previously 
described (1). Total pentose phosphate was measured by the 
transketolase reaction as described by Cooper et al. (9). 

Protein was determined by the turbidimetrie procedure of 
Bücher (10). Calcium phosphate gel was prepared according to 
Keilin and Hartree (11). 

Enzyme Assay—The activity of b-gluconate 6-phosphate de- 
hydrogenase was calculated from the initial rate of TPN redue- 
tion measured at 340 my in the test system reported by Horecker 
and Smyrniotis (1). A unit of enzyme is defined as the quantity 
in the test cell which would result in a density change of 1.0 per 
minute. Specific activity is the number of enzyme units per mg 
of protein. 


RESULTS 


Purification of Enzyme 


Autolysis and First Ammonium Sulfate Fractionation—All 
operations were carried out at 2° except when otherwise indi- 
cated. The dried yeast preparation (50 g) was suspended in 150 
ml of 0.1 s NaHCOs. After 5 hours at 37°, the autolyzed sus- 
pension was centrifuged for 20 minutes at 20,000 x g. 

The extract (90 ml) was diluted with 117 ml of cold water 
(yeast autolysate, 207 ml; see Table 1). 

The clear extract was adjusted to pH 6.2 with 5 ns CH;COOH 
and treated with 420 mg of protamine dissolved in 42 ml of water. 
The precipitate was discarded. The supernatant solution was 
adjusted to pH 4.8 with 5 sn CH;COOH, and the heavy precipi- 
tate was removed by centrifugation. The clear supernatant 
solution (230 ml) was treated with 59.3 g of ammonium sulfate, 
and the resulting precipitate was centrifuged and discarded. 
The supernatant solution was treated with 9.4 g of ammonium 
sulfate, and the precipitate was collected by centrifugation, dis- 
solved in 10 ml of water, and brought to pH 6.3 with 1.0 N NaOH. 
A final fraction was obtained by addition of 18.3 g of ammonium 
sulfate. The precipitate was collected by centrifugation, sus- 
pended in 10 ml of water, and immediately adjusted to pH 6.3 
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TABLE I 
Purification of p-gluconate 6-phosphate dehydrogenase 
10 
Step dehydrogenase“ (a:b) 
| (a) (b) 
total units total units 
Yeast autolysate...... 18,600 1.2 30, 800 0.6 
Ammonium sulfate 
Fraction I.......... 11,300 4.3 11,200 1.0 
Charcoal fraction..... 6,850 11.8 5,400“ 1.3 
Ammonium sulfate 
Fraction III 3,670 18.8 0 * 
First crystals 2,760 149 
Second crystals....... 2,020 173“ 


„ Assayed as described in Methods.“ 

Usually, the activity of p-glucose 6- phosphate dehydrogenase 
at this point was less than in this particular preparation. 

Not detectable. 

After a third recrystallization, the specific activity varied 
from 180 to 220 units per mg. 


with 1.0N KOH. The last two fractions were tested separately 
and combined when necessary (ammonium sulfate Fraction I, 
28 ml). 

Charcoal Treatment and Heat Denaturution- The ammonium 
sulfate fraction was diluted with cold water to bring the protein 
concentration to 12 mg per ml and treated with 1.3 mg of Norit 
A (acid-washed) per mg of protein. The mixture was heated in 
a water bath at 48° for 1 hour with occasional stirring, chilled to 
0°, and centrifuged at 25,000 x g for 10 minutes. The residue 
was washed with 18 ml of cold water and discarded. The super- 
natant solution and washings were combined (charcoal fraction, 
175 ml). 

Gel Adsorption and Second Ammonium Sulfate Fractionation— 
The charcoal fraction was diluted with 617 ml of cold water to 
reduce the protein concentration to about 0.7 mg per ml, and 
79 ml of calcium phosphate gel (dry weight is 8 mg per ml) were 
added. The suspension was kept at 0° for 10 minutes and then 
centrifuged at 25,000 x g. The supernatant solution was again 
treated with 28 ml of calcium phosphate gel and the supernatant 
solution collected by centrifugation and concentrated under re- 
duced pressure (bath temperature, 30-32°). The resultant solu- 
tion (26 ml) was treated with 16 g of ammonium sulfate and the 
precipitate collected and dissolved in just enough glycylglycine 
buffer, 0.25 m, pH 7.6, to bring the ammonium sulfate saturation 
to 50% as measured with the Barnstead purity meter. The 
solution was centrifuged at once (ammonium sulfate Fraction IT, 
9.4 ml). 

Crystallization—The 50% saturated solution was kept at 0°. 
Crystal formation began in a few minutes and was complete 
after several hours. The suspension may be stored overnight at 
0°. The crystals were collected by centrifugation and dissolved 
in 2.0 ml of glycylglycine buffer, 0.25 u, pH 7.6 (first crystals, 
2.0 ml). 


For recrystallization, the solution was treated with an excess | 


(1 75 ml) of cold saturated ammonium sulfate and diluted with 
0.25 M glycylglycine buffer until only a faint turbidity remained. 
The next morning, the crystals were again collected and dissolved 
in 2.0 ml of glyeyvlglycine buffer (second crystals, 2.0 ml). 

The suspension of crystals in ammonium sulfate can be stored 
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at 2° without loss of activity. The crystals have a blunt rod. 
shaped appearance (Fig. 1). 

Remarks on Purification Procedure—The concentrated yeast 
extract is stable and can be stored at 2° overnight before it js 
diluted for the subsequent procedures. 

The correct amount of Norit is determined by pilot trials with 
small volumes. About 65%, of the protein is removed in this 
step together with 50 to 70% of p-glucose 6-phosphate dehydro. 
genase activity. Loss of p-gluconate 6-phosphate dehydrogenase 
should not exceed about 30%. The remaining d-glucose 6-phos- 
phate dehydrogenase activity is removed by treatment with 
calcium phosphate gel. The first gel addition removes about 
99%; the remainder is removed with the second addition, If 
the addition of calcium phosphate is not carried out in this step- 
wise manner, considerable loss of p-gluconate 6-phosphate dehy- 
drogenase activity results. 


Properties of Enzyme 


Thermal Stability—Heat treatment of the enzyme preparation 
in the presence of Norit A results in a marked reduction in p-glu- 
cose 6-phosphate dehydrogenase activity with very little loss of 
p-gluconate 6-phosphate dehydrogenase (Fig. 2). Addition of 
TPN during this treatment serves to protect b-glucose 6-phos- 
phate dehydrogenase. 

Specificitty—The purified p-gluconate 6-phosphate dehydro- 
genase preparation contains no detectable p-glucose 6-phosphate 


Fig. 1. Crystals of p-gluconate 6-phosphate dehydrogenase 
( 1700). We are indebted to Mr. Adriano Caponnetto for the 


microphotographs. 
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Fic. 2. The effect of TPN concentration on the stability of 
p-glucose 6-phosphate dehydrogenase and p-gluconate 6-phos- 
phate dehydrogenase. In this experiment, 5.6 mg of the purified 
enzyme (ammonium sulfate Fraction I, specific activity 1.6 and 
2.4 units per mg for p-gluconate 6-phosphate dehydrogenase and 
p-glucose 6-phosphate dehydrogenase, respectively) was treated 
with 8 mg of Norit A in a total volume of 0.6 ml for 1 hour at 48° 
with and without TPN as indicated. The mixture was centri- 
fuged, and the precipitate was washed with 1 ml of water. The 
enzyme activity in the combined supernatant solution and wash- 
ing is expressed as a percentage of the initial activity. O——O, 
p-gluconate 6-phosphate dehydrogenase activity; @——®@, v- 
glucose 6-phosphate dehydrogenase activity. 


dehydrogenase activity (Table I) and is completely free of p-ri- 
bose 5-phosphate isomerase (see below). No p-xylulose 5-phos- 
phosphate-3-epimerase activity was detected. This was, how- 
ever, also true for the less highly purified preparation from 


brewers’ yeast (1). 
Affinity Constants for TPN and p-gluconate 6-phosphate— 
Analysis of the kinetic data by the method of Florini and Vest- 
ling (12) revealed that binding of one substrate was independent 
of the presence of the second (Figs. 3, 4). In each of these 
experiments, one substrate was maintained at a constant level, 
and the reaction velocity was determined as a function of the 
concentration of the second substrate. We obtained a series of 
lines that intersected on the abscissa. 

According to Alberty (13), the data fit the following reaction 
mechanism (6-PG is p-gluconate 6-phosphate): 


ET TPN = E. TN E-TPN + 6-PG = E-TPN-6-PG 
E+ 
E + 6-PG = E-6-PG E-6-PG + TPN = E-TPN-6-PG 
The Michaelis constants were calculated to be: 
Krex = 2.6 X 10 and = 1.6 X 10 


The former is in agreement with that reported previously (1). 
The constant for p-gluconate 6-phosphate is significantly higher, 
probably because MgCl. was not present in our assay mixtures. 
We have found MgCl, to increase the apparent affinity of the 
enzyme for p-gluconate 6-phosphate (Fig. 5); it is without effect 
on the apparent affinity for TPN. 

Effect of Salts—v-Gluconate 6-phosphate dehydrogenase has 
previously been reported to be activated by Mg** (1). We 
have confirmed the earlier observations but find that the effect 
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36 34 32 0 Qs 1 15 
Fic. 3. The activity of p-gluconate 6- phosphate (6-PG) dehy- 
drogenase as a function of the concentration of TPN. assay 
system (1.0 ml) contained 0.062 M glycylglycine buffer pH 7.5, 
0.43 wg of p-gluconate 6-phosphate dehydrogenase (specific 
activity, 207 units per mg), and TPN and p-gluconate 6-phosphate 
concentrations as indicated. The temperature was 21°. 


Fic. 4. The activity of p-gluconate 6- phosphate dehydrogenase 
as a function of the concentration of p-gluconate 6-phosphate. 
The assay system was as described in Fig. 3. 


— — 


Mg Cl, 


0 5 


M 
Fig. 5. The effect of MgCl, on the apparent affinity of p-glu- 
conate 6-phosphate dehydrogenase for p-gluconate 6-phosphate. 
The assay system (1.0 ml) contained 0.062 M glycylglycine buffer, 
pH 7.5; 0.43 ug of p-gluconate 6-phosphate dehydrogenase (specific 
activity, 207 units per mg), 1.24 X 10°? U TPN and p-gluconate 
6-phosphate and MgCl, as indicated. The temperature was 21°. 
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TABLE II 
Effect of salis on activity of p-gluconate 
6-phosphate dehydrogenase 
The assay system (1.0 ml) contained: 0.062 m glycylglycine 
buffer, pH 7.5; 1.3 ug of p-gluconate 6-phosphate dehydrogenase 
(specific activity 207 units per mg); 1 X 10-? m TPN; and 2.1 X 
10-3 M p-gluconate 6-phosphate. The temperature was 26°. 


Addition Concentration Activity 
M O. D. units/min 
Magnesium chloride........ 0.03 0.196 
Sodium chloride............ 0.2 0.170 
Sodium acetate............. 0.2 0.190 
Sodium sulfate............. 0.2 0.095 
007- - 
004 © NaCi * 
: © KCI 
Nc 
8 a02- TOTAL C- 0.2M 
8 (Mg** = 0-01 M) 
Q01- 


004 668 012 dis 
MOLES PER LITER - 

Fic. 6. Effect of MgCl, NaCl, and KCl on the activity of p- 
gluconate 6-phosphate dehydrogenase. The assay system (1.0 
ml) contained 0.062 m glycylglycine buffer, pH 7.5; 0.43 ug of 
p-gluconate 6-phosphate dehydrogenase (specific activity, 207 
units per mg); 1 X 10-? m TPN; 2 X 10 M p-gluconate 6-phos- 
phate and salts as indicated. In the experiment represented by 
open squares, the total concentration of chloride ion was main- 
tained at 0.2 M and Na“ was replaced by Mg** as indicated in the 
abscissa. 


is not specific for Mg** but may also depend on the nature of the 
anion. We have been unable to demonstrate an absolute re- 
quirement for Mg**; on the contrary, the enzyme shows no loss 
of activity when it is dialyzed overnight against 10 M ethylene- 
diaminetetraacetate and tested in the absence of Mg“. 

In an effort to define more precisely the effect of addition of 
Mg on the activity of p-gluconate 6-phosphate dehydrogenase, 
we tested a number of other salts (Table II). High concentra- 
tion of NaCl produces about the same activity as is obtained 
with low concentration of MgCl; sodium acetate is equally 
effective, whereas sodium sulfate is inhibitory. Higher concen- 
trations of MgCl: yield less activation (Fig. 6) and may inhibit. 
When the chloride concentration is maintained at 0.2 m, the 
substitution of Mg++ for Na+ or K is definitely inhibitory (Fig. 


6). It would appear, therefore, that Mg++ no longer activates — 


when sufficient concentration of Cl- is present. 


Reaction Products 
Stoichiometry of Reaction—The amount of pentose phosphate 
formed, assayed with transketolase, was at any time stoichio- 
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metric with the amount of reduced TPN present (Table III). 
If a limiting amount of p-gluconate 6-phosphate was added, an 
equivalent amount of TPN was reduced. These results suggest 
that the purified enzyme catalyzes both oxidation and decar- 
boxylation. 

Identification of Reaction Product—The product obtained by 
the action of p-gluconate 6-phosphate dehydrogenase was de- 
phosphorylated with potato phosphatase and the pentose identi- 
fied as ribulose by paper chromatography. In this experiment, 
22.6 umoles of p-gluconate 6-phosphate were incubated at 25° 
with 0.114 mg of p-gluconate 6-phosphate dehydrogenase (spe- 
cific activity, 132 units per mg), 1.6 wmoles of TPN, 35 umoles 
of sodium pyruvate, 87.5 umoles of glycylglycine buffer, pH 
7.6, 11 wmoles of MgCl, and 0.075 mg of lactic dehydrogenase 
in a total volume of 1.2 ml. After 35 minutes, when 90% of the 
p-gluconate 6-phosphate had been oxidized, the mixture was de- 
proteinized with 0.025 ml of 70% HCIO,, and the supernatant 
solution was adjusted to pH 6.1 with 0.03 ml of 10 n KOH. 
KClO. was removed by centrifugation, and the supernatant 
solution (1.2 ml) was brought to pH 5.2 by addition of 0.8 ml of 
0.2 M sodium acetate buffer, pH 5.0, and incubated for 3 hours 
at 37° with 2 mg of potato phosphatase and 20 uwmoles of MgC), 
in a final volume of 2.0 ml. The solution was then deionized 
by passage through a mixed bed resin column (5 ml) and the 
effluents and washings concentrated at low volume under re- 
duced pressure. The solution was chromatographed on What- 
man No. 1 paper with phenol-water as the moving phase. The 
spots were developed by spraying with water-saturated n-bu- 
tanol containing 0.5% orcinol and 15% trichloroacetic acid (14) 
followed by aniline phthalate (15). A single heavy spot was 
present with R/ of 0.63, identical with that given by an authentic 
sample of ribulose. No other spots were detectable, indicating 
the virtual absence of ribose or xylulose. Under these condi- 
tions, xylulose and ribose are well separated from ribulose, with 
R. values of 0.57 and 0.60, respectively. Ribose was also dis- 
tinguished by use of the aniline phthalate spray. In a separate 
run, the chromatogram was sprayed with aniline phthalate alone; 


TaBLE III 
Stoichiometry of reaction 

Experimental conditions: The assay mixture (1.0 ml) contained 
0.062 M glycylglycine buffer, pH 7.5; 0.65 ug of p-gluconate 6-phos- 
phate dehydrogenase (specific activity 207 units per mg); 1 X 10 
m TPN; 0.34 X 10°? M p-gluconate 6-phosphate. The tempera- 
ture was 21°. 

The reaction was started by addition of enzyme and followed 
spectrophotometrically at 340 ma. Samples were collected at 
the time indicated, diluted with water, heated for 30 seconds at 
100°, cooled, and analyzed for total ketopentose phosphate and 
for p-gluconate 6-phosphate as described in Methods.“ Con- 
trols in which p-gluconate 6-phosphate, TPN, or enzyme were 
omitted showed no pentose formation. 


Time of 2 TPNH 6-phosphate 2 
incuba tion 2 
Total A Total | 4 
hours umoles umoles umoles pmoles 
0 1.03 0.34 
10 0.984 | 0.044 | 0.046 | 0.29 0.05 | 0.043 
30 0.91 0.120 | 0.12 0.23 0.11 0.12 
50 0.86 0.170 | 0.17 0.16 0.18 | 0.17 
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no ribose was detected. It can therefore be concluded that the 
enzyme preparation was free of p-ribose 5-phosphate isomerase 
and b- xylulose 5-phosphate-3-epimerase. 

Further identification of the product was carried out after 
isolation of the phosphate ester by ion exchange chromatography. 
Areaction mixture containing 243 uwmoles of p-gluconate 6-phos- 
phate, 450 umoles of sodium pyruvate, 0.02 m TPN, 1.0 mg of 
lactic dehydrogenase, and 1.2 mg of p-gluconate 6-phosphate 
dehydrogenase (specific activity, 217 units per mg), 0.05 m 
MgCl-, and 0.025 u glycylglycine buffer in a total volume of 
6.0 ml, was incubated for 50 minutes at 25°. The mixture, con- 
taining about 200 umoles of pentose phosphate, was placed 
directly, without heating, on a 15- X 2.1-cm column of Dowex 1 
formate. The column was washed with 25 ml of water, and the 
esters were eluted with 0.1 M formic acid containing 0.03 M 
sodium formate. Elution was at the rate of 2.6 ml per minute 
and the fraction volume was about 20 ml. Aliquots were assayed 
for ketopentose by the cysteine-carbazole reaction. Fractions 
45 to 70 contained 160 umoles of ketopentose phosphate. Frac- 
tions 56-70 (110 moles) were combined, adjusted to pH 6.2 
with saturated KOH and 10 ml of saturated Ba(OH),, and pre- 
cipitated with 4 volumes of ethanol. The precipitate was 
collected by centrifugation, washed with 80% ethanol, and dried 
in a vacuum. The yield of dried barium salt was 98 mg. 

An aliquot of the precipitate was dissolved in 0.02 & acetic 
acid, barium was removed with a slight excess of potassium 
sulfate, and the solution was brought to pH 6.5 and analyzed 
with the orcinol and the cysteine-carbazole reactions, following 
the procedures suggested by Dickens and Williamson (16). 
The ketopentose phosphate content was found to be 90 umoles. 
This was identified as ribulose phosphate by its lability to alkali 
and by the rate of color development in the cysteine-carbazole 
test as described by Ashwell and Hickmann (5). 

Further proof that the ketopentose was p-ribulose 5-phosphate 


T * 


Fic. 7. Identification of p-ribulose 5- phosphate with transketo- 
lase. The incubation mixture (1.0 ml) contained 0.062 m glycyl- 
glycine buffer (pH 7.5), 2 X 10-? u MgCls, 2 X 10M thiamine 
pyrophosphate, 1.3 X 100 M DPNH, 0.01 mg of crystalline a- 
glycerophosphate dehydrogenase with triosephosphate isomerase, 
and either 8 & 10 M p- ribose 5-phosphate and 8 X 10M - 
ribulose phosphate or 1.6 X 10-* m p-ribose 5- phosphate alone. 
As indicated, transketolase (3.6 ug; specific activity, 100 units per 
mg) and then p-xylulose 5-phosphate-3-epimerase (2.5 ug, specific 
activity 200 units per mg) were added. The temperature was 
A'. The oxidation of DPNH was followed at 340 mu. 
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Fig. 8. Oxidation of TPNH with pentose phosphate and CO.. 
The reaction mixtures (1.0 ml) contained 10 M TPNH, 0.083 1 
glycylglycine buffer (pH 7.6), 4 X 10n p-ribose 5-phosphate, and 
10 wg of p-ribose 5-phosphate isomerase. At A we added p- 
gluconate 6-phosphate dehydrogenase, and at B either water 
(control) or 40 umoles of NaHCO; saturated with CO,. The experi- 
ment indicated by the circles contained 0.14 mg (25 units) of crys- 
talline p-gluconate 6-phosphate dehydrogenase; the experiment 
designated by open triangles contained 7.0 mg (25 units) of crude 
brewers’ yeast enzyme. 


was obtained in the transketolase assay as suggested by the same 
authors (5). In the presence of p- ribose 5-phosphate and our 
reaction product, no activity was shown with transketolase until 
p-xylulose 5-phosphate-3-epimerase was added (Fig. 7). 

The absence of p-xylulose 5-phosphate is established by the 
fact that only a slow reaction (due to traces of epimerase in the 
transketolase preparation) is observed with the mixture of 
p- ribulose 5-phosphate and p- ribose 5-phosphate. When epi- 
merase is also added, the reaction becomes very rapid. The 
transketolase preparation contains an active p-ribose 5-phos- 
phate isomerase, as is evident from the rate of the reaction with 
p-ribose 5-phosphate when 3-epimerase is added. 

Reversibility with Crystalline Enzyme—The three times recrys- 
tallized enzyme can be shown to catalyze the oxidation of TPNH 
in the presence of pentose phosphate and CO, (Fig. 8). The 
reaction with the crystalline enzyme was found to be identical 
in rate with that obtained with the crude brewers’ yeast prepara- 
tion of Horecker and Smyrniotis (1). It is evident that no 
carboxylation activity is lost in crystallization. 


The oxidative decarboxylation of p-gluconate 6-phosphate to 
p-ribulose 5-phosphate and CO; has been attributed to the action 
of a single enzyme, p-gluconate 6-phosphate dehydrogenase (1). 
However, since the best available preparations of the enzyme 
were still relatively impure, it was not possible to exclude the 
possibility that more than one enzyme was required for the two- _ 
step reaction. 

We have now obtained highly purified crystalline preparations 
that catalyze both oxidation and decarboxylation. No separa- 
tion of the two steps was detected. 

The fact that the crystalline preparation catalyzes the car- 
boxylation of pentose phosphate at a rate identical with that 
observed with an enzyme 40 times less pure provides the best 
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evidence yet available for a single enzyme for oxidation and de- 
carboxylation. p-Ribulose phosphate might arise by sponta- 
neous decarboxylation of an unstable 6-carbon intermediate, but 
it is highly improbable that spontaneous carboxylation of pentose 
phosphate can occur. 

The purified preparation has the merit of being completely 
free of p- glucose 6-phosphate dehydrogenase and p-ribose 5-phos- 
phate isomerase, both of which were present in the preparation 
from brewers’ yeast. It is therefore useful for the determination 
of p-gluconate 6-phosphate without interference by the presence 
of p-glucose 6-phosphate and for the preparation of p-ribulose 
5-phosphate free of p- ribose 5-phosphate and p-xylulose 5-phos- 
phate. 

The effect of Mg“ on the activity of the enzyme is rather 
complex. MgCl. can be completely replaced by NaCl or KCI, 
and at high concentration of Mg ion, an inhibiting effect has 
been noted. This inhibition appears to be competitive with 
p-gluconate 6-phosphate and may indeed be due to complex 
formation between Mg ion and b-gluconate 6-phosphate. 


SUMMARY 


1. A simple procedure has been developed for the preparation 
of crystalline p-gluconate 6-phosphate dehydrogenase from 
Candida utilus. The preparation is free of detectable amounts 
of p-glucose 6-phosphate dehydrogenase and p-ribose 5-phos- 
phate isomerase. 

2. Evidence is presented for a single enzyme which catalyzes 
the oxidative decarboxylation of p-gluconate 6-phosphate. The 
product of the reaction has been shown to be p-ribulose 5-phos- 
phate free of p-ribose 5-phosphate. The reaction is reversed by 
CO, at a rate equal to that observed with crude preparations, 
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indicating that the crystalline preparation retains full carboxyla- 
tion activity. 

3. The effect of MgCl; has been analyzed. Mg“ appear to 
be stimulatory only at low concentration of chloride. Maximal 
activity is obtained when the assay mixture contains high con- 


centrations of NaCl or KCl. 


Mg appears to increase the 


affinity of the enzyme for p-gluconate 6-phosphate. 
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In 1951, MacLagan and Wilkinson (2) discovered that a 
phenolic compound iodinated in both ortho positions, n-butyl- 
+hydroxy-3 ,5-diiodobenzoate, was methylated by human 
subjects and excreted in urine as 3,5-diiodo-4-methoxy benzoic 
acid. The degree of methylation was somewhat higher in 
hyperthyroid patients than in others. This was the first demon- 
stration of O-methylation in animals, a process which has since 
been found to occur with other types of compounds such as 3, 5 
dihydroxyphenyl derivatives (3-11). The work by MacLagan 
and Wilkinson suggested the possibility that thyroid hormones 
might be methylated in animals and stimulated interest in the 
biological activity of such compounds. 

Synthetic O-methyl-bi-thyxroxine which had earlier (12) been 
reported very effective in stimulating basal metabolic rate when 
given orally, was found to be about one-third as effective as pL- 
thyroxine when injected (13). Surprisingly, however, it had 
little or no effect on pituitary production of thyroid-stimulating 
hormone (13). 

To ascertain whether this differential activity is a general prop- 
erty of O- methyl derivatives of physiologically active thyronines, 
other members of this series were sythesizedi and their biological 
activities were determined (1). The possibility that O-methyla- 
tion is involved in the normal metabolism of thyroid hormones 
is being investigated. 


EXPERIMENTAL PROCEDURE 


Most of the chromatographic techniques employed have been 
described (17); O-methyl thyronines were located on the paper 
with 0.25% ninhydrininacetone. Tadpole (Ranaclamitans) meta- 
morphosis and goiter prevention (Sprague-Dawley rats) assays 
were conducted as described earlier (18). Initially, the basal 
metabolic rates were measured by the method of Holtkamp et al. 
(19) in the Smith, Kline and French Laboratories; later they 
were measured in this laboratory by a modification of the method 
of Robbie (20). The ability of various thyronine derivatives to 


Supported in part by grants from the Office of Naval Re- 
search, from the National Heart Institute (H-2677) of the Public 
Health Service, and from the Life Insurance Medical Research 
Fund. A preliminary report has appeared (1). 

t Postdoctoral Fellow, National Institutes of Arthritis and 
Metabolic Diseases, Public Health Service. 

' Meltzer et al. (14) have reported an unsuccessful attempt to 
synthesize O-methyl triiodothyroacetic acid, but have since suc- 
ceeded, for they have used this compound in biological experi- 
ments (15, 16). 

We are indebted to Drs. C. M. Greenberg, A. E. Heming, and 
H. L. Saunders for these determinat ions. 


induce ATPase activity in fresh rat liver mitochondria was 
measured (21) at 30°. 

Compounds used were from the following sources: pi-thy- 
ronine, pL-3,5-diiodothyronine, and pi-thyroxine, Hoffmann- 
LaRoche; t-triiodothyronine and .L-thyroxine, Smith, Kline 
and French Laboratories; 3,5,3’-triiodothyroacetic acid and 
Diazald for the preparation of diazomethane, Aldrich Chemical, 
Triiodothyroethanol was synthesized as described previously 
(22). 

The preparation of O-methyl derivatives is described in detail 
under Syntheses. The authentic samples of O-methyl-pt- 
thyronine and O-methyl-3,5-diiodo-L-thyronine were generous 
gifts from Dr. B. A. Hems (Glaxo Laboratories, Ltd., Greenford, 
Middlesex, England). 


RESULTS 


Characterization and Identification of O-Methyl Thyronines 

In 1938, Loeser, Ruland, and Trikojus (12) reported that the 
direct methylation of thyroxine with diazomethane produced 
the O-methyl derivative. In the case of 3,5-diiodothyronine 
and diiodotyrosine, however, both the phenolic and amino groups 
were methylated (and also some formation of the ally] side-chain 
derivative was observed*). In our experience, all thyronine 
methyl esters were smoothly methylated with diazomethane in 
an ethanol-ether mixture to produce a satisfactory yield of O- 
methyl derivatives regardless of the number of iodine atoms on 
the molecule. A proof of the structures of the compounds iso- 
lated is summarized in Fig. 1. 

O-Methyl thyronine prepared with diazomethane was identical 
in the following respects with the product obtained by reaction 
of N-benzoyl thyronine with dimethyl sulfate followed by hy- 
drolysis: (a) the melting points and infrared spectra of their 
hydrochlorides; (ö) the infrared spectra of the free ethers and 
Dr. Hems’ authentic sample, and (c) their paper chromatographic 
behavior in tert- amyl alcohol saturated with 6 n NH,OH. The 
product obtained by refluxing O-methyl thyronine with HBr 
(48%) acetic acid (1:2, volume for volume) was also compared 
with authentic thyronine; they had the same melting point and 
paper chromatographic behavior. In a similar way, the identity 
of O-methyl-3 ,5-diiodothyronine prepared by these two routes 
was established. 

The iodinated thyronines (thyroxine, 3,5,3’-triiodothyronine, 
and 3,5-diiodothyronine) were allowed to react with diazometh- 
ane and then deiodinated with hydrogen in the presence of 


3 V. M. Trikojus, personal communication. 
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Fic. 1. Reaction sequence establishing the identity of O-methyl thyronines. OMe, O-methyl; T., thyroxine; 7., triiodo- 


thyronine; 7':, diiodothyronine. 


Raney Ni. The products were identical with O-methyl thyro- 
nine with respect to melting points, paper chromatographic 
behavior and infrared spectra (Table I). It was therefore con- 
cluded that our main products prepared with diazomethane 
were not methylated on the amino group. Smaller amounts of 
N-methylated derivatives may have been formed during the 
synthesis and separated from the main product during the re- 


peated crystallizations. 


Riolooical Activiti 

The relative activities of these O-methyl ethers in different 
bioassays are summarized in Table II. O-Methylation did not 
diminish the high activities of thyroxine, triiodothyronine, and 
triiodothyroacetic acid on tadpole metamorphosis. The activi- 
ties of diiodothyronine and O- methyl diiodothyronine were 


assayed only once and are not significantly different. Like its 
parent compound, O-methyl thyronine was not detectably 
active. In the rat goiter prevention assay, O-methylation 
destroyed virtually all of the activity of thyroxine (13), an 
appreciable part of triiodothyronine and none of triiodothyro- 
acetic acid. In the basal metabolic rate assay with intact rats, 
O-methy] thyroxine was about one-third as effective as thyroxine 
and O-methyl triiodothyronine was about one-half as active as 
its parent compound. Ina determination with thyroidectomized 
rats O- methyl triiodothyroacetic acid was about two-thirds as 
active as triiodothyroacetic acid. 

The biological activities of O- methyl triiodothyronine and 
O-methy] triiodothyroacetic acid of industrial origin have been 
reported in the literature, although the synthesis and physical 
constants have not been reported previously. Our findings for 


TABLE I 
Characterization of O- methyl thyronines 


Deiodinated product Demethylated product 
Compound Route of preparation M.p. 
9710 

CH: N: 210-212? 206-2085 0.50 250-251 ° 0.26 
(CH;) 280, 210-212° | 205-207° 0.50 
O-Methyl 3,5-diiodo-pL-thyronine............. CH. N: 218-220 202-205 0.50 
O-Methyl 3, 5-diiodo-DbI-thyron ine (CH.) SO, 217-219 
O-Methyl 3,3’,5-triiodo-L-thyronine........... CH: N: 212-214° | 201-203 0.48 
CH: N: 224 203-205 0.49 
Authentic Dbi-thyron ine 250-2527 0.27 
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TABLE II 
Biological activities of O-methylated compounds 
The activities of L-triiodothyronine are taken from (17), as- 
suming the p isomer of thyroxine to be inactive. Values for O- 
methyl thyroxine are from (13). 


Comparative activity (molar basis) 
Compound Metamor- Goiter Basic 
— prevention metabolic 
(rat) rate (rat) 
DL Thyroxine „565656 60 1 1 1 
OMethyl-Dbr-thyrox ine 1 0 0.3 
1. Triiodot hyronine 1040 20 46 
O. Methyl -1-triiodothyronine 1040 15-3 2-3 
3,5-Diiodo-pt-thyronine........... 0.05 
0-Methyl diiodo-DI-thyronine 0.1 
0 
0 
Triiodothyroacetic acid........... 2 0.6 0.2* 
0-Methyl triiodothyroacetic acid. 2 0.50.7 O. 14 


»The basal metabolic rate assays for triiodothyroacetic acid 
and for O- methyl triiodot hyroacetie acid were done on thyroidec- 
tomized rats, with triiodothyronine as the reference standard. 
The activity is recorded assuming a value of 5 for triiodothyro- 
nine. 


0-methy] triiodothyronine were in the range reported by Money 
et al. (23). O-Methyl triiodothyroacetic acid was about half as 
effective as triiodothyroacetic acid in suppression of Du uptake 
by the thyroid gland (15), in goiter prevention and in enhance- 
ment of basal metabolic rate (16). 


Effects on Mitochondrial A denosinetriphosphatase 


Lardy and Maley (24) found that thyroxine and several of its 
physiologically active analogues would stimulate the adeno- 
sinetriphosphatase activity of rat liver mitochondria. The 
synthetic O-methy] ethers have been tested in this assay, and the 
results are summarized in Table III. 

With intact mitochondria, thyroxine and triiodothyronine 
have relatively little ability to enhance ATPase compared with 
2,4-dinitrophenol (24, 25). The methyl ethers of these two 
hormones were ineffective. On the other hand, methylation of 
triiodothyroacetic acid, which is one-third to one-half as effective 
as dinitrophenol, further increased the ability to stimulate ATP- 
ase. The response of mitochondrial ATPase to increasing 
concentrations of triiodothyroacetic acid and its O-methy] ether is 
depicted in Fig. 2. The maximal response to O-methyl triiodo- 
thyroacetic acid is greater than with triiodothyroacetic acid and 
is achieved at a lower concentration. Analogous curves were ob- 
tained for O- methyl tetraiodothyroacetic acid and tetraiodothyro- 
acetic acid but the maximal responses were slightly less. 

Triiodothyroethanol (22), which is closely related structurally 
to triiodothyroacetic acid and which is oxidized to that com- 
pound by rat kidney mitochondria, enhances ATPase. Methyla- 
tion abolishes its activity. 

Effects on Oxidative Phosphorylation 

At 5 x 10-5 M or lower concentration, thyroxine and triiodo- 
thyronine uncouple oxidative phosphorylation only slightly in 
conventional experiments (26). With most substrates, triiodo- 
thyroacetic acid is somewhat more effective. The effects of the 
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methyl ethers of thyroxine and triiodothyronine were not ap- 
preciably different from those of their respective parent com- 
pounds but the methyl ether of triiodothyroacetic acid was 
somewhat more effective than the acid (Table IV). This greater 
uncoupling activity was not abolished by 0.01 M fluoride. 

The presence of sufficient malonate to block the oxidation of 
succinate produced from glutamate renders kidney mitochondria 
more susceptible to uncoupling by thyroxine (26). In repeated 
experiments with kidney mitochondria and malonate present, 
O-methy] thyroxine was less deleterious to phosphorylation than 
was thyroxine. Again triiodothyroacetic acid and its O-methyl 
ether were highly effective in uncoupling. 

Metabolic Transformation 

Mammalian mitochondria contain an enzyme system capable 

of degrading the alanine side chain of thyronine and iodinated 


III 
Stimulation of ATPase by some thyroid hormones and 
their O-methyl ethers 

The system contained 6 moles of ATP, 10 wmoles of Tris buffer, 
pH 7.4, 75 wmoles of KCl, and approximately 0.2 mg of rat liver 
mitochondrial nitrogen (in 0.3 ml of 0.25 M sucrose), in a final 
volume of 1.0 ml. Phosphate liberated in 10 minutes at 30° and 
calculated on the basis of 0.2 mg of mitochondrial nitrogen. 


Pi liberated 
Compound (5 X 10-5 mu) 
— — 
pmoles 

A ones 0.12 0.08 
D 4.55 4.26 
O-Methyl thyrox ine 0.05 0.06 
Triiodothyroni᷑n ee 0.13 0.14 
O-Methyl triiodothyronine................ 0.05 0.06 
Triiodothyroacetic acid................... 1.96 1.6 

O-Methyl triiodothyroacetic acid 2.69 2.57 
Tetraiodothyroacetic acid ................ 1.15 1.40 
O-Methyl tetraiodothyroacetic acid 2.15 2.16 
Triiodothyroethanol...................... 0.62 0.60 
O-Methyl triiodothyroethanol............. 0.11 0.09 


Fic. 2. ATPase activity induced by triiodothyroacetic acid 
(TRIAC) and its O-methyl ether (O-Me TRIAC) P released by 
0.2 mg of mitochondrial N in 10 minutes at 30°. The reaction 
mixture is described in Table III. 
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TABLE IV 
Influence of thyroid hormones and their methyl ethers on oxidative phosphorylation 
All data for a given substrate are averages of duplicates in a single experiment. The reaction mixture contained 2 mu ATP, 17 mu 
potassium phosphate buffer, pH 7.4, 13 mm pL-8-hydroxybutyrate, 5 mm MgSQ,, and rat kidney or liver mitochondria amounting to 


1.4 to 1.8 mg of N per flask in the various experiments. 


Malonate, when present, was at 3.3 mu. 


8-Hydroxybutyrate Succinate Glutamate Cae + 
Additions 
P:0 ofS) P:O P:0 000 P:0 
Rat kidney None (control) 320 1.4 560 1.4 520 1.7 225 1.3 
Thyroxine 280 1.1 520 0.9 470 1.5 95 0 
O-Methyl thyroxine 280 1.1 535 1.1 500 1.4 190 0.82 
Triiodothyronine 270 1.3 535 1.3 490 1.4 145 0.69 
O-Methyl triiodothyronine 300 1.1 535 1.1 460 1.6 155 0.42 
Triiodot hyroacetate 260 0.58 535 0.92 490 1.4 115 0 
O-Methy] triiodothyroacetate 270 0.34 560 0.74 520 1.3 145 0 
Rat liver None (control) 370 2.3 500 1.7 420 2.7 210 2.3 
Thyroxine 310 2.4 430 1.8 390 2.5 150 2.7 
O-Methyl thyroxine 370 2.1 460 1.7 410 2.3 200 2.3 
Triiodothyronine 310 2.4 410 2.0 410 2.3 190 2.3 
O-Methy] triiodothyronine 350 2.1 420 1.8 350 2.5 140 2.3 
Triiodothyrodcetate 280 2.0 390 1.6 400 2.0 140 1.3 
O-Methyl triiodothyroacetate 290 1.4 380 1.3 410 1.8 180 1.3 


thyronines to the corresponding substituted acetic acids (17, 22). 
In several carefully conducted and controlled experiments, we 
have been unable to detect any conversion by rat kidney or liver 
mitochondria of O-methyl thyronine to either O-methyl thyro- 
acetic acid or thyroacetic acid. Rat kidney mitochondria did 
not convert O-methyl triiodothyronine to O-methyl iodothyro- 
acetic acid or triiodothyroacetic acid. The limit of detectability 
in these experiments was approximately 1% of the amount of the 
substituted acetic acid formed from the corresponding unmethyl- 


ated compounds. 


DISCUSSION 


The question of whether O-methylation plays a significant role 
in the metabolism of thyroid hormones has not yet been answered. 
We have been unable to demonstrate the presence of O-methyl 
thyroxine, O- methyl triiodothyronine, and O- methyl triiodo- 
thyroacetie acid in rat urine after the administration of the 
respective IM. labeled parent compounds. However, Roche, 
Michel, and de Gregorio (31) have recently reported finding O- 
methyl thyroxine in rat urine. 

Conceivably biological methylation might play a role in 
determining relative activities of a given hormone in eliciting 
different metabolic responses. For example, methylation of 
thyroxine (13) and triiodothyronine depresses goiter prevention 
much more than basal metabolic rate. In contrast, methylation 
of triiodoacetic acid does not depress either of these activities. 
We are continuing studies to determine whether biological 
methylation of ortho iodo-substituted phenols is of importance 
in the metabolism of thyroid hormone. 


Syntheses 


O-Methyl Tritodothyroacetic Acid. A. By Diazomethane—Tri- 


iodothyroacetic acid (622 mg, 1 mmole) was dissolved in absolute 
methanol (5 ml) and treated with an excess of ice-cold diazometh- 
ane-ether solution. The reaction was almost instantaneous. 
After the mixture had been kept in the cold overnight, it was 


evaporated todryness in a vacuum. The almost colorless residue 
yielded 410 mg (63% of theoretical) of colorless needles from 
dilute ethanol. The methyl ester of the O-methyl ether melted at 
133-135°. 


CisH 13041; (650.0) 
Calculated: C 29.56, H 2.01, I 58.57 
Found: C 29.73, H 1.92, I 58.85 


The above methyl ester (162 mg, 0.5 mmole) was hydrolyzed 
in 10 ml of 1 N NaOH in 50% ethanol at room temperature for 1 
hour. Acidification with dilute HCl precipitated the free acid, 
which was dried and recrystallized by dissolving in warm benzene 
(10 ml) and adding petroleum ether (Skelly C) (30 ml). It was 
dried over silica gel and P.O; at 100° in a vacuum. When 
heated slowly, the acid sintered around 140°, then partly re- 
solidified and finally cleared at 165-167“. 


CisH 10,41; (636.0) 
Calculated: C 28.32, H 1.74, I 59.86 
Found: C 28.33, H 1.66, I 59.10 


B. By Dimethyl Sulfate—Triiodothyroacetic acid (311 mg, 0.5 
mmole) was dissolved in 50 ml of 1.6 N NaOH in 20% ethanol, 
and while the solution was stirred at room temperature, dimethyl 
sulfate (6 ml) was added in small increments. More alkali and 
dimethyl] sulfate were used, if necessary, until aliquots (2 to 3 
drops) gave a negative phenol test with Folin-Dennis reagent. 
The reaction mixture was acidified with dilute HCl, and the crude 
product that precipitated was purified as in Procedure A. 
The melting behavior was identical with that of the compound 
prepared with diazomethane, and no depression of melting point 
was observed when the two were mixed. 

Dr. H. L. Saunders informed us that a preparation of this com- 


pound by Dr. J. Kerwin melted at 138-150°, resolidified, and re- 
melted at 164-166“. 
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O-Methyl tetraiodothyroacetic acid was prepared by Method B 
described above. The yield was 350 mg from 750 mg of tetra- 
jodothyroacetic acid after several recrystallizations from benzene. 


J. (761.9) 


Calculated: C 23.64, H 1.32, I 66.63 
Found: C 23.93, H 1.33, I 66.40 


Methyl Esters of Thyronines 


The esters were prepared by the method of Ashley and Haring- 
ton (27) devised for the preparation of 3 ,5-diiodothyronine and 
thyroxine. 

DL-Thyronine methyl ester formed tiny, colorless needles from 
benzene or benzene-petroleum ether (Skelly B) that melted at 
138-140°. Southwick et al. (28) reported a melting point of 
135° for the compound prepared by a different route. 

3,5,3’-Triiodo-L-thyronine methyl ester formed tiny, colorless 
crosses (from dilute ethanol) or cubes (from ethanol) that melted 
at 174-181° (decomposition). 


CisH1,O.NI; (665.0) 
Calculated: C 28.89, H 2.12, N 2.10 
Found: C 29.27, H 1.96, N 2.26 


Preparation of O-Methyl Thyronines with Diazomethane 


The method used was similar to that of Loeser, Ruland, and 
Trikojus (12), except that anisol was omitted from the reaction 
mixture. Methyl esters of thyronines (0.5 mmole) suspended 
in 10 ml of methanol were treated with diazomethane in ether 
for 3 to 4 days at 0° with occasional shaking. The crystals 
slowly went into solution. Attempts to purifiy O-methyl 
thyronine methyl esters at this stage were unsuccessful. After 
saponification, the products were purified by dissolivng in 0.33 
HCl in 85% ethanol and treatment with charcoal. They were 
crystallized by addition of 2 N sodium acetate to bring the pH to 
approximately 6. 

O- Methyl Triiodo-L-thyronine—M.p. 212-214° (decompositon); 
yield, 180 mg from 400 mg of L-triiodothyronine. 


CisHuO.NI; (665.0) 
Calculated: C 28.89, H 2.12, N 2.10, I 57.25 
Found: C 28.65, H 2.51, N 2.04, I 56.20 


O- Methyl-3 ,5-ditodo-DL-thyronine—Some difficulties were en- 
countered with the purification of this compound. The solution 
of the crude product in ethanolic HCl was diluted with boiling 
water until it became turbid. The impurities aggregated during 
continued boiling and were separated. On dilution of the hot 
filtrate with water, tiny crystals of the hydrochloride were 
obtained, and further purification was carried out as above; 
m.p. 215-217° (decomposition). 


NI: (539.1) 
Calculated: C 35.64, H 2.80, N 2.59, I 47.09 
Found: C 35.98, H 3.08, N 2.62, I 45.60 


0-Methyl-pL-thyronine—Whereas the above two O-methyl 
ethers of iodothyronines did not form good crystals from boiling 
2s HCl, O-methyl-pu-thyronine was readily purified from this 
solvent. Fine, colorless needles of the hydrochloride melted at 
206-208° (decomposition). 
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HCI (323.8) 
Calculated: C 59.35, H 5.60, N 4.32, Cl 10.95 
Found: C 59.07, H 5.95, N 4.56, Cl 10.89 


The free O-methyl thyronine was crystallized in the manner 
described above; m.p., 210-212° (decomposition) when the 
temperature increment was 2° per minute. Clayton and Hems 
(29) reported that this compound, made by a different route, 
melted at 246-248 (decomposition) .* 


Methyl Esters of O0,N-Dibenzoyl Thyronines 

The methyl esters of thyronines (1.5 mmoles), dissolved in dry 
pyridine (10 ml), were treated with benzoyl chloride (0.5 ml) at 
room temperature overnight. The crude product, which 
precipitated on addition of 5% NaHCO, (5 ml) and cold water, 
was recrystallized from methanol or ethanol to form tiny. 
colorless needles. Yield, 80 to 90% of the theoretical. 

O,N-Dibenzoyl-pL-thyronine Methyl Eater M. p., 137-139° 
(132-133° by Southwick et al. (28) and 132-134° by Harington 
and Pitt-Rivers (30)). The analytical data agreed with theory 
for CyoHxO6N (495.5). 

O,N-Dibenzoyl-3 ,5-diiodo-DL-thyronine Methyl Ester—M.p., 
193-195°. 


CyoH2O6NI, (747.3) 
Calculated: C 48.21, H 3.10, N 1.84, I 33.96 
Found: C 48.15, H 3.12, N 2.03, I 33.86 


O, N-Dibenzoyl-3 ,5 ,3'-tritodo-L-thyronine Methyl Ester XI. p., 
182-184°. 


CyoH2206NI; (873.2) 
Calculated: C 41.25, H 2.53, N 1.60, I 43.60 
Found: C 41.53, H 2.26, N 1.47, 1 43.52 


O-Methyl-N -benzoyl Thyronines 

The above methyl esters (I mmole) were saponified with 0.5 N 
NaOH in 85% ethanol (44 ml) at room temperature for 30 
minutes. With stirring, dimethyl! sulfate (1 ml) was added to 
this solution, followed by 5 N NaOH (2 ml). The additions were 
repeated at 10-minute intervals until a 2-drop aliquot gave a 
negative Folin-Dennis phenol test. On acidification with 
dilute HCl and dilution with cold water, fine precipitates were 
obtained which formed tiny, colorless needles from dilute ethanol; 
yield, 80 to 90% of the theoretical. 

The same reaction on the triiodothyronine derivative gave a 
product melting at 135°. The elementary analysis, however, 
did not agree with O-methyl-N-benzoyl triiodothyronine and, 
furthermore, this compound gave rise to iodine on acid hydrolysis. 
Further studies on this compound were therefore abandoned. 

O-Methyl-N -benzoyl-DL-thyronine—M.p., 148-150°. 


CMH: (391.4) 
Calculated: C 70.57, H 5.40, N 3.57 
Found: C 70.46, H 5.27, N 3.68 


o Dr. B. A. Hems (personal communication) found this com- 
pound to melt at ‘‘210-240°, depending greatly on the rate at 
which the sample is heated. Somewhat higher melting points 
were observed in a capillary tube as compared with a block. 
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O-Methyl-N -benzoyl-8 ,5-diiodo-DL-thyronine—M.p., 199-201°. 
NI: (543.2) 
Calculated: C 42.94, H 2.97, N 2.10, I 39.46 
Found: C 43.22, H 3.19, N 1.60, 1 39.10 


Hydrolysis of O-Methyl-N-benzoyl Thyronines 


N-Benzoy] derivatives (1 mmole) were hydrolyzed by refluxing 
in acetic acid-concentrated HCl (20 ml each) for 4 hours. After 
evaporating to dryness in a vacuum (40° bath), the O-methyl 
thyronines produced were purified as for those prepared with 
diazomethane. Elementary analyses and melting points of the 
compounds prepared by these two routes were similar. 


O-Methyl Tritodothyroethanol 


Triiodothyroethanol (22) was methylated with diazomethane 
and recrystallized from dilute ethanol as tiny, colorless needles; 
m.p. 137-139°. 


CisH1:031; (622.0) 
Calculated: C 28.96, H 2.10, I 61.21 


Found: C 28.94, H 2.28, I 60.99 


1. The synthesis of the O-methyl ethers of 3,5-diiodothyro- 
nine, 3,3’ ,5-triiodothyronine, 3,3’ ,5-triiodothyroethanol, 3,3’, 
5-triiodothyroacetic acid and 3,3’,5,5’-tetraiodothyroacetic 
acid is described. 

2. O-Methyl triiodothyronine is as effective as triiodo- 
thyronine in stimulation of tadpole metamorphosis; it is less 
active than triiodothyronine in rat goiter prevention and in 
enhancing basal metabolic rate of rats. The activity of O- 
methyl triiodothyroacetic acid is approximately equal to that of 
triiodothyroacetic acid in each of these assays. 

3. O-Methyl triiodothyroacetic acid enhances adenosinetri- 
phosphatase activity of rat liver mitochondria to a greater extent 
than any other thyro-active substance tested. Within this 
series, it is also the most effective uncoupler of oxidative phos- 
phorylation. 

4. O-Methyl thyronine and O-methyl triiodothyronine are not 
converted to their corresponding thyroacetic acids by mito- 
chondrial preparations which are capable of forming thyroacetic 
and triiodothyroacetic acids from their respective parent thy- 
ronines. 
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Early Stimulation by Estradiol of Amino Acid Penetration 
in Rabbit Uterus* 


Matruew W. NOALL AND WILLARD M. ALLEN 


From the Department of Obstetrics and Gynecology, Washington University School of Medicine, 
St. Louts 10, Missouri 


(Received for publication, March, 3, 1961) 


The biochemical events by which estrogen causes rapid growth 
of the uterus have been investigated principally by studies of 
the intermediary metabolism or specific enzyme relations within 
the uterus (1, 2). The tissue-proliferating effect is apparent 
only after a period of sustained estrogen stimulation whereas the 
effect of estrogen on the water content and the electrolytes of 
the uterus is very prompt (3, 4). Eleetrolyte-water relationships 
and intermediary metabolism have been linked together by the 
observation that there is a reciprocal relation between the trans- 
port of amino acids into cells and the intracellular concentration 
of the inorganic cations (5). However, studies on the action of 
estrogen on uterine permeability and its relation to tissue pro- 
liferation have been difficult because of the metabolizable nature 
of most of the available substrates. 

The demonstration by Christensen (6) that a-methylamino 
acids are transported across the plasma membrane in a manner 
similar to their natural counterparts has led to the development 
of a-aminoisobutyric acid-1-C™ as a tool with which penetration 
phenomena may be studied without the complication of further 
metabolism of the substrate (7). Brief communications have 
reported the utility of a-aminoisobutyric acid-1-C™ in the study 
of the estrogen-dependent transport process in the uterus (7, 8). 
The present study extends these observations to the very early 
effects of estradiol on amino acid transport in uterine tissue. 


EXPERIMENTAL PROCEDURE 


Radioactive Materials and Methods—Sucrose-U-C™ was pur- 
chased from Volk Radio-Chemical Company with an activity 
of 0.1 me in 34.3 mg and estradiol-178-16-C" was obtained from 
Charles E. Frosst and Company, Montreal, with an activity 
of 1.35 we per mg. AIB! of specific activity 2.2 me per mmole 
was prepared from potassium cyanide-C™ on a microscale by a 
procedure based on the report of Zelinsky and Stadnikoff (9). 
Samples of soft tissue were assayed for AIB or radioactive 
sucrose by previously described procedures (7, 8). Cartilage 
was rendered amenable to the method by placing the loosely 
stoppered grinding tubes containing the samples in a boiling 
water bath for 5 minutes before homogenization. Tissues ob- 
tained from experiments with estradiol-C" were finely homog- 
enized with water and aliquots of the total homogenate were 
plated. All counts were corrected to infinite thinness. 


Supported in part by a grant from the Josiah Macy, Jr., 
Foundation to he De Department of Obstetrics and Gynecology, 
Washington University School of Medicine. 

The abbreviation used is: AIB, a-aminoisobutyric acid Ci. 


Animals — Immature New Zealand white female rabbits 
weighing between 1800 and 2000 g were used in all experiments. 
All rabbits were ovariectomized at least 1 week before use except 
in some of the AIB distribution experiments in vivo. 

Extracellular Space Determinations—Extracellular spaces 
were determined by measuring the sucrose-U-C™ space and also 
the classical chloride space. Rabbits were nephrectomized 
under Nembutal-ether anesthesia and then were treated by 
intravenous injection of radioactive sucrose at the ratio of 
2 we per kg of body weight. Thirty minutes after the sucrose 
injection the rabbits were exsanguinated via the vena cava into 
a heparinized syringe before the tissue samples were excised 
(10). Duplicate samples were taken for analysis of water 
content. As a check on the method and the C determinations, 
the chloride space and sucrose space were simultaneously de- 
termined on several tissues. Chloride was determined on soft 
tissues by the nitric acid extraction procedure of Lowry and 
Hastings (11) and on plasma by the wet ashing method of 
Wilson and Ball (12). Space determinations were also made 
for the uterus after estrogen treatment. Rabbits were treated 
by subcutaneous injections daily for 4 days with 10 ug of estra- 
diol-178 in 0.2 ml of sesame oil and then sucrose measurements 
were made on the 5th day. Spaces were calculated as grams of 
water per kilogram of wet tissue as previously described (11, 13). 

AIB Distribution in Vivo—aAll rabbits were nephrectomized 
while under Nembutal-ether anesthesia immediately before the 
intravenous injection of AIB at the ratio of 6.3 ne per kg of 
body weight. Control rabbits were ovariectomized at least 1 
week before use. Estrogen- treated rabbits were injected for 4 
days as described above and then used on the 5th day, 24 hours 
after the last estrogen injection. At various time intervals after 
the AIB injection the rabbits were reanesthetized and killed by 
exsanguination and tissue samples were excised and assayed for 
AIB. Distribution of AIB between intracellular and extra- 
cellular phases was calculated as previously described (7). 

AIB Distribution in Vitro—The studies were limited to the 
uteri from the ovariectomized rabbits. Rabbits were killed by 
air embolism and the uteri were quickly excised and floated on 
buffer solution. Each horn was freed of fat and fascia and then 
placed in an individual incubation flask. Each uterus served 
as its own control. The first horn was incubated without 
hormone whereas the contralateral horn was used to assess the 
effect of estradiol. The horns were individually incubated for 
various lengths of time at 38° in 20 ml of Krebs-Ringer phosphate 
buffer of pH 7.4 with a 100% O, atmosphere and AIB at 0.85 x 
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10-5 u. At the end of the incubations each uterine horn was 
prepared for analysis by being split open longitudinally, quickly 
rinsed through two beakers containing nonradioactive buffer, 
lightly blotted, and then weighed. The AIB uptake in the 
experimental horns was calculated relative to the uptake in the 
contralateral controls. Estrogen effect in vitro was tested by 
adding a propylene glycol solution of estradiol to the experi- 
mental flasks to give a concentration of 0.5 wg per ml of estrogen 
and 0.26% of the glycol. The control flasks received a similar 
amount of estrogen-free glycol. Estrogen stimulation in vivo 
was determined by anesthetizing the rabbits, removing the 
control horn to an incubation flask, and immediately thereafter 
treating the rabbits by intravenous injection of 0.2 ml of propyl- 
ene glycol containing 100 ug of estradiol. After allowing the 
estrogen stimulation in vivo to proceed for various times the 
contralateral horns were each removed and incubated in vitro 
in a similar manner. The incubation of each horn was ter- 
minated after 60 minutes. 

Estradiol Distribution in Vitro—Uterine horns were incubated 
together in 50 ml of Krebs-Ringer buffer at 38° with a 100% O: 
atmosphere. Radioactive estradiol was added in propylene 
glycol to give a concentration of 0.60 ug per ml. At 30 and 60 
minutes of incubation time, tissue and medium were each 
sampled and assayed for total C content. 

Estradiol Distribution in Vivo—Anesthetized rabbits were 
injected intravenously with 0.3 ml of a propylene glycol solution 
which contained 181 yg of radioactive estradiol. The observed 
specific activity was 2000 c.p.m. per wg. One horn of the uterus 
was removed at 30 minutes after injection and at 60 minutes 
the second horn was removed, the rabbit was exsanguinated, 
and other tissues were excised. Tissues and plasma were assayed 
for total Ci content. 


RESULTS AND DISCUSSION 


AIB Distribution in Vivo—The uptake of AIB in vivo, shown 
in Fig. 1 and Table II, has been calculated with the aid of the 
values given in Table I and represents the concentration of AIB 
in the intracellular phase relative to the extracellular. Fig. 1 
shows the rate of uptake of AIB by the control uterus to be 
rather slow and characterized by a small initial slope of the 
curve, at least 10 hours being required to achieve a steady state 
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Fic. 1. The uptake of AIB by the immature rabbit uterus in 
vivo. O, estradiol-treated, ovaries intact; @——@, no 
estrogen, ovaries intact; A——A, no estrogen, ovariectomized. 


Estradiol On Uterine Amino Acid Penetration 


Vol. 236, No. 1] 


TaBLe I* 
Water content and extracellular spaces of rabbit tissues 
Extracellular space 
Tissue H:0 — 
% t tissue 


Uterus, control....| 84.5 + 0.7 (6) | 580 + 16 (9)! 650 + 50 (6) 


Uterus, estradiol- 


treated......... 86.3 + 0.4 (3) | 525 + 24 (2) 
o 72.8 + 0.6 (13) 200 + 20 (4) 160 + 6 (4) 
Biceps femoris 76.7 + 0.3 (15) 75 + 2 (4) 75 + 9 (10) 
Pubic symphysis. .| 74.6 + 1.8 (6) | 470 + 11 (4) 


»The data in the tables are the mean values and their stand. 
ard deviations. The number of experiments are in parentheses. 


TaB.e II 
AIB uptake in vivo by rabbit tissues other than the uterus 


Data are given for the rabbits with intact ovaries. The figures 
represent the concentration of AIB in the intracellular phase rela- 
tive to the extracellular, as depicted in Fig. 1. 


—— 


Controls Estradiol treated 
Tissue Time (hours) Time (hours) 5 
4 18 4 
13 + 2 84 18 10+ 2 47 +7 
(4) (4) (3) (2) 
Biceps femoris...| 1.3 + 0.3 4.7 + 1.0 0.5 & 0.3 5.0 + 24 
(4) (4) (3) (2) 
Pubic symphysis.| 5.6 + 1.4 10+ 2 8.7 & 2.0 ll +4 
(4) (4) (3) (2) 
distribution. In contrast to these results are those found in the 


estrogen-stimulated uterus in which the initial rate of uptake is 
markedly increased. The enhanced rate leads to a concentration 
gradient 9 times greater than that of the controls. The expen- 
ments were commenced 24 hours after the fourth injection of 
estradiol and represent the permeability of a uterus which has 
been well stimulated by the estrogen. The estradiol condition- 
ing is seen to last for nearly 2 days after the last estrogen injec- 
tion at which time the curve approaches that for untreated uteri. 
The early part of the curve represents the time interval 24 to 2 
hours after the last injection of estradiol and is in the period 
during which the uterus was fully stimulated. Due to the time 
course of the estrogen treatment and the slow rate of entry of 
AIB into the cells, the highest figures presented are considered to 
represent minimal values for the estrogenic stimulation of AIB 
uptake by the uterus. The stimulated uterus concentrated 
AIB 27 times over the level of the extracellular fluid. Such high 
values appear to be characteristic of tissues which are metaboli- 
cally very active. Thus, in Table II liver is seen to concentrate 
as much as 84 times and kidney has been found to achieve con- 
centrations of 40 times (7). 

The strong uptake of AIB by liver does not seem to be af- 
fected by estrogen. The 18-hour liver values are not significantly 
different (v > 0.1). Skeletal muscle, which also is not a primary 
estrogen target, similarly shows no effect. On the other hand, 
pubic symphysis is known to have its metabolism stimulated by 
estradiol as evidenced by the incorporation of glycine into 
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Fic. 2. AIB uptake in vitro after estradiol treatment in vivo 


protein fractions (14). However, it is seen in Table II that 
estradiol has little or no effect on the uptake of AIB by pubic 
symphysis. Apparently, the stimulation of the metabolic 
activity of uterus and pubic symphysis by estrogen follows, 
in part, different pathways. 

AIB Distribution in Vitro—The greatly enhanced ability of 
the uterus to take up AIB after being thoroughly conditioned 
with estradiol led to the following question. What is the mini- 
mal period of estrogen stimulation required to initiate an increase 
in the uptake of AIB? A large number of experiments were 
carried out in which the uteri were incubated in vitro with AIB 
and estradiol as described in “Experimental Procedure.” In 
contrast to the above effects of estrogen stimulation in vivo on 
AIB uptake in vivo it was surprisingly found that these experi- 
ments showed no estradiol stimulation. Thus, the per cent 
increase in AIB uptake over the controls by the AIB estradiol 
incubations in vitro were: at 30 minutes, 0.46 + 6.7% and at 
60 minutes, 7.3 + 9.6%. The contrast between these results 
and those given in Fig. 1 suggested strongly that the mode of 
administration of the estradiol be examined for its stimulating 
eflect. This was accomplished by administering the estradiol 
in vivo but incubating the uteri in vitro as described above. The 
results given in Fig. 2 very strikingly show that estradiol in vivo 
has an immediate effect on the permeability of the uterus. After 
only 30 minutes of stimulation in vivo there can be seen close to 
150% increase in AIB uptake over the controls. It would 
appear from the curve that even shorter estradiol stimulation 
in vivo would give positive results and suggests that the castrate 
immature uterus is immediately responsive to estrogenic stimula- 
tion, and further that the limiting factor is the time required for 
the circulation to deliver the active agent to the uterine cells. 

Estradiol Distribution in Vitro—The contrast between the 
estradiol stimulation experiments in vitro and in vivo led to the 
question of the ability of estradiol to penetrate uterine tissue. 
The results of distribution experiments between uteri and me- 
dium with radioactive estradiol are given in Table III. The 
tissue is seen to rapidly und strongly accumulate estradiol. 
The uterus was found to contain, after 30 minutes of incubation, 
7.7 times, and, at 60 minutes, 12.2 times the radioactivity of the 
medium. It has been found convenient to express the ability of 
tissues to accumulate estradiol by calculating what is termed an 
estrogen space. In the experiments of Table III the radio- 
activity per kilogram of uterus is divided by the radioactivity 
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per kilogram of medium. The result, the estrogen space, is very 
much larger than the extracellular space listed in Table I and 
shows the estradiol to have readily penetrated the tissue. If 
the estradiol had not penetrated the tissue, the estradiol space 
would be expected to be similar to the extracellular space of the 
uterus. It does not seem possible to attribute the failure of 
estradiol in vitro to stimulate AIB uptake to an inability of the 
estrogen to penetrate the tissue. 

Estradiol Distribution in Vivo—Corresponding experiments 
were carried out on the distribution of estradiol in vivo and are 
shown in Table IV. The radioactivity of the uterus is seen to 
increase with time and at 60 minutes its activity is approximately 
the same as the value for plasma. In this type of experiment 
the plasma activity is initially high and rapidly decreases as the 
estrogen is metabolized. If the uterus accumulated the estrogen 
in vivo as easily as it does in vitro one would expect the 60- 
minute value to be considerably larger than the value for the 
plasma. The data suggest a more complex estrogen action in 
vivo than in vitro. Although estradiol per se may be extracted 
from the rat uterus after its intravenous injection (15) these 
data suggest the possibility that the active estradiol may be in 
an as yet unrecognized form. Estradiol in vivo strongly stimu- 
lates a number of metabolic activities of uterus and increases the 
ability of pubic symphysis to incorporate amino acids (14). 
Table IV in comparison with Table I shows that both of these 
tissues have an estrogen space greater than their extracellular 
space. Liver and muscle, which are not primary estrogen tar- 
gets, show estrogen spaces which are in reasonable agreement 
with their extracellular spaces. Thus, the hormonal activity of 
estradiol correlates with its estrogen space. 

Recently Halkerston et al. have reported a failure to observe 
early effects of estradiol on permeability in the rat uterus (16). 
The experimental plan we followed was found to be of consider- 


Taste III 
Accumulation of radioactive estradiol by immature rabbit 
uterus in vitro 
Tissue Time Tissue or medium Estrogen space 
min c. /f g/kg tissue 
D 30 7,600 + 50 (3) 7,700 + 5O (3) 
Medium 985 
. 60 11,300 + 300 (3) | 12,200 + 300 (3) 
TaBie IV 
Accumulation of radioactive estradiol in vivo 
Tissue (c.p.m./g) 
Tissue Estrogen space 
3O min 60 min 
g/kg tissue 
D 200 + 20 (2) 
Uterus............ 340 + 4 (2) | 960 + 100 (2) 
D 100 + 9 (2) 300 + 50 (2) 
Biceps femoris 26 + 3 (2) 72 + 3 (2) 
Pubic symphysis. . 250 + 5 (2) | 700 + 30 (2) 
Plasma........... | 350 + 30 (2) 
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able importance. Each uterus served as its own control, an 
experimental horn being compared to its untreated partner. 
Further control was effected by conducting the incubations in 
buffer of known composition and avoiding variable mediums 
such as serum. Under these conditions good reproducibility 
was obtained between experiments. Experiments which were 
conducted by random comparisons or in which the AIB uptake 
occurred in vivo were found to be unsuitable for the observations 
of the early effects of estradiol. These considerations may 
provide a basis for explaining the discrepancy between this report 
and the work of Halkerston. 


SUMMARY 


The ability of estradiol to influence the uptake of a-amino- 
isobutyric acid by rabbit tissues has been studied. Uterus is 
strongly stimulated by 4 days pretreatment with estradiol 
whereas muscle, liver, and pubic symphysis are not affected. 
Stimulated uterus is characterized by an increased rate of entry 
of the amino acid and by a steady state distribution ratio at 
least 9 times greater than that of uterus from castrated controls. 

The penetration of the amino acid into the uterus was in- 
creased 135% after only 30 minutes exposure to estradiol in vivo. 
In contrast, exposure to estradiol in vitro did not change the 
permeability in spite of the fact that the estrogen was strongly 
accumulated by the uterus. 
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The Metabolism of Kynurenic Acid 


II. TRACER EXPERIMENTS ON THE MECHANISM OF KYNURENIC ACID DEGRADATION 
AND GLUTAMIC ACID SYNTHESIS BY PSEUDOMONAS EXTRACTS* 


Kenco HORIBATA, HIROSsHI Tanivcnt, Minoru Tasnrro, Sicgeru Kuno, AND Osamu HAYAISHI 
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In the preceding paper, the conversion of kynurenic acid to 
1-glutamic acid, D- and Lalanine, and acetic acid by a cell-free 
enzyme system obtained from tryptophan-adapted cells of 
Pseudomonas was described (2, 3). In order to study the fate 
of the skeletal carbons of kynurenic acid during this process, 
radioactive kynurenic acid labeled with Ci at various positions 
was synthesized enzymatically and was subjected to the action 
of this extract. The radioactive glutamate, alanine, and acetic 
acid produced were isolated as described previously (3). These 
compounds were then degraded chemically and their content of 
C was determined. 

The experimental evidence reported in this paper indicates 
that the benzene moiety of kynurenic acid furnishes the carbon 
skeleton of glutamate without appreciable randomization or 
fragmentation of the carbon chain. The pyridine moiety of 
kynurenic acid also participates in the formation of the carbon 
skeleton of glutamate, as well as those of alanine and acetate. 
In this case, however, the incorporation of radioactivity is ac- 
companied by marked randomization of isotopic carbon atoms 
and considerable dilution of the specific activity, suggesting 
that there is a complex method of formation of these products 
from the pyridine ring of kynurenic acid. 

EXPERIMENTAL PROCEDURE 
Material 

Preparation of Substrates—The method of synthesis of kynu- 
renic acid-C™ labeled in various positions was essentially similar 
to that of kynurenic acid-3-C™ described in the previous com- 
munication (3). Kynurenic acid-2-C™, -3-C™, -6-C™, and -9-C™ 
were prepared from p.-tryptophan-2’-C™, -3’-C™, -5-C™, and 
Ja- Cie, respectively. 


bi-Tryptophan-2’-C™ and - 3- Cie were purchased from Tracerlab, 
Ine., and Nuclear-Chicago Corporation, respectively. bl 


* This investigation has been supported in part by research 
grants from the National Institutes of Health (C-4222), the Rocke- 
feller Foundation, the Jane Coffin Childs Memorial Fund for 
Medical Research, and the Scientific Research Fund of the Minis- 
try of Education of Japan. A preliminary account of the work 
has been published (1). 


Tryptophan-5-C™ was a gift of Dr. G. P. Mathur and Dr. L. M. 
Henderson. pi-Tryptophan-7a-C™" was kindly furnished by 
Dr. M. Rothstein. After purification of the products by ion 
exchange chromatography, kynurenic acid-C™ of approximately 
98 to 100% purity, as judged by the optical density at 333 my, 
was obtained with an over-all yield of about 50 to 70%, based 
on the L isomer of tryptophan. Kynurenic acid-carboxyl-C” 
was kindly furnished by Dr. J. M. Price. The enzyme prepara- 
tion which was used to degrade kynurenic acid and synthesize 
glutamic acid was a supernatant fraction obtained after high 
speed centrifugation from tryptophan-adapted cells of Pseu- 
domonas as described previously (3). 


Methods 

Tracer Experiments with Kynurenic Acid-2-C™, -3-C™, -6-C™, 
or -C The experiments were performed and the radioactive 
enzymatic products were isolated, purified, and identified by 
methods essentially similar to those described for the kynurenic 
acid-3-C™ experiment in Paper I of this series (3). 

In a typical experiment (Experiment 2 of Table J), 2.45 
umoles of kynurenic acid-2-C™ (353, 100 e. p. m. per umole), 300 
umoles of unlabeled kynurenic acid as carrier, and 66 ml of the 
enzyme containing 462 mg of protein were incubated in a total 
volume of 73 ml for 3 hours at 37°. 

Acetic acid was extracted from the acidified reaction mixture 
with ether. Alanine and glutamic acid were separated by 
chromatography on Dowex 1-formate. Glutamic acid was 
further purified by chromatography on Dowex 50-H*. The 
incorporation of radioactivity into the acetic acid, alanine, and 
glutamic acid fractions was determined; subsequently, alanine 
tions (see below). 


Kynurenic acid 

Tracer Experiment with Kynurenic <Acid-carboryl-C—Since 
only a limited quantity of carboxyl-labeled kynurenic acid was 
available, the experiment was carried out on a small scale in a 
Warburg vessel of approximately 18 ml in volume. The in- 
cubation mixture contained 1.8 ml of the enzyme solution in the 
main compartment, 0.87 umole of kynurenic aeid-carboxyl- Ci 
(462,200 c.p.m. per umole), and 1 umole of unlabeled kynurenic 
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TaRLE I 
Radioisotope recovery in various fractions 

Experiment 1 was carried out on a small scale with a Warburg 
vessel; the experimental conditions are described in detail in the 
text. The conditions of Experiment 2 are described in the text. 
Experiment 3 was performed by incubating 1.56 wmoles of ky- 
nurenie aeid-3-CM (291,700 c.p.m. per wmole) and 438 Amoles of 
unlabeled kynurenic acid with 72 ml (1584 mg of protein) of the 
enzyme solution for 2 hours at 34° to 37°. Experiment 4 was car- 
ried out on a small scale with a Warburg vessel; 0.38 umole of 
kynurenic acid-6-C" (224,000 e. p. m. per wmole) and 9.62 moles 
of unlabeled kynurenic acid were placed in a side arm of the ves- 
sel, 1.8 ml. (34 mg of protein) of the enzyme solution in the main 
compartment, 0.04 ml of 8 x H2SO, in the other side arm, and 0.2 
ml of 2 x KOH in the center well. Incubation was carried out at 
30° for 2.5 hours. The reaction mixture was treated in a way es- 
sentially similar to that described in Experiment 1. Experiment 
5 was conducted by incubating 5.7 wmoles of kynurenic acid-9-C™ 
(66,400 c. p. m. per zmole), 1000 moles of unlabeled kynurenic acid, 
and 90 ml (836 mg of protein) of the enzyme solution in a total 
volume of 95 ml. The reaction was terminated after 4 hours of 
incubation at 37°, and the reaction mixture was treated as in Ex- 
periment 2. All of the countings were made with infinitely thin 
samples. Results were expressed as a percentage of the total 
counts per minute of the substrate used. 


| 
Experi- | 2 Glu- | Ala- 
1 Carboxyl-C s | 100 | 10 69 | Trace! 2.2 5.4 
2 100 83 | 25 7.4 
3 | -3-C™ 10 885 46 9 3 
1 -6-C™ 100 88 0 25 0 
5 100 33 % 220 


acid as carrier, in a volume of 0.2 ml in one side arm, 0.2 ml of 
8 N HSO. in the other side arm, and 0.2 ml of 2 n KOH as a 
trap for CO: in the center well. After thermal equilibration at 
37° for 10 minutes, the reaction was initiated by mixing the 
enzyme solution with the substrate, and reciprocal shaking of 
the vessel at this temperature was continued for 90 minutes. 
At this time, 3.4 moles of O: were consumed and 4 moles of CO, 
were evolved per mole of substrate. The reaction was stopped 
by the addition of H,SO,, and the KOH solution was counted 
to determine the radioactivity of the CO, produced. The 
acidified reaction mixture was then extracted twice with a total 
volume of 50 ml of ether. The combined ether fraction was 
shaken twice with 5% NaHCO; solution (a total of 20 ml). An 
aliquot of the NaHCO, solution was used for radioactivity 
measurements of the ether-extractable fraction. The aqueous 
fraction after ether extraction was subjected to ion exchange 
chromatography on a Dowex 1 column. 

Isolation and Identification of Glutamic Acid, Alanine, and 
Acetic Acid The glutamic acid fraction was evaporated to dry- 
ness under reduced pressure, and the white semicrystalline mate- 
rial thus obtained was recrystallized from hot 6 n HCl. The 
purity of L-glutamic acid was examined by the following criteria: 
Ry values on paper with three different solvent systems (see 
below), paper electrophoresis before and after treatment with 
glutamic decarboxylase, melting point, elemental analysis, and 
constant specific activity upon recrystallization. 

The alanine fraction was concentrated to about one ml and, 


after brief centrifugation to remove insoluble material, was 
placed on Whatman No. 31 extra thick paper as a narrow band. 
This was developed with a mixture of n-butanol-acetic acid- 
water (4:1:1) for 44 hours at 23° by the descending technique. 
A radioactive and ninhydrin-positive band corresponding to the 
Ry value of t-alanine was cut out and eluted with water. This 
fraction was then chromatographed again by the same procedure 
with ethanol-ammonia-water (18:1:1) as the solvent. Crystal- 
lization was carried out from dilute alcoholic solution. Identifi- 
cation of the isolated material was based on the following criteria: 
Ry values on paper with three different solvent systems (see 
below), paper electrophoresis, melting point, constant specific 
activity upon recrystallization, and infrared spectrum. The 
acids in the ether fraction were extracted into a NaHCO; solu- 
tion and were distilled from the frozen state after acidification 
to pH 2.0 by the addition of 1 n H: SO. The distillate was 
titrated with 0.1 * NaOH and evaporated to dryness. 


Paper Chromatography—One-dimensional chromatography 


was performed for analytical purposes by the descending tech- 
nique with Whatman No. 1 paper and the following solvent 
systems: (a), n-butanol-acetic acid-water, 4:1:1; (6), ethanol- 
ammonia-water, 18:1:1; and (c), water-saturated phenol. 

Paper Electrophoresis—Whatman No. 1 paper was used with 
pyridine-acetic acid-water (1:10:89, pH 3.6, or 100:4:900, pH 
6.5) as a buffer system. The electrophoreses were performed 
in the range of 3000 to 5000 volts for 30 to 60 minutes. 

Degradation Procedures—Glutamic acid was degraded by a 
modification of the procedures of Mosbach et al. (4) and of 
Phares (5). Total C contents of glutamic acid, alanine, and 
acetic acid, as well as the butyric acid, propionic acid, and acetic 
acid (ethylamine sulfate in the case of kynurenie acid-6-C" with- 
out further conversion to acetic acid), which were produced in 
the course of degradation steps and isolated by silicic acid column 
chromatography (6), were determined by the wet oxidation 
technique (7). The identity and purity of the butyric, pro- 
pionic, and acetic acids were ascertained by (a), the R value of 
each acid during silicic acid column chromatography, and (6), 
by paper chromatography of the sodium salt of these acids in 
the following solvent systems: n-butanol-ethanol-3 n NH,OH, 
4:1:5; and n-propanol-concentrated ammonia, 7:3. The activ- 
ity of the a- carboxyl carbon of glutamic acid and alanine was 
determined by decarboxylation with ninhydrin (8). Alanine 
was first converted to acetic acid by the method of Gilvarg and 
Bloch (9), and acetic acid was degraded according to Phares (5). 

Determinations—Glutamic acid, alanine, and y-aminobutyric 
acid were estimated by a colorimetric method (10) with the use 
of ninhydrin. Glutamic acid was also determined by CO; evolu- 
tion with the use of L-glutamic decarboxylase from squash (11). 
Protein was determined by a spectrophotometric method (12). 
The quantity of acetic acid and other volatile acids was deter- 
mined by titration. 

Radioactivity Measurement—In the course of the stepwise 
degradation of the glutamic acid, alanine, and acetic acid, as 
well as the decarboxylation by ninhydrin and wet oxidation of 
the C compounds, the resulting CO, was converted to BaCO, 
The precipitate of BaCO; was washed three times with water, 
twice with ethanol, and dried. The dried BaCO, was placed in 
stainless steel cups (4.83 cm*, 6 mm in depth), and its specific 
activity was measured at infinite or near infinite thickness (13) 
with a Nuclear-Chicago model D47 gas flow counter with Mi- 
cromil end window. For near infinite thickness samples, the 
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TABLE II 

Specific activity of products of kynurenic acid-C degradation 

Experimental conditions for Experiments 1, 2, 4, and 6 were 
the same as those for Experiments 1, 2, 3, and 5, respectively, of 
Table I. Experiment 3 was conducted by incubating a mixture 
of 1 umole of kynurenie acid-2-C" (342,000 c.p.m. per amole) and 
600 wmoles of unlabeled kynurenic acid as carrier with 67 ml (603 
mg of protein) of the enzyme solution in a total volume of 73 ml 
for 4 hours at 37°. Experiment 5 was carried out by incubating 
4.3 ymoles of kynurenic acid-6-C** (224,000 c.p.m. per umole) and 
250 umoles of unlabeled kynurenic acid with 50 ml (650 mg of pro- 
tein) of the enzyme solution in a total volume of 55 ml for 3 hours 
st 30°. The reaction mixtures of both experiments were subjected 
to fractionation and isolation procedures described in detail in 
the preceding paper (3) for the kynurenic acid-3-C" experiment. 
Numbers are expressed in specific activity. 


‘a Kynurenic acid Glutamic | Alanine | Acetic 
c.p.m./pmole 
1 | -Carboxyl-C™, 215,050 ¢.p.m. per 5234 | 870 
umole 
2 | -2-C', 2864 c.p.m. per amole 608 518 
3 | -2-C', 570 e. p. m. per umole 275 
4 | -3-C'*, 1035 c.p.m. per amole 215 417 | 400 
5 3787 e. p. m. per umole 2640 
6 -9-C™, 386 ¢.p.m. per amole 259 


specific activity, expressed in counts per minute per mg, was cal- 
culated by correcting each count to that of 17 mg of BaCO, per 
em’, with the aid of an empirically obtained self-absorption 
correction curve. Other radioisotope measurements were made 
with the same counter with the use of infinitely thin samples. 
Paper chromatograms and electrophoretic paper strips were 
scanned by the use of an automatic recorder, Actigraph II, 
model C1OOA (Nuclear-Chicago). 


RESULTS 


Distribution of C in Various Fractions—The radioisotope 
recovered in various fractions after degradation of variously 
labeled kynurenic acid is shown in Table I. 

When carboxyl-labeled kynurenic acid was used as a substrate, 
only about 10% of the original isotope remained in the reaction 
mixture after the incubation was over. About 70% of the total 
radioactivity was recovered in the KOH in the center well, 
indicating that the carboxyl group of kynurenic acid was readily 
converted to CO, during the reaction. With kynurenic acid 
labeled in positions other than the carboxy] group and C-6, 
incubations were carried out on a large scale and no effort was 
made to recover CO;. With kynurenic acid labeled in either 
position 2 or position 3, 70 to 80% of the total radioactivity was 
usually found in the incubation mixture. Glutamic acid con- 
tained 9 to 25% of the total activity, 25 to 46% was recovered in 
the acetic acid fraction, and 3 to 7% in the alanine fraction. On 
the other hand, when kynurenic acid labeled in position 6 or 
position 9 was used as a substrate, the ether-soluble and the 


. alanine fractions contained a negligible amount of radioactivity. 


About 30 to 45% of the original activity was found in the glu- 
tamic acid fraction. 

Specific Activities of Glutamic Acid, Alanine, and Acetic Acid— 
Table II shows the specific activities of the enzymatic degrada- 
tion products when kynurenic acid labeled in various positions 
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III 
Distribution of C in radioactive glutamic acid 

Experiments 2, 5, and 6 presented in Table II furnished glu- 
tamie acid derived from kynurenic acid-2-C™, -6-C", and -9-C", 
respectively, for the stepwise degradation experiments. The 
glutamic acid derived from kynurenic acid-3-C" was isolated from 
a reaction mixture containing 548 ymoles of kynurenic acid-3-C™ 
(2260 c.p.m. per wmole) as substrate; the specific activity of the 
glutamic acid obtained was 905 e. p. m. per amole. The glutamate 
(124.8 wmoles, 608 c.p.m. per wmole) originating from kynurenic 
acid-2-C"* was added to 10 mmoles of unlabeled, carrier glutamate, 
and aliquots of the mixture were subjected to wet combustion for 
a total C determination and C-1 determination with ninhydrin 
as described in Methods. The remainder of the mixture was 
successively degraded as described in the text. The glutamate 
(97.9 wmoles, 905 e. p. m. per amole) derived from kynurenic acid- 
3-C™ was mixed with 10 mmoles of unlabeled glutamate and 
treated similarly. For the glutamate (878 moles, 85,500 c.p.m. 
per mmole) derived from kynurenic acid-6-C"™, 9.122 mmoles of 
unlabeled glutamate was added and the mixture was then treated 
as above. Portions of the butyrate (representing carbon atoms 
numbered 2, 3, 4, and 5 of the glutamate), propionate (represent- 
ing carbon atoms 2, 3, and 4 of the glutamate), and acetate (repre- 
senting carbon atoms 2 and 3 of the glutamate) isolated by the 
method of Elsden (6) at the various degradation steps were used 
for the total carbon analyses of these compounds. 


Specific activity® 
Source of C 
Glutamie acid (C-1, 2, 3, 4, 
%. A 1.46 1.05 | 1.17 72 
ͤ 0.16 0.33 0 369 
0.97 | 1.42 
VVV 1.35 1.35 | 4.80 
o 1.47 0.99 0 
Butyrie acid (C-2, -3, 4, 5) 1.75 | 1.55 1.62 
Propionic acid (C-2, - 3, ) 1.54 1.55 | 1.69 
Acetic acid (C-2, ))) 1.02 1.59 
y-Aminobutyrie acid (C-2, 3, 
Negligi- 
ble⸗ 


„These values were obtained by near infinite thickness” 
counting (Methods). 

The Ci. glut amie acid HC! (6.2 mg, specific activity, 259 c.p.m. 
per amole) derived from kynurenic acid-9-C was mixed with 224 
mg of unlabeled glutamic acid HCl, dissolved in a small amount 
of 6 N HCl, and dried in avacuum. The mixture (40 mg) was sub- 
jected to total carbon analysis by the wet oxidation method, and 
the resulting BaCO, (190 mg) was measured as an infinitely thick 
sample. For C-1 determination, 189.8 mg of the above mixture 
were decarboxylated with ninhydrin. The yield of BaCO; was 
179 mg and was also counted as an infinitely thick sample. Spe- 
cific activities were expressed in terms of counts per minute per 
infinitely thick sample. 

¢ The ethylamine sulfate comprising C-2 and C-3 of the glu- 
tamate was degraded by the wet oxidation method. 

4 The details of this experiment are described in Table IV. 


was used as a substrate. Although in the several experiments 
certain conditions, namely the quantity and the specific activity 
of the substrates and the conditions of incubation, were not 
uniform, the experiments were repeated several times and the 
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TABLE IV 
Decarboxylation of glutamic acid derived from kynurenic acid- - Ci 
by means of L-glutamic decarborylase 


A Warburg vessel with a double side arm contained 5 mg of 
lyophilized decarboxylase preparation dissolved in 0.1 u phos- 
phate buffer, pH 5.5, in the main compartment, 9.2 umoles of 
Ci. glutamate (259 c.p.m. per umole) in a side arm, 0.2 ml of 5 N 
H: S0. in the other side arm, and 0.2 ml of 1 n KOH in the center 
well, with the total volume being 2.4 ml. The reaction was 
started by mixing the C.. glut amate with the enzyme solution, 
and reciprocal shaking at 37° was maintained for 2 hours, after 
which time an equivalent amount of CO: evolution had been ob- 
served in parallel control experiments incubated without KOH in 
the center wells. H:SO, was then tipped into the reaction mix- 
ture, which was further equilibrated for 20 minutes. An aliquot 
of the KOH solution from the center well was plated directly on 
planchets, which were then dried in a vacuum at room tempera- 
ture for counting as infinitely thin samples. After centrifugation, 
the deproteinized reaction mixture was neutralized and subjected 
to one-dimensional chromatography on Whatman No. 31 extra 
thick paper in solvent system b) ( Methods“). The paper strips 
corresponding to the Rp values of authentic y-aminobutyrate and 
of L-glutamate were eluted separately with water, and the former 
rechromatographed in solvent system a) (‘“Methods’’). The strip 
corresponding to the Rp value of y-aminobutyrate was eluted 
with water. The y-aminobutyrate and glutamate were estimated 
colorimetrically with ninhydrin. 


Amount Radioactivity| Radioactivity 
umoles total c. p. m. % 
Ci. glut am ate 9.2 2370 
/ 1900 82 
Aminobuty rate 7.4 110 5 
Unreacted C. glut amate 2.7 310 13 


following points of interest became manifest. The final specific 
activity of glutamic acid is diluted about 5-fold when kynurenic 
acid-2- or -3-C™ is used as a substrate. Much greater dilution 
is observed with kynurenic acid-carboxyl-C™, as much as a 40- 
fold dilution of specific activity, as shown in Experiment 1. On 
the other hand, with kynurenic acid-6- or -9-C™ as substrate, 
the radioactivity of glutamic acid was diluted 1.5-fold at most, 
as compared with that of the original substrate. These observa- 
tions are consistent with the supposition that the benzene ring 
of kynurenic acid furnishes approximately 70% of the glutamate 
formed, whereas the pyridine moiety provides only about 20% 
or less of the glutamate. In the case of kynurenic acid-2- and 
-3-C', the specific activities of alanine and acetate were usually 
very similar to, or greater than, that of glutamic acid. 

C™ Distributions in Glutamic Acid, Alanine, and Acetic Acid— 
The distribution of Ci in each carbon atom of enzymatically 
formed glutamic acid, expressed by the specific activity, is shown 
in Table III. The radioactivity was found to be chiefly among 
carbon atoms 2, 3, 4, and 5 in glutamic acid samples derived 
from kynurenic acid-2- or -3-C. On the other hand, most of 
the C* of position 9 of kynurenic acid was found to be localized 
in the a-carboxyl carbon atom, practically no isotope being 
found in other portions of the glutamic acid molecule. With 
kynurenic acid-6-C™, essentially all of the activity was found 
in carbon 4 of the glutamic acid. Table IV shows the results of 
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TaBLe V 

Distribution of C, in alanine derived from kynurenic acid-2-C™ 

The radioactive alanine subjected to chemical degradation was 
obtained in crystalline form from Experiment 2 of Table I. Ci. 
alanine (47 zmoles, 518 c.p.m. per amole) was mixed with 1 mmole 
of unlabeled I-alanine. One-tenth of the mixture was used for 
total Ci analysis by wet combustion; three-tenths of the mixture 
was used for C-1 determination by the ninhydrin procedure. The 
remainder was assayed as described in the text after conversion 
to acetic acid. An aliquot of the acetic acid (originally compris- 
ing C-2 and C-3 of the alanine) was also subjected to wet combus- 
tion. For methods of preparation and counting of the samples, 
see Table III and the text. 


Source of C Specific activity 
c. p. m. t 
3.85 
³ »ͤ;WAA 3.19 
ũ ͤͥohh; 4.50 


TABLE VI 

Distribution of C in acetic acid derived from kynurenic acid-2-C™ 

The acetic acid used for this experiment was obtained in Experi- 
ment 3 of Table II. Neutralized salt of the radioactive acetic 
acid (183 moles, 275 c.p.m. per amole) was mixed with 1.5 mmoles 
of unlabeled sodium acetate as carrier; one-third of the mixture 
was used for total Ci determination, and the remainder of the 
mixture was subjected to the chemical degradation procedures. 
For methods of preparation and counting of the samples, see Ta- 
ble III and the text. 


Source of Ci Specific activity 
c. h. n. nt 
2.24 
— WAA ̃ 2.28 


degradation of the glutamic acid derived from kynurenic acid- 
9-C™ by glutamic decarboxylase (10). The results were almost 
identical with, and confirm, those obtained by the chemical 


method presented in Table III. Table V shows the results of — 


degradation of labeled alanine derived from kynurenic acid-2-C. 
Carbon atoms 2 and 3 contained considerable amounts of radio- 
activity, whereas the carboxyl carbon exhibited a low specific 
activity. The amounts of C™ in acetate were found to be 
distributed almost equally in the methyl and carboxy] carbon 
atoms (Table VI). 


DISCUSSION 


The results obtained with kynurenic acid-6- and - 9- Ci clearly 
indicate that the carbon skeleton of glutamic acid can be pro- 
vided directly from the benzene moiety of kynurenic acid. Since 
carbon atoms 6 and 9 of kynurenic acid were converted to carbon 
atoms 4 and 1 of glutamic acid, respectively, without appreciable 
dilution of the specific activity, it is clear that carbon atoms 9, 
10, 5, 6, and 7 of kynurenic acid, or carbon atoms 9, 8, 7, 6, and 
5, directly provide carbon atoms 1, 2, 3, 4, and 5 of glutamic acid. 
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In addition, however, carbon atoms in the pyridine ring of 
kynurenic acid also find their way into glutamic acid, as well as 
alanine and acetic acid. In this case, the isotope in carbon 
atoms 2 and 3 of kynurenic acid is not only randomized, but its 
specific activity is considerably diluted, of course, since the 
benzene ring is the major source of glutamic acid. A similar 
dilution of specific activity was independently reported by Behr- 
man and Tanaka (14). These results may be interpreted as 
evidence of an extensive degradation of the pyridine moiety of 
kynurenic acid, followed by the resynthesis of the carbon skeleton 
of glutamic acid from small fragments. 


SUMMARY 

The mechanism of enzymatic degradation of kynurenic acid by 
a partially purified extract of Pseudomonas has been investigated 
by using kynurenic acid-C™ labeled in carbon atoms 2, 3, 6, and 
9 and the carboxy] group. 

The results show that the carbon skeleton of glutamic acid 
was directly provided by the benzene moiety of kynurenic acid, 
carbon atoms 6 and 9 of kynurenic acid being used as the sources 
of carbon atoms 4 and 1 of glutamic acid, respectively; carbon 
atoms 2 and 3 of kynurenic acid were found to be distributed 
among carbon atoms 2, 3, 4, and 5 of glutamic acid. Relatively 
in the latter experiments. 

Carbon 2 of kynurenic acid was found in carbon atoms 2 and 
3 of alanine and carbon atoms 1 and 2 of acetic acid; the car- 
boxy] group of alanine contained very little activity. 
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The carboxyl carbon of kynurenic acid was converted largely 
to carbon dioxide. 

The mechanism of the enzymatic degradation of kynurenic 
acid is discussed in the light of these findings. 
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Certain investigators studying the metabolism of histidine via 

the urocanic acid pathway have obtained evidence for the exist- 
ence of 4(5)-imidazolone-5(4)-propionic acid as an intermediate 
in the conversion of urocanic acid to formiminoglutamic acid 
(2, 3). This has been confirmed by the stabilization and puri- 
fication of the intermediate by Brown and Kies (4). The reac- 
tion from urocanic acid to formiminoglutamic acid thus involves 
two enzymatic steps. Urocanase converts urocanic acid to the 
intermediate, imidazolone propionic acid, by the addition of 
water. Imidazolone propionic acid is subsequently hydrolyzed 
to formiminoglutamic acid, presumably by a separate enzyme. 
Rao and Greenberg (5) have reported a 7-fold purification of the 
latter enzyme, obtained with the use of a urocanic acid-urocanase 
mixture as their source of imidazolone propionic acid. 
This paper describes the purification and properties of im- 
idazolone propionic acid hydrolase from the soluble supernatant 
fraction of rat liver homogenates. With purified imidazolone 
propionic acid as substrate, a quantitative assay procedure for 
the hydrolase has been developed, and a 60-fold purification of 
the enzyme has been achieved. The purified enzyme has been 
shown to be free of urocanase activity. 


EXPERIMENTAL PROCEDURE 


Materials Imidazolone propionic acid was enzymatically syn- 
thesized, stabilized, and purified according to the method of 
Brown and Kies (4) and was shown to be free of impurities by 
comparison of its ultraviolet spectra in acid and neutral solutions 
with published spectra for imidazolone propionic acid. 

Synthetic formiminoglutamic acid was purchased from the 
California Corporation for Biochemical Research. 

Tetrahydrofolic acid and the enzyme preparation containing 
formimino transferase and cyclodeaminase, which were used to 
determine formiminoglutamic acid, were generously donated by 
Dr. Herbert Tabor. 

Assay of Imidazolone Propionic Acid Hydrolase—Since imid- 
azolone propionic acid is very unstable at neutral pH values 
under aerobic conditions, incubation of imidazolone propionic 
acid hydrolase with its substrate was always conducted anaero- 
bically in a nitrogen atmosphere; 3.2 ml of 0.1 phosphate buffer 
(pH 7.4) and 0.1 ml of enzyme were placed in a Thunberg tube, 
the side arm of which contained 0.35 umole of imidazolone pro- 
pionic acid dissolved in 0.05 ml of 0.1 Ns HCl. The Thunberg 
tube was repeatedly evacuated and flushed with nitrogen. Four 
minutes after enzyme and substrate had been mixed, the Thun- 


* A preliminary report of this work has appeared (1). 


berg tube was opened, and the absorption of the incubation mix- 
ture at 260 mu was compared with that of an enzyme-buffer 
blank. The ultraviolet absorption peak of imidazolone pro- 
pionic acid at neutral pH is 260 my (4). Decrease in absorption 
at 260 my was shown to be proportional to enzyme concentration. 
In the absence of enzyme or in the presence of boiled enzyme, no 
decomposition of substrate occurred (Fig. 1). One unit of en- 
zymatic activity was defined as 2 X 10-? umoles of imidazolone 
propionic acid degraded per minute at 25°. The concentration 
of imidazolone propionic acid was calculated from its molar ex- 
tinction coefficient, which was determined for our preparation 
by the method of Silverman, Gardiner, and Condit (6)' to be 
4000 at neutral pH and 6000 in acid pH. The specific activity 
of imidazolone propionic acid hydrolase was defined as the num- 
ber of enzyme units per milligram of protein. Protein was cal- 
culated from the ultraviolet absorption at 280 and 260 mu. 


Purification of Imidazolone Propionic Acid 
Hydrolase from Rat Liver (Table I) 

Step 1. Soluble Supernatant Fraction and Its Precipitation with 
Ammonium Sulfate (50 to 60% Saturation)—The livers of ten 
adult male rats were homogenized with 4 volumes of 0.1 ™ 
phosphate buffer (pH 7.4) and centrifuged at 78,000 x g for l 
hour. To 200 ml of the soluble supernatant fraction, 200 ml of 
a saturated solution of ammonium sulfate were added (30% 
saturation). After centrifugation at 10,000 x g for 20 minutes, 
the precipitate was discarded and 100 ml of saturated solution 
of ammonium sulfate (60% saturation) were added. This sus- 
pension was centrifuged in the same manner and the supernatant 
fraction discarded. The resulting precipitate was dissolved in 
26 ml of 0.1 u phosphate buffer (pH 7.4) and dialyzed overnight 
against 0.001 M phosphate buffer (pH 7.4). 

Step 2. Isoelectric Precipitation—The dialyzed solution ob- 
tained from Step 1 was adjusted to pH 5.0 with 0.01 x HCI and 
allowed to stand for 5 minutes at 25°. The resultant suspension 
was centrifuged and the precipitate discarded. 

Step 3. Calcium Phosphate Gel Adsorption No. 1—Calcium 
phosphate gel (18.2 mg per ml) was added to 32 ml of the super- 
natant fraction from Step 2 in a ratio of 1.4 mg of gel to 1 mg of 
protein. After 10 minutes the sample was centrifuged and the 
gel eluted twice with 16-ml portions of 0.05 M phosphate buffer 
(pH 7.4). 

Step 4. Calcium Phosphate Gel Adsorption No. 2—The solution 


1 The authors wish to thank Dr. M. Silverman for performing 
this assay. 
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obtained from Step 3 was diluted with an equal volume of dis- 
tilled water. To the diluted solution, calcium phosphate gel 
(18.2 mg per ml) was added in a ratio of 2.3 mg of gel to 1 mg of 
protein. After 10 minutes the sample was centrifuged and the 
gel eluted twice with 16-ml portions of 0.05 M phosphate buffer 
(pH 7.4). No loss in activity was detected in this preparation 


- after it had been stored 2 weeks at —10°. 


The specific activity of the purified enzyme was 60 times that 
of the soluble supernatant fraction. The purified enzyme was 
assaved for urocanase activity according to the method of Mehler 
and Tabor (7) and was found to be inactive. 


RESULTS 

Properties of Purified Imidazolone Propionic Acid Hydrolase 

pH Activity—Maximal activity of imidazolone propionic acid 
hydrolase occurred at pH 7.4 (Fig. 2) with a considerably nar- 
rower pH optimum than that determined for urocanase by Fein- 
berg and Greenberg (3). 

Michaelis Constant—With the assay conditions employed, de- 
crease in imidazolone propionic acid concentration could be due 
only to enzymatic conversion to formiminoglutamic acid. 
Therefore, it was possible to study the reaction rate at limiting 
concentrations of substrate. The Michaelis constant was cal- 
culated to be 0.7 X 10-5 M. 

Effect of Inhibitors on Enzyme Activity (Table 11)—The follow- 
ing compounds did not affect enzymatic degradation of imidazo- 
lone propionic acid at 10-* m concentration: EDTA, potassium 
cyanide, hydrogen peroxide, iodoacetic acid, hydroxylamine, and 
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Fic. 1. Stability of imidazolone propionic acid under N: at- 
mosphere. Purified imidazolone propionic acid was pipetted into 
3 ml of 0.1 M phosphate buffer (pH 7.4) and the decay rate at 25° 
was followed spectrophotometrically at 260 ma. An identical 
reaction was carried out simultaneously in a Thunberg tube 
evacuated and flushed with N.. 
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Tasiz, I 
Purification of imidazolone propionic acid hydrolase from rat liver 
Specific | Total | Total 
nal. 
Soluble supernatant fraction........ 1.24 6450 8000 
Saturated, 50 to 60%, (NH.) SO. pre- 
˙•ʃ%;—0˙:iv 4.90 583 | 2860 
Supernatant solution of pH 5 acid 
precipitation 6.74 414 2790 
Calcium phosphate gel eluate, Step 1.| 20.0 118 2360 
Calcium phosphate gel eluate, Step 2 77.0 39 3000 


* One unit equals 2 X 10 * ½moles of imidazolone propionic acid 
degraded per minute. The concentration of imidazolone pro- 
pionic acid was calculated from its molar extinction coefficient as 
determined for our preparation by the method of Silverman et al. 
(6). 
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Fic. 2. pH Activity curve of imidazolone propionic acid hy- 
drolase. The system consisted of 0.35 umole of imidazolone 
propionic acid, 3.2 ml of 0.1 M phosphate buffer (pH 7.4), and 0.2 


ml of imidazolone acid hydrolase. incubation tem- 
perature, 25°. 
Taste II 
Summary of inhibition studies 


Conditions: 0.2 ml of enzyme, inhibitor, and 3.2 ml of 0.1 u 
phosphate buffer (pH 7.4) were placed in a Thunberg tube with 
0.35 umole of imidazolone propionic acid in the side arm. The 
Thunberg tube was evacuated, flushed with nitrogen, inverted, 
and incubated 2 minutes at 25°. 


Inhibitor Concentration Inhibition 
“ % 
10 0 
102 0 
p-Chloromereuribenzoate 10 100 
p-Chloromercuribenzoate. .... 10 * 58* 
Hydroxylamine............... 10 0 
Semiecarbaz ide 10-3 0 
Iodoacet ie acid 3X 10°? 0 
This inhibition was reversed 12% by 3 X 10 M reduced glu- 


tathione. 
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semicarbazide. Feinberg and Greenberg (3) have previously 
shown hydroxylamine and semicarbazide to be inhibitors of 
urocanase at 10-* M concentration. Imidazolone propionic acid 
hydrolase was inhibited 100% by 10-* M p-chloromercuriben- 
zoate. This inhibition was partially reversed by 3 x 10-4 M 
reduced glutathione. EDTA, although exerting no effect on the 
enzymatic reaction, was found to protect the substrate against 
spontaneous aerobic decomposition. 

Reversibility of Reaction Catalyzed by Imidazolone Propionic 
Acid Hydrolase—The extent of reaction reversibility was studied 
aerobically by incubating synthetic formiminoglutamic acid with 
an excess of purified imidazolone propionic acid hydrolase in 
quartz cuvettes in a Beckman model DU spectrophotometer at 
25°, and anaerobically by identical incubations in evacuated 
Thunberg tubes at 25°. Spectrophotometric readings were made 
at 260 my to detect possible formation of imidazolone propionic 
acid and at 227 mu to detect the presence of any formylisogluta- 
mine which might arise from the spontaneous decomposition of 
newly formed imidazolone propionic acid. Incubations were 
performed at pH values of 6.6, 7.4, and 7.9, and with formimino- 
glutamic acid samples of 0.22 and 18.4 umoles, respectively. No 
increase in absorption at either .wave length was observed for 
30 minutes. Thus, there was no evidence that the reaction was 
reversible under these conditions. 

Stoichiometry—The complete conversion of imidazolone pro- 
pionic acid to formiminoglutamic acid by the purified enzyme 
preparation was verified in two separate experiments. After the 
reaction had been followed to completion by observing the disap- 
pearance of the absorption at 260 mu, aliquots were assayed by 
the method of Tabor and Wyngarden (8). In the two experi- 
ments, formiminoglutamic acid formed represented 97 and 101%, 
respectively, of the imidazolone propionic acid degraded. — - 


DISCUSSION 


The evidence presented above conclusively establishes the 
existence of an enzyme, separate from urocanase, in mammalian 
systems, which cleaves the imidazolone ring of imidazolone pro- 
pionic acid between C-4 and N- I, thereby forming formimino- 
glutamic acid. The reaction proceeds presumably by the addi- 
tion of water (9). 

Rao and Greenberg (5) have reported a 7-fold purification of 
imidazolone propionic acid hydrolase from rat liver. However, 
under the aerobic conditions of their assay, the tendency for 
imidazolone propionic acid to decompose spontaneously to 
formylisoglutamine competes with the enzymatic conversion to 
formiminoglutamic acid. Thus, even when employing partial 
anaerobic conditions in an effort to obtain a high yield, Rao and 
Greenberg were unable to attain a stoichiometric conversion of 
imidazolone propionic acid to formiminoglutamic acid. More- 
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over, since they did not isolate and stabilize the substrate, they 
were unable to characterize the nature of the enzymatic reaction. 

Synthetic imidazolone (10) and synthetic imidazolone acetic 
acid (11) have also been shown to be cleaved enzymatically be- 
tween C-4 and N-1 of the ring forming the respective formimino 
derivatives. In neither case did the investigators ascertain 
whether the imidazolone hydrolase activity was due to a different 
enzyme than that which had formed the imidasolone structure 
from 4(5)-aminoimidazole and imidazole acetic acids, respec- 
tively. 

It is interesting to note that the enzyme possessing imidazolone 
acetic acid hydrolase activity and imidazolone propionic acid 
hydrolase share certain properties. They are both subject to 
inhibition by p-chloromercuribenzoate, p-chloromercuriphenyl- 
ene sulfate, and 8-hydroxyquinoline sulfonate at 10“ M concen- 
tration. Neither is affected by Versene (the disodium salt of 
ethylenediaminetetraacetic acid), azide, or cyanide at 10-* u 
concentration (5, 11, 12). 


SUMMARY 


An enzyme, imidazolone propionic acid hydrolase, which 
catalyzes the hydrolytic conversion of 4(5)-imidazolone-5(4)-pro- 
pionic acid to formiminoglutamic acid has been purified 60-fold 
from rat liver homogenates. The purified enzyme possesses no 
urocanase activity. 

The enzyme which exhibits maximal activity at pH 7.4 has a 
K., value of 0.7 x 10-5 Mu. Under the experimental conditions 
studied, the reaction was not found to be reversible. 

The similarity of this enzymatic reaction to the enzymatic 
conversion of other 4-imidazolone structures to their formimino 
derivatives has been discussed. 
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Previous investigations (2, 3) demonstrated that cell suspen- 
sions and extracts of various microorganisms, including Escher- 
ichia coli strains B and 15T-, are able to N-methylate several 
synthetic 2-amino-substituted purines (2,6-diaminopurine to 
2-methylamino-6-aminopurine) by transmethylation via S- 
adenosylmethionine. It was suggested (3) that the formation 
of 2-methylamino-6-aminopurine may serve as a model for the 
biosynthesis of naturally occurring N-methyl purines such as 
6-methylaminopurine and 2-methylamino-6-hydroxypurine, 
which are minor components of the nucleic acids of microbial, 
plant, and mammalian sources (4-6). To test this theory, a 
study has been undertaken to elucidate the pathways of biosyn- 
thesis and catabolism of 6-methylaminopurine in growing cul- 
tures, resting cell suspensions, and extracts of E. coli. It has 
been demonstrated that the methyl group of L-methionine may 
serve as a precursor of the methyl group of 6-methylaminopurine 
in vivo. Furthermore, E. coli organisms actively catabolize 
6-methylaminopurine to hypoxanthine and methylamine. The 
catabolic path is believed to be the same as for adenine deamina- 
tion, namely, conversion of the free base to the ribonucleoside 
which then undergoes demethylamination to yield inosine and 
methylamine, possibly catabolized by adenosine deaminase. 

EXPERIMENTAL PROCEDURE 

Bacteria—The Escherichia coli , included strains B, 
BT- (a thymine-requiring mutant’), B-96 (a nonspecific, purine- 
requiring mutant*), B-97 (an adenine-requiring mutant’), and 
strain 15T- (a thymine-requiring mutant'). Other organisms 
included Prot lte, Pooud Neisseri 
flava, Aerobacter aerogenes, Lactobacillus casei strain ATCC 7469, 
Staphylococcus aureus, and Saccharomyces cerevisiae (fresh bakers’ 
yeast, National Yeast Corporation). The cultures were main- 
tained on nutrient agar slants. 

Cultivation of Bacteria—The E. coli organisms were cultured 
in a salts-glucose medium (7) supplemented with either thymine* 


* A preliminary report has been presented (1). This investiga- 
tion was supported by the National Institutes of Health, United 
States Public Health Service (Grant RG-6528) and by the General 
Medical Research Program of the Veterans Administration. 

Organism kindly furnished by Dr. Seymour S. Cohen. 

Organism kindly furnished by Dr. Joseph S. Gots. 

*Hypoxanthine was obtained from Hoffman-LaRoche; thy- 
mine, adenine, guanine, 2,6-diaminopurine, 6-thiopurine ribonu- 
cleoside, 6-thioguanosine, and 5-aminouracil from the California 
Corporation for Biochemical Research; 6-thiopurine from Bur- 
roughs Wellcome and Company; and adenosine and inosine from 
Mann Research Laboratories. The Cyclo Chemical Corporation 
supplied the 6-methylaminopurine, 6-dimethylaminopurine, 2- 


(0.016 to 0.40 mm) or adenine, hypoxanthine, or guanine (0.15 
to 0.75 mm). L. casei was cultured in microinoculum broth 
(Difco Laboratories) and in a synthetic, folic acid-deficient 
medium (8) supplemented with thymine and either adenine or 
6-methylaminopurine (9). Trypticase soy broth (Baltimore 
Biological Laboratory) was employed for the other organisms. 
The cells were cultured in 1-liter flasks, containing 500 ml of 
medium, with continuous shaking for 15 to 18 hours at 38°. 

Resting Cell Suspensions—The cells were harvested by centrif- 
ugation, washed with 0.02 m Tris buffer (pH 7.4) and initially 
diluted to a 20% suspension with 0.02 u Tris buffer. The sus- 
pension was standardized by dilution to obtain an arbitrary 
turbidity. Unfortified, resting cell suspensions contained 9 mg 
dry weight of cells per ml, 50 to 75 mu Tris buffer (pH 7.4), and 
2 mM purine substrate. Other additions or changes were made 
as indicated in the text. The suspensions were gently shaken 
at 38° in an atmosphere of air or nitrogen. 

Paper Chromatography—The techniques were those previously 
described (2). The following solvents have been employed: 
Solvent A, n-butanol-glacial acetic acid-H.O (40:10:50) (10); 
Solvent B, n-butanol saturated with H,O; Solvent C, n-butanol- 
formic acid-H,O (77: 10: 13) (11); Solvent D, n-butanol saturated 
with water-saturated boric acid (12); Solvent E, 86% n-butanol 
with NH; atmosphere (11); Solvent F, isopropanol-HCI-H,O 
(68 : 16.4 : 15.6) (13); Solvent G, n-butanol-ethanol-H,O (50:10: 
40) (14); Solvent H, methylethyl ketone saturated with H,O 
(10); Solvent I, n-butanol-glacial acetic acid-H,O (58.1:15.7: 
26.2) (15). Whatman No. 1 or No. 3 MM paper was employed. 

Assay of Methylaminopurine Cutabolism At appropriate time 
intervals, aliquots of the cell suspensions were removed and 
centrifuged. An aliquot of the supernatant fluid was chromato- 
graphed with Solvent E; purines were located with a Mineralight 
lamp. The rate of catabolism of the purine substrate was de- 
termined as a decrease in substrate concentration, an increase 
in the purine end product, or both. The purine areas were eluted 
with 0.01 to 0.1 * HCl, and their concentrations were determined 
spectrophotometrically; for C'-labeled purines, an aliquot of the 
eluted purine was plated directly onto steel planchets and the 
radioactivity determined. The progress of the catabolism of 


amino-6-methylaminopurine, 6-methylthiopurine ribonucleoside, 
and 2-methyladenine sulfate. Samples of 6-methoxypurine, 6- 
methylthiopurine, and 2-methylamino-6-hydroxypurine were 
kindly furnished by Drs. G. B. Elion and G. H. Hitchings. 6- 
Methylaminopurine-8-C" was prepared by the California 
Corporation for Biochemical Research; guanine-8-C and L- 
methionine-CH;-C™ by Isotopes Specialties Company; and 5’- 
AMP-8-C™ by Schwarz BioResearch, Inc. 
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6-methylaminopurine by cell suspensions was also observed by 
following the change in the absorption spectra of the cell-free 
incubation fluid. The presence of ribonucleosides in the incuba- 
tion medium was detected by two-dimensional chromatography 
with Solvent E followed by Solvent D. 


RESULTS 


Synthesis in vivo of 6-Methylaminopurine—Dunn and Smith 
(4) showed that the relative proportion of 6-methylaminopurine 
in the DNA of E. coli 15T~ is increased many-fold during growth 
of the bacteria in thymine-deficient conditions, obtained by the 
addition of the thymine antagonist, 5-aminouracil, to the me- 
dium. Their procedure was modified by culturing of E. coli 
15 T in a salts-glucose medium (7) containing adenine (0.3 my), 
glucose (56 mw), and thymine (0.016 mm). The adenine was 
added to completely inhibit de novo purine synthesis (16), and 
to decrease the incorporation of 6-methylaminopurine into 
5’-ribonucleotides* and DNA. 

The relative proportions of 6-methylaminopurine which may 
be isolated from the DNA and culture medium are altered by 
changes in adenine concentrations, length of incubation times, 
ete. Since the optimal conditions for 6-methylaminopurine syn- 
thesis have not been determined, the results of a typical experi- 
ment are presented. When the optical density of the culture 
reached 0.14 (Coleman model 14 universal spectrophotometer), 
5-aminouracil (127 mg per liter) was added. When growth in- 
hibition was observed, 200 uwmoles of t-methionine-CH;-C" (0.1 
ue per umole) were added per liter of medium. After an addi- 
tional 16 hours of incubation, the cells were removed by centrif- 
ugation; 100 Amoles of carrier 6-methylaminopurine were added 
to the supernatant fluid and reisolated via adsorption (pH 7.4) 
and elution (ethanol-NH;-H:,O, 5:3:2) from Norit A, isoelectric 
precipitation of impurities at pH 4, precipitation as the silver 
purine from 0.01 Y H.SO,, and paper chromatography of the 
purine hydrochlorides with Solvents C, E, and F. The identity 
of the reisolated 6-methylaminopurine (25,984  ¢.p.m./23.2 
umoles) was verified by Rr and absorption spectrum (4). 

The cells were extracted with 5% trichloroacetic acid, ethanol, 
and ether. The DNA in the residue was (a) freed of RNA by 
incubation with x KOH and precipitation at pH 4.5 with 2 
volumes of ethanol (17); (6) separated from protein by extraction 
with 5% trichloroacetic acid at 90° (18); and (c) hydrolyzed in 
N HCl at 53-55° (4). Carrier 6-methylaminopurine (3 umoles) 
was added to the DNA hydrolysate and then reisolated by paper 
chromatography with Solvents C and F; the isolated purine con- 
tained 5,250 c.p.m. per umole. 

The exogenous adenine in the medium was almost completely 
deaminated to hypoxanthine. No significant purine synthesis 
de novo occurred as indicated by the lack of incorporation of Ci“ 
into DNA adenine. Since no corrections were made for either 
the dilution of the exogenous L-methionine-CH;-C" or the ca- 
tabolism of endogenously synthesized 6-methylaminopurine, a 
minimum of 0.23 umole of 6-methylaminopurine-C™ was in- 
corporated into DNA, whereas a minimum of 1.6 umoles of 
6-methylaminopurine-C™ was present as the free base in the 
culture medium. To verify the location of the Ci in the isolated 
purine, 12 wmoles of the 6-methylaminopurine-C"™ were incubated 


‘Unpublished results demonstrated that the synthesis of 6- 
methylaminopurine ribonucleotide via 5’-phosphoribosylpyro- 
phosphate is inhibited by a variety of purines. 
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with a resting cell suspension of E. coli 15T~ containing glucose 
and phosphate; these conditions favor the complete demethyl- 
amination of 6-methylaminopurine as outlined in a later section, 
From the incubation mixture, hypoxanthine was isolated by 
paper chromatography whereas methylamine was isolated by 
aeration. The CM content of the biosynthesized 6-methylamino- 
purine-C™ was found exclusively in the methylamine moiety. 

Since the conditions for synthesis and catabolism of 6-methyl- 
aminopurine are so similar, the isolated product must represent 
the difference between synthesis and catabolism. 

Attempted Synthesis of Methylpurines in vitro—Extracts of E. 
coli 15T~ (3), prepared by a magnetostriction oscillator or by 
grinding with alumina, were incubated with S-adenosylmethio- 
nine (1 mm), Mg** (30 mm), Tris-phosphate buffer (pH 7.4), 
and either adenine-8-C"™ or 5’-AMP-8-C™ (1 to 2.7 m) for 2 to 
3 hours in the presence and absence of carrier 6-methylamino- 
purine (1.6 mm). The reaction was terminated by the addition 
of trichloroacetic acid. The supernatant fluid was chromato- 
graphed in Solvent E or Solvent I, and the paper strips were 
examined with an Atomic Accessories, Inc., model RSC-5A re- 
cording chromatogram scanner. No evidence was obtained for 
the synthesis of 6-methylaminopurine, although the methylation 
of 2,6-diaminopurine occurred. Likewise, extracts of P. vulgaris 
or E. coli, S-adenosylmethionine, 20 umoles; guanine-S-C (0.66 
ue per umole), 20 wmoles; and Tris, pH 7.4, 2000 umoles; in a 
total volume of 15 ml, were incubated for 3 hours at 38“. Carrier 
2-methylamino-6-hydroxypurine was added, and the protein 
was precipitated with trichloroacetic acid. The supernatant 
fluid was hydrolyzed in x HCl for 60 minutes at 100°, and the 
purines were separated on Dowex 50-H* (19). The eluted 
methylguanine was purified by paper chromatography and was 
found to contain no significant C'. Comparable experiments 
with 2,6-diaminopurine resulted in a 60 to 80% conversion to 
2-methylamino-6-aminopurine. 

Catabolism of 6-Methylaminopurine via Demethylamination— 
The variability in the amount of labeled 6-methylaminopurine 
isolated in the studies in vivo led to the observation that cell 
suspensions of E. coli catabolize 6-methylaminopurine to hy- 
poxanthine and methylamine. Although cell suspensions of E. 
coli 15T- slowly catabolize 6-methylaminopurine in an unforti- 
fied Tris medium (Table I), the maximal rates of demethylamina- 
tion occur most consistently in the presence of both phosphate 
ions (50 to 75 m) and a potential source of ribose 1-phosphate; 
the latter requirement is equally well satisfied by either 5 to 0 
mu glucose, 0.5 to 1 mu inosine, or 0.5 to 1 mM adenosine. 
Adenosine is deaminated so rapidly that it may be considered 
equivalent to inosine. Similar conditions are required to dem- 
onstrate adenine deamination in E. coli B (20, 21). An examina- 
tion of the acid-soluble fraction of the cells demonstrated that 
neither free 6-methylaminopurine or its ribonucleoside accumu- 
lated within the cell. 

As the catabolism of 6-methylaminopurine proceeds to com- 
pletion, there is a concomitant increase in hypoxanthine: 100 gl 
of the supernatant fluid of a cell suspension (E. coli 15T-) con- 
taining 2 mm 6-methylaminopurine-8-C™ (9300 e. p. m. per umole) 
were chromatographed at each indicated time period, and the 
concentrations of substrate and hypoxanthine, respectively, were 
expressed as counts per minute per 100 ul of incubation me- 
dium—0 minute (1830:0), 15 minutes (1302:489), 30 minutes 
(771:1008), 45 minutes (342:1416), 60 minutes (162:1590), and 
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TABLE | 
Requirements for catabolism of 6-methylaminopurine 
to hyporanthine 
Incubation medium* 
Supplement — 
O. D. 207 ma Substrate 
pmole/ml — wi 

None (zero time)........... 0.625 1.7 
None (30 min.)............. 0.480 1.3 0.08¢ 
Phosphate (50 mm) 0.435 1.2 0.11 
Glucose (28 mm)..........| 0.420 1.1 0.12 
Phosphate + glucose....... 0.233 0.62 0.22 
Inosine (I mm)) 0.246 0.65 0.21 
Phosphate + inosine....... 0.160 0.42 0.26 


* Cell suspensions of E. coli 15T- contained 1.8 mu 6-methyl- 
aminopurine, 50 mu Tris, and 9.4 mg dry weight of cells per ml; 
supplements were added as indicated. After 30 minutes, 100 ul of 
supernatant fluid were chromatographed in Solvent E; the 6- 
methylaminopurine areas were cut out, eluted with 4 ml of 0.1 * 
HCl, and the optical densities (O. D.) at 267 ma were determined. 
The molar extinction coefficient of 15,100 was employed to caleu- 
late the concentration of the substrate. 

> Reaction routinely carried out in atmosphere of air; no inhi- 
bition occurs with nitrogen or with air plus 0.01 M NaCN. 

Many cell preparations have considerably less, if any, ac- 
tivity. 


90 minutes (10:1839). The hypoxanthine was identified by Ny, 
radioactivity, absorption spectrum, and the ability of xanthine 
oxidase to convert it to uric acid. 

Methylamine, the nonpurine component, was isolated as the 
volatile amine (22) by aerating an aliquot of the incubation me- 
dium plus an equal volume of saturated K: CO,; the free amine 
was trapped by 0.1 N HCl and assayed by the 1,2-naphtho- 
quinone-4-sulfonic acid method (23). Methylamine was 
identified by paper chromatography in Solvents A, B, and C; 
the developed chromatograms were sprayed with 0.15% ninhy- 
drin in n-butanol, which detects CH, NH: - HCl but not NH. CI. 
The chloroplatinic acid derivative“ of the amine hydrochloride 
and of authentic CH;NH:;-HCI had the same melting points 
(199-201° with decomposition). Approximately 1 umole of 
methylamine was recovered per ymole of 6-methylaminopurine 
eatabolized to hypoxanthine; an inhibition of hypoxanthine for- 
mation caused by the addition of various purines or by the omis- 
sion of glucose or phosphate resulted in a corresponding reduction 
in the yield of methylamine. The catabolism of 6-methyl- 
aminopurine-CH;-C™ (biosynthesized) yielded CH. NH- C. 

Competitive Substrates—Adenine and 6-methoxypurine, in 
addition to 6-methylaminopurine, are converted to hypoxanthine 
by cell suspensions of E. coli 15T- at the relative rates of 100, 
28, and 79, respectively (Table II). When two substrates are 
present simultaneously, the rate of conversion of each substrate 
to hypoxanthine is decreased. However, the catabolism of each 
substrate is essentially linear with time and goes to completion 
at a rate that reflects its proportion of the total substrate con- 
centration and the fact that adenine is the preferred substrate. 


* Chloroplatinic acid, dissolved in absolute ethanol, was added 
to the amine hydrochloride. The crystalline derivative was re- 
crystallized twice from water by the addition of absolute ethanol. 
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6 - Dimethylaminopurine, 2 - amino - 6 - methylaminopurine, 
2-methy]-6-aminopurine, and the sulfur analogues, 6-thiopurine 
and 6-methylthiopurine, were not catabolized to any detectable 
extent. 2,6-Diaminopurine is slowly converted to guanine and 
2-methylamino-6-aminopurine (2). 

Synthesis and Catabolism of 6-Methylaminopurine Ribonucleo- 
side—6-Methylaminopurine ribonucleoside was not detected in 
the incubation medium of cell suspensions containing substrate 
(2 mm), phosphate, and either glucose (5 to 50 mm) or inosine 
(0.5 to 1 mm). However, as the inosine was further increased, 
there was a proportional increase in the percentage of the total 
6-methylaminopurine which was present as the ribonucleoside 
within the first 30 minutes of incubation; in the presence of 8 
mM inosine, 6-methylaminopurine was present entirely as the 
ribonucleoside. The concentration of 6-methylaminopurine 
ribonucleoside henceforth decreased steadily to zero with a con- 
comitant increase in hypoxanthine plus inosine. However, in 
the presence of 8 mM inosine, the rate of demethylamination was 
usually 30 to 50% slower than in the presence of either 1 mu 
inosine or 50 mu glucose. Since the rates of deamination of 
adenine and adenosine were likewise inhibited, an inhibition of 
adenosine deaminase by inosine is believed to be the explanation. 

The ribonucleosides of 2-amino-6-methylaminopurine, 2 
methyl-6-aminopurine, 2,6-diaminopurine, and 6-methylthio- 
purine, in addition to 6-methylaminopurine and adenine, have 
been detected by paper chromatography. The further identifi- 
cation of the ribonucleosides of 6-methylaminopurine and 2- 
methyladenine was based on the following: (a) the spectra of the 
ribonucleosides (5) shifted to that of the free base upon hydroly- 
sis in x HCl for 60 minutes at 100°; (6) the products of hydrolysis 
were identified as the free base by R, and absorption spectra 
and as ribose by chromatography in Solvents A, G, and H; 
aniline phthalate (24) was used as an indicator spray for ribose. 

Catabolism of 6-Methylaminopurine by Cell-free Extracts— 
Crude extracts of E. coli 15T-, prepared by a magnetostriction 
oscillator, convert both adenine and 6-methylaminopurine to the 


TABLE II 
Competitive substrates in whole cell suspensions 
Substrate converted hypoxanthine* 
Purine substrate 
is min. | 30 min. | 45 min. | 60 min. | 90 min. 
mM pmoles/mi 
6-CH;NH............ 2 0.47 0.86 1.3 1.7 2.0 
4 1.4 
D 2 0.385 1.1 1.6 1.8 2.0 
4 0.94 1.9 
2 0.46 0.92 
6 NH: + 6-CH;NH.. 2 1.3 2.0 
1 0.50 | 0.95 
6 NH. + 6-CH;NH.. 2 0.44 1.0 | 1.6 
2 0.33 0.66 | 1.0 


* Resting cell suspensions of E. coli 15T- containing glucose, 
phosphate, and indicated purine(s). 

o Substrate is completely converted to hypoxanthine within 33 
to 4 hours. 
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TABLE III 
Catabolism of 6-methylaminopurine in cell-free extracts 


Purine component? 
i Purine components 


15 min | 30 min | 60 min | 90 min [120 min |150 min 


— 


6-Methylamino- 0.97 0.93 0.85 0.63 0.51 0.43 
purine + 6-meth-| (3590) (3440) (3142) (2330) (1885) (1592) 
ylaminopurine 
ribonucleoside 

Hypoxanthine <0.01' 0.02 | 0.08 | 0.19 | 0.29 0.35 

(15) | (74) (296) (704) (1072) (1295) 

Inosine 0.01 | 0.04 | 0.09 | 0.15 | 0.20 | 0.23 


II | 6-Methylamino- 0.42 | 0.38 | 0.15 | 0.12 | 0.06 | 0.04 
purine (1560) (1410) (555) (445) (222) (148) 
6-Methylamino- 0.38 0.42 0.34 | 0.20 | 0.15 | 0.11 
purine ribonucle- | (1410)! (1560) (1260) (741) (555) (407) 
oside 
Hypoxanthine“ 0.02 | 0.05 | 0.12 | 0.19 0.27 0.35 


Inosine“ 0. 13 0.21 | 0.33 | 0.43 | 0.57 | 0.58 
(482) (778) (1220) (1590) (2110) (2150) 


*Incubation mixture contained 1 mm 6-methylaminopurine- 
8-C™ (37,000 c.p.m. per wmole), 100 mm phosphate (pH 7.4), and 
extract of E. coli 151 prepared by grinding cells with alumina; 
4 mM inosine was present in Sample II but not Sample I. The 
reaction was stopped by heating for 3 minutes at 100°. The 
purine components (100 ul of supernatant fluid) were separated by 
two-dimensional chromatography in Solvent I followed by Solvent 
E. The purine areas were cut out, eluted, and Ci“ determined. 

»The figures in parentheses are the counts per minute per 100 
ul of incubation medium of each of the purine components that 
were separated by chromatography. 

¢ In the absence of exogenous inosine, significant concentrations 
of 6-methylaminopurine ribonucleoside were not present in the 
incubation mixture until after the 30-minute period; henceforth, 
it remained present but as a minor component in comparison to 
the free base. 

¢ Within each time period, the hypoxanthine and inosine are 
essentially in equilibrium as indicated by their similar specific 
activities. 


corresponding ribonucleosides in the presence of phosphate; the 
amount formed is increased by the addition of inosine. How- 
ever, neither of the ribonucleosides are significantly converted 
to inosine or hypoxanthine; adenosine deaminase is largely in- 
activated by the process of sonic disintegration. By contrast, 
extracts prepared by grinding cells with alumina contain a very 
active adenosine deaminase and actively convert 6-methyl- 
aminopurine to inosine and hypoxanthine (Table III). The 
addition of inosine increases both the rate of demethylamination 
and the amount of 6-methylaminopurine ribonucleoside present 
in the incubation mixture. 

Purine Inhibitors of Demethylamination—The ability of purines 
to inhibit the processes of demethylamination and deamination 
is a property common to a variety of purines (Table IV). Since 
the conversion of 6-methylaminopurine to hypoxanthine was 
linear for 1 hour (0.41 wmole converted per ml per 15 minutes), 
the extent to which a purine decreased the release of hypoxan- 
thine during the first 60 minutes is a measure of its effectiveness 
as an inhibitor of the over-all process of demethylamination. 


When the initial concentration of inhibitor purine was increased 
beyond 2 mu, there was a greater decrease in the extent of de. 
methylamination. The hypoxanthine released by 120 minutes 
indicates that, except for the substrate adenine, the degree of 
inhibition of demethylamination is not constant with time. In- 
creasing the glucose concentration has no effect on the inhibition 
of demethylamination, whereas the addition of inosine (1 to 8 
mM) decreases the degree of inhibition. 6-Methylthiopurine 
and 6-thiopurine (2 mm) inhibited demethylamination to the 
same degree as 2,6-diaminopurine (Table IV); 0.52 and 0.84 
umole of hyopxanthine released per ml at 2 and 4.5 hours, re- 
spectively, for the former, and the corresponding values of 0.70 
and 1.62 uwmoles for the latter. 

6-Methylaminopurine and the other purine analogues inhibit 
the arsenolysis of inosine (Table V) and thus may be considered 
as competitive inhibitors of nucleoside phosphorylase (25, 26), 

Distribution of Demethylamination Activity—Resting cell sus- 
pensions of E. coli strains B, B-96, B-97, BT, and 15T- cultured 
in the salts-glucose medium supplemented as indicated (Group 
I, Table VI), rapidly catabolized both adenine and 6-methyl- 
aminopurine to hypoxanthine. However, when the culture 
media for E. coli B-96 and B were altered (Group II, Table VI), 
the rate of demethylamination was 10 to 20% (or less) of the 
rate of deamination which was within the normal range. The 
relatively low activity toward 6-methylaminopurine could not 
be altered by increasing the concentrations of phosphate, glucose, 
or inosine. These cells possessed an adenosine deaminase activ- 
ity that was 15% (or less) of the activity in cells of Group I, 
but maintained a normal capacity to form the ribonucleosides 
of both purines in the presence of inosine. These findings are 
in accord with the report (27) that adenosine deaminase of E. 
colt, in contrast to nucleoside phosphorylase, is quite variable in 
content and is definitely adaptive in nature. 

Seven additional organisms possess slight, if any, activity to- 
ward 6-methylaminopurine, although four organisms rapidly 


TaBLe IV 
Purine inhibitors of demethylamination and deamination 
Substrate converted to hypoxanthine® 
— 6-Methylaminopurine Adenine 
Relative Relative 
60 min 120 min | inhibi- | 60 min | 120 min inhibi- 
umoles / ml umoles / m 
None*...........| 16 | 2.0 18 | 2.0 
2-NH:-6-CH;NH..| 0.16 | 0.29 100 | 0.59 | 0.82 83 
2-CH;-6-NH:.....| 0.22 | 0.33 71 | 0.49 | 0.65 | 100 
. 0.39 | 0.81 41 
2,6-(NH2)24......| 0.50 | 0.67 32 | 0.72 | 1.1 68 
6-CH;NH......... 1.0 2.0 49 
6-(CH3)2N........ 0.90 | 1.2 18 | 1.1 1.5 44 


Cell suspensions of E. coli 151 contained glucose, phosphate, 
the indicated purine inhibitor (2 mm) and either adenine or 
6-methylaminopurine (2 mM) as primary substrate. 

o Calculated from inhibition at 60 minutes. 

¢ The rate of catabolism of each substrate is linear with time 
until 80 to 85% (1.6 to 1.7 moles per ml) of the substrate is 
catabolized. 

Small amounts of 2-methylamino-6-aminopurine are also 
formed. 


(37) | (148) om gg (741) (852) 
| (74) (185) (445) (703) (1000) (1295) 


| | 
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deaminate adenine (Groups III to V, Table VI). The organisms 
that rapidly deaminated adenine slowly hydrolyzed inosine to 
hypoxanthine, whereas those that deaminated adenine slowly, if 
at all, rapidly cleaved inosine. A cell suspension of P. aeruginosa 
(2 mm 6-methylaminopurine-8-C™ (4,690 c.p.m. per umole), 45 
mu phosphate (pH 7.4), and 50 mu Tris; total volume of 3 ml; 
3 hours of incubation) slowly converted the substrate to hy- 
poxanthine (1079 total c.p.m. or 0.0031 umole per mg of dry 
cells per hour); demethylamination was accelerated by the addi- 
tion of 28 mM glucose (1688 total c.p.m. or 0.0048 umole per mg 
per hour) but was inhibited by the simultaneous addition of 28 
mu glucose plus 2 mu adenine (469 total c.p.m. or 0.0013 umole 
per mg per hour). The inhibition caused by the presence of 
adenine was completely overcome by the addition of 2 mu ino- 
sine. S. aureus failed to convert detectable amounts of 6- 
methylaminopurine-8-C" to hypoxanthine. Significantly, S. 
aureus failed to deaminate adenosine but rapidly cleaved inosine 
to hypoxanthine. 

Bakers’ yeast was of special interest because it contains an 
adaptive adenase (28). Cell suspensions of fresh bakers’ yeast 
containing 8 mg of cells per ml, 55.6 mm glucose, 2 mu purine, 
citrate buffer (pH 5.2), and ammonium-free salt supplement 
(28) converted 1.44 wmoles per ml of adenine to hypoxanthine 
during a 2-hour period in which the inducible enzyme, adenase, 
was formed. A corresponding incubation demonstrated that the 
formation of hypoxanthine from 6-methylaminopurine occurred 
at 3 to 7% of the rate of adenine deamination. The incubation 
of adenine plus 6-methylaminopurine (2 mu each) decreased the 
rate of adenine deamination: 0.4, 0.8, 1.0 and 1.1 umoles of 
adenine converted to hypoxanthine in 1, 2, 3, and 4 hours, re- 
spectively. When yeast cells were first incubated with adenine 
to induce adenase formation, washed, and resuspended in a 2 
mu citrate buffer (pH 5.2) containing 2 mu purine and 27.8 mm 


TaBLe V 
Inhibition of the arsenolysis of inosine 
Inhibition of nucleoside 
phosphorylase 
Purine inhibitor 
Hypoxanthine 1 
mM pmole % 

Control (4 hour)*®.............. 0.47 (0.123) 
Control (1 hour)................ 0.75 (0.195) | 0.0 
Control (1 hour) + 2-CH;-6-NH:| 6.0 | 0.27 (0.071) | 64 
Control (1 hour) + 2-NH;-6- 

9.6 | 0.39 (0.100) | 49 
Control (1 hour) + 6- NH. 12.0 | 0.40 (0.108) | 47 
Control (1 hour) + 6-CH;NH...| 12.0 | 0.46 (0.119) | 39 
Control (1 hour) + 6-(CH;):N...| 12.0 | 0.60 (0.154) | 21 


»The figures in parentheses are the net optical densities of the 
solutions from which the hypoxanthine values were calculated. 

Samples contained 3 ma inosine, 50 mm Tris (pH 7.4), 50 mu 
arsenate (pH 7.4), purine inhibitor as indicated, and sonic extract 
(3) of Z. coli 15T- (total volume of 1 ml). The samples were 
incubated for 1 hour at 38°; one control was incubated for 0.5 
hour. The reaction was stopped by heating in boiling water 
bath for 3 minutes. The purines in 120 ul of supernatant fluid 
were separated by two-dimensional paper chromatography on 
Whatman No. 3MM paper with Solvent D followed by Solvent E. 
The hypoxanthine spots were eluted with 5 ml of 0.1 x HCl, and 
— purine content was determined spectrophotometrically at 

my. 
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TaBLe VI 
6-Methylaminopurine catabolism in various microorganisms 
Relative rate of 
— 
Organism Culture medium* — 
Adenine 
purine 
mM 
I | E.coli 151. | Thymine 0.016 ((+++))(+++) 
Thymine 0.40 
E. coli B-96 | Adenine 0.15 
Hypoxanthine | 0.15 
E. coli B-97_ | Adenine 0.75 
E. coli B Adenine 0.15 
E.coli BT- | Thymine 0.40 
II | E. coli B-96 | Guanine 0.20 (TTT) (+) 
Trypticase soy 
broth 
E. coli B No purine 
III | Bakers’ yeast (+++)| (+) 
P. aeruginosa | Trypticase soy 7 
broth 
N. flava Trypticase soy 
broth 
A. aerogenes | Trypticase soy (++) 
broth 
IV | P. vulgaris | Trypticase soy (+) | (+) 
broth 
L. casei Microinocu- (&) 
lum broth 
Minimal 
V | S. aureus Trypticase soy (—) | (-) 
broth 


Except where indicated, the culture medium consisted of 
salts-glucose supplemented as indicated. The other media were: 
trypticase soy broth, microinoculum broth medium, and minimal, 
a synthetic medium for L. casei. The latter medium was not 
completely free of folic acid as evidenced by the relatively high 
growth blank; nevertheless, the addition of adenine or 6-methyl- 
aminopurine caused a definite stimulation in growth rate. 

* Resting cell suspensions of the indicated organism were incu- 
bated in a phosphate-glucose (or inosine) medium containing 
either adenine or 6-methylaminopurine as the substrate. The 
purpose of this classification is to indicate the relative rates of 
hypoxanthine formation from 6-methylaminopurine as compared 
to adenine. The designations for activity are: (+++), rapid 
catabolism; (+), slight but definite formation of hypoxanthine; 
(+), only traces of hypoxanthine; (—), no detectable formation 
of hypoxanthine. Although there are definite variations in the 
absolute rates of catabolism of the substrates by the organisms 
within an indicated group, the rates are of the same magnitude. 
The above designations of activity also indicate the relative rates 
of catabolism between the 5 groups of organisms. 

¢ Fresh bakers’ yeast was used directly. 
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glucose, the rate of demethylamination was 17% of the rate of 
adenine deamination. It was not determined whether the rela- 
tive increase in the rate of demethylamination versus deamina- 
tion which occurs in the adenine-adapted cells can be attributed 
solely to the adaptive enzyme adenase or, in part, to a concomi- 
tant increase in the catabolism of aminopurine via the ribonu- 
cleoside pathway. 


DISCUSSION 


Enzymes of E. coli methylate, via transmethylation from S- 
adenosylmethionine, several synthetic 2-aminopurines to yield 
the corresponding 2-methylamino derivatives (3). The corre- 
sponding methylation in vitro of guanine and adenine has not 
been accomplished. However, the present studies in rivo dem- 
onstrate that the methyl group of L-methionine may serve as a 
precursor of the methyl group of 6-methylaminopurine; there is 
no direct evidence that S-adenosylmethionine is the actual 
methyl donor or that it is the free base, adenine, that is methyl- 
ated. Although the N-methylation of unnatural purines occurs 
at the free base level (2, 3), the possibilities exist that: (a) the 
biosynthesis of naturally occurring N-methylated purines may 
occur via the corresponding ribonucleotide (29, 30); (6) the 
methylamino group may arise via the intermediate formation of 
the 1-methylpurine derivative with subsequent rearrangement to 
the methylamino derivative (29, 31, 32) rather than by direct 
transfer of the methyl group to the amino group. Studies in 
vitro, demonstrating that S-adenosylmethionine is the methyl 
donor for 2-methylthiouracil® and 6-methylthiopurine’ synthesis, 
strongly suggest that direct methylation via adenosylmethionine 
may have wide application in the biosynthesis of methylated 
purines and pyrimidines. The present studies demonstrate that 
a study of the biosynthesis of methylpurines may be complicated 
by rapid catabolism of these purines. 

E. coli lacks the enzyme adenase; consequently, adenine is 
deaminated indirectly via the following pathway involving nu- 
cleoside phosphorylase (Reactions 1 and 3) and adenosine de- 
aminase (Reaction 2) (27, 33-35). 


Adenine + ribose 1-phosphate = adenosine + Pi (1) 

Adenosine — inosine + NH; (2) 

Inosine + Pi = hypoxanthine + ribose l-phosphate (3) 
Adenine — hypoxanthine + NH; 


Although the present data do not offer unequivocal proof that 
demethylamination, the conversion of 6-methylaminopurine to 
hypoxanthine plus methylamine, occurs at the ribonucleoside 
level via the pathway for the deamination of adenine, the concept 
of a common pathway for the two structurally related purines 
does offer a simple and direct interpretation of the data obtained. 
No evidence has been obtained to suggest that free 6-methyl- 
aminopurine is demethylaminated. Instead, 6-methylamino- 
purine ribonucleoside is formed by a nucleoside phosphorylase 


The synthesis of 2-methylthiouracil by a 35 to 60% ammonium 
sulfate fraction of the 38,000 X g supernatant fraction of rat liver 
homogenates requires 2-thiouracil and S-adenosylmethionine. 
The synthesis is difficult to demonstrate in whole liver homog- 
enates because of low methylpherase activity and marked inhibi- 
tion by the product, 2-methylthiouracil, and a variety of purines 
ries pyrimidines. These studies will be reported in full at a later 

te. 

7G. H. Hitchings and E. Bresnick, personal communication. 
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reaction and the subsequent hydrolysis of the ribonucleoside to 
inosine appears to be dependent on the participation of adenosine 
deaminase. The phosphorolysis of inosine results in the net con. 
version of the substrate to hypoxanthine. The report (36) that 
adenosine deaminase hydrolyzes 2 ,6-diaminopurine ribonucleo- 
side to guanosine suggests that the enzyme may be sufficiently 
nonspecific to participate in the present system. 

The various strains and mutants of E. coli utilize either inosine 
or glucose as the source of ribose 1-phosphate required for the 
formation of 6-methylaminopurine ribonucleoside and adenosine. 
In the presence of glucose or low concentrations of inosine, the 
synthesis rather than the catabolism of the purine ribonucleoside 
is rate limiting; the opposite is true in the presence of high con- 
centrations of inosine. Previous findings (5) support the present 
data that adenine, 6-methylaminopurine, 6-methoxypurine, and 
a variety of purine analogues are substrates for nucleoside phos- 
phorylase of E. coli. The ability of various purines to inhibit 
demethylamination involves inhibition of the nucleoside phos- 
phorylase reaction by free purines. A second locus of inhibition 
must be considered; namely, the inhibition of adenosine de- 
aminase by the ribonucleoside of the corresponding purine. De- 
amination or demethylamination of 6-aminopurines is severely 
limited if the purine contains either a methyl, amino, or methyl- 
amino (2, 3) group at position 2 or a dimethylamino group at 
position 6. 

The concentration of adenosine deaminase, but not nucleoside 
phosphorylase, was adaptively reduced by altering the culture 
medium; concomitantly, there was an apparent loss of catabolic 
activity toward 6-methylaminopurine as compared to adenine. 
Both cell cultures synthesized the ribonucleosides of both bases 
normally. These results may be rationalized within the concept 
of a common enzymatic pathway for both substrates by assum- 
ing: (a) both substrates are converted to the corresponding ri- 
bonucleoside at comparable rates, and (6) 6-methylaminopurine 
ribonucleoside is a relatively poor substrate for adenosine de- 
aminase. Under normal culturing conditions, adenosine de- 
aminase is present in sufficient excess over the rate-limiting 
phosphorylase reaction to permit the net conversion of both 
purines to hypoxanthine to proceed at comparable rates, al- 
though the 6-methylaminopurine ribonucleoside, in comparison 
to adenosine, is a relatively poor substrate for the deaminase. 
When the deaminase is adaptively decreased, there is no longer 
sufficient excess enzyme to compensate for the lower rate of 
hydrolysis of 6-methylaminopurine ribonucleoside; therefore, the 
demethylamination reaction is slower than the deamination of 
adenine. 

The relative inability of suspensions of L. casei to catabolize 
adenine and 6-methylaminopurine was unexpected, since this 
organism is able to utilize either purine as its sole purine source 
(9). 

No evidence has been obtained to suggest an alternate path- 
way for 6-methylaminopurine catabolism that would yield ade- 
nine as an intermediate. Consistent with this view is the 
observation that E. coli B-97 (a specific adenine-requiring mu- 
tant), unlike E. coli B-96, cannot be cultured in a salts-glucose 
medium containing 6-methylaminopurine as the sole purine. 


* The possibility existed that 6-methylaminopurine might be 
catabolized initially to adenine and HCHO by a process of ori. 
dative demethylation (37). However, no HCHO (38) accumulated 
when semicarbazide was included in the medium of suspensions of 
E. coli catabolizing 6-methylaminopurine. 
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The demethylation of 6-methylaminopurine by rat and pigeon 
liver homogenates® may also involve the demethylamination of 
the ribonucleoside. 


SUMMARY 


In Escherichia coli 15T-, the methyl group of L-methionine 
may serve as a precursor of the methyl group of 6-methylamino- 
, which can be isolated from the cellular deoxyribonucleic 
acid, and, to a greater extent, from the culture medium where it 
js present as the free base. 6-Methylaminopurine is actively 
catabolized via the process of demethylamination to hypoxan- 
thine and methylamine by several strains of Escherichia coli. 
§-Methoxypurine is likewise converted to hypoxanthine. A 
wide variety of amino, methyl, and thio-substituted purines 
inhibit the catabolism of 6-methylaminopurine. These results 
are consistent with the concept that 6-methylaminopurine is 
converted by nucleoside phosphorylase to the ribonucleoside, 
which is then demethylaminated to inosine by adenosine de- 
aminase. 


Acknowledgment—The author wishes to acknowledge the ca- 
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Early in the biochemical studies of fluorinated pyrimidines in 
this laboratory it became evident that these compounds pro- 
foundly inhibit the incorporation of labeled formate into deoxy- 
ribonucleic acid thymine in suspensions of Ehrlich ascites tumor 
cells (1), and further work led to the conclusion that this effect 
resulted from the inhibition of the enzyme thymidylate synthe- 
tase (2). The first direct proof for this at the enzymatic level 
came from the work of Cohen et al. with phage-infected Escher- 
ichia coli, who showed that 5-fluoro-2’-deoxyuridine-5’-mono- 
phosphate was the actual inhibitor of this reaction (3). These 
findings were extended by Flaks and Cohen (4). At the same 
time evidence was accumulating from studies in vivo with fluoro- 
pyrimidine-susceptible and resistant tumors that the chemo- 
therapeutic mechanism of tumor inhibition involved the in- 
hibition of thymidylate synthetase rather than the various other 
loci of action of these compounds (5). Finally, the inhibition of 
thymidylate synthetase by F-dUMP! was demonstrated in the 
high speed supernatant fractions from sonic disintegrations of 
Ehrlich ascites tumor cells susceptible to these drugs, whereas 
the enzyme from the resistant tumor cells was inhibited to a 
considerably lesser extent (6). The present paper reports a 
considerable extension of this work. 

The first evidence for the methylation of deoxyuridine to thy- 
midine came from the studies of Friedkin and Roberts (7) in 
E. coli, and, subsequently, they published a fluorimetric 
method for the determination of thymine (8). The use of la- 
beled formaldehyde with an enzyme obtained from calf thymus 
was described by Phear and Greenberg (9), and the requirement 
for tetrahydrofolic acid and the demonstration that deoxyuri- 
dylate (d UMP) was the substrate for the reaction in calf thy- 
mus were reported by Humphreys and Greenberg (10). In 
these studies thymine was isolated chromatographically after 
hydrolysis. On the other hand, Cohen et al. (3, 4) found such a 
high activity of thymidylate synthetase in phage-infected E. 
coli that they carried out the assay simply by measuring 
the conversion of labeled formaldehyde to a nonvolatile form, 
although the group reported later that better results were ob- 
tained when the reaction mixture was passed through Dowex 50 
before evaporation (11). Maley and Maley (12) assayed for 
the enzyme by measuring the radioactivity that was not retained 


* This work was supported in part by a grant (C-2832) from 
the National Cancer Institute, United States Public Health 
Service, National Institutes of Health, Bethesda, Maryland. 
A preliminary report of this work appeared in Federation Proc., 
20, 167 (1961). 

t American Cancer Society Professor of Oncology. 

1 The abbreviation used is: F-dUMP, 5-fluoro-2’-deoxyuridine- 
5’-monophosphate. 
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Scunu 1. Thymidylate synthetase 


by either Dowex 1 or Dowex 50 after hydrolysis of the reaction 
mixture. The chemistry of the “active formaldehyde” ob- 
tained by the reaction of formaldehyde with tetrahydrofolic 
acid has been elucidated by Osborn et al. (13), and Friedkin has 
demonstrated (14) that a hydrogen in the methyl group of thy- 
mine is derived from the tetrahydrofolic acid. We wish to pre- 
sent an improved and more rapid assay for thymidylate synthe- 
tase from mammalian tissues with the use of tritium-labeled 
deoxyuridylate. While this work was in progress, Wahba and 
Friedkin (15) adopted the use of d UMP and also presented 8 
new spectrophotometric assay for the enzyme based upon the 
formation of a stoichiometric equivalent of dihydrofolic acid. 


Independently, Reichard? using dUMP-C™ has developed an 


assay almost identical in all respects to ours. Our present con- 
cept of the reactions of the substrates and cofactors involved in 
the thymidylate synthetase is shown in Scheme 1, although the 
assignment of the hydrogen atom locations in dihydroſolie acid 
is purely arbitrary. 


? Unpublished observations. 
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EXPERIMENTAL PROCEDURE 


Preparation of Enzyme—Ascites cells were harvested from 
Swiss mice 7 days after transplantation of hypotetraploid Ehrlich 
weites carcinoma cells, susceptible or resistant to fluoropyrimi- 
dines. The cells were washed once with isotonic NaCl and sus- 

in 2 to 3 volumes of 0.15 M phosphate buffer (pH 6.5), 
and sonically disrupted 2 to 4 minutes at 15° and 10 ke. per 
Kcond in a Raytheon sonic oscillator until at least 80% of the 
cells were disrupted. The suspension was then centrifuged in a 
Spinco ultracentrifuge at 105,000 x g for 1 hour. The super- 
natant fraction (S,) was filtered through glass wool and used as 
the enzyme source, and usually contained 8 to 12 mg of protein 
per ml as determined spectrophotometrically (16). Other tis- 
sues were homogenized with a Potter-Elvehjem glass homoge- 
niser in the same buffer, and the supernatant fraction obtained 
under the same conditions was used as the enzyme source. (We 
are indebted to Drs. David Ives and Van R. Potter, who sup- 
plied us with some of the S; fractions from liver, regenerating 
liver, and hepatoma 5123.) 

Partial purification of the enzyme from ascites cells was car- 
ned out by ammonium sulfate precipitation in the cold of the 
supernatant fraction. The precipitates were dialyzed in the 
cold against the above phosphate buffer before use. 

Preparation of Tetrahydrofolic Acid—(Modification of the 
procedure of Broquist et al. (17).) Platinum oxide (100 mg) 
was added to 50 ml of glacial acetic acid in a hydrogenation 
flask. The suspension was stirred slowly with a magnetic 
stirrer, and hydrogen was slowly bubbled through the solution. 
After the platinum oxide had been reduced and had become 
black, 150 mg of folic acid was added. The hydrogenation was 
continued 4 to 5 hours until no yellow folic acid particles were 
visible. The solution was filtered through a sintered glass funnel 
under oxygen-free conditions directly into 200 ml of anhydrous, 
peroxide-free ether. The precipitated tetrahydrofolic acid was 
washed three times with ether and dried under a stream of nitro- 
gen and kept in a vacuum desiccator overnight. The tetrahy- 
drofolic acid in 10 mg amounts was sealed in evacuated glass 
ampoules and stored in a dark place. Under these conditions 
the compound is stable and remains colorless for months. 

Immediately before the experiments, 10 mg of tetrahydro- 
folic acid were dissolved in 3 ml of 0.1 m sodium bicarbonate 
solution under a stream of nitrogen. The solution was then 
brought to pH 4.5 with 1 M acetic acid and kept in ice water 
under nitrogen (there should be no color at this point). Then 
50 wmoles of formaldehyde were added and the mixture was 
stirred for 5 minutes to form the “active formaldehyde” (Ne, 
Nis. methylenetetrahydrofolie acid) (13). This was brought to 
pH 6.5 and added to the incubation mixture. 

Preparation of Tritiated dUMP—Tritiated deoxycytidylate 
(CMP, obtained from Schwarz Bio Research, Inc.), 0.5 umole, 
0.5 me, and unlabeled dCMP (50 umoles) were dissolved in 2 ml 
of water. Two ml of concentrated NaNO; and 2 ml of acetate 
buffer, pH 4.2 (448 mg of sodium acetate and 2 ml of glacial 
acetic acid) were added, and the solution was kept at room tem- 
perature for 5 hours. The solution was then neutralized with 
NaOH, 1 ml of concentrated BaCl: was added, and then 2 vol- 
umes of absolute ethanol. The mixture was kept in the refrig- 
erator for 24 hours and the precipitate was collected, dissolved 
in 0.01 M HCl, neutralized, and purified on a Dowex 1-formate 
column with the use of a continuously increasing gradient of 
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formic acid. The dUMP fraction was eluted with approxi- 
mately 3 W formic acid. The peak tubes were combined, lyophi- 
lized twice, and dissolved in 10 ml of doubly distilled water. 
One milliliter of this stock solution contained 3.4 ymole of d UM 
with a specific activity of 1.4 X 100 d.p.m. per amole. 

Incubation— Into a small 6-ml tube, with a ground glass joint 
with an opening like a Thunberg tube, was pipetted 0.1 ymole 
of MgSO,, 0.2 umole TPNH, 45 mymoles of labeled dUMP, 
and 0.3 ml of 0.15 M phosphate buffer, pH 6.5. At the start of 
the incubation 0.5 ml of the enzyme solution was added, and 
then 0.1 ml of the tetrahydrofolic acid-formaldehyde solution, 
prepared as described above. The flask was stoppered and 
nitrogen passed through for 3 minutes. The stopper was turned, 
and the mixture (1.0 ml) was incubated for 30 minutes at 37°. 

Analysis—The incubation was stopped by the addition of 1 
ml of 10% trichloroacetic acid, the mixture was centrifuged, and 
I ml of concentrated HCl was added to the protein-free superna- 
tant fraction and the mixture was heated in a boiling water 
bath for 2 hours. The samples were dried and spotted on 1- x 
24-inch strips of Whatman No. 1 filter paper. The chromato- 
grams were developed for 30 hours in 86% n-butanol (allowing 
the solvent to run off the paper in order to give better separa- 
tion) and after drying were run through the windowless auto- 
matic recording integrating strip counter (18). Only two radio- 
active spots were detectable; thymine, R, 0.52, and uracil, N. 
0.31, which were always completely separated and did not over- 
lap. The percentage of the radioactivity in thymine was re- 
corded. Self-absorption was neglected, because the paper 
strips are at infinite thickness for tritium. 

In experiments in which formaldehyde-C™ was used, the acid- 
soluble fraction was concentrated to dryness, hydrolyzed with 
70% perchloric acid, adsorbed on charcoal columns, washed 
with water, and eluted with alcoholic ammonia (73:3:24:etha- 
nol:concentrated NH,OH:water). The eluate was dried and 
passed through columns packed with Dowex 1-formate and 
Dowex 50. The neutral effluent was then concentrated and 
paper chromatography and counting were done as above. If 
the Dowex 50 purification was omitted, several additional radio- 
active spots, one not completely separated from thymine, were 
found on the paper. 


Before the beginning of this research the cofactor requirements 
for thymidylate synthetase had been established (7-10). In our 
initial experiments an attempt was made to use the simplified 
assay procedure of Cohen et al. (3, 4). This method involves 
the use of ſormaldehyde- Ci, and after completion of the incuba- 
tion the reaction mixture is boiled with acid and plated on glass 
planchets to determine nonvolatile radioactivity. It was found 
that considerable radioactivity was fixed in an incubation with- 
out enzyme and also at zero time. Because the over-all activity 
of this enzyme is very low in the mammalian tissues, the small 
increment of radioactivity fixed over the blanks cannot be deter- 
mined with accuracy. Consequently, this method of assay was 
abandoned. In the next experiments labeled formaldehyde was 
used, but the thymine was isolated by chromatographic methods 
as described in the experimental section. In Fig. 1 is shown a 
comparison of the conversion of radioactive formaldehyde into 
thymine per milligram of protein in the whole homogenate as 
compared to the high speed supernatant fraction, and it will be 
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Fic. 1. Time-course of thymidylate synthetase assayed in the 
whole homogenate of Ehrlich ascites cells compared with the 
105,000 X g supernatant fraction (Ss). 


TABLE I 
Instability of enzyme preparation 
One ml incubation for 30 minutes at 37° with 0.5 ml of the 
105,000 X g supernatant fraction from Ehrlich ascites cells and 
20 mumoles of d(UMP*. Other cofactors in the usual quantities. 


Specific activity 


min 


Stored frozen 30 days....................... 
Heated 2 minutes at 45°. . 
Heated 2 minutes at 50°............ 
Heated 2 minutes at 55°. . 


ee 
22882 


seen, in confirmation of earlier work (9, 10), that the highest 
specific activity was obtained in the soluble fraction. Thus, in 
the remainder of the experiments the 105,000 X g supernatant 
fluid (S;) was used as the enzyme source in which the time course 
is linear from 10 to 60 minutes. The instability of the enzyme 
preparation is shown in Table I. When the enzyme was stored 
in the frozen state for 30 days, about half of the activity was 
destroyed, and heating the enzyme for 2 minutes at 50° resulted 
in almost complete inactivation. Hence, the enzyme was used 
fresh in each experiment. Although Wahba and Friedkin (15) 
found that the E. coli enzyme was stabilized by mercaptoetha- 
nol, we found no such effect with our enzyme. A closer exami- 
nation of the acid-soluble fraction after incubation showed that 
there was considerable nucleotidase activity in the S, fraction. 
Consequently, some attempt was made to purify thymidylate 
synthetase by precipitation with ammonium sulfate. Although 
some increase in specific activity was obtained between 0.3 and 
0.5 saturation, the percentage of dephosphorylation was also 
highest in these fractions. Hence, by this simple procedure the 
nucleotidase activity was not separated from thymidylate syn- 
thetase, and further purification was not attempted. In all 


subsequent experiments the 8, fraction was used as the enzyme 


source unless otherwise specified. In the meantime, the more 
convenient and rapid assay of the enzyme with the use of tri- 
tium-labeled deoxyuridylate was adopted. 

In a further examination of the cofactor requirements, it was 
found that in the presence of large amounts of tetrahydrofolic 
acid TPNH was not required. Furthermore, it was observed in 
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our system, as shown in Table II, that divalent cations are not 
required for thymidylate synthetase activity, although a Mg++ 
requirement in the E. coli enzyme has always been noted (3, 14, 
15). Even the addition of EDTA to the ammonium sulfate. 
fractionated enzyme produced no alteration in enzyme activity, 
Hence, in the later experiments, TPNH and magnesium were 
not employed. A study of the pH optimum of thymidylate 
synthetase was carried out (Fig. 2), and the maximum was 
found at about pH 6.5. This is in contrast to the results re. 
ported with calf thymus by Phear and Greenberg (9) in which a 
pH optimum at about 7.5 was found. However, these authors 
used deoxyuridine, rather than the corresponding nucleotide, as 
the substrate and, hence, their system measured deoxyuridine 
kinase as well as thymidylate synthetase, which may account 
for the difference in these two studies. 

A study of the deoxyuridylate requirement for this reaction 
was carried out at a constant level of enzyme. As shown in Fig, 
3 in 15- and 30-minute incubations there is an approximately 
linear increase in conversion to dTMP between 10-‘ and 10-* y 
dUMP. Because we wished to study the inhibition of this 
reaction, and because the accuracy of our paper strip-scanning 
method was greatest at about 50% conversion of dUMP to 


TABLE II 
Effects of divalent cations on thymidylate synthetase 

One ml of incubation medium contained 20 mamoles of dUMP*, 
and the usual amounts of TPNH, formaldehyde, tetrahydrofolic 
acid, and phosphate buffer, pH 6.7. The enzyme solution was 
prepared from the 0.3 to 0.5 saturated ammonium sulfate pre- 
cipitate from the 105,000 X g supernatant fraction of Ehrlich 
ascites cells. 


Conditions Specific activity 
mumoles thymine/mg 
protein/30 min 

1.0 wmole of MgS Wii... 7.6 
1.0 wmole of MnSQ,......................... 7.4 
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Fic. 2. Thymidylate synthetase pH activity curve. The usual 
amounts of cofactors, 22 mumoles of d-UMP*. The enzyme vas 
prepared from the 0.3 to 0.5 saturated ammonium sulfate preeipi- 
tate from the 105,000 X g supernatant fraction from Ehrlich as- 
cites tumor cells. The buffers were all 0.15 m phosphate. 


* 
—. 


ze 


2 SBE 8 22 


I 
dy 
fo 
h 
Enzyme solution Po 
PPP. | 
a- 
5- 
5- 
— 


eipi- 
h as- 


November 1961 


x S MINUTES 


THYMINE/ 40 Mg. PROTEIN 


~ 


05 104 103 


Fic. 3. Requirements of deoxyuridylate (dUMP) for thymi- 
dylate synthetase activity. The usual cofactors were added, 
formaldehyde-C'* was used, carrier thymidine was added to the 
hydrolysis mixture. 
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by Dr. Robert Duschinsky of Hoffmann-La Roche, Inc., and a 
sample of this was studied for its ability to inhibit thymidylate 
synthetase. As shown in Table III, this compound was a very 
weak inhibitor of thymidylate synthetase. This inhibition could 
be accounted for by the presence of 1% of the 8-isomer as an im- 
purity in the sample; hence, it is concluded that a-F-dUMP is 
inactive in this system. 5-Fluoro-2’-deoxycytidine-5’- 
phate (F-dCMP) was also made available by Dr. Duschinsky. 
At high concentrations, F-dCMP does inhibit thymidylate syn- 
thetase, but is considerably less effective than is F-dUMP at 
low concentrations. We believe that this inhibition is not pro- 
duced by F-dCMP per se, but rather results from its deamination 
to F-dUMP in the crude 8, preparation used. The rapid deami- 
nation of 5-fluoro-2’-deoxycitidine to 5-fluoro-2’-deoxyuridine 
by Ehrlich ascites tumor cells has been demonstrated.“ This 
belief is reinforced by the increase of inhibition between 15 and 
30 minutes, which is a larger increment than one would expect 
for a single enzyme with a linear time-curve. 

The effects of various nucleosides on the inhibition of thymi- 


Taste III 


Inhibition of thymidylate synthetase in absence of ATP 
Incubation for 30 minutes at 37° in 1.0 ml volume containing dUMP*, 1 umole tetrahydrofolic acid, 1 wmole formaldehyde, 2.5mg 


portein in phosphate buffer at pH 6.7. 


Percent Inhibition 
Compound 
Concentration 101 10˙ u 2 N 1% 8 x 10% 

2.5 X 10 0 
5-Fuoro-2-deoxyuridi ne 2.5 X 10 13 15 
phosphate 2.5 X 10-5 5 
Thymidine-5’-monophosphate............... 2.5 X 10 0 

„„ 2.5 X 10 84 67 40 
a-5-Fluoro-2’-deoxyuridine-5’-monophos- 

phate (a -F-dUM P) j 4.5 X 10-5 u 14 12 4 0 
5-Fluoro-2’-deoxycytidine-5’-monophosphate 

4.5 X 100 100 19 0 
5-Fluoro-2’-deoxycytidine-5’-monophosphate 

(15 minute incubation).................... 100 100 4 0 


* We acknowledge the participation of Doctor George Birnie in these experiments. 


dT, the dUMP level in subsequent experiments was fixed 
at about 5 x 10-5 M (50 mymoles) and 30-minute incubations 
were carried out. 

The structural requirements for the inhibition of thymidylate 
synthetase by various fluorinated pyrimidines, in the absence of 
ATP, was next studied. It is clear from Table III that 5-fluoro- 
uracil and its nucleosides, 5-fluorouridine and 5-fluoro-2’-deoxy- 
uridine, do not significantly inhibit thymidylate synthetase in 
the absence of ATP, even at the high concentration of 10-* M. 
Moreover, 5-fluorouridine-5’-monophosphate does not inhibit 
this reaction at 10-? u. On the other hand, 5-fluoro-2’-deoxy- 
uridine-5’-monophosphate (19) is a powerful inhibitor of thy- 
midylate synthetase, even at 10-* m. The product of the reac- 
tion, thymidylic acid, does inhibit the enzyme even at 10-* M. 

As a by-product from the synthesis of 5-fluoro-2’-deoxyuridine 
by Hoffer et al. (20), the a-isomer became available. This com- 
pound was converted into the corresponding 5’-monophosphate 


dylate synthetase in the presence of ATP are shown in Table 
IV. The fact that 5-fluoro-2’-deoxyuridine inhibits the reac- 
tion even at a very low level shows that the kinase for the phos- 
phorylation of the nucleoside is present in the S; enzyme mixture. 
It will be seen that 5-fluorouridine on the other hand, even after 
prior incubation, inhibits thymidylate synthetase at only a very 
high level. The same is true for g;ᷓ- D- arabinosyl- ö - fluorouracil. 
Cohen (21) has reported that the 5 - phosphate of this compound 
had rde the activity of F-dUMP as an inhibitor of the thy- 
midylate synthetase of E. coli. 

In an attempt to study the specificity of the enzyme with 
respect to halogenation of the 5-position, 5-chloro-2’-deoxyuri- 
dine, 5-bromo-2’-deoxyuridine, and 5-iodo-2’-deoxyuridine were 
tested in the same system. 5-Chloro-2’-deoxyuridine inhibits 
this reaction to a slight extent at high levels to a somewhat 
greater degree than does 5-bromo-2’-deoxyuridine. On the other 


Charles Heidelberger, unpublished observations. 
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TABLE IV 
Inhibition of thymidylate synthetase by nucleosides 
in presence of ATP 


Reaction (1.0 ml) incubated 30 minutes at 37°, contained 2 
pmoles ATP, 0.1 wymole MgSO,, 0.1 wymole TPNH, 40 mamoles of 


dUMP-H?, 1 umole tetrahydrofolic acid, 1 umole formaldehyde, 
3.8 mg of protein, and phosphate buffer, 0.15 m, pH 6.7. 
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Nucleoside — 
tim? E E EE 
None 00 0; 0 0 
5-Fluorouracil.................... + 0 0 
5-Fluoro-2’-deoxyuridine.......... — 88 71 42 
5-Fluoro-2’-deoxyuridine.......... + 95 
5-Fluorouridine................... + | 42 0 
8-p-Arabinosy]-5-fluorouracilf..... + 37 21 0 
5-Chloro-2’-deoxyuridine......... — 39 29 6 0 
5-Bromo-2’-deoxyuridine.......... — | 24/11] 0 
— 01 0 


* Prior incubation: Nucleoside, S;, ATP, MgSO,, and buffer 
incubated 10 minutes at 37°. Then the dUMP, formaldehyde, 
and tetrahydrofolic acid were added, and the incubation contin- 
ued for 30 minutes. 

t Kindly provided by Doctor J. J. Fox of the Sloan-Kettering 
Institute. 
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Fic. 4. Lineweaver-Burk plot of thymidylate synthetase and 
inhibition by F-dUMP from susceptible Ehrlich ascites tumor 
cells. 


hand, 5-iodo-2’-deoxyuridine does not inhibit thymidylate syn- 
thetase. It is recognized that in the S: fraction used in these 
experiments as the enzyme source, the kinases converting the 
nucleosides into the nucleotides may be present in unequal 
amounts. Thus, no great precision can be inferred to these 
results as specific assays for inhibition of thymidylate synthe- 
tase. Nevertheless, as was expected, the fluoropyrimidine nu- 
cleosides were found to be the most powerful inhibitors of thy- 
midylate synthetase under these experimental conditions. 
Nature of Inhibition of Thymidylate Synthetase by F-dUMP 
—Cohen et al. (3) have stated that F-dUMP is an irreversible in- 
hibitor of the thymidylate synthetase of phage-infected E. coli. 
We have investigated the kinetics of thymidylate synthetase 
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measured in the 105,000 x g supernatant fraction from Ehrlich 
ascites tumor cells, together with the kinetics of the inhibition 
by F-dUMP. The Lineweaver-Burk (22) plots of these reac. 
tions in the enzyme system obtained from the fluoropyrimidine 
susceptible ascites tumor are shown in Fig. 4. The Michaelis 
constant of this enzyme for dUMP is 3.7 X 10-5 M. As shown 
in the figure, the lines obtained at various levels of F-dUMP as 
inhibitor all intersect at approximately the same point. This 
demonstrates that the inhibition is competitive. The deter- 
mination of the inhibitor constant is also shown in Fig. 4, and 
the K. equals 2.2 x 10-* u for F-dUMP. Thus, the ratio 
K.: K. equals 1.7 X 105, indicating that F-dUMP is a very 
potent competitive inhibitor of (UMP for thymidylate synthe- 
tase, such that one molecule of F-4UMP would compete with 
1700 molecules of d UM for the active site of the enzyme. With 
thymidylate synthetase obtained from the fluoropyrimidine- 
resistant Ehrlich ascites tumor, very similar results were ob- 
tained, as shown in Fig. 5. The Michaelis constant, the inhibitor 
constant, and the ratio of the two are not significantly differ- 
ent from those found with the susceptible tumor. Hence, there 
is no major difference between the thymidylate synthetases of 
the two lines of the tumor. Comparable results were obtained 
when the enzyme system was incubated with F-dUMP before 
the addition of d UMP. 

In a paper by Ackermann and Potter (23), it was pointed out 
that an irreversible or pseudo- irreversible“ inhibitor can titrate 
the enzyme. This can be studied by measuring enzyme activ- 
ity and inhibition at various quantities of enzyme. The experi- 
ment shown in Fig. 6 indicates that F-dUMP does not titrate 
the enzyme, and hence constitutes further evidence that the 
nature of the inhibition is competitive. Again, prior incubation 
of the enzyme with F-dUMP in the absence of dUM did not 
alter the kinetics of the inhibition. 

Specific Activity of Thymidylate Synthetase in Other Tissues— 
The measurements of these specific activities, at specified levels 
of dUMP, are given in Table V. The relatively high specific 
activity was obtained in the S, fractions from Ehrlich ascites 
cells, which was raised in the fraction of 0.3 to 0.5 saturation 
with ammonium sulfate. On the other hand, the level of thy- 
midylate synthetase in normal rat liver was barely measurable. 
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Fic. 5. Lineweaver-Burk plot of thymidylate synthetase and 
inhibition by F-dUMP from resistant Ehrlich ascites tumor cells. 
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However, the enzyme activity was increased 10-fold in regener- 
ating rat liver, and a further increase was observed if the rats 
were fasted before and 24 hours after the operation. An eleva- 
tion in the activity of thymidylate synthetase in regenerating 
rat liver has also been reported by Maley and Maley (12). The 
specific activity of thymidylate synthetase in rat hepatoma 5123 
is about the same as that of regenerating liver and considerably 
higher than that of normal rat liver. The specifie activity of the 
enzyme was also measured in a lymph node from a patient with 
Hodgkins disease, and was found to be of a similar order of 
magnitude as that from regenerating liver and considerably less 
than that found in Ehrlich ascites tumor cells. The Michaelis 
constant in this human tumor was approximately 10-° M for 
dUMP, and the enzyme was completely inhibited by 2 x 10-* 
u F-dUMP. 


DISCUSSION 


We believe that the new assay for thymidylate synthetase de- 
scribed here combines a number of advantages of speed, accu- 
racy, and reproducibility. Previous methods involving formal- 
dehyde- Cie gave many radioactive products. The determination 
of nonvolatile radioactivity was clearly unsatisfactory and 
very extensive purification by ion exchange chromatography 
followed by paper chromatography made the procedure cumber- 
some. The labeled substrate, deoxyuridylate (d UMP) can be 
conveniently prepared from tritium-labeled deoxycytidylate, 
which is available commercially with high specific activity. 
After hydrolysis of the acid-soluble fraction only two radioac- 
tive compounds are obtained, uracil and thymine, which can 
readily be separated by paper chromatography and automati- 
cally quantitated in the strip-scanner. With the use of this 
assay procedure, replicate samples gave excellent reproducibility. 
The new spectrophotometric assay (15) will probably not work 
with the low specific activities encountered in mammalian tis- 
sues.‘ 

The properties of thymidylate synthetase measured in 105,000 
X g supernatant fractions from Ehrlich ascites tumor cells have 
been studied. The cofactor requirements are the same as those 
described many times previously, except that in the presence of 
adequate amounts of tetrahydrofolic acid no requirement for 
TPNH or divalent cations could be demonstrated. The pH 
optimum of 6.5 was somewhat more acid than that previously 
reported (9). Earlier studies by Cohen et al. (3, 4) demon- 
strated that F-dUMP specifically inhibited thymidylate synthe- 
tase from phage-infected E. coli. We have now extended this 
observation to several mammalian tissues. In this system 
neither 5-fluorouracil nor its nucleosides produced an inhibition 
of thymidylate synthetase in the absence of ATP (Table ITI). 
Under these conditions the enzyme is inhibited specifically by 
F-dUMP, whereas the a-isomer is ineffective. 

On the other hand, in this S, system the kinases for the phos- 
phorylation of nucleosides are active, so that in the presence of 
ATP 5-fluoro-2’-deoxyuridine is rapidly converted into F-dUMP, 
and hence, produces as strong an inhibition of thymidylate syn- 
thetase as F-dUMP does in the absence of ATP (Table IV). 
5-Fluorouridine was considerably less effective. However, un- 
der these conditions 5-fluorouracil produced no inhibition, even 
at 10-* M, which is in sharp contrast to a report by Greenberg 
et al. (24), who stated that 5-fluorouracil inhibited thymidylate 


‘Dr. M. Friedkin, unpublished observations. 
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Fic. 6. Ackermann-Potter plot of thymidylate synthetase and 


inhibition by F-dUMP against amount of tissue. 
V 
Specific activities of thymidylate synthetases 
Complete inhibition by 2 X 10-* m F-dUMP. 
Source of enzyme dUMP®* | Specific activity 
mymoles 

Ehrlich ascites cells, 8. 45 8.9 
Ehrlich ascites cells, 888. 85 10.6 
Ehrlich ascites cells, . 170 13.1 
Ehrlich ascites cells, 0. 3-0. 4 satura- 

tion with ammonium sulfate........ 45 12.1 
Normal rat liver 8 0.024 
Regenerating rat liver, 24 hours, fed 

c 8 0.23 
Regenerating rat liver, 36 hours after 

operation, fasted 48 hours before 

and 24 hours after operation........ 8 0.36 
Regenerating rat liver, 48 hours after 

operation, fasted 48 hours before 

and 24 hours after operation........ 8 0.56 
Rat hepatoma 5123................... 8 0.84 
Human Hodgkins lymph node........ 1.6 0.13 
Human Hodgkins lymph node........ 3.2 0.27 
QA 8.0 0.44 


synthetase activity in a partially purified preparation from calf 
thymus. 

An investigation of other nucleosides was then carried out in 
the ATP-containing system. The effect of 8-p-arabinosyl-5- 
fluorouracil on thymidylate synthetase was of great interest 
because of the report by Pizer and Cohen (11), who showed that 
uracil auxotrophs of E. coli can have their uracil requirements 
replaced by 8-p-arabinosyluracil. The utilization of this com- 
pound suggested the possibility that the corresponding fluoro 
compound might have an affinity for thymidylate synthetase, 
and hence, might inhibit this enzyme and Cohen (21) showed 
that this was indeed so with an E. coli enzyme. The results of 
our experiment also show that §8-p-arabinosy]-5-fluorouracil in 
the presence of ATP is a very weak inhibitor of thymidylate 
synthetase, and hence, one would predict that the compound 
might have limited chemotherapeutic usefulness. However, the 
possibility remains that in this case the kinase required for the 
phosphorylation of this compound might have a lower activity 
than that of the deoxyribonucleoside kinase, although this possi- 
bility would seem to be remote. It is also of some interest that 
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5-chloro-2’-deoxyuridine and 5-bromo-2’-deoxyuridine show 
small but significant activities at inhibiting thymidylate synthe- 
tase in the presence of ATP. Nevertheless, the 5-fluoropyrimi- 
dines are more powerful inhibitors of thymidylate synthetase by 
several orders of magnitude. The availability of the a-isomer 
of F-dUMP enabled a study of the stereospecificity of thymi- 
dylate synthetase. A very slight inhibition of thymidylate syn- 
thetase was produced by a-F-dUMP, which we believe is caused 
by the presence of about 1% of the g- isomer in the sample. 
Thus, thymidylate synthetase has specific stereochemical re- 
quirements, which is in line with the general biological inactivity 
of a-5-fluoro-2’-deoxyuridine. 

Although 5-fluoro-2’-deoxycytidine-5’-monophosphate (F- 
dCMP) is an effective inhibitor of thymidylate synthetase, it 
is considerably less so than F-dUMP. We believe, therefore, 
that this inhibition is not produced by F-dCMP itself, but rather 
results from its deamination to F-dUMP in the crude 8; enzyme 
fractions. 

We had anticipated, based upon the prolonged duration of the 
inhibition of thymidylate synthetase after 5-fluorouracil admin- 
istration in vivo (5), and the statements by Cohen et al. (3) that 
the inhibition of thymidylate synthetase by F-dUMP would be 
irreversible. Werkheiser (25, 26) has demonstrated very clearly 
that amethopterin acts as a “pseudo-irreversible” (23) inhibitor 
of dihydrofolic reductase. This work has been further extended 
by Zakrzewski and Nichol (27), who have demonstrated that a 
single enzyme catalyzes the reduction of folic acid to dihydro- 
folic acid and also of dihydrofolic acid to tetrahydrofolic acid. 
This enzyme is “titrated” by amethopterin. However, deter- 
mination of the kinetics of the inhibition of thymidylate syn- 
thetase by F-dUMP showed that the inhibition is competitive. 
This was demonstrated by obtaining Lineweaver-Burk plots 
(22) as well as Ackermann-Potter plots (24). However, the 
K.: K. ratio shows that the F-dUMP is indeed a very success- 
ful competitive inhibitor of this enzyme. 

e have extended our studies of thymidylate synthetase to 
certain other tissues. In confirmation of Maley and Maley (12) 
we have shown that the activity of thymidylate synthetase is 
increased in regenerating liver as compared to normal liver. In 
the Morris 5123 hepatoma the activity of thymidylate synthe- 
tase is considerably higher than that of normal liver and is com- 
parable to that of regenerating liver. In view of the increased 
desirability of studying the biochemistry of human tumors (25), 
the enzyme activity was measured in a lymph node from a pa- 
tient with Hodgkins disease. The activity was found to be con- 
siderably lower than that in the much more rapidly dividing 
Ehrlich ascites tumor cells. It is possible that a quantitative 
determination of thymidylate synthetase in human tumors 
might provide an enzymatic baseline to which other enzymatic 
activities might be referred, and which might be proportional to 
the growth rate of the tumor. 

Previous work from this laboratory (5, 6) on the biochemistry 
of a line of the Ehrlich ascites tumor that was made resistant to 
the fluoropyrimidines, indicated that thymidylate synthetase 
obtained from the susceptible tumor was inhibited by F-dUMP 
to an extent 10,000-fold greater than was the enzyme obtained 
from the resistant tumor. This experiment was repeated several 
times and gave consistent results. At the same time certain 
other minor biochemical differences were found between the 
two tumors; this was interpreted as indicating that a minor com- 
ponent of the heterogeneous cell population might be resistant 
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to fluoropyrimidines by another mechanism. Reichard et al. 
(29) had shown that other fluorouracil-resistant lines of ascites 
tumors lacked the ability to convert fluorouracil into the corre. 
sponding ribonucleotide, and Brockman (30) has demonstrated 
the same mechanism of resistance in bacterial cells. After the 
experiments described by Heidelberger et al. (6) had been com- 
pleted, there was a hiatus of 6 months, during which time the 
new assay for thymidylate synthetase was set up and the opti- 
mal conditions established, before work on the resistant line of 
the Ehrlich ascites tumor was resumed. At this time no signifi- 
cant difference was found in the kinetics of the inhibition of thy- 
midylate synthetase by F-dUMP in these two tumor cell lines 
when the assay was carried out either by the previous (6) or the 
current methods. We do not interpret this finding as indicating 
that the altered enzyme previously found in the resistant cells 
had returned to normal, but rather that the population of tumor 
cells had changed in proportions such that the majority of the 
tumor cells in the resistant population were now resistant by a 
different mechanism. We have no information on the biochemi- 
cal nature of the resistance in the present cell population. How. 
ever, this finding does illustrate the well known fickleness and 
variability of populations of tumor cells maintained in mice. 


SUMMARY 


A new rapid, convenient, and accurate assay has been de- 
veloped for thymidylate synthetase. This assay involves the 
use of tritium-labeled deoxyuridylate (€(UMP), and an auto- 
matic integrating paper strip-scanner. The assay can be run 
on the millimicromole scale; in the presence of adequate amounts 
of tetrahydrofolic acid, triphosphopyridine nucleotide in its 
reduced form and divalent cations are not required, and the pH 
maximum is at 6.7. The enzyme assay has been carried out 
primarily in 105,000 x g supernatant fractions from sonically 
disrupted Ehrlich ascites tumor cells. A slight increase in 
specific activity has been achieved with ammonium sulfate pre- 
cipitation, but further purification of the enzyme has not been 
attempted. The enzyme activity is unstable and fresh prepa- 
rations must be used for assays. 

Thymidylate synthetase is inhibited very specifically and 
powerfully by 5-fluoro-2’-deoxyuridine-5’-monophosphate (F- 
dUMP). It is not appreciably inhibited by 5-fluorouridine-5’- 
monophosphate, nor by thymidylate, the product of the reac- 
tion. In the absence of adenosine triphosphate, thymidylate 
synthetase is not appreciably inhibited by 5-fluorouracil, 5-fluo- 
rouridine, or 5-fluoro-2’-deoxyuridine. However, 5-fluoro-2-de- 
oxyuridine in the presence of ATP is a powerful inhibitor of this 
enzyme, because of the presence of kinases in the crude enzyme 
preparation. Under these conditions 5-fluorouridine, -p- 
arabinosy]-5-fluorouracil, 5-chloro-2’-deoxyuridine, and 5-bromo- 
2’-deoxyuridine, are very weak inhibitors of thymidylate synthe- 
tase. 5-Iodo-2’-deoxyuridine does not inhibit this enzyme in 
the presence of ATP. The a-isomer of F-dUMP does not inhibit 
this reaction. 5-Fluoro-2’-deoxycytidine-5’-monophosphate ap- 
pears to be a good inhibitor of thymidylate synthetase, but less 
powerful than F-dCMP. However, this inhibition most likely 
results from the deamination of F-dCMP to F-dUMP. 

Lineweaver-Burk and Ackermann-Potter plots of the kinetics 
of the inhibition of thymidylate synthetase from Ehrlich ascites 
tumors show that the inhibition by F-dUMP is competitive. 
The Michaelis constant for dUMP is 3.7 x 10-* M and the in- 
hibitor constant for F-dUMP is 2.2 x 10-* mu. The ratio is 
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1.7 Xx 10°. There is no significant difference in the kinetics of 
inhibition between the susceptible and resistant Ehrlich ascites 
tumor lines currently in this laboratory. 

The specific activity of thymidylate synthetase in normal rat 
liver is barely detectable, but is increased more than 10-fold in 
regenerating liver. The specific activity of the enzyme in the 
Morris 5123 hepatoma is similar to that of regenerating liver, 
as is the specific activity of thymidylate synthetase measured 
in a lymph node from a patient with Hodgkins disease. 


Acknowledgment—The authors gratefully acknowledge several 
stimulating discussions with Professor Van R. Potter. 


Note Added in Proof After this paper was accepted for pub- 
lication, a report by Greenberg et al. (31) appeared, describing 
the partial purification of thymidylate synthetase from calf 
thymus. 
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Cunningham et al. (1-4) described an enzyme in the culture 
medium of Micrococcus pyogenes that catalyzes the degradation 
of deoxyribonucleic acid, yielding, among other products, the 
3’-monodeoxynucleotides. The enzyme was shown to be 
activated by calcium and stable to heat treatment. Subse- 
quently, Smith! and Reddi (5-7) showed that the enzyme will 
degrade ribonucleic acid as well as deoxyribonucleic acid. 
Recently, Privat de Garilhe et al. (8, 9) reported extensive 
purification of the enzyme in the course of which the ratio of 
deoxyribonuclease to ribonuclease activity varied 10-fold. On 
the basis of this, they have suggested that these activities are 
caused by separate enzymes. 

The micrococcal nuclease has proven useful as a means of 
studying base sequences as well as the structure of deoxy- 
ribonucleic acid. The combined action of this enzyme and 
splenic phosphodiesterase has yielded the 3’-mononucleotides 
from deoxyribonucleic acid (10). When deoxyribonucleic acid 
is prepared with a given deoxynucleoside triphosphate labeled 
in the a-phosphate group, hydrolysis by these two enzymes 
results in transfer of label to the adjacent nucleoside residue. 
This method has been used in determining nearest neighbor 
sequences in deoxyribonucleic acid and has led to the proof of the 
mechanism of deoxyribonucleic acid replication (11). 

The present communication is concerned with the purification 
and further characterization of the micrococcal nuclease. A 
study of the specificity of the enzyme suggests that it is markedly 
inhibited by oligonucleotides with 5’-phosphate end groups. 


EXPERIMENTAL PROCEDURE. 


Materials—Calf thymus DNA was prepared as described by 
Kay et al. (12). Soluble-RNA“ was prepared from calf thymus 
glands according to Hurwitz and Bresler (13). The following 
compounds were obtained commercially: cytidine-2’ ,3’-phos- 
phate, AMP, CMP, UMP, GMP, 3’-AMP, and mixtures of the 
2’- and 3’-phosphates of uridine and cytidine. DEAE-cellulose 
(14) was washed with 0.1 m NaCl and then with distilled water 
until chloride-free. Snake venom (Crotalus adamenteus) was 
obtained from the Ross Allen’s Reptile Institute, Silver Springs, 
Florida. Crystalline pancreatic ribonuclease was purchased 
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from the Worthington Biochemical Corporation. Poly 4? 
poly C, and poly U were prepared with polynucleotide phos. 
phorylase purified from Azotobacter agilis (15). Digestion of 
poly A with a nuclease“ purified from pork liver was used to 
prepare oligonucleotides of the series pApA, pApApA, ete. 
Separation of these oligonucleotides was accomplished by DEAE. 
cellulose column chromatography (16). Compounds of the 
series ApAp, Ap App, ete., were formed by incubation of poly A 
with the purified micrococcal nuclease described herein. They 
were separated by paper chromatography in Solvent 1 (see 
below) followed by treatment with Norit A to remove phosphate 
and other inorganic ions. Compounds of the series ApA, Ap- 
ApA, ete., were formed from the corresponding oligonucleotides 
bearing a 5’-terminal phosphate by hydrolysis with an alkaline 
phosphomonoesterase purified from Escherichia coli (17, 18) 
and were isolated by paper chromatography in Solvent 1. 

Chromatography—Descending chromatography on Whatman 
No. 1 or No. 3MM paper was carried out with the following 
solvent systems: Solvent 1, n-propanol-concentrated NH,OH- 
water (55:10:35, by volume); Solvent 2, saturated ammonium 
sulfate-isopropanol-1 M sodium acetate (80:2:18, by volume) 
(19). Paper electrophoresis of nucleotides was performed ac- 
cording to Markham and Smith (20) on strips (56 X 9 em) of 
Whatman No. 3MM paper saturated with 0.05 m ammonium 
formate-formic acid buffer, pH 3.6. Purine- and pyrimidine- 
containing compounds were located on paper with a Mineralight 
lamp. For quantitative estimation, the compounds were 
eluted from paper with 0.01 xv HCl and estimated spectrophoto- 
metrically with appropriate paper blanks. When further treat- 
ment of the materials was contemplated, elution was carried out 
with water. Optical density was measured at 257 my. To 
convert data obtained in this manner into molar fractions of the 
various oligonucleotides, it is necessary to know their molar 
extinction coefficients. Such measurements are being made in 
connection with a general survey of the hyperchromic effect as 
observed with different classes of oligonucleotides. These 
results will be published separately. 

Characterization of Oligonucleotides and Mononucleotides— 
Substrates and reaction products were characterized by methods 
developed by Markham and Smith (21), Volkin and Cohn (22), 


? The abbreviations used are: poly A, poly C, and poly U, poly- 


mers of adenylic, eytidylie, and uridylic acids, respectively, 


with polynucleotide phosphorylase (15). 

M. N. Lipsett, L. A. Heppel, and W. E. Razzell, unpublished 
procedure. This enzyme hydrolyzes poly A, poly U, and poly C. 
The products have been shown to be oligonucleotides bearing 4 
5’-phosphomonoesterase end group. 


3014 


November 1961 


and others (23-25). A detailed description of the identification 
of some of these compounds is given elsewhere (6, 26) but, as an 
example, the dinucleoside triphosphate, pApAp, was obtained 
among the hydrolysis products resulting from incubation of 
pA(pA)spA with micrococcal nuclease. It migrated on paper 
chromatography in several solvent systems and on paper elec- 
trophoresis in exactly the same manner as a reference compound 
made by treating pApApA with periodate, followed by incuba- 
tion at pH 10.3, with glycine (24, 25); this treatment results in 
the formation of pApAp. Alkaline hydrolysis of pApAp formed 
by the micrococcal enzyme yielded equal amounts of adenosine- 
3,5 (and 2’,5’-)diphosphate and 3’-AMP. The terminal, or 
phosphomonoester, end groups were removed with an alkaline 
phosphomonoesterase from E. coli (18). The enzyme was ob- 
tained from Drs. A. Garen and C. Levinthal and had a specific 
activity of 1200 moles of AMP cleaved per hour at 37° per mg 
of protein. For estimation of terminal phosphate, a reaction 
mixture (0.1 ml) containing 100 mu Tris buffer (pH 8.2), 1 mm 
oligonucleotide, and 4 ug of phosphatase was incubated at 37°. 
pi was determined on an aliquot after 60 and 90 minutes. The 
ratio of total phosphate to terminal phosphate was 3.0:2.1. 
The product of phosphomonoesterase treatment was ApA, identi- 
fied by its chromatographic properties and by degradation with 
alkali and with snake venom phosphodiesterase. Identification 
of pApApAp was achieved in the same way. 

Polynucleotides of chain length greater than 6 were only 
tentatively identified. Such compounds were separated after 
partial digestion of poly A by the micrococcal enzyme. They 
seemed to be members of a homologous series, showing a pro- 
gressive decrease in Ry with increasing chain length. All of them 
were susceptible to the E. coli phosphomonoesterase, being con- 
verted to a new series of compounds with greater R, in Solvent 
I, as expected. Quantitative measurement of Pi thus released 
gave a measure of chain length. Descending chromatography 
on Whatman No. 1 paper for 95 hours accomplished resolution 
of the series ApA, ApApA, etc, up to the compounds with 11 
nucleoside residues, Ap(Ap) eA. 

Assay of Enzymic Activity—The nuclease activity was routinely 
measured by incubating the following materials: thymus DNA, 
300 wg; Ca 2 umoles; glycine buffer, pH 8.6, 20 umoles; and 
varying amounts of enzyme in a final volume of 0.2 ml. This 
mixture was incubated at 37° for 20 minutes after which time 
0.5 ml of 7% perchloric acid was added. The solutions were 
then diluted to 3 ml with water, and the acid-insoluble nucleic 
acid was sedimented by centrifugation for 5 minutes at ap- 
proximately 10,000 x gat 2°. The extent of hydrolysis of RNA 
as well as DNA was determined by measuring the absorption of 
the acid-soluble nucleotides spectrophotometrically at 260 my. 
In experiments in which low concentrations of DNA or RNA were 
present, carrier nucleic acid was added immediately before the 
addition of the 7% perchloric acid. 

Controls were run in each experiment by addition of the en- 
zyme after the addition of perchloric acid. An optical density 
of 10 at 260 mu was assumed to be equivalent to 1 mu acid- 
soluble nucleotide. With this assay, 0.015, 0.03, 0.06, and 0.12 
ug of protein (final ammonium sulfate fraction) yielded 0.08, 
0.15, 0.33, and 0.64 umole of acid-soluble nucleotides in 20 
minutes. 
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A number of strains of M. pyogenes normally used in the 
Medical Microbiology Course at New York University were 
examined for their ability to produce the nuclease. All strains 
classified as M. pyogenes var. aureus, as judged by production of 
golden pigment, coagulase, and by growth and acid production 
on mannitol salt agar were active. There was no difference in 
the level between bacterial strains isolated from animals or those 
maintained on slants. The latter organisms were grown in 
Difco heart infusion broth supplemented with 0.5% yeast extract. 
Inoculation consisted of the addition of about 10° cells into 
1-liter flasks, each containing 250 ml of broth. The flasks were 
placed on a shaking apparatus with variable speed and incubated 
at 37° for 90 to 96 hours. Strong aeration was required for 
maximal enzyme activity. 

At the end of the incubation period, the culture flasks were 
placed in a 97-100° water bath for 20 minutes and cooled. The 
cells were sedimented by centrifugation for 30 minutes at 
10,000 X g and discarded. The nuclease activity was further 
purified by a modification of the procedure developed by Cun- 
ningham et al. (1). The supernatant solution was saturated with 
solid ammonium sulfate (76.7 g/100 ml) and stored at room 
temperature for 48 hours, after which time it was also centrifuged 
at 10,000 X g for 30 minutes. The precipitate was dissolved in 
water (0.05 volume of the initial culture broth). Subsequent 
operations were carried out at 2°. The preparation was diluted 
2-fold with distilled water and 0.05 volume of 3 trichloroacetic 
acid was added. The preparation was stirred at 2° for 15 minutes, 
after which time it was centrifuged for 15 minutes at approxi- 
mately 10,000 x 9. The precipitate was dissolved in 0.33 
volume of water and neutralized with 1 u NH,OH to pH 7. 
This solution was made 60% saturated with respect to am- 
monium sulfate (36.1 g/100 ml), and the precipitate was dis- 
carded. - The supernatant fluid was adjusted to 95% saturation 
with solid ammonium sulfate (23.9 g/100 ml) and the precipitate, 
collected by centrifugation, was dissolved in 5 ml of water. One 
milliliter of enzyme solution was diluted 2-fold with distilled 
water and passed through a DEAE-cellulose column, 1 x 5 
cm?. The column was then washed with water, and 2 ml frac- 
tions were collected. Most of the activity was found in the 
first 8 ml of water, with Fraction 3 having 60% of the total 
activity. The enzyme showed marked instability at this stage 
of purification and, therefore, the preparation was immediately 
saturated with solid ammonium sulfate (76.7 g/100 ml), allowed 
to stand in the cold for 15 minutes, centrifuged for 10 minutes at 
approximately 10,000 x g, and finally dissolved with 1 ml of 
water. 

A summary of the purification is given in Table I. The en- 
zyme has been purified 460-fold over the initial broth superna- 
tant. Dirksen and Dekker (27) reported that the enzyme acts 
more rapidly if DNA is partially degraded by heat, and this 
observation has been confirmed. The enzyme activity reported 
here was measured with heat-denatured DNA. 

Properties of Enzyme—The purified enzyme is completely 
dependent on calcium ions for activity. The requirement for 
calcium cannot be replaced by Mg** even at neutral pH.“ The 
pH optimum has been reported to be about 8.6 (1). However, 
with calf thymus DNA heated at 100° for 3 minutes, the pH 


This experiment was suggested by Dr. Joseph Shack. 
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TABLE I 
Purification of M. pyogenese nuclease 


The purification procedure was obtained with nine 1-liter 
flasks, each with 250 ml of infusion broth supplemented with 


0.5% yeast. 
Enzyme fraction Total | Activity [Protein Total units 
ml f mg/ml 
Broth supernatant | 
1,880 480 5.1 94.5 908,000 
Saturated ammo- | 
nium sulfate frac- 
100 5,260 8.6 612 526,000 
Trichloroacetic acid 
fraction........... 51 9,540 2.8 3,400 | 486,000 
Ammonium sulfate | | 
fraction, 60 to | | 
51 27,800 5.1 | 5,460 139,000 
DEAE-cellulose 
— (10) 6.390 63. 900) 
Ammonium sulfate | 
fraction (5) 9,630 0.22 43,800 (48,000) 


* Specific activity is expressed in units per mg of protein. Pro- 
tein was measured according to Sutherland et al. (28). 

t In practice, only 1 ml of this fraction at a time was carried 
through the last two steps, yielding 1 ml of the final ammonium 
sulfate preparation. The figures in parentheses have been cor- 
rected to indicate the volume and yield of enzyme activity that 
would have been obtained if the entire ammonium sulfate fraction 
had been used for the following procedures. 


optimum was found to be about 10.3. With this substrate, the 
fractions of this activity observed at other pH values were: 
pH 7, 0.15; pH 8.8, 0.6; pH 9.5, 0.7; pH 10.1, 0.9; pH 10.6, 0.98. 
The activity was determined with the usual assay and also by 
measurement of P; formed in the presence of excess alkaline 
phosphatase from E. coli (17, 18). The 60 to 95% ammonium 
sulfate fraction (Table I) is relatively heat-stable, for there is no 
destruction of enzyme activity after 10 minutes at 89°. How- 
ever, heating at 90° for 15 minutes destroys about 20% of the 
activity at pH 7.9 to 8.8 and 50% at pH 3.5 and 9.6. No 
protective effect of CaCl, against heat inactivation could be 
demonstrated, nor could any reversible inactivation be shown 
under the usual assay condition. 

Sedimentation of Nuclease in Sucrose Gradient—Results 
reported by other workers and properties encountered in purifica- 
tion of the enzyme (acid and heat stability) suggested a relatively 
low molecular weight. A sucrose gradient centrifugation 
performed with the swinging bucket rotor of a preparative 
centrifuge was used to investigate the sedimentation behavior 
of the micrococcal nuclease. The Martin and Ames (29) 
modification of the design of Britten and Roberts (30) was used 
to produce linear sucrose gradients. The gradient varied from 
20% (weight per volume) cold sucrose (0.58 u) in 0.01 M glycine 
buffer, pH 8.8, to 5% (weight per volume) cold sucrose (0.15 m) 
in 0.01 m glycine buffer. The gradient was stored in a cold room 
at 3° for 12 hours before use. 

A volume of 0.1 ml of the enzyme with a protein concentration 
of 0.5 mg per ml was layered on top of the sucrose solution. The 
total volume used in this experiment was 4.65 ml (4.55 ml of 
sucrose solution + 0.1 ml of enzyme sample). The tube was 
then placed in the SW-39 swinging bucket rotor and centrifuged 


400 


PMOLES ACID-SOLUBLE NUCLEOTIDE FORMED PER mi. ENZYME 
8 8 


31 32 3S 34 35 36 7 36 40 42 45 
TUBE NUMBER 


Fic. 1. Sucrose gradient centrifugation of micrococcal nu- 
clease. The conditions are as described in the text. 


in the Spinco model L. ultracentrifuge for 16 hours at 39,000 
r.p.m. 

With the system of fractionation described by Martin and 
Ames (29, 44 fractions of 0.1 ml each (7 drops per fraction) were 
collected. The nuclease content of each fraction was measured. 
Enzyme activity was located between Fractions 31 through 44 
with the peak of the activity associated with tube 38 (Fig. 1). 
No activity was found in Fractions 1 through30. By comparison 
of the sedimentation of the enzyme in the sucrose gradient with 
the sedimentation of standard proteins (catalase and lysozyme), 
a relative sedimentation coefficient was calculated. This value 
(820) for the micrococcal nuclease was 1.8, which corresponds to 
an approximate molecular weight of 12,000. This figure is 
very close to that found for pancreatic ribonuclease. 

Enzymatic Activity on RNA—A number of investigators have 
reported that the micrococcal nuclease is capable of cleaving 
RNA as well as DNA. These results have been confirmed and 
verified by procedures outlined below. The purified enzyme 
fractions catalyze a rapid hydrolysis of low molecular weight 
thymus RNA.“ To establish that this indeed came from the 
same nuclease activity, a comparative study of the enzymatic 
activity with DNA and RNA was made. For this purpose, 


enzyme fractions obtained during purification of the micrococcal 


nuclease were used (Table II). The ratio of enzymatic activity 
found with RNA and DNA varied by a factor of approximately 
4 over a 500-fold purification of the nuclease activity. Further- 


5 Whereas rapid hydrolysis of thymus RNA was observed, other 
RNA preparations were only slowly hydrolyzed. This included 
the soluble and ribosomal RNA of E. coli. 
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TABLE II 
Activity of enzyme fractions with DNA or RNA as substrate 
The assays were carried out as described in the text. 


Enzyme fraction DNA RNA DNA 
units/ml 
Broth supernatant fluid.......... 150 405 | 2.7 
Saturated ammonium sulfate frac- 
Trichloroacetic acid fraction.....| 3,450 8,520 2.48 
Ammonium sulfate fraction, 60 to 
22,500 20, 700 0.92 
Ammonium sulfate fraction 
r 3,300 5,940 2.8 


more, inactivation studies indicated that there was a quantitative 
correlation between DNase and RNase activity. Thus, after 
the first ammonium sulfate fraction was heated for 5 minutes at 
100°, 70 and 65% of activity with RNA and DNA as substrates 
were lost. After 30 minutes at 65°, 18 and 17% of the activity 
with DNA and RNA respectively, were lost. 

When P-labeled T2 DNA®* (one optical density unit as 
measured at 260 my) was used as substrate, formation of acid- 
soluble Px. labeled nucleotides was inhibited 85% by the addition 
of thymus RNA (10.4 optical density units at 260 my). The 
combination of RNA and DNA did not appreciably inhibit 
(less than 10%) the rate of RNA hydrolysis. Although these 
results are in accord with both activities being catalyzed by the 
same enzyme, recent experiments presented by Pochon and 
Privat de Garilhe (9) are interpreted by these workers to indicate 
that the RNase and DNase activities are catalyzed by separate 
enzymes. An answer to this question must await further 
purification of the enzyme. 

Cunningham et al. (1) have reported that the cleavage of 
DNA results in the formation of approximately 30% 3’-deoxy- 
mononucleotides. The digestion of DNA was carried out with 
our most highly purified enzyme fraction with the same results. 
Digests of DNA were chromatographed on Dowex 1-formate 
columns (31), and the corresponding 3’-mononucleotides were 
identified by their elution order as well as their optical density 
ratios at 250, 260, and 280 my. 

Experiments were also performed to determine the extent of 
hydrolysis of thymus RNA. After exhaustive hydrolysis with 
the nuclease and chromatography on Dowex 1-formate column, 
8% of the ultraviolet-absorbing material applied to the column 
was eluted with water. The mononucleotides were eluted in 
four discrete peaks which corresponded to 60% of the ultra- 
violet-absorbing material originally retained by the column. 
Further identification of the four nucleotides was made by paper 
chromatography (20% 0.1 M boric acid, 10% concentrated 
NH,OH, and 70% isopropanol) by electrophoresis and by 
treatment with 5’-nucleotidase. These results ruled out forma- 
tion of any 5’-mononucleotides. Formation of 2’-mononucleo- 
tides could have taken place only with the intermediate formation 
of 2’ ,3’-cyclic phosphate esters. In agreement with Reddi (6), 
we found that such compounds are not hydrolyzed by the enzyme. 
Therefore, they are considered to be 3’-nucleotides. 

Hydrolysis of Synthetic Ribonucleotide Polymers—The purified 
micrococcal nuclease hydrolyzes poly A, poly U, and poly C. 


This preparation was kindly supplied by Mrs. A. S. Skalka. 


Taste III 
Hydrolysis of poly A by micrococcus nuclease 

The incubation mixtures contained poly A equivalent to: 
adenine, 40 wmoles; glycine-NaOH buffer, pH 8.6, 100 moles; 
CaCl;, 20 umoles; and enzyme as indicated below, in a total vol- 
ume of 2.5 ml. The enzyme fraction corresponded to the 60 to 
95% ammonium sulfate fraction, had a specific activity of 18,000 
units per mg of protein and contained 50,000 units per ml. Incu- 
bation was at 37°. The reaction products were separated by 
descending paper chromatography (see ‘‘Experimental Proce- 
dure), followed by quantitative elution. The optical density of 
the eluates was measured at 257 ma, pH 7. Some of the eluates 
were also measured after dilution in 0.01 n HCl. 


Total optical density in form of: 
Amount of 
Ap(Ap)sAp) 

33333 
min mi % % | &% 5777 % 
360 0.01 29° 13 22 15 7 14 0 0 
360 0.03 37 14 23 13 7 10 0 0 
600 0.12 4 3 11 12 16 49 3 2 
600 0.24 2 1 5 8 126 353 3 2 


* Most of this material had a chain length larger than 11, as 
judged by failure to leave the origin during paper chromatography 
in Solvent 1, even after removal of terminal phosphate groups. 

t This material was treated with phosphomonoesterase (to in- 
crease Rp of nucleotide components), rechromatographed for 96 
hours in Solvent 1, and quantitatively eluted. Distribution of 
optical density was as follows (prefix refers to number of nucleo- 
side units in each compound): hexa-, 5%; hepta-, 11%; octa- 
14%; nona-, 38%; deca-, 21%; undeca-, 11%. 


As already reported by others (4, 5), hydrolysis of poly A yields 
at first large polynucleotide fragments which are subsequently 
reduced in size (Table III). The production of adenosine 
stems from traces of phosphomonoesterase activity present in 
the 60 to 95% ammonium sulfate fraction. This activity is 
largely removed by column chromatography on DEAE-cellulose 
and completely removed by heating for 30 minutes at 65°. 
Among the hydrolysis products of poly U and poly C, the follow- 
ing were identified: UpUp, UpUpUp, CpCp, and CpCpCp. 
Hydrolysis of Various Adenine-containing Oligonucleotides— 
The effect of end group structure on rate of hydrolysis was tested 
by use of a series of adenine-containing oligonucleotides as 
substrates in the following assay. After incubation for a rela- 
tively long time with an excess of the micrococcal enzyme, 
alkaline phosphomonoesterase was added to the reaction mixture 
and allowed to react for a brief interval. P. was then determined. 
In a control incubation, only the phosphomoncesterase was used. 
The data showed clearly that ApApAp was hydrolyzed at a 
rate comparable in order of magnitude to that observed with 
poly A, whereas pApApA was not cleaved to a perceptible extent. 
However, in the case of ApApAp, the rate of hydrolysis was 
poorly dependent on enzyme concentration and was not linear 
with respect to the length of incubation. Efforts to make pre- 
cise rate measurements were therefore abandoned, and a rough 
estimate of extent of reaction was obtained by quantitative 
examination of serial paper chromatograms. Fortunately, the 
differences between the classes of compounds were large. It can 
be seen from Table IV that oligonucleotides bearing a 5’-phos- 


phomonoester end group are very resistant to hydrolysis, although 
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TABLE IV 


Effect of phosphomonoester end group on rate of hydrolysis 
by micrococcal nuclease 

The incubation mixture contained: glycine buffer, pH 8.8, 4 
umoles; CaCl, 1 wmole; substrate (for which concentration is 
expressed below as compound itself, not as adenosine equivalent) ; 
and enzyme, in a volume of 0.1 ml. The enzyme fraction was 
from a DEAE-cellulose column, had a specific activity of 81,000 
units per mg of protein and contained 40,400 units per ml. Tem- 
perature, 37°. Aliquots were removed for chromatography in 
Solvent 1. Ultraviolet-absorbing densities corresponding to 
reaction products were cut out, quantitatively eluted, and the 
optical density measured at 257 my. The percentage of hy- 
drolysis is taken as total optical density units in the form of 
reaction products divided by optical density units initially present 
as substrate. This ignores the hyperchromic effect and gives 
only a rough estimate of extent of hydrolysis. More precise 
measurements were not warranted because of difficulties with 
enzyme kinetics (see text). Chain length is defined as the num- 
ber of nucleoside residues in a given compound. 


Fraction hydrolyzed 
Compound Chain length | Concentra: | Amount of 
* 2 hours 7 hours 
mM mi % 
pApA*........ 2 5.0 0.02 0 0 
pApA*........ 2 0.1 0.02 0 0 
pApApA*..... 3 1.0 0.02 0 0 
pApApA’*..... 3 0.3 0.02 0 0 
pApApApA*.. 4 1.0 0.02 0 2 
pA(pA);A*.... 5 1.0 0.02 0 2 
pA(pA).pA.... 6 1.0 0.02 3 10 
ApAp......... 2 2.0 0.02 0 0 
1115 2 0.2 0.02 0 Q 
ApApAp...... 3 1.0 0.01 50 100 
ApApApAp... 4 0.5 0.01 100 
Ap(Ap)-Ap: 5 1.0 0.01 100 
Ap(Ap)-Ap 5 0.3 0.01 100 
App 3 1.0 0.02 5 10 
ApApApA..... 4 0.5 0.02 8 20 


* These experiments were repeated with a 10-fold increase in 
the total volume of incubation; the mixtures were concentrated 
before chromatography. One can then detect as little as 2% 
hydrolysis, even when the ultraviolet densities are distributed 


among several products. 


a small amount of cleavage was observed for the penta- and 
hexanucleotides. Compounds lacking a terminal phosphate 
group are less resistant, but the best substrates are the oligo- 
nucleotides bearing a 3’-phosphomonoester end group. All of 
them except ApAp were completely degraded under the condi- 
tions of the experiment to form products of smaller size. 
Because of the resistance to hydrolysis of oligonucleotides 
with a terminal 5’-phosphate, incubations of these compounds 
were repeated exactly as indicated in Table IV, but at 60° in- 
stead of 37°. Now the tetranucleotide pA(pA):pA showed a 
5% removal after 4 hours, compared with 20% for the penta- 
nucleotide and 60% for the hexanucleotide. After 7 hours at 


60°, over 90% of the hexanucleotide was converted to nucleotides 
of smaller size. No detectable reaction was observed after 8 
hours at 60°, in the absence of enzyme. 

Hydrolysis of pA(pA),pA (hexanucleotide) at 60° was then 
studied in greater detail. After 3 hours, the major products were 
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pApApAp and ApApA, corresponding to a hydrolytic cleavage 
at the middle of the nucleotide chain. Small amounts of pApAp 
and ApA were also noted. A larger scale reaction was run for 
7 hours, and the products were separated by chromatography in 
Solvents 1 and 2, and by paper electrophoresis. After this time, 
pApApAp had largely disappeared, accounting for only 2% of 
the optical density (measured at 257 my) of the digestion mix- 
ture, compared with 35% for ApApA and 18% for pApdAp. 
Other products were pAp, ApA, 3’-AMP, and adenosine. The 
formation of pAp (7% of the total optical density) could have 
resulted only from cleavage of a mononucleotide unit near the 


5’-phosphomonoester end of the chain. 
DISCUSSION 


The micrococcal nuclease was shown by Smith, ! and later by 
Reddi (6), to hydrolyze poly A, poly C, and poly U, giving only 
mono- and dinucleotides terminating in 3’-phosphate as the 
final end product of hydrolysis. These results were accounted 
for by postulation of an initial endonuclease attack followed by 
exonuclease action on the oligonucleotides produced. The 
stepwise removal of nucleoside 3’-phosphate units was considered 
to terminate when the dinucleotide stage was reached. The 
data shown in Tables III and IV are consistent with this formula- 
tion. 

As pointed out above, the purified enzyme activity is inhib- 
ited when a 5’-phosphomonoester end group is present in an 
oligonucleotide. A ribonuclease from rye grass by contrast, 
hydrolyzed oligonucleotides terminated in 3’-phosphate and 5’- 
phosphate at roughly equivalent rates (32). Pancreatic ribo- 
nuclease is known to hydrolyze both UpUp and ppb, but 
measurements of comparative rates have not been made. The 
effect of end groups has been investigated for several phospho- 
diesterases. Thus, spleen phosphodiesterase resembles the 
microccocal nuclease in being inhibited by a terminal 5’-phos- 
phate (33). Similarly, venom phosphodiesterase shows strong 
inhibition by a terminal 3’-phosphate (2, 22). It should be 
possible to make use of the resistance to hydrolysis conferred 
by a 5’-phosphate end group in working with the micrococcal 
nuclease. For example, in early digests of soluble RNA, one 
might find a relatively resistant oligonucleotide fragment result- 
ing from a cleavage near the 5’-end group. 


SUMMARY 


An enzyme preparation that cleaves both deoxyribonucleic 
and ribonucleic acids has been purified about 500-fold from the 
growth media of Micrococcus pyogenes. The ratio of enzyme 
activity with deoxyribonucleic or ribonucleic acid as the sub- 
strate varies by 5-fold over the entire range of purification, and 
activity with each substrate is individually affected by heat 
inactivation. The sedimentation coefficient (899) estimated from 
centrifugation in a sucrose gradient is approximately 1.8 8. 
The mononucleotides produced from ribonucleic acid are 3“ 
phosphate esters. The enzyme does not cleave the 2’ ,3’-cyclic 
phosphate derivatives of the ribonucleosides. 

The nature of end group influences the rate of hydrolysis of the 
adenine-containing polynucleotides. Oligonucleotides bearing 8 

‘.phosphomonoester end group are relatively resistant to 
hydrolysis. Compounds lacking a terminal phosphate group 
are less resistant, whereas the best substrates are oligonucleotides 
with a 3’-phosphomonoester end group. 
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Microsomes, ribosomes, and ribonucleoprotein particles (1), in 
cellular extracts, remain in the supernatant solution after re- 
moval of mitochondria but sediment within 60 to 90 minutes 
when centrifuged at 105,000 x g. Ribonucleic acid found in the 
supernatant solution after removal of microsomes is described as 
soluble ribonucleic acid (2). Soluble ribonucleic acid reacts with 
or binds activated amino acids and has been called acceptor or 
transfer ribonucleic acid (2-4). 

Ultracentrifugal properties of materials in sediments obtained 
at 105,000 x g have been observéd to vary considerably depending 
on the tissue, solvent system employed, extent of fragmentation 
of the endoplasmic reticulum, and concentration of magnesium 
ions. Under appropriate conditions, a fraction made up of 
components with sedimentation coefficients in the range 20 S to 
120 S, with 80 S particles predominating, can usually be ob- 
tained (5-7). 

Much effort has been directed to the characterization of 
materials sedimenting at 105,000 x g, and chemical and physical 
properties of components in this fraction have been described 
(1, 5-8). Soluble ribonucleic acid, also, is considered to exist in a 
complex with protein (9). The physical status of soluble 
ribonucleic acid as it exists in cellular extracts, however, has 
received less attention (9, 10). 

In this report, we present evidence indicating that soluble 
ribonucleic acid exists in equilibrium with protein in the form of 
reversible, dissociable complexes. The degree of dissociation is a 
function of pH and ionic strength. At pH values less than 7 
and at low salt concentrations, soluble ribonucleic acid exists 
almost completely in a complex with protein. As the pH and 
ionic strength of the system are raised, equilibrium is shifted in 
the direction of dissociation. 

Dissociation of ribonucleic acid and protein in microsomal 
ribonucleoprotein particles has been reported by Tashiro and 
Inouye (8). Results consistent with the findings of Tashiro and 
Inouye (8) are included in this report. 


EXPERIMENTAL PROCEDURE 


Preparation of Fraction S5. IP (Thymus)—Freshly procured 
calf thymus from which fat and other extraneous elements had 
been carefully removed was stored at —25° until used.! After 
thawing, the tissue was passed through an onion press, mixed 
with 3 volumes of 0.003 m CaCl, per g of wet thymus and stirred 
for 10 minutes in a Waring Blendor at approximately 1000 r.p.m. 


Supported by grants from the Leukemia Society, Inc., and 
from the National Institutes of Health, United States Public 
Health Service grants C-4102, C-3806. 

1In the work reported here we have found no differences in 
extracts prepared from fresh or frozen tissue. 


The homogenate was centrifuged at 1400 X g for 7 minutes, and 
the sediment? was discarded. The materials in the supernatant 
solution represent the cytoplasm of the lymphocyte. Connective 
tissue, lymphocyte nuclei, and most of the reticulum cells are 
found in the sediment (11).3 

The supernatant obtained at 1400 x g was centrifuged for 60 
minutes at 23,000 x g. The sediment consisted of mitochondria 
and some microsomes. The supernatant was centrifuged for 60 
minutes at 105,000 x g in a Spinco model L centrifuge. The 
pH of the supernatant solution from this centrifugation was 
lowered to 5.1 with 0.1 N acetic acid. The precipitate, removed 
by centrifugation, was dissolved in water by addition of 0.05 u 
NaHCO; to pH 7, dialyzed overnight against two changes of 
distilled water, and lyophilized. The lyophilized precipitate, 
called Fraction 85.1P, could be redissolved to concentrations of 
13 mg per ml in water or in buffers at pH values greater than 6.8 
or less than 3.2. Yield and characterization data have been 
tabulated in Table I. 

The quantity and RNA content of Fraction S5. IP depended on 
the ionic strength of the solution during the precipitation step and 
upon the extraction media employed.‘ The yield of sediment 
obtained at 105,000 x g was inversely related to the yield of 
Fraction S5. 1P from corresponding supernatant solutions. The 
same inverse relationship applied to RNA content of Fraction 
85.1P. The RNA content of Fraction 85. 1 P prepared with 0.25 
M sucrose was found to be 50 to 100% higher than when 0.003 u 
CaCl, was employed. Since the RNA content of the pH 5.1 
supernatant solution was essentially the same in both instances, a 
portion of the RNA appearing in Fraction S85.1P in the sucrose 
preparation must have sedimented at 105,000 X g when 0.003 u 
CaCl, was used.“ 

All fractionation operations were carried out at 2°. 

? Additional material with characteristics of substances in the 
supernatant solution obtained at 1400 X g was extracted when 
sediments were treated a second and third time in the manner 


described. Approximately 40% of the dry weight of materials 
in the first extract was obtained in the combined second and third 
extractions. 

2A. M. Herranen, unpublished data. 

‘ Fraction S5.1P prepared as described, except that other media 
were employed in the extraction step, was observed to have similar 
electrophoretic properties. Other extraction media used were 
0.25 M sucrose. 0.25 M sucrose containing 0.003 1 CaCl:, and dis- 
tilled water. The yield, as well as the lipid and RNA content of 
the sediment obtained at 105,000 & g was also found to vary de- 
pending upon extraction media. The smallest yield of this sedi- 
ment per g of thymus was obtained with 0.25 M sucrose and the 
greatest yield with 0.003 M CaCl. 

A major portion of the material in the sediment obtained at 
105,000 X g consists of material with a sedimentation coefficient 
820. = 78 8. 
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Preparation of Fraction T5.1P (Thymus) — The method of 
preparation of Fraction T5.1P was identical to that used to 
prepare Fraction 85. IP from thymus except that 10 ml of extrac- 
tion media per g of tissue were used, and centrifugation for 60 
minutes at 105,000 x g was omitted. The supernatant obtained 
at 23,000 x g was dialyzed overnight against two changes of 
distilled water. After dialysis, NaCl was added to 0.03 u, and 
the pH was lowered to 5.1 (12). Precipitation began at pH 5.8 
and was complete at 5.1. The precipitate was dissolved and 
lyophilized in the same manner as Fraction 85. 1 P above. Yield 
and analytical data in Table I indicate that Fraction T5.1P 
contained, in addition to Fraction 85. P, RNA and protein found 
in the sediment obtained at 105,000 x g when Fraction S5.1P 
was prepared.“ The higher total yield obtained in the T5.1P 
fractionation was due to the use of a larger volume of extracting 
medium. 

Preparation of Fraction S5.1P (Rat Liver) Preparation of 
Fraction 85.1P from liver was carried out in the manner described 
for preparing Fraction $5.1P from thymus except that minced 
tissue was ground in a Potter-Elvehjem tissue homogenizer to 
rupture the cells. Essentially the same product was obtained 
with either 0.25 M sucrose or 0.003 Mu CaCl. 

Electrophoretic Studies Moving boundary electrophoresis 
experiments were carried out in a conventional Tiselius ap- 
paratus equipped with Philpot-Svensson schlieren optical as- 
sembly. An all glass cell assembly was held at a temperature of 
1°. Conductivities were measured at 0.0°; the mobility data 
obtain, therefore, at this temperature. Both mobility and area 
fractions were calculated in the customary manner from tracings 
of enlargements of photographs. Areas of the stationary bound- 
aries 6 and e were not included in the total area of the patterns. 

The composition of the pH 8.6, T/2 0.10 barbital buffer was 
that defined by Longsworth (13). The T/2 0.50 barbital buffer 
contained 0.45 m NaCl in 7/2 0.05 barbital buffer. The phos- 
phate buffers employed were made up to T/2 0.05 with phosphate 
and sodium ions. Additonal increments of ionic strength were 
obtained by addition of appropriate amounts of NaCl. 

Samples were removed from the electrophoresis cell by means 
of a 20-inch, 22-gauge stainless steel needle attached to a syringe 
mounted on a rack and pinion. The position in the cell from 
which samples were withdrawn was recorded photographically 
for future reference. 

When phosphate buffers were used, samples were analyzed 
spectrophotometrically for RNA. Analyses were also carried 
out following the procedures of Schneider (14) on lyophilized 
material from which buffer ions had been removed by dialysis 
against water. An extinction coefficient zo = 248 was as- 
sumed. The orcinol method (15) was also employed for RNA 
analysis and the results were found to agree reasonably well with 
the Schneider procedure. 

Notation—In the ascending limb of the cell, the region above 
the faster moving boundary is called d, the region between the 
two boundaries c, and the region between the 6 boundary and the 
slower moving boundary b. In the descending limb, the region 
below the faster moving boundary is called a, the region above 
this boundary 8, and the region between the e boundary and the 
slower moving boundary, y. The notation is shown in Fig. 1B. 
The faster moving boundary in the ascending limb is considered 
the cd boundary. The above notation is in accord with that 
employed by Longsworth (16). 

Ultracentrifuge Studies—Sedimentation analyses were carried 
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Taste | 
Yield and analytical data 
Lipid content based on Soxhlet extraction of lyophilized sam- 
ples with 3:1 ethanol-ether. 


Total 
Fraction Yield | Lipid | RNA 
& wet % wet wer 
weight tissue 
tissue 
Calf thymus extracted with 3 
ml of 0.003 u CaCl, per g 
Sediment, 23,000 X 9 0.6 34 5.6 0.034 
Sediment, 105,000 x 9 0.5 20 21 0.105 
Supernatant, 105,000 X 4g 
$5.1 P* 0.8 3.5 3.4 0.027 
5.18 0.7 0.2 0.6 0.004 
Tot al 2.6 0.170 
Calf thymus extracted with 
10 ml of 0.003 M CaCl, per 
Sediment, 23,000 X 9 1.4 35 5.7 0.079 
Supernatant, 23,000 X 9 
T5.1P 1.7 5.9 10.9 | 0.185 
5.18 1.3 0.2 0.8 | 0.011 
Total 4. 0.275 
Rat liver extracted with 3 
ml of 0.25 M sucrose per g 
Sediment, 23,000 X g 7.2 26 5.6 | 0.403 
Sediment, 105,000 X g 0.6 40 18.3 | 0.086 
Supernatant, 105,000 X g 
$5.1P 1.7 8.5 4.1 | 0.070 
5.18 3.7 2.9 0.4 0.015 
Tot al 13.2 0.574 


out at 4-6° and at 20° in a Spinco model E analytical centrifuge 
with both freshly prepared and lyophilized material. Dif- 
ferences in sedimentation behavior were not observed, other than 
what could be ascribed to viscosity and density factors resulting 
from the temperature variations. 

Yeast RNA—The yeast RNA, obtained from the Nutritional 
Biochemical Corporation, was purified further in our laboratory. 
The RNA was suspended in water, 0.5 g/100 ml, adjusted to pH 
8, and insoluble material removed by centrifugation. The 
supernatant solution was dialyzed for 48 hours against several 
changes of distilled water and lyophilized. Only one moving 
boundary was observed when the lyophilized material was 
analyzed at pH 4.7 in acetate buffer and at pH 8.6 in barbital 
buffer. 

The material moved in the ultracentrifuge as a single schlieren 
boundary with considerable symmetrical spreading, with an 
average sedimentation coefficient . = 2.15 at a 1% concentra- 
tion in barbital buffer at pH 8.6, I /2 0.10. 

The ultraviolet absorption maximum occurred at 258 ma, 
El, = 239, and the ratio of the absorption 280 my/260 my = 0.53. 
The preparation contained approximately 4% Folin-positive ma- 
terial, according to the procedure of Lowry, et al. (17). The re- 
fractive index increment (n — no) /e at 5780 A was 0.00171 dl per 
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Fic. 1. Electrophoresis patterns characteristic of Fraction 85.1IP. Upper pattern from the ascending limb of cell in all cases. A 
Liver Fraction 85.1 P after 120 minutes under E = 3.9 volt em- pH 7, T/2 0.10, in phosphate-NaCl buffer. Angle 45°, concentration 
—0.8%. B. Liver Fraction 85.1P after 120 minutes under E = 6.4 volt em i in pH 8.6, T/2 O. 10 barbital buffer. Angle 32°, concentra- 
tion ~1%. C. Thymus Fraction S85.1P after 120 minutes under E = 6.4 volt em i in pH 8.6, T/2 O. 10 barbital buffer. Angle 45°, con- 
centration ~1%. D. Thymus Fraction 85.1P after 185 minutes under E = 5.3 volt em at pH 3.0, T/2 O. 10 sodium monochloroacetate 


buffer. Angle 25°, concentration —1%. 
g at pH 7, T /2 0.025 in phosphate buffer as determined in a 
Brice-Phoenix differential refractometer. 


RESULTS AND DISCUSSION 


The electrophoretic characteristics of Fraction 85. P are 
similar, whether obtained from rat liver or calf thymus. Typical 
patterns obtained from moving boundary studies are shown in 
Figs. 1 and 2, the mobilities are listed in Table II. 

Ascending Limb—At T/2 0.10 and at pH values greater than 
6.8, two moving boundaries were observed in the ascending limb 
of the cell. The mobility of the more rapidly moving boundary, 
(ed), corresponds, in the buffer systems used in the study, to that 
of purified yeast RNA, as can be seen in Table II. The ab- 


sorbancy ratios“ of samples removed from this boundary region 
varied between 0.43 and 0.49. Analyses of such samples, how- 
ever, performed with the Folin phenol reagent according to the 
method of Lowry et al. (17), indicated the presence of substantial 
amounts of material other than RNA. After 120 minutes under 
a potential gradient of 6.4 volt cm~ in barbital buffer at pH 8.6 
and ['/2 0.10, samples were removed from the region immediately 
below the ed boundary. Such samples contained approximately 
50 ug per ml of Folin- positive material and about 500 ug per ml 


»In the case of spectrophotometric analyses, we used the ratio 
of absorbancy read at 280 and 260 my as a measure of RNA con- 
tent. Purified yeast RNA used in this study had a ratio of 0.383 
in the pH range 7 to 10, and contained 4% by weight of Folin- 
positive material. 
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rophoresis patterns characteristic of thymus Fraction T5.1P, concentration 1%. A. Fraction T5.1P after 120 minute 
under E = 3.9 volt em! in pH 7.0, T/2 0.10 phosphate-NaCl buffer. Upper pattern from ascending limb. Angle 30°. B. Fraction 
T5.1P after 120 minutes under E = 6.4 volt em in pH 8.6, T/2 0.10 barbital buffer. Upper pattern from ascending limb. Angle 40°. 
C. Fraction T5.1P after 360 minutes under 0.84 volt em tat pH 10.0 and T/2 0.50 in phosphate-NaCl buffer. Pattern on right from 
descending limb. Angle 20°. D. Thymus Fraction 85.1P under same conditions as C above. Angle 23°. 


of RNA, according to the orcinol procedure. The absorbancy 


We have considered the ratio of area fractions of the cd bound- 


a ratio was 0.49, and the mobility of the cd boundary was calculated ary to weight fractions of total RNA in the sample as a measure 
tion to be —12.0 x 10 em? volt se". of the extent of dissociation. In phosphate-NaCl] buffer at 
tra- Yeast RNA was found to have a mobility — 12.8 x 10 em: pH 10, T/2 0.50, the area fractions corresponding to RNA 
— volt sec! in the ascending limb of the cell in the same buffer. amount to more than 75% of the RNA content of the sample. 
The difference in mobility, although slight, was real and, we In phosphate-NaCl buffer at pH 7, T/2 0.10, only 10 to 20% of 

believe, significant. The results suggest the presence of amino RNA in the sample is found in the corresponding boundary. 
; - acids, peptides, or possibly protein containing little or no tyrosine Descending Limb—Bimodal reaction boundaries (16) are 
Bon or tryptophan, attached to RNA. A small but characteristic present in patterns from the descending limb of the cell, i e. the 
a difference between the mobility of the cd boundary and yeast gradient does not become zero at any level between the two 
tial RNA was also found in phosphate-NaC! buffer at pH 7.0, T/2 moving boundaries in the pattern as can be seen in Figs. 1 and 2. 
0 0.10, and at pH 10, T/2 0.50, as shown in Table II. Analyses of samples removed from the descending limb indicate 
86 In subsequent discussion, we consider material forming the cd that the f̃ region of the cell contains RNA in an amount that 
tely boundary to be primarily free RNA, containing, however, a depends upon pH, ionic strength, the RNA content of the original 
tely significant amount of Folin-positive material. sample, and the depth in the boundary region from which samples 
val The area fractions of the pattern ascribed to free RNA are are withdrawn. 

functions of the pH and ionic strength of buffers employed in the Reversible Dissociation—Samples dissolved in buffers at pH 10, 
atio analyses and dependent upon the RNA content of the sample T/2 0.50, conditions under which dissociation was observed to 
* analyzed. Area fractions are substantially less than the weight have been substantial, were dialyzed against buffer at pH 7, T/2 
lin- fractions of RNA present in the sample, as shown in Tables III 0.10, and analyzed. The patterns obtained are identical to 


and IV. 


patterns observed from samples dissolved directly into buffers 
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TABLE II 
Mobility relationships 


XI. P. B. N refer to sodium monochloroacetate, pH 3.0, 7/2 


0.10; sodium phosphate-sodium chloride, pH 7.0, T/2 0.10; barbi- 
tal, pH 8.6, T/2 0.10; and sodium phosphate-sodium chloride, 
pH 10.0, T/2 0.50 buffers, respectively. Concentration of solute 
approximately 


Status of soluble-RNA 


| Mobility 
Sample Buffer 
cm? rot sec’ 10° 

| M | —10.1 | 10.1 
Liver Fraction 85. IP. | +6.9 145.8 
Thymus Fraction 85.17. +6.6 45.6 
P 16.8 — 14.0 
Liver Fraction | —-14.7 —5.0 —12.0 —4.0 
Thymus Fraction 85.177. 14.7 —5.0 | —4.2 
Thymus Fraction T5. IP. 14.7 —5.3 | 24.5 
215.0 —5.8 -4.1 
215.5 —6.0 —134 —4.3 
B 12.8 212.0 
Liver Fraction 85.17 12.3 —5.1 —11.5 —4.9 
Thymus Fraction S5. 1. 212.0 -5.1 —10.5 —4.9 
Thymus Fraction T5. IP. 12.7 —3.3 —11.2 —5.1 
—12.8 —5.5 —11.8 —5.1 
Yeast RN A.... N 210.4 

Liver Fraction 85.17 | —9.1 | —3.3 —8.9 —3.0 
Thymus Fraction 85.17. —9.0 —3.2 —8.8 —3.2 
Thymus Fraction T5. 1. 8.9 —3.3 —8.5 —3.3 


* Yeast RNA was added to Fraction T5. IP to bring the tot al 
RNA of the sample to the weight fraction indicated. 


at pH 7, T/2 O. 10. The results confirm both the reversibility of 
dissociation and the dependence of equilibria upon pH and ionic 
strength, but give no information about reaction rates. 

If re-equilibration occurs in the boundary regions at finite rates 
during the course of electrical transport, it is important to inquire 
into its effects. Mixtures of Fraction T5.1P and yeast RNA, in 
which the total RNA content was 55%, were analyzed in the 
moving boundary apparatus. The duration of the experiments 
was varied from 7,200 to 14,400 seconds, but the total number of 
coulombs passed was the same. If the half-lives of the inter- 
acting species were of the order of magnitude of the duration of 
the experiment, the patterns should exhibit significant differences 
(16, 18). Except for slight differences attributable to diffusion, 
the patterns were identical. Detailed analyses of the patterns 
were in accord with visual inspection. Although samples were 
made up to contain 550% RNA, the area fraction measured under 
the rd boundary amounted to only 0.40 at pH 8.6 in barbital 
buffer, and bimodal reaction boundaries were observed in the 
patterns as seen in Fig. 3. Similar results were found with sam- 
ples examined at pH 7, T/2 0.10 in phosphate-NaCl buffers, and 
at pH 7, T/2 0.025 phosphate, except that area fractions of the cd 
boundary were found to be 0.38 and 0.36, respectively, as seen 
in Table IV. The same result obtained when the electrophoretic 
properties of Fraction 85. IP were studied with coulombs constant 
and time a variable. 

Fraction T5.1P—As seen in Figs. 1 and 2 and Table II, 
electrophoretic characteristics of Fractions 85. 1 P and T5.1P are 
strikingly similar. The areas of the cd boundaries are larger in 


Fraction T5.1P analyses, as would be expected from the greater 
quantity of RNA in Fraction T5.1P. The degree of dissociation, 
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TaBce III 
Effect of pH and ionic strength on dissociation 
Solute concentration approximately 1% in each case. 


i = RNA 
* — sample bound RNA 
Liver Fraction 85. IP. 3.0 0.1 5.5 5.5 0 
Thymus Fraction 85.1P.... 3.0 0.1 4.0 40 0 
Thymus Fraction T5.1P.... 3.0 0.1 11.0 110 0 
Thymus Fraction T5. IP. 6.5 0.05 11.0 110 0 
Thymus Fraction T5. IP. 7.0 0.025 11.0 0.7 4.5 6 
Thymus Fraction T5. IP. 7.0 0.1 11.0 1.5 3.6 13 
Thymus Fraction 85.17. 7.0 0.1 3.4 0.3 O8 10 
Liver Fraction 85.15. 7.0 0.1 4.9 1.0 0.8 20 
Thymus Fraction T5. 7.0 0.45 11.0 46 3.2 2 
Liver Fraction 85. IP.. 8.6 0.1 4.9 2.2 4 
Thymus Fraction 85.1. 8.6 0. 4.0 1.2 31 
Thymus Fraction T5. IP. 8.6 0.1 11.0 3.8 2.8 34 
Thymus Fraction T5. 17. 8.6 0.50 11.0 7.3 6 
Liver Fraction 85.17. 10.0 0.50 4.2 3.7 0.8 & 
Thymus Fraction 85. IP. 10.0 0.50 3.4 4.0 0.0 100 
Thymus Fraction T5. IP | 10.0 0.50 110 8.5 09 7 
TaBLe IV 


Effect of concentration of reactants on dissociation 


Yeast RNA added to thymus Fraction T5.1P to bring the RNA 
content of the sample to the weight fraction shown. 


| tonic | Ares cd | 
Sample 
| mg 100 
RNA, 0.19 ....... | 7.0 0.025 5.3 13.7 0.17 28 
RNA, 035 7.0 0.025 36 19 66 
RNA. 0 80 | 7.0 0.025 59 21 1.05 74 
RNA. 05 7.0 0.10 | 38 7 «0.38 
RNA, 080.0... 7.0 0.10 | 67 13 | 0.65 8 


however, is approximately the same. Fraction T5.1P includes 
nucleoprotein particles otherwise found in the sediments obtained 
at 105,000 x , as well as Fraction 85.1 materials. The 
ribonucleoprotein particles found in these sediments prepared 
from thymus, without deoxycholate treatment, have been found’ 
to consist, to a large extent, of materials with a sedimentation 
coefficient 520. % 78 8 in phosphate buffer at pH 7.6, °/2 0.05, 
containing 0.001 u Mg**. The results suggest that 78 S par- 
ticles, after precipitation at pH 5.1, T/2 0.03, exhibit elee- 
trophoretic properties indistinguishable from those of soluble 
RNA protein complexes. In a direct test of this conclusion, the 
sediment obtained at 105,000 x g from thymus was dissolved in 
0.03 u NaCl and precipitated at pH 5.1. The precipitate, 
amounting to 98° of the material originally in solution, was 
dissolved in water, dialyzed against pH 8.6 barbital buffer, and 
examined with the moving boundary technique. The patterns 
obtained are indistinguishable from those of Fraction T5.1P 
except for the areas of the cd and ag boundaries. These areas 


7E. L. Hess, T. Utsunomiya, and S. E. Lagg, unpublished 
experiments. 
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Fic. 3. Electrophoresis pattern obtained from a mixture of yeast RNA and thymus Fraction T5.1P. Photographs taken after 120 


minutes, E = 6.4 volt em at pH 8.6, 1/2 0.10, in barbital buffer. 
Angle 55°. 


RNA and 45% protein; total concentration of solution 1%. 


are proportionately larger due to a larger weight fraction of RNA 
in the sample (0.20). Area relationships indicate 26° of the 
RNA is dissociated. Our findings, in this respect, are consistent 
with reports by Tashiro and Inouye (8). These workers ob- 
served that dissociation of RNA from ribonucleoprotein particles 
prepared from rat liver microsomes is pH- and ionic strength- 
dependent. In direct confirmation of their findings we have 
observed such dissociation in moving boundary studies in which 
ribonucleoprotein particles prepared from rat liver, predominantly 
of the 78 S type, were subsequently dissolved in pH 8.6 barbital 
buſſer. 

Concentration Hſſerts Another test of the hypothesis of 
reversible interaction was to alter concentration relationships. 
Yeast RNA was added in varying amounts to Fraction T5.1P 
and the mixtures analyzed. An electrophoretic pattern ob- 
tained from a mixture is shown in Fig. 3A. It is apparent from 
data in Table IV that the area fraction of the pattern represented 
by the cd boundary, although increasing with the quantity of 
RNA, is insufficient to account for the RNA known to be present 
in the sample. The results are in accord with the concept of a 
reversible equilibrium reaction. 

Behavior at Low pH Values—Fraction 85. IP at a concentration 
of 1% or less, and at '/2 < 0.01, precipitates in the pH range 5.8 
to 3.2 and redissolves at pH values less than 3.2. Electrophoretic 
analysis in sodium monochloroacetate buffer at pH 3.0, T/2 0.10, 
gave the pattern seen in Fig. 1D. Patterns obtained from liver 
Fraction 85.1 P are identical to the pattern shown. The de- 
parture from enantiographic relationships in the patterns from 
ascending and descending limbs of the cell, as well as the pro- 
nounced bimodal character evident in the pattern from the 
descending limb, provide evidence for re-equilibration effects at 
pH 3 also. Free RNA possesses a negative charge at pH 3 and 
moves towards the anode as seen in Table II. No evidence for 
the presence of free RNA was observed in experiments with 
Fraction 85.1P. In the pattern seen in Fig. 1D, all dissolved 
material moved towards the cathode. Within the limits of error, 
the original sample as well as samples removed from forward edge 
of the ascending boundary, and the trailing edge of the descending 


— 


Upper pattern from ascending limb. A. Mixture containing 55% 
B. Yeast RNA at a concentration of 0.5%. Angle 55°. 


boundary contained the same percentage of RNA. The result is 
consistent with the hypothesis of an RNA-protein complex 
carrying a net positive charge with changes occurring in the 
boundary regions as a consequence of re-equilibration effects. 

Solutions of Fraction 85.1 P at ionic strengths greater than 
0.01, however, when titrated through the isoelectric region are 
no longer completely soluble at pH 3. The properties and quan- 
tities of soluble and insoluble portions obtained at pH 3 are 
functions of the ionic strength of the original solution. Ionic 
strength relationships which obtain while the nucleoprotein 
passes through the isoelectric region seem to be critical with 
respect to stability of the complex. When solutions at ['/2 0.15 
are titrated, the material soluble at pH 3 contains very little 
RNA. The insoluble portion has the properties of a nucleo- 
protein called Fraction 3.0P, which has been described (12). 
The material remaining in the supernatant solution, Fraction 
3.08, has been found to contain at least three proteins with 
solubility characteristics differing strikingly from that of Fraction 
85.1P (12). When Fraction 3.08 is dialyzed against water and 
the solution raised to pH 6.2, a precipitate called Fraction 6.2P is: 
obtained. Properties of the protein found in Fraction 6.2P have 
been reported (19). 

At least two distinct components are present in the supernatant 
solution called Fraction 6.28. The mobilities of the two compo- 
nents measured at pH 8.6 in barbital buffer are zero and —2 X 
10-* em? volt lc (12). Although earlier work (12, 19) referred 
to Fraction T5.1P rather than Fraction 85.1 P, the findings apply 
qualitatively to the composition of Fraction S5.1P from both 
liver and thymus. A difference between Fraction S5.1P ob- 
tained from liver and that obtained from thymus is evident when 
results of the above chemical fractionation are compared. The 
ratio of dry weight yield of Fraction 6.2P to Fraction 6.2S in the 
case of liver is 2, whereas with thymus the ratio is 1. 

Ultracentrifugal Studies—The sedimentation behavior of 
Fraction 85. I P is similar, whether prepared from liver or thymus. 
The significant feature of the sedimentation studies is pronounced 
heterogeneity. A striking decrease in total area under the curves 
was observed during the experiments. Approximate sedimenta- 
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tion coefficients of the peaks in the pattern calculated from 
samples examined at 1°; concentration are 820. — 168, 68, and 
4.8. It was obvious that a major portion of the solute sedi- 
mented more rapidly than 6S material. The patterns, although 
consistent with the concept of rapidly reversible interactions, do 
not lend themselves to quantitative interpretation. Where 
re-equilibration effects occur in boundary regions during separa- 
tion, sedimentation behavior is analogous to the situation in the 
descending limb of the cell in moving boundary electrophoresis 
studies (20, 21). In the case of sedimentation analyses, how- 
ever, the velocity of complexes would be expected, a priori, to 
be greater than that of the interacting species. As shown by 
Gilbert and Jenkins (21) the sedimentation behavior of such an 
interacting system may be quite involved. 

Biological Activity—After incubation with leucine-1-C™ or 
glycine-2-C", RNA in Fractions 85.1P and T5.1P was found to 
be labeled (3). The specifie activity of RNA from Fraction 
85. 1P was considerably higher than that from Fraction T5.1P 
due presumably to removal of inactive RNA in sediments ob- 
tained at 105,000 x g. 

Interpretation—The relationship between the area of the cd 
boundary and pH and ionic strength of buffer systems used in the 
study establishes the fact that Fractions 85.1P and T5.1P behave 
as reversible dissociable systems. An attempt to interpret the 
patterns in terms of cases 1 to 4 discussed by Longsworth (16) 
and by Longsworth and MacInnes (18) led in each case to 
inconsistencies; case 5 provides an explanation most consistent 
with observed electrophoretic behavior. 

Assuming that Longsworth’s case 5 applies to the systems 
studied, the two constituents, RNA and protein, interact to form 
complexes, 
in general 

iP +jN 
in which æ, and k, refer to velocity constants for the forward and 
reverse reactions. If k, and k, are large and of similar magnitude, 
equilibria in the boundary layers are adjusted as rapidly as 
required by electrophoretic separation, and not more than two 
moving boundaries are observed in either side of the channel (16). 

A number of conditions seen in Figs. 1 to 3, and data tabulated 
in Table II to IV, are explicable in terms of rapidly reversible 
interactions with re-equilibration occurring in the boundary 
lavers during the course of transport. 

1. In all cases studied the area of the ag boundary exceeds the 
area of the cd boundary. In Fig. 2B, for example, the area 
fractions were measured as 0.06 and 0.038, respectively. 

2. The area of the be boundary exceeds that attributable to 
protein alone and increases with the weight fraction of RNA 
present in the original solution. 

3. The mobility of the be boundary, which can be considered to 
be the constituent mobility of protein, F x 10° in the e solution 
(16), increases from —5.1 to —5.5 in barbital buffer when the 
weight fraction of protein in the mixture decreases from 0.96 to 
0.45 as shown in Table II and III. In phosphate buffer at pH 7, 
U,° Xx 10° increases from —5.0 to —6.0 when the weight fraction 
of protein decreases from 0.96 to 0.20. 

4. The areas of the ag and cd boundaries are functions of pH 
and ionic strength for a given amount of RNA in the original 
solution. 

5. In most instances, the displacement of the cd boundary 
more closely approximates the mobility of free RNA than does the 
ag boundary, see for example, Fig. 24. The mobility of the a8 
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boundary, which can be considered the constituent mobility of 
RNA in the q solution U2 x 10°, increases from — 10.5 to 
—11.8 in barbital buffer as the weight fraction of RNA in the 
sample increases from 0.04 to 0.55. In phosphate buffer at pH 7, 
Ut x 10° changes from no detectable boundary to —13.4 as the 
weight fraction of RNA increases from 0.04 to 0.80, as shown in 
Tables II and III. Longsworth (16) in the case of interaction of 
veast RNA and ovalbumin at pH 4.63 interpreted a similar 
change in L', in terms of re-equilibration in boundary layers in 
the course of transport.“ 

6. A careful examination of patterns in Figs. 1 to 3, disclosed 
that the gradient does not become zero at any level in the g 
region of the cell. Bimodalit increases with the RNA content 
of the sample as can be seen in Fig. 2A and B and Fig. 3. As 
pointed out by Longsworth (16), an essential characteristic of a 
moving boundary is that it separates two homogeneous phases. 
The ay region, therefore, should be considered as a single 
reaction boundary. 

Interactions where half-lives of species are considerably longer 
than the duration of the experiments lead to the usual patterns 
obtained from a mixture of three components (16, 18). If, as 
seems to be the case with Fraction 85.1P, one of the interacting 
species and the complex travel at essentially the same rate, only 
two moving boundaries would be observed in each limb. Bimodal 
reaction boundaries would not be observed, however, in the 
event of long half-lives. 

Biomodality can also be ascribed to the presence of a mixed 
population of many species of molecules with a spectrum of 
mobilities. If such were the case, patterns from the ascending 
limb of the cell should also display bimodal character. Absence 
of bimodal character in the c region of patterns from the 
ascending limb of the cell in Figs. 1 and 2 renders the above 
explanation untenable. 

We attribute lack of enantiography between patterns from 
ascending and descending boundaries to re-equilibration effects 
and conclude that the half-lives of RNA protein complexes must 
be considerably less than 7200 seconds. 

There are at least three sources of error in the calculated degree 
of dissociation listed in Column 6 of Table III. Firstly, there are 
the errors resulting from tracing and planimetric measurement, 
which in the work reported here can be quite large, because of the 
small absolute area of the cd boundary. A second source of 
error, which will cause the apparent dissociation to be less than 
true dissociation, results from differences in refractive index 
increments of protein and RNA. Yeast RNA used in this study 
was found to have a refractive index increment approximately 
5% less than that of most proteins. The difference has been 
ignored in the present work since we have been unable to deter- 
mine refractive index increments for the RNA and protein 
components found in Fraction 85.1 P. 

A third source of error stems from considering the ed boundary 
to be pure RNA. As discussed above, as much as 10% by 
weight of material other than nucleic acid has been found to be 
present in this boundary region. The finding was not surprising; 
soluble-RNA has been found to contain many amino acids (22). 
The weight fraction of Folin-positive material in this boundary 
region may vary also with the extent of dissociation. In any 
event, the error is such as to cause the calculated degree of 
dissociation to be greater than the true dissociation. For ex- 
ample, the ed boundary in the case of thymus Fraction 85.1 
analyzed at pH 10, T/2 0.5, represents a larger area fraction than 


§ In reference 16 see pages 122, 125, and Table V, page 126. 
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can be accounted for as total RNA in the original sample, as 
shown in Table III. The Folin-positive materials in the cd 
boundary provide a plausible explanation. 

Until such time as each protein constituent can be prepared 
pure and its interaction with RNA studied separately it cannot 
be determined whether RNA reacts with one particular con- 
stituent or with all protein constituents present in the S5.1P 
fraction. Available evidence based upon the solubility and 
electrophoretic characteristics of Fractions 6.2P and 6.28 (12, 
19) support the viewpoint that all three protein components 
known to be present in Fraction S5.1P react with RNA. 
The extent to which each species participates in the reaction, 
however, may vary with pH and ionic strength factors. 

The data tabulated in Columns 4 and 6 of Table II indicate 
that the mobility of the complex differs only slightly from that of 
free protein. The nearly identical mobility of free protein and 
ribonucleoprotein complex in a variety of buffer systems, in 
which the extent of dissociation varied considerably, suggests 
that the protein forms a sheath around RNA such that the 
electrical properties of the complex are essentially those of the 
protein. Such a situation could hardly result from bimolecular 
association. A model for which there is precedent (23), where 
numerous protein molecules are arranged on the surface of RNA, 
seems more compatible with electrophoretic behavior. 

Another interesting feature concerns the nature of the proteins 
found in Fractions S85.1P and T5.1P. In all buffer systems 
employed in the study with the exception of monochloroacetate 
buffer at pH 3, no material was observed to move towards the 
negative electrode. In a dissociating system, protein not bound 
to nucleic acid would move towards the cathode, if carrying a net 
positive charge. Since the concentration of such material 
might have been so small as to escape detection by optical 
methods, samples were removed from the & region of the cell. 
Analyses of such samples failed to disclose any evidence for the 
presence of protein in this region. It appeared, therefore, that 
the net charge on the protein was negative at pH 7 and above. 
Interactions occurred, consequently, between molecules carrying 
net negative charges. Interactions between two substances 
each carrying a net negative charge have been reported by 
Stenhagen and Teorell (24), Kleczkowski (25), Lauffer (26), and 
Goldwasser and Putnam (27). 

Although available evidence is not compatible with the con- 
cept of bimolecular reaction behavior, it is of interest to apply 
the theory of Gilbert and Jenkins (20, 21) to the system studied. 
Preliminary calculations indicate that the asymptotic solution 
of the conservation equations described by Gilbert and Jenkins 
(21) provides a qualitative explanation of the electrophoretic 
patterns and semiquantitative agreement with experimental 
results. An interpretation of the results in terms of the Gilbert- 
Jenkins theory will be considered in a separate publication. 

Implications relevant to steps in the biosynthesis of protein 
can be found in the concept of reversible interaction of soluble- 
RNA and protein. If it is assumed that both the hydrogen ion 
activity and ionic strength are regulated in some manner by 
intracellular events and, furthermore, are subject to local 
variation within regions of the cell, a possible mechanism for both 
integration and disintegration of cellular elements is indicated. 
The incorporation of soluble-RNA into ribosomes and its 
subsequent release, such as reported by Hoagland and Comly (28) 
can be viewed as an interaction phenomenon in which the 
equilibrium was shifted by the presence of protein in the S, 


E. L. Hess, A. M. Herranen, and S. E. Lagg 


SUMMARY 


In extracts prepared from both thymus and liver, the 
ribonucleic acid remaining in the supernatant solution after 
centrifugation at 105,000 x g exists in equilibrium with protein 
in the form of reversible, dissociable complexes. The degree of 
dissociation is a function of pH and ionic strength. At pH 
values less than 7 and at an ionic strength less than 0.1, soluble 
ribonucleic acid exists almost completely in a complex. As the 
pH and ionic strength of the solution are raised, dissociation 
increases. 

Analysis of moving boundary electrophoretic behavior sug- 
gests that the forward and reverse velocity constants are large 
and of similar magnitude. This leads to re-equilibration in the 
boundary layers during the course of separation. 

Chemical fractionation studies indicate qualitative similarity 
in composition of complexes prepared from these two tissues, as 
well as similarities to ribonucleoprotein found in the sediments 
obtained at 105,000 x g. 
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The hydrolysis of chemically synthesized thymidine oligo- 
nucleotides lacking phosphate end groups proceeds stepwise from 
the end of the molecule bearing a 3“ hydroxyl group in the case 
of snake venom phosphodiesterase (1), and from the end bear- 
ing a 5’-hydroxyl group in the case of calf spleen phosphodiester- 
ase (2). These enzymes act on both ribo- and deoxyribo-inter- 
nucleotide bonds at exposed ends of polynucleotide chains, but 
do not cleave ribonucleic acid or deoxyribonucleic acid into large 
fragments. Such complementariness is intriguing and prompted 
the question as to whether enzymes of similar specificity are 
generally present in mammalian tissues. Fortunately, two 
chromogenic substrates are hydrolyzed specifically by these two 
enzymes: p-nitrophenyl! thymidine 5’-phosphate by venom phos- 
phodiesterase and p-nitrophenyl thymidine 3’-phosphate by 
spleen phosphodiesterase, so the activity of each enzyme can be 
measured independently in a mixture of the two. 

This paper deals with the rates of hydrolysis of the chromogenic 
diesters by rat and human tissue homogenates, the subcellular 
distribution of enzymes in liver and kidney homogenates, and the 
intracellular oligonucleotidase activities which the assays in- 
dicate. Assuming for the moment that only one enzyme hydro- 
lyzes each chromogenic substrate, the activity against p-nitro- 
phenyl thymidine 5’-phosphate will be called phosphodiesterase 
I and that toward the 3’-diester, phosphodiesterase II. It is 
demonstrated that phosphodiesterase I is destroyed during puri- 
fication of phosphodiesterase II from calf spleens. The follow- 
ing report (3) describes a partial purification and some properties 
of phosphodiesterase I from hog kidney. 


EXPERIMENTAL PROCEDURE 


Substrates—Nitrophenyl-pT (1)' and Tp-nitrophenyl (4) were 
synthesized in this laboratory. 

Enzyme Assays 

1. Phosphodiesterase II was assayed at pH 6 as described 
previously, with Tp-nitrophenyl (2). Some tissue preparations 
yielded high values in samples taken at zero time. In such cases, 
interfering substances were precipitated with 0.5 volume of 5% 
perchloric acid and centrifuged down before the addition of 
NaOH to develop the p-nitrophenol color. 

2. Phosphodiesterase I was assayed in a similar manner; 


* This investigation has been aided by a grant from the Jane 
Coffin Childs Memorial Fund for Medical Research. 

t Present address, Syntex Institute for Molecular Biology, P.O. 
Box 5129, Stanford, California. 

The abbreviations used are: nitrophenyl-pT, p-nitrophenyl 
thymidine 5’-phosphate; Tp-nitrophenyl, p-nitrophenyl thymi- 
dine 3’-phosphate. 


tubes containing 0.3 umole of nitrophenyl-pT and 6 Amoles of 
Tris, pH 8.9, in a volume of 0.6 ml were incubated for approxi- 
mately 2 minutes in a water bath at 37°, enzyme preparation 
was added at intervals, and the reaction was stopped at intervals 
by the addition of 2.4 ml of O. I M NaOH. Supernatant solutions 
were usually clear, but if they were not, precipitation with per- 
chloric acid was employed as described above for phosphodies- 
terase II. The color of p-nitrophenol was measured at 400 mg. 

A unit of enzyme is the amount hydrolyzing 1 umole of sub- 
strate per hour. Specific activity is defined as the units per 
milligram of protein. Protein was determined by the method 
of Lowry, et. al. (5), with egg albumen as a standard. 

Preparation of Homogenates—Organs from five male albino 
rats were excised and transferred to ice-cold 0.25 Mu sucrose, cut 
into O. - em cubes with scissors, and homogenized in 10 volumes 
of sucrose with an all-glass homogenizer (6). Cell rupture was 
evaluated microscopically. 

Human tissue samples were obtained within 3 hours of death, 
part of each sample being treated as above and part being kept 
17 hours longer at room temperature for comparison. Since no 
differences were noted between 3-hour and 20-hour values in the 
experiments reported here, the latter results are not reported 
separately. 

Hog kidneys, obtained from freshly killed animals, were sliced 
longitudinally and iced. The cortex was removed from each 
half kidney in a cold room, placed in 0.25 m sucrose, and homog- 
enized as described above. 


RESULTS 


Enzyme Assays on Homogenates of Rat Organs— Approximately 
50 ul of homogenate were required in the assay for phospho- 
diesterase II, with incubation times up to 50 minutes, whereas 
10 ul were required for the assay for phosphodiesterase I, with 
incubation times up to 10 minutes. The specific activities of 
each enzyme in the homogenates are shown in Table I, together 
with the expected rates of hydrolysis of deoxyribo-oligonucleo- 
tides and ribo-oligonucleotides having appropriate phosphate end 
groups. Results with isolated enzymes (2, 3), reveal that phos- 
phodiesterase I hydrolyzes nitrophenyl-pT approximately 4.7 
times faster than pTpT and higher homologues, whereas phos- 
phodiesterase II hydrolyzes Tp-nitrophenyl only 0.77 times as 
fast as TpTp and higher homologues. Furthermore, phospho- 
diesterase I hydrolyzes ribose oligonucleotides bearing 5’-phos- 
phate end groups only 0.83 times as fast as pTpT, whereas 
phosphodiesterase II cleaves ribose oligonucleotides faster than 
TpTp. When comparisons are made on the basis of the prob- 
able activity against polynucleotides, it appears that phospho- 
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TABLE I 
Phosphodiesterases in rat tissue homogenates 


Calculated ſor 
Observed activity deoxy ribonuc ucleo- Calculated for 


Taste III 
Centrifugal fractionation of hog kidney homogenate 
Hog kidney homogenates (see text) were fractionated by dif- 
ferential centrifugation at 2° (9). All enzymic activities are 


| ribonucleotides 
Substrate in micromoles per hour. 
Tue 

Heart 0.13 1.3 0.17 0.29 0.23 0.23 | | | | 
Kidney....... 0.32 4.9 0.42 1.04 0.56 | 0.87 moles | | 
Thymus 0.45 1.9 0.60 0.42 0.79 0.34 1. Nuelei........... 27 268 20 300 10 1300 
Spleen 0.62 1.25 0.81 0.28 | 1.04 0.22 2. Mitochondria... 1680 2100 1110 106 230 
Testes 0.40 1.5 0.53 0.33 0.70 0.27 g. Lysosomes....... | 250 3700 2960 33 1630 
Liver 0.31 3.2 0. 11 0.71 | 0.54 0.57 4. Microsomes...... 0.2 75 3160 4550 38 | 3030 
Intestine 0.37 2.5 | 0. 49 0.55 0.65 0.45 3. Soluble.......... J. 0 | 2050 920 64 | 810 
Lungs ........ 0.42 | 2.3 0.56 0.52 0.73 | 0.41 
Muscle 0.37 0.32 0. 49 0.14 0.65 0.09 * Determined — to Dische — 


TaB.e II 
Phosphodiesterases in subcellular fractions of rat liver and kidney 


Specific activities | Total units® 

| 

Substrat 11 Nitro- | 

diesterase diesterase Phenyl! phenyl-pT 
W 

| | 

pmoles/hr/mg protein | 

A. Liver fractions | | 
1. Homogenate............ 0.30 3.2 70.0 820 
0.10 2.18.5 198 
3. Mitochondria........... 0.21 | 48 7.8 180 
4. Microsomes............. 0.29 18.2 3.7 240 
5. Supernatant solution.... 0.67 | 1.9 44.0 123 

B. Kidney fractions | 

I. Homogenate............ 0.29 7.5 59.0 1120 
r 0.19 3.4 4.1 91 
3. Mitochondria........... 0.28 4.6 8.8 123 
4. Microsomes............. 0.32 38.0 7.2 670 
5. Supernatant............ 0.65 2.9 34.0 150 


In equal volumes of 10% homogenate in 0.25 M sucrose of each 
tissue. 


diesterase II predominates in spleen and thymus and phospho- 
diesterase I is more abundant in kidney. Approximately the 
same concentrations of both enzymes are present in liver, in- 
testinal mucosa, and lungs.? 

With homogenates of both spleen and kidney, the activity 
against Tp-nitrophenyl had an acid pH optimum and hydrolysis 
of nitrophenyl-pT showed a pH optimum of approximately 9. 
This would suggest that they represent separate enzymes. Fur- 
ther, phosphodiesterase I is destroyed during preparation of an 
acetone powder of spleen. This is one of the early steps in the 
purification of phosphodiesterase II (7). 

Location of Enzymes in Subcellular Fractions—In fractions 
isolated from rat kidney and liver according to the method of 
Hogeboom (8), phosphodiesterase II is concentrated in the super- 

*The two activities cannot be measured conveniently with 


oligonucleotides in tissue extracts because of interfering phospho- 
monoesterases and nucleases. 


t Acid phosphatase activity, using 3-glycerophosphate (9). 
t Used in appropriate assay systems. 


Taste IV 
Phosphodiesterases I and II in human tissues 
Homogenates Microsomes 
Substrate 
II) 1) (phosphodiesterase I) 

pmoles hr mg protein pmoles hr, mg protein 
0.21 1.3 8.6 
Kidmey®.............| 0.16 2.0 28.0 
0.17 14.0 
Kidneyf............. 0.23 1.7 
D 0.27 0.32 | 
Tumort.............. 0.12 0.74 | 8.3 


* Suspected hyperthyroid; death through pulmonary embolism. 
Male, 37 yr., 160 Ib. 

t Uremia; neoplasm from liver, but tissue of origin unknown, 
Male, 62 yr., 175 lb. 


natant solution but phosphodiesterase | predominates in micro- 
somes (Table II). Hog kidney was treated by a scheme (9) 
which, in the case of liver, distinguished between a microsome 
fraction rich in glucose 6-phosphatase and a lysosome fraction 
rich in acid phosphatase. In the present case the kidney micro- 
some fraction had a considerable amount of acid phosphatase as 
well as most of the glucose 6-phosphatase (Table III). The 
soluble fraction of hog kidney contains a smaller proportion of 
phosphodiesterase II than had been found for rat liver and kid- 
ney, and the lack of cytochrome oxidase in this fraction indicates 
that the phosphodiesterase II had been released preferentially 
from the mitochondria. The phosphodiesterase I is again closely 
associated with the microsomes, and may also be present in, or 
bound to, the nuclei. This point is being studied in detail and 
will be reported subsequently. Small amounts of phosphodi- 
esterase I in the soluble fraction apparently result from the 
presence of poorly sedimented particles similar in enzymic con- 
stitution to microsomes and which lie just over the microsomes 
at the end of the centrifuge run. These are easily stirred up, 
during removal of the soluble portion, with a syringe. Isolation 
of the combined lysosome-microsome fraction by repeated differ- 
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ential centrifugation resulted in a 4-fold purification of phospho- 
diesterase I and a recovery of 85% of the total units. 

Enzyme Levels in Human Tissues—Results of initial studies on 
samples of human liver, kidney, and liver neoplasm are shown in 
Table IV. The stability of the two enzymes in tissue held at 
room temperature for 20 hours should permit further tests to 
determine the effects of sex, age, hormone imbalance, and various 
malignancies on their levels, since the opportunity to obtain 
samples 3 hours post mortem is rare. From the few samples 
measured, it appears that levels of both enzymes are lower in 
human than in rat organs. 

Inhibition of Phosphodiesterase I in Homogenates—In agree- 
ment with previous results with purified enzymes, tests with 
spleen homogenates showed that phosphodiesterase I] is stimu- 
lated and phosphodiesterase I inhibited by 8 x IO m EDTA? 
It is therefore feasible to eliminate the action of phosphodi- 
esterase I on oligonucleotides in crude systems, and the effect of 
EDTA on a number of other nucleolytic enzymes indicates that 
this would yield a system capable of hydrolyzing RNA and 
DNA at low pH values to constituent nucleoside 3’-phos- 
phates. For example, Kaplan and Heppel (12) showed that a 
spleen (and liver) ribonuclease was similar to pancreatic ribo- 
nuclease in being stimulated by lO M EDTA, whereas both 
the low Mg** requirement and use of EDTA in procedures 
for purifying spleen and thymus DNase II (13, 14) suggest that 
the DNases which form oligonucleotides with 3’-phosphate end 
groups would still be active in the presence of EDTA. At 
present, there is no common inhibitor for these nucleases which 
would not interfere with the action of enzymes forming products 
with 5’-phosphate ends. 


DISCUSSION 


The results reported here demonstrate that two phosphodi- 
esterases with markedly different substrate specificities are 
present in mammalian tissues and are localized at different sites 
within the cell. Whereas the location and specificity of phos- 
phodiesterase II does not immediately suggest unique function, 
phosphodiesterase I is located and appears to be active in micro- 
somes; this is a site of protein synthesis which presumably de- 
pends on close control of the fine structure of nucleic acid, and 
its specificity renders it capable of removing units sequentially 
from the ends of nucleic acid chains (3). 

Together with accumulated data on the presence of a variety 
of nucleases in tissues (12-15), the presence of these phospho- 
diesterases as well indicates a potential for nucleic acid hydrolysis 
which has not yet been integrated with other cellular functions. 
It seems quite possible that synthetic processes are controlled by 
degrading functional nucleic acids, or that feed-back inhibition 
of nucleic acid synthesis, other enzyme activities, or repression 
of enzyme synthesis is effected by concentrations of polymers 
and oligonucleotides which are maintained at suitable levels by a 


No consistent stimulation of phosphodiesterase I by divalent 
cations was observed in homogenates, however. 
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balance between synthesis de novo and various stages of hydroly- 
sis to monomers. It should be possible to examine these views 
when further analyses for discrete nucleolytic enzymes become 
available. In this connection, it should be realized that since 
both phosphodiesterases are capable of removing monomers from 
different exposed ends of polynucleotide chains, assays for “ribo- 
nuclease” or “deoxyribonuclease” which measure the formation 
of acid-soluble products may measure phosphodiesterases as well 
(or exclusively). The best criterion for an activity towards 
internal phosphodiester bonds is a decrease in viscosity, an in- 
crease in absorption at 260 my, or some other measure which 
exceeds the result obtained by determining the rate of formation 
of acid-soluble fragments. 


SUMMARY 


Enzymes capable of hydrolyzing the p-nitrophenyl] esters of 
thymidine 3’-phosphate (phosphodiesterase II) and thymidine 
5’-phosphate (phosphodiesterase I) have been demonstrated in 
homogenates of rat, hog, and human tissues. The former is 
active at pH 6, is stimulated by ethylenediaminetetraacetate, and 
is present in mitochondrial and supernatant fractions; the latter 
is active at pH 9, is inhibited by ethylenediaminetetraacetate, 
and is localized in the lysosome-microsome and nuclear fractions. 
The amounts of each enzyme in different tissues vary independ- 
ently. Phosphodiesterase I is destroyed during purification of 
phosphodiesterase II from spleen homogenates. | 
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The apparent widespread distribution in mammalian tissues 
of phosphodiesterases hydrolyzing p-nitrophenyl thymidine 
5/-phosphate and p-nitrophenyl thymidine 3’-phosphate (1) 
prompted an examination of the properties of the respective 
enzymes. Purification procedures and properties of spleen phos- 
phodiesterase (phosphodiesterase II) active on the 3’-ester, have 
recently appeared (2, 3) and although a comparison of the char- 
acteristics of this enzyme from a number of tissues would be of 
interest, the significance of the presence in tissues of the enzyme 
hydrolyzing the 5’-ester (phosphodiesterase I) seemed to be of 
more immediate concern. Early studies had revealed that 
phosphodiesterase I was localized in the small particle fraction 
of liver and kidney (1). This report presents a procedure for 
purifying the enzyme after dissolving the particles and describes 
some of the properties of the preparations. 


EXPERIMENTAL PROCEDURE 


Material and Methods 


Enzyme assays and sources of material have been described 
previously (1, 3, 4). For convenience and simplicity, acid pre- 
cipitation of proteins before development of p-nitrophenol color 
was omitted in all tests with washed particle preparations or 
subsequent fractions. 


Enzyme Purification 

Isolation of Particles—Hog kidneys were sliced lengthwise and 
placed in ice immediately upon removal from the animal. The 
cortex was cut into 0.5-cm cubes, homogenized in 2 volumes of 
ice-cold 0.25 mM sucrose at maximal blendor speed! for 2 minutes, 
a further 1.3 volumes of cold sucrose were added, and homog- 
enization was continued for 30 seconds. The homogenate was 
centrifuged for 15 minutes at 8000 X , and the supernatant 
solution recentrifuged at 55,000 x g for 2 hours. The super- 
natant solution from the latter centrifugation was poured off? and 
the pellet, containing lysosomes and microsomes, was resus- 
pended by brief homogenization in the original volume of 0.02 M 
Tris, pH 9, and sonicated for 2 minutes in a Raytheon 10 ke. 


* This investigation was aided by a grant from the Jane Coffin 
Childs Memorial Fund for Medical Research. 

t Present address, Syntex Institute for Molecular Biology, P.O. 
Box 5129, Stanford, California. 

‘Commercial model, Waring Blendor. Capacity, 5 quarts; 
speed, 16,000 r.p.m. 

* A postmicrosomal fraction lying immediately above the well 
sedimented particles is lost at this stage. Although its phospho- 
diesterase I content is equal to that of the pellet, it is also con- 
siderably contaminated by soluble proteins. 


oscillator.“ Centrifugation at 45,000 x g for 2 hours and resus- 
pension of the pellet as before vielded a particle suspension, free 
of soluble proteins, which served as the starting material for a 
number of purification attempts. The further steps of purifica- 
tion described below were successful, but a number of unproduc- 
tive attempts are mentioned in “Discussion” because they bear 
on the properties of the particulate preparation and on attempts 
to fractionate the dissolved particles. 

Solution of Enzyme—To each 100 ml of particle suspension, 
vigorously stirred at 2°, 33 ml of cold tert-amy! alcohol were 
added and stirring was continued for | hour. The mixture was 
centrifuged at 10,000 x g for 15 minutes and the lowest layer, 
below a phase of alcohol and a band of gel, was withdrawn 
through a long needle fitted to a 50-ml syringe. This solution 
was extracted four times with equal volumes of cold diethyl 
ether, centrifugation and withdrawal of the lowest layer being 
repeated each time to avoid interfacial gel. Ether was removed 
from the final clear solution in a vacuum at room temperature. 
The preparation was dialyzed overnight at 2° against 10 volumes 
of 0.005 M Tris, pH 8.5. 

Trypsin and Heat Treatment—For every 250 mg of protein 
the above solution, I mg of crystalline trypsin was added, the 
pH adjusted if necessary to 8.5, a few crystals of thymol added, 
and the mixture incubated in a closed container at 50° for 24 
hours.“ 

Acetone Fractionation—The solution from the previous step 
was stirred in an ice bath until cold, and to each 100 ml were 
added 20 ml of 2 Mu potassium acetate and 66 ml of acetone 
(—20°); stirring was continued for 15 minutes and the mixture 
was centrifuged at 10,000 x g for 20 minutes. The supernatant 
solution was stirred in an ice bath during the addition of a further 
58 ml of cold acetone and for 15 minutes thereafter, then centri- 
fuged as before. The precipitate was dissolved in one-fifth the 
original volume of 0.02 u Tris, pH 8. 

Chromatography on Ecteola Cellulose—This operation was per- 
formed at 2°. A column of Ecteola cellulose, 2 x 35 em, was 
packed under a head of 14 inches of water and cleaned by passing 
100 ml of M NaCl-0.1 u NaOH through it, followed by distilled 
water until the pH was less than 8.0. Part of the acetone 
fraction, containing 72 mg of protein, was diluted 5-fold with 


3 Sonication may lead to loss of material from the particles, but 
is an advantage because the phosphodiesterase is not removed 
even during treatment for 20 minutes. 

When thymol was not added, the pH of the solution dropped 
below 6, trypsin digestion was decreased, and the enzyme was ir- 
reversibly precipitated. Although liver microsomes can be 
brought to this stage with similar results, 40% of the phosphodi- 
esterase is lost on trypsin digestion. 


ͤöDEH2%.e 
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Fic. 1. Chromatography of acetone fraction on Ecteola cellu- 
lose. Solutions entering the column were: A, enzyme fraction in 
0.05 M Tris-acetate; B. 0.05 M Tris-acetate; C. 0.05 m Tris-acetate, 
0.05 M in KCI; D. as before, 0.09 M KCI; E. as before, 0.12 u KCl; 
F, as before, 0.15 m KCl. All solutions were pH 8.0. The con- 
tinuous curve indicates protein concentration; vertical bars de- 
note enzyme concentration (nitrophenyl-pT assay). 


TABLE I 
Purification of phosphodiesterase I from hog kidney 


| — units | % 
1 Homogenate 23. 800 7.4 176,000 100 
2 Supernatant solution 14, 450 9.7 141,000 80 
3 Particles 3. 970 29 115,000 65 
4 | Soluble proteins 3,160 306 115,000 65 
5 Trypsinized | | 110,000 62 
6 Acetone precipitate 233 362 | 93,000 54 
7 | Column peak* | 9301.70 187 


| 


* Dissolved acetone precipitate, 28.2%, (Step 6) was chromato- 
graphed. Recovery of units at Step 7 includes only peak tubes 38 
to 42, inclusive (Fig. 1). 


0.05 M Tris-acetate, pH 8.0, and allowed to flow into the column, 
followed by 25 ml of 0.05 u Tris, pH 8.0, 50 ml of 0.05 u Tris- 
0.05 M KCl, pH 8.0, and increasing KCI concentrations as shown 
in the legend to Fig. 1. Fractions of 10 or 5 ml were collected 
at a flow rate of 0.5 ml per minute. 


RESULTS 


Enzyme Purification—A summary of results from a representa- 
tive purification is given in Table I. Problems in purification 
arose mainly from strong intermolecular complexes and not from 
enzyme instability, so it is assumed that further purification will 
be possible. At this stage, the preparation has been purified 
approximately 250-fold, and the hot trypsin digestion has de- 
stroyed most of the alkaline 5’-nucleotidase (5, 6) which was 
also present in the tert-amyl alcohol extract. The tert-amyl 
aleohol procedure appears to dissolve most of the proteins of 
the microsome-lysosome fraction obtained in Step 3, together 
with some of the RNA, since the specific activity rises but little 
and the ratio 1 to Asso is only 1.1; this indicates a concentra- 
tion of approximately 2.5% nucleic acid (7). It is possible, but 
unlikely, that an appreciable increase in enzymic activity oc- 
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TABLE II 
Solubility of phosphodiesterase I after tert-amyl alcohol 
and trypsin-acetone steps 
Preparations from Steps 4 and 6 (Table I) were centrifuged at 
110,000 X g for 90 minutes and fractions removed from the centri- 
fuge tube with a hypodermic syringe. 


Fraction — | 
unils | 
A. tert-Amy!] alcohol-ether treatment 
1. Upper half of supernatant solution 12 28 
2. Lower half of supernatant solution 1 
3. Fine particles suspended | 74 13 
4. Coarse pellet suspended es 40 7 
B. Acetone-precipitated preparation | | 
1. Upper half of supernatant solution 2000 15 
2. Lower half of supernatant solution 2160 49 
3. Fine particles suspended............... | 1 
4. Coarse pellet suspended................ 160 4 


curred during solution of the protein but was masked by an 
equal degree of inactivation; accordingly, it seems most reason- 
able to assume that the enzyme on the particles is fully active, 
at least toward nitrophenyl-pT.’ Tests for solubility of the 
phosphodiesterase, shown in Table II, revealed that 80“, cf the 
activity remained in the supernatant solution during centrifuga- 
tion at 110,000 x g for 90 minutes after tert-amyl alcohol treat- 
ment and 94% was soluble before column chromatography. 
Thus, the alcohol-extracted enzyme has some tendency to 
sediment under high centrifugal forces, but is clearly. no longer 
associated with the original particle. Sedimentation proper- 
ties® after chromatography are illustrated in Fig. 2. The lighter 
peak is decreased by chromatography, so the heavier one (8 = 
10.2 X 10-") presumably includes the enzyme. 


Properties of Soluble Enzyme 


Substrate Specificity—A number of deoxyribo-oligonucleotides, 
tested at equal molar concentrations by the chromatographie 
method described for venom (8) were each hydrolyzed at equal 
rates by kidney phosphodiesterase | but only 22% as rapidly as 
nitrophenyl-pT. These included pTpT, pTpTpT, pTpTpT- 
pTpT, and dpTpTpC. This difference in rate between nitro- 
phenyl-pT and oligonucleotides bearing 5’-phosphate end groups 
is similar to that observed with venom phosphodiesterase itself 
(5.3:1). The rate of hydrolysis of TpT was 20% of the rate of 
pTpT, and this difference is again similar to, but of smaller 
magnitude, than the effect on the venom enzyme of removing 
the terminal 5’-phosphate. 

Nitrophenyl-pU under the usual assay conditions was hydro- 
lyzed 70% as fast as nitrophenyl-pT, and 3’-O-acetyl-p-nitro- 
phenyl thymidine 5’-phosphate (4) was hydrolyzed equally as 


»The abbreviations used are: nitrophenyl-pT and Tp-nitro- 
phenyl, p-nitrophenyl esters of thymidine 5’-phosphate and thy- 
midine 3’-phosphate, respectively ; nitrophenyl-pU, p-nitrophenyl 
ester of uridine 5’-phosphate; d. in combination with other ab- 
breviations, deoxy; and cyclo-pTpT, cyclic thymidine dinucleo- 


tide. 

Dr. M. E. Reichmann, Science Service Laboratories, Canadian 
Department of Agriculture, Vancouver, Canada, very kindly per- 
formed the ultracentrifuge runs and related calculations. 
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Fic. 2. Upper, ultracentrifugation pattern of acetone fraction 
after trypsin treatment. The buffer is 0.05 M Tris, pH 9; the pro- 
tein concentration is 3.7 mg per ml. Frames were taken 13 and 
37 minutes after reaching a speed of 59,780 r. pm. Bar angle. 


rapidly at pH 8 (where the acetyl is stable) as nitrophenyl-pT. 
Thus, both of these chromogenic substrates are hydrolyzed 
faster than nitrophenyl-pT by the kidney enzyme, whereas the 
reverse is true for the enzyme from venom (4). It is particularly 
interesting that substitution at the 3’-hydroxyl by acetyl, 
presumably analogous to substitution on soluble RNA by amino- 
acyl, has little effect on the rate of hydrolysis. Indeed, the 
Vas, and K. for nitrophenyl-pT at pH 9.1 and 8.0, and for 
3’-0-acetyl-nitrophenyl-pT at pH 8, shown in Table III indicate 
a slightly higher activity of the enzyme toward the acetylated 
diester and a similar affinity for substrate. 

The activity of the purified enzyme has been tested against a 
number of other substrates in order to define further its speci- 
ficity. 

1. Mononucleotides were released from soluble RNA (pre- 
pared from hog liver according to Smith (9)) at approximately 
0.1% the rate of hydrolysis of nitrophenyl-pT and were accom- 
panied by some oligonucleotides, whereas pApApA and pApA- 
pApA were hydrolyzed 18% as fast as nitrophenyl-pT. The 
slow rate on RNA, with or without added Mg**, is no doubt 
due in part to the low concentration of susceptible ends, and 
clearly distinquishes the phosphodiesterase from RNase. Small 
amounts of oligonucleotides may have been formed by a small 
amount of RNase in the enzyme preparation, or from the partial 
hydrolysis by the phosphodiesterase of larger oligonucleotides 
already present as contaminants in the RNA. 

2. Similar results, including oligonucleotide formation, were 
obtained with a commercial DNA preparation of high viscosity 
after it had been heated at 100° for 3 minutes and rapidly cooled, 
and resemble early observations’ with venom phosphodiesterase. 


*W. E. Razzell, unpublished observations. 


70°. Lower, ultracentrifugation pattern of enzyme from column 
(265 ml), as in Fig. 1. Frames taken 11 and 19 minutes after 
reaching 59,780 r.p.m., at Bar angles of 70° and 60°, respee- 
tively. Sedimentation from left to right. 


III 
Effect of pH and substitution on hydrolysis of nitrophenyl-pT 
Substrate Km 


Nitropkenyl-pT............... 9.1 3000 4.6 X 10 
8.0 840 1.7 X 10 
3’-O-Acetyl-nitrophenyl-pT... 8.0 1030 2.6 X 10 


Thus, there is no appreciable level of DNase in the phosphodi- 
esterase preparation. 

3. X exelie-p and C-cyelic-p were slowly hydrolyzed, although 
the enzyme active on such compounds is probably not identical 
with phosphodiesterase. 

4. ATP and ADP were slowly hydrolyzed, and di-(thymi- 
dine-5’) pyrophosphate (4) rapidly attacked, in agreement with 
the proposal (4) that such activity is a property of the same en- 
zyme active on oligonucleotides. 

5. TpTp and Tp-nitrophenyl were not hydrolyzed under con- 
ditions which would have detected a rate equal to 0.1% 42 
observed with nitrophenyl-pT. 

Stepwise Degradation—During tests of the substrate a 
of the enzyme, the formation of intermediates in the course of 
the reaction was observed chromatographically exactly as de- 
scribed for venom phosphodiesterase (8): intermediates in pTpT- 
pTpTpT hydrolyses appeared sequentially in order pTpTpTpT, 
pTpTpT, and pTpT, and pTpTpC was hydrolyzed first to 
pTpT and pC without the formation of any pTpC that could be 
detected by electrophoresis in u acetic acid. No transfer reac- 
tions, leading to the formation of oligonucleotides longer than 
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Fic. 3. Effect of pH on activity. Standard assay conditions, 


with Tris adjusted to the desired pH with acetic acid and enzyme 


concentration constant. 


ACTIVITY, % 


80 
TEMPERATURE, °C 
Fic. 4. Effect of temperature on activity and stability. Stand- 
ard assay conditions for activity determinations, O——O. Sta- 


bility studies at constant enzyme concentration, incubated 10 


minutes and substrate added, @——@. 


the initial substrate, were observed (compare phosphodiesterase 
IT (3)). 

Hydrolysis of Cyclic Oligonucleotides—A slow but measurable 
hydrolysis of macrocyclic deoxyribo-oligonucleotides was ob- 
served with phosphodiesterase I from venom (8), although such 
endonuclease action does not appear to contribute appreciably 
to the course of hydrolysis of long polymers (10, 11). In the 
hope that the kidney enzyme would not possess this characteris- 
tic, 0.25 umole of cyclo-pTpT was incubated for 18 hours with 
200 units of enzyme and a crystal of thymol in Tris, pH 8.9. 
Chromatography in Solvent A (4) showed complete hydrolysis 
to a mixture of pT and thymidine. The level of activity towards 
macrocyclic oligonucleotides is thus at least as high as with 
venom and some monoesterase action appeared likely in spite 
of its being undetected in reactions with substrates noted pre- 
viously. Separate tests during prolonged incubation of pT with 
the enzyme revealed the appearance of thymidine, so the mono- 
esterase presumably could have converted pT from cyclo-pTpT 
to thymidine. Assuming this, the hydrolysis of cyclo-pTpT 
protiably proceeds through the formation of pTpT. 

F flect of pH on Activity, Stability, and Solubility—As shown in 
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Fig. 3, there is a sharp pH optimum for enzymic activity in Tris 
buffer at pH 9.1. No inactivation occurs between pH 10 and 
6 after 2 hours at 0° or 50°, but with preparations obtained at 
Steps 4 and 7 more than 50% of the activity is lost in 2 hours at 
0° at pH 5.0. Tests of solubility, defined as the proportion of 
enzyme remaining in the clear supernatant solution after cen. 
trifugation at 10,000 x g for 20 minutes, showed that the en- 
zyme in material at Step 3 became insoluble below pH 5.2 and 
at Steps 4 and 5, below pH 6.0, whereas at Step 7 the enzyme was 
still soluble above pH 4.5. However, when insoluble materia] 
obtained by such isoelectric precipitation of preparations be- 
tween Steps 4 and 7 was resuspended at pH 8 to 10, almost no 
enzyme was redissolved. Attempts to precipitate or redissolve 
selectively, by adding urea or NaCl during precipitation or 
resuspension, did not result in a useful degree of fractionation. 
Although precipitation of particles from Step 2 by pH adjustment 
to 5.1 provided good recovery of enzyme and could be followed 
by an apparently successful tert-amyl alcohol treatment, this 
technique was avoided. 

Effect of Temperature on Activity and Stability—Fig. 4 (open 
circles) shows the effect of temperature on enzyme activity under 
standard assay conditions. The effect of prior exposure of en- 
zyme at pH 9.1 to various temperatures for 10 minutes in the 
absence of substrate is shown by the closed circles. A kind of 
“temperature plateau” is apparent, within which increased tem- 
peratures had little effect on activity or stability. Magnesium 
acetate up to 0.01 M had no effect on stability at 66°. 

Extracts of frozen kidney slices possessed the same specific 
activity and total activity as extracts of fresh tissue; frozen 
particles (Step 3) lost 60 % of their total activity; frozen soluble 
fraction (Step 4) lost 20%; whereas the final preparation (Step 
7) lost none and did not appear to suffer any change in solubility. 
Freezing and thawing did not liberate enzyme into a soluble 
form from material at Step 3 or from whole tissue. 

Additional Properties—Enzyme in material corresponding to 
Steps 3, 4, and 7 was only slightly stimulated by Mg*~, and 
Cut+ stimulated at Step 3 but inhibited at subsequent stages 
(Table IV). EDTA, mononucleotides, and nucleoside pyro- 
phosphates inhibited the enzyme at various stages of purification. 


TaBLe IV 
Effects of various compounds on activity in particles, 
soluble, and purified preparations 
Standard assay conditions. 


Inhibition 

Addition Concentration mere 
Particles Soluble Purified 
(Step 3) (Step 4) (Step 7) 

| % % 

10217 210 -12 
10-2 —60 —49 —46 
Cu- 4 * 10 —24 24 25 
EDTA 5 x 10° 7 9 5 
2.5 X 10 10 24 40 
AMP 10-3 71 73 100 
3 * 10 16 
ADP 10-3 40 28 40 
3 * 10 0 
ATP 10-3 28 18 21 
pT 10-3 33 29 60 
dpA 10-3 64 54 90 


PA 
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Nucleoside pyrophosphates were less inhibitory as the number of 
phosphates per mole increased. Since the preparation at Step 
7 slowly ydrolyzed ATP and ADP, and since inhibition of 
nitrophenyl-pT hydrolysis by ATP and ADP was competitive, 
all three compounds may be substrates for the same enzyme 
because they possess the nucleoside 5’-phosphory! structure. 
By analogy with venom phosphodiesterase (4), competitive in- 
hibition by oligonucleotides was expected but attempts to dem- 
onstrate it were unsuccessful. 


DISCUSSION 


In attempting to obtain a soluble active phosphodiesterase 
from the washed particle suspension, a number of procedures 
known to dissolve all or part of the microsomal material were 
investigated as alternatives to tert-amyl alcohol. Deoxycholate, 
0.5% final concentration, produced a preparation which did not 
sediment in the ultracentrifuge, but when the enzyme and the 
deoxycholate were separated from each other the enzyme be- 
came insoluble again. The enzyme withstood shaking with 
30% butanol, but was not removed from the particle; nor did 
butanol treatment effect an appreciable purification at stages 
subsequent to the ftert-amyl alcohol step. Particles incubated 
with 5 or 10 moles of sodium pyrophosphate at pH 9 for } to 
48 hours released considerable ultraviolet-absorbing materials 
(12), but no phosphodiesterase. Similarly, 2 u urea or 0.5 M 
NaCl, pH 7 or 9, at 4° or 37° (13) did not dissolve any enzyme. 
Inactivation resulted from freezing and thawing or treating the 
particles with EDTA (14), and trypsin did not liberate the phos- 
phodiesterase. 

Subsequent to the tert-amy! alcohol step, a number of conven- 
tional procedures were applied to purify the enzyme, because 
it seemed desirable to establish general procedures for fractionat- 
ing dissolved microsomal proteins. It has not been established 
whether other techniques would be successful with other enzymes 
present in the microsomal extract; nevertheless, no appreciable 
purification of the phosphodiesterase before trypsin treatment 
resulted from the use of alcohol (with or without Mg**, Zn**, 
or K*) at sub-zero or elevated temperature and only slight 
purification was obtained with acetone at 0°, in spite of the great 
stability of the enzyme in the presence of these solvents. Cal- 
cium phosphate and alumina gels, cation and anion resins or 
substituted cellulose preparations, differential heat or pH treat- 
ments, and ammonium sulfate precipitations were similarly in- 
effective. In addition, partial precipitation of enzyme occurs 
at low acetone concentrations during early stages of trypsin 
treatment (Table V). The results suggested that the microsomal 
proteins were still tightly associated in solution. 


TABLE V 
Acetone fractionation of soluble microsomal proteins 
after trypsin treatment 


Acetone (ml) per an hg of 
Trypsin Treatment Incubation 
38 | 49 | 85 | 105 
t irypsin per mg protein 47 Enzyme precipitated,“ 

0 0 30 66 | 80 
0.8 6 30 
0.8 18 30 80 100 
6.0 18 0 8.5 


W. E. Razzell 


The ultracentrifuge pattern of the final preparation at Step 7 
indicates a molecular weight of approximately 150,000 (assuming 
a spherical particle of average density), but in view of the frac- 
tionation problems that had to be circumvented this weight may 
represent an aggregate also. Further study of alternative and 
more extensive methods of purification is desirable. 

The general properties, substrate specificity, and, in particular, 
the stepwise degradation of oligonucleotides by phosphodiesterase 
I are similar to those of the snake venom enzyme. However, 
the enzyme differs from a number of others which hydrolyze 
oligonucleotides bearing 5’-phosphate end groups. For example, 
neither the enzyme described by Anderson and Heppel (15) nor 
the Escherichia coli phosphodiesterase purified by Lehman (16) 
hydrolyzes nitrophenyl-pT, and the E. coli enzyme is inactive 
on dinucleotides. Although extensive substrate studies have 
not been carried out, the enzyme from liver nuclei (17) which 
resembles the Azotobacter agilis enzyme described by Stevens 
and Hilmoe (18) also possesses lower activity on small oligonucle- 
otides and appears not to be the enzyme in nuclei (1) which 
hydrolyzes nitrophenyl-pT. 

Observations on the rates of hydrolysis of deoxyribo-oligonu- 
cleotides by kidney phosphodiesterase | before trypsin treatment, 
carried out in the presence of inorganic phosphate to decrease 
dephosphorylation of the products, revealed a higher rate of 
mononucleotide release from large oligonucleotides than from 
dimers or nitrophenyl-pT and would suggest that another ac- 
tivity, similar to that of the E. coli enzyme, is also present in 
the microsomal extracts but has been removed during subsequent 
steps. In any case, it would only be detected by the use of two 
or more assay systems employing two or more substrates simul- 
taneously or by selective inhibition of one or the other activity 
in turn. As distinct from the isolation of enzymes active on 
particular substrates, surveys of various kinds of phosphodies- 
terases in tissues will require determination of activity on a 


variety of compounds. 
SUMMARY 


An enzyme hydrolyzing p-nitropheny! thymidine 5’-phosphate 
(phosphodiesterase I), present in the lysosome-microsome frac- 
tion of hog liver extracts and previously shown to be present in 
a variety of mammalian tissues has been dissolved from the 
microsomes with tert- amyl alcohol and purified by trypsin, heat, 
acetone, and chromatographic treatments. The enzyme hy- 
drolyzes oligonucleotides stepwise from the 3’-hydroxyl end of 
the polymer chain, liberating nucleoside 5’-phosphate units, and 
is low in phosphomonesterase. Cyclic oligonucleotides, lacking 
any end group, were also slowly hydrolyzed. The enzyme re- 
sembles phosphodiesterase I from snake venom in a number of 
general properties as well, having a pH optimum of 9.1 and being 
sensitive to metal-chelating agents. 

A number of problems arose in purifying the enzyme from 
dissolved microsomes, apparently because of intermolecular com- 
plexing. 
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All natural and biosynthetic polynucleotides, with the excep- 
tion of the alkaline form of polyinosinic acid and polyuridylic 
acid, appear to possess some degree of secondary structure at 
ordinary temperatures. In some cases, the helical content 
approaches 100%. Into this latter category fall natural deoxy- 
ribonucleic acid and the multistranded complexes formed by 
polyadenylic acid with polyuridylic acid and with polyinosinic 
acid (1-4). 

However, there also exists a second category of incompletely 
organized polynucleotides with fractional helical contents. This 
group includes natural ribonucleic acid (1), the alkaline forms of 
polyadenylic acid (5) and polycytidylic acid, and the copolymers, 
respectively, of adenylic and uridylic acids (6) and of adenylic 
and cytidylic acids (7). In many ways, these two general 
classes of polynucleotides offer some degree of parallel to the 
fibrous and globular proteins (1). 

In the case of the nucleotide copolymers, such as poly AU) 
poly AC, and natural ribonucleic acid, there is a strong possibility 
that the obstacles to helix formation imposed by the inevitable 
occurrence of extensive mismatching may be at least partially 
overcome through the formation of unpaired loops which are 
external to the helical regions (8). 

In this paper, observations will be presented on poly IC and 
poly IU. It can be stated that the expectations as to the extent 
of molecular organization differ radically in the two cases. 

Poly I and poly C have been shown to interact in solution to 
form a doubly stranded helical complex, of stability comparable 
to that of the poly A plus poly U complex (9). Furthermore, 
both poly I and poly C are known individually to form helical 
species (10). In contrast, no interaction between poly I and 
poly U has been observed. The helical form of poly U is so 
unstable as to melt at temperatures below 10°, even at very 
high ionic strengths (11). Although poly I does possess at high 
ionic strengths a relatively stable helical form, the cyclic triply 
stranded character of this structure may hinder its formation in 
a mixed copolymer of the poly IU or poly IC type. 

Thus, the existence of a fractional helical content is, a priori, 
somewhat more favored in the case of the IC copolymers than in 
that of the IU copolymers. 

The purpose of the present paper is to examine the molecular 
properties of the IU and IC copolymers as a function of nucleo- 
tide composition and external parameters, with particular regard 


The abbreviations used are: poly A, polyadenylic acid; poly 
U, polyuridylie acid; poly C, polyeytidylie acid; poly I, polyino- 
sinic acid; poly AU, copolymers of adenylic and uridylic acids; 
poly AC, copolymers of adenylic and cytidylic acids, poly IC, 
copolymers of inosinic and cytidylic acids; poly IU, copolymers of 
inosinie and uridylic acids. 


to the apparent helical content. It should, however, be recog- 
nized that the only available criteria for the latter are the rela- 
tively crude and empirical yardsticks of ultraviolet hy pochromism 
(1) and optical rotation (12). 


EXPERIMENTAL PROCEDURES 


Poly IC’ and poly IU were prepared by the action upon 
nucleoside diphosphate of the polynucleotide phosphorylase of 
Micrococcus lysodeikticus (13). Preparations of the latter enzyme 
were obtained through the courtesy of Dr. R. Beers. They were 
isolated from bacterial lysates by the method described elsewhere 
(13). The polymerization and purification procedures have 
been described in detail in earlier papers (6, 7). 

The nucleotide compositions of poly IU and poly IC were 
determined by a paper chromatographic analysis of the products 
of exhaustive alkaline hyrolysis (1 hour at 100° in 0.1 u NaOH) 
of 2% polymer solutions. Whatman No. 1 filter paper and a 
radial system were used. The developing solvent had the follow- 
ing composition: 0.1 M sodium phosphate, pH 6.8, 1 liter; (NH.) 
SO,, 600 g, n-propanol, 20 ml. 

The spots were located through their quenching of the ultra- 
violet-excited fluorescence of the filter paper (with the use of a 
Mineralight lamp). The spots were cut out and eluted with 
0.01 Mu HCl (5 ml), and the ultraviolet absorbancies of the eluates 
compared at 280 ma and 250 ma. This permitted computation 
of the composition of the copolymers from the known molar 
absorbancies of the nucleotides. The compositions are listed in 
Table I. 

The nucleoside diphosphates used were obtained from the 
Sigma Chemical Company. The other reagents used were of 
analytical grade. Glass-redistilled water was used for all 
investigations. 

Ultracentrifugal measurements were made with a Spinco ultra- 
centrifuge with the use of schlieren optics. Sedimentation coeffi- 
cients were extrapolated to zero concentration. 

Measurements of intrinsic viscosity were made with an 
Ubbelohde viscometer, modified to permit dilution directly in the 
viscometer. 

Ultraviolet absorption was measured with a Beckman model 
DU spectrophotometer equipped with a thermostatted cell 
holder, through which water from a constant temperature bath 
could be circulated, permitting temperature control to within 
+0.1°. In this way, measurements could be extended over a 
range of temperatures, from 3° to 70°. 

Light scattering measurements were made with a Phoenix light 
scattering photometer. For measurements over a range of 
angles, a cylindrical cell with planar polished entrance and exit 
windows was used. Details of the calibration procedure and the 
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TABLE I 
Composition and hypochromism of copolymers 
The solvent in each case is 0.1 m KCl, plus 0.01 m cacodylate, 
acetate, or glycine buffer of the desired pH. The hypochromism 
is defined as 1 — Z, in which Z is the ratio of the absorbancy of 
the polymer to that of its alkaline hydrolysate (1 hour at 100° in 
0.1 m NaOH) under exactly the same conditions. 


Copolymers of Inosinic Acid 


Preparation [Mola | Temper- | 
my 

IC I 0.70 6.5 20° 260 0.23 

IC II 0.45 6.5 20° 260 0.32 
3.3 20° 260 0.25 

IC III 0.31 6.5 20° 260 0.30 
6.5 20° 250 0.37 
6.5 50° 250 0.16 
10.0 20° 250 0.20 

IC IV 0.33 6.5 20° 260 0.35 
6.5 20° 250 0.40 
10.0 20° 250 0.23 

IC V 0.35 

IC VI 0.85 6.5 20° 260 0.14 
6.5 20° 250 0.19 

IU Ill 0.73 6.5 20° 260 0.13 
6.5 50° 260 0.11 

IU IV 0.83 


technique of measurement are given, for example, in (14) and (15). 
Before measurement, each solution was clarified by repeated 
centrifugation at 15,000 x g in a Serval centrifuge until constant 
scattering properties were attained. 

Optical rotation was measured by means of a Keston polari- 
metric attachment for the Beckman spectrophotometer. The 
former was furnished by the Standard Polarimeter Company. 
The instrument was calibrated with 1% sucrose solutions. 


RESULTS 


Little difficulty was encountered in preparing poly IC samples 
of high molecular weight. The preparations studied here ranged 
in sedimentation coefficient from 5 to 9 8, corresponding to 
molecular weights in the range 105 to 10° (Table II). Despite 
the fairly wide range of molecular weights, the various prepara- 
tions will be discussed in a unified manner, following the practice 
of earlier publications. The principal justification for this 
comes from the example of poly A, the optical rotation and 
hypochromism of which show little or no variation with molecular 
weight in the range 10° to 10“. 

Poly IU could also be obtained with a reasonably high value of 
820, w- However, yields were uniformly low (<20% of mono- 
mer). The product also showed some signs of instability, 
possibly because of a trace enzyme contaminant. Thus, the 
viscosity of a 0.1% solution tended to drift downward with time. 

Nucleotide Sequence—The work of Heppel, Ortiz, and Ochoa 
(16) has clearly shown that the specificity of pancreatic ribo- 
nuclease is such that bonds of the type PypPy and PypPu are 
cleaved, but not bonds of the type PupPy.* This property can 
be utilized to examine the effective randomness of sequence of 


the IC copolymers. 
Thus, the products of exhaustive ribonuclease hydrolysis of 
2 R. F. Steiner, unpublished. 


3 The nomenclature is that of Heppel et al. (16). 
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poly IC should consist of a mixture of CMP and a series of 
oligonucleotides of the type IC, IIC, IIIC, etc. Whenever a 
cytidylic unit is “preceded” by (linked in the 5’-position to) 
another cytidylic unit in the original copolymer, this residue will 
occur as free CMP in the ribonuclease hydrolysate. In contrast, 
cytidylic units preceded by inosinic units will occur as the terminal 
nucleotides of oligonucleotides of the above type. 

The method of analysis of the ribonuclease digests (1 mg per 
ml of ribonuclease, 0.1 Mu KCl, 0.01 M Tris (pH 8.1), 24 hours at 
38°) was as follows. The analysis was done for poly IC V only. 
After development of the paper chromatogram of the digest, the 
CMP spot and the combined spots of the other (oligonucleotide) 
components were eluted with equal volumes of 0.01 m HCl. 
The combined oligonucleotide eluate was then subjected to 
complete alkaline hydrolysis to nucleotides (0.1 M NaOH for l 
hour at 100°). From the ratio of absorbancies at 250 my and 
280 my, the mole fraction of IMP in the oligonucleotide eluate 
was computed from the relationship 


es 7210 — 6120¢ 
65800 + 5110 


TIMP 


= Aw: Ao 


With the known IMP content of the oligonucleotide eluate, the 
contribution of IMP to the absorbancy at 280 my of the oli- 
gonucleotide eluate was computed and deducted. The ratio of 
free CMP to combined CMP (=) is equal to the ratio of 
A2. cur: emblised cup, After correction for dilution and 


TABLE II 
Macromolecular properties of IC and IU copolymers 
Preparation Solvent tee 
IC I 0.1 u KCl, 0.01 m acetate buffer, | 5.7 
pH 6.5 
IC II | 0.1 u KCl, 0.01 M acetate buffer, | 9.1 
pH 6.5 
IC III | 0.1 u KCl, 0.01 m acetate buffer, 4.95 
pH 6.5 
IC IV“ 0.1 u KCl, 0.01 m acetate buffer, | 8.0 
pH 6.5 
IC II | HO 12.0 
IC II | 0.09 u KCl, 0.003 m cacodylate 0.48 
buffer pH 6.5 
IC V 0.1 u KCl, 0.01 M acetate buffer, | 5.0 
pH 6.5 
IC VI | 0.1 u KCl, 0.01 M acetate buffer, 4.9 
pH 6.5 
IU III | 0.1 u KCl, 0.01 m acetate buffer, 6.7 0.50 
pH 6.5 
IU IV | 0.1 u KCl, 0.01 u acetate buffer, 6.3 
pH 6.5 
C I 0.1 u KCl, 0.01 u acetate buffer, 3.9 
pH 6.5 
I IX | 0.1 mw KCl, 0.01 u acetate buffer, | 10.5 
pH 6.5 


* The weight average molecular weight, as determined by light 
scattering, was 3.8 X 10% for poly IC IV. The root-mean-square 
end-to-end separation, as determined by light scattering, was 
585 A. The ratio of end-to-end separation to contour length 
(computed assuming a nucleotide separation of 3.4 A) was 0.14. 
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the difference in absorbancies of CMP at acid and alkaline pH. 
For poly IC V, 6 was equal to 1.94 + 0.10. 

The ratio 8/(1 + 8) is equal to the fraction of all CMP resi- 
dues in the original polymer which are preceded by other CMP 
units in the intact copolymer and hence are released as free 
nucleotide in the ribonuclease digest. For poly IC V, this 
fraction was 0.66 + 0.05. From Table I, the mole fraction of 
CMP in IC V was 0.65 + 0.03. This is equal to the value of 
8/(1 + 8) predicted for a random sequence. 

The fraction of the total content of cytidylic residues that 
were converted to 3-CM through ribonuclease digestion is seen 
to be in fair agreement with expectations for a random sequence. 
However, it is not meant to claim the highest precision for this 
procedure. 

In view of the results of Simha and Zimmerman (17), it would 
certainly be extravagant to regard this result as indicative of 
true randomness. The most that can be said is that extensive 
departures from randomness and, in particular, long uninter- 
rupted sequences of inosinic or cytidylic residues are absent. 
This is entirely sufficient for the purposes of this paper. 

Molecular Kinetics and Light Scattering Even a cursory 
examination leaves little doubt that, at neutral pH (6.5) and 
moderate ionic strength (0.1), the over-all shape of the molecular 
domain of poly IC must be highly coiled. Thus, none of the 
copolymers showed any perceptible streaming birefringence under 
these conditions. In view of the high molecular weights ob- 
tained in most cases, this result renders most unlikely a greatly 
extended rodlike configuration, as would be predicted for a 
polynucleotide of high helical content, such as the poly A plus 
poly U complex or natural deoxyribonucleic acid. 

This picture is reinforced by the available light scattering data 

(Table II). In 0.1 M KC] the measured radius of gyration of a 
representative poly IC sample corresponds to a mean end-to-end 
separation which is well below the value of one-third the contour 
length, which, from the work of Treloar (18), roughly defines the 
upper limit of extension compatible with the randomly coiled 
state. 
Moreover, the intrinsic viscosity of a representative copolymer 
under these conditions is very low (Table II) and is certainly 
well within the range expected for a randomly coiled poly- 
nucleotide of this order of molecular weight. 

It is however important to realize that this picture of the 
molecular configuration of poly IC refers only to the over-all 
molecular domain and does not preclude the existence of local- 
ized helical (or otherwise ordered) regions of limited extent. 

The intrinsic viscosity of poly IC is very ionic strength- 
dependent and increases pronouncedly at low concentrations of 
electrolyte (Table II). Almost certainly this reflects the familiar 
electrostatic deformation (or inflation) of the molecular domain 
characteristic of linear polyelectrolytes under these conditions. 
Thus, either any existing regions of short range order are in- 
sufficient in extent to eliminate the molecular flexibility or else 
they do not survive the enhanced electrostatic stress at low ionic 
strengths. 

In general the macromolecular properties of poly IC show no 
important differences from those of the AU (6), AI (7), and AC 
(7) copolymers studied earlier. In all four cases the polymers 
appear to belong to the randomly coiled category, at least by the 
criterion of extension. 

The rather low yields and stability of the poly IU preparations 
precluded any extensive molecular kinetic or light scattering 


R. F. Steiner 


studies. However, the absence of any measurable streaming 
birefringence at an ionic strength of 0.1 suggests that these 
polymers are also of a coiled configuration under these conditions. 
Furthermore, as will be discussed later, the spectral and optical 
rotation evidence for any helical content was negative. 

Ultraviolet Absorption—The poly IC preparations examined all 
displayed a high degree of hypochromism at 20° in 0.1 M KCl, pH 
6.5 (Table I). The hypochromism was invariably greater at 
250 my than at 260 my for the polymers examined. The mag- 
nitude of the hypochromism at 250 mu was comparable to the 
values reported for the cases of poly A and poly AU in earlier 
publications (6, 7). 

Fig. 1 shows the difference spectrum at neutral pH of a poly 
IC of high inosinic content (IC VI) and its alkaline hydrolysate. 
The hypochromism is seen to be maximal at 250 my and to 
decrease at higher wave lengths. Interestingly enough, at 
sufficiently long wave lengths (>280) it disappears altogether, 
being replaced by a small hyperchromism, as has been predicted 
and verified for other helical polynucleotide systems (19). 

The variation of the ultraviolet absorbancy of poly IC with 
the usual experimental parameters fits well into the pattern of 
behavior expected from the known properties of such biosyn- 
thetic analogues as poly AU and poly AC. Thus, at neutral 
pH (6.5) and moderately high ionic strength (0.1), the ultra- 
violet absorbancy of poly IC is very temperature-dependent, 
increasing rapidly with increasing temperature. The curve is 
sigmoidal, attaining a plateau at temperatures of 45°-50°. The 
extent of increase is much greater at 250 my than at 260 my (Fig. 
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Fic. 1. Upper. Difference spectrum between the alkaline 
hydrolysate of IC VI and the intact polymer. The solvent in 
both cases was 0.1 u KCI-0.01 u cacodylate, pH 6.5. The nucleo- 
tide concentration was 8 X 10 ˙ wu. Lower. Variation with pH 
of the thermal dependence of absorbancy at 250 ma for IC V. 
The solvent was 0.1 « KCl, plus 0.01 u buffer of the desired 
The ordinate is the ratio of absorbancies at 50° and 4°. 
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Fig. 2. Upper. Thermal dependence of relative absorbancy 
for poly IC IV in 0.1 m KCI1-0.01 m cacodylate, pH 6.5 (250 my). 
Lower. Variation with pH of relative absorbancy for poly IC V 
at 26° (250 ma). The solvent was 0.1 mu KCl, plus 0.01 u buffer to 
the desired pH. 


The absorbancy of poly IC is also very pH-dependent. At 
pH values alkaline to 8 there occurs a pronounced increase in 
both 4260 and Aso. The increase at 260 my is presumably due 
in part to the spectral changes accompanying the ionization of 
the hypoxanthine base (pK 9). However, the absorbancy of 
hypoxanthine at 250 my is much less dependent upon its state of 
ionization, suggesting that the actual variation of hypochromism 
with pH is a primary factor in this case. 

This explanation is confirmed by a direct computation of the 
magnitude of the hypochromism at a pH alkaline to the pK of 
hypoxanthine (Table I). Thus, the hypochromism at 250 my 
and at 260 my is greatly reduced at pH 10 over its value at 
neutrality. A similar decrease occurs at pH values acid to the 
pK of cytosine (Table I), at least for copolymers with cytidylic 
contents in the range 30 to 66%. In neither case, however, 
does the hypochromism vanish. 

The thermal profile of poly IC is also pH-dependent (Fig. 1). 
Thus, for a copolymer with a mole fraction of CMP of 0.65 (IC V), 
the absorbancy at 250 mu becomes almost invariant to tempera- 
ture at sufficiently acid or alkaline pH values (Fig. 1). Further- 
more, the zones of pH at which thermal variation is lost (4 to 5 
and 8 to 9) correspond to the expected zones of titration of 
cytosine and hypoxanthine, respectively. 

However, the character of the thermal profile of the poly IC 
preparations is also dependent upon their composition (Fig. 3). 
Thus the ratio of absorbancies at 50° and 20° decreases for 
copolymers of high inosinic content (0.1 m KCl, pH 6.5). The 
low value of this ratio in the limiting case of poly I deserves 
comment, in view of the known capacity of this polymer to form 
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a helical structure. Apparently, the helical triplet formed by 
poly I at ionic strengths of the order of 1.0 does not persist to an 
important degree at the lower ionic strength, at least for polymers 
of this order of molecular weight. This is in accord with the 
reported dependence of the hypochromism of poly I upon ionic 
strength (10), as well as the amorphous character of electron 
microscope pictures of poly I deposited from a solution of ionic 
strength 0.1 (20). 

On the whole, the spectral properties of poly IC suggest 
strongly that a major component of the hypochromism arises 
from the presence of some degree of internal molecular organiza- 
tion, the extent of which is dependent upon pH and temperature, 
The detailed character of this interna] structure cannot, of course, 
be clarified from spectral data alone. 

However, a significant fraction of the hypochromism appears in 
each case to persist at elevated temperatures well above the region 
of thermal transition (Table I). This may reflect an intrinsic 
hypochromism which occurs upon polymerization of purine 
nucleotides and is independent of molecular organization. 

To summarize the behavior of the poly IU preparations, the 
hypochromism is much smaller than in the case of poly IC * 
preparations of comparable composition (Table I) and was 
moreover essentially independent of temperature, suggesting 
that the structural features responsible for the hypochromism 
of poly IC are missing in this case. 

Optical Rotation—Poly IC preparations containing mole 
fractions of CMP greater than about 0.30 all possessed (at pH 
6.5 in 0.1 mu KCl) optical rotations that were positive and large in 
magnitude. In the case of copolymers with roughly equivalent 
cytidylic and inosinic contents, the values of [a]p were comparable 
to those observed for poly A and poly AU (Table III). The 


MOLE FRACTION CYTIDYLIC ACID 
Fic. 3. The variation with composition of the thermal depend- 
ence of absorbancy for the IC copolymers. The ordinate is the 
ratio of absorbancies at 50° and 20°. The solvent was 0.1 U 
KC1-0.01 cacodylate, pH 6.5 in each case. The wave length is 
250 mu. 


100 


| 


£28282 FF 331338 FF 


10 9 
pH 
A — 
50° 
Aso \ 
130 
\ 
* 
* 
U 
\ 
* 
120 
\ 
\ 
\ 
\ 


— 


S 


eas S 
0 


November 1961 
TABLE III 

Specific rotations of IU and IC copolymers 
Preparation lal, 5° 
IC I 94° 
IC Il 152° 
IC III 165° 
IC IV 131° 
IU III —8° 


observed values of [a]p declined for mole fractions of IMP greater 
than 0.50. 
With respect to optical rotatory behavior, poly IC thus 
to fall into the increasingly numerous class of poly- 
nucleotides with properties intermediate to the helical and 
amorphous extremes. In the case of polyribonucleotides, these 
two limits appear to correspond roughly to values of [a]p of 0° 
and 300° (12). 

Poly IU preparations displayed quite different behavior. 
Specific rotations close to zero were observed (Table III), in 
harmony with expectations arising from their spectral properties. 

It cannot at present be claimed that our theoretical under- 
standing of the optical rotatory properties of polynucleotides has 
attained a level which would permit a quantitative assessment 
of the fractional helical content. All that can be concluded, 
upon an essentially empirical argument, is that the helical 
content probably amounts to a major fraction of the macro- 
molecule but does not approach 100%. 

Interaction of Poly IC and Poly C—The poly IC preparation 
with a mole fraction of CMP of 0.15 (poly IC VI) was examined 
for interaction with poly C. At neutral pH, 13°, and ionic 
strength 0.1, definite spectral evidence for interaction was ob- 
tained. Thus, the absorbancy at 250 my of a 1:1 mixture was 
reduced by 22% over the value expected for a nonassociated 
mixture under the same conditions. The thermal profile of the 
absorbancy was very broad, with a midpoint at 30-35%. 

Although this aspect was not pursued further, the available 
information contains nothing not in accord with expectations 
based upon prior work with the poly AU plus poly U (6, 8, 21) 
and poly AI plus poly U (7) systems. Here also, the formation 
of a helical duplex species can apparently survive a remarkable 
degree of substitution of either strand by an inert constituent. 
There is no reason to doubt that the steric accommodation of 
the noninteracting residues is via a similar model, possibly 
the “loops” of Fresco and Alberts (8), in all these cases. 


DISCUSSION 


The molecular kinetic and light scattering studies cited earlier 
leave little doubt that a completely helical structure can safely be 
excluded for poly IC. Such a structure could not fail to confer 
the unmistakable characteristics of a rigid, rodlike structure. 
As we have seen, all of the macromolecular properties of these 
polymers, including their highly folded configuration at high 
ionic strengths and their deformability under electrostatic stress 
at low ionic strengths, are completely at variance with such a 
structure. 

We are left with a system of random coils as the only plausible 
choice of structure. Although the evidence for random coils is 
confined to the failure of this model to conflict with the observed 
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properties of compactness and flexibility, the remaining possi- 
bilities seem very unlikely. 

The assignment of a randomly coiled configuration and the 
consequent exclusion of intramolecular long range order by no 
means rule out the possibility of short range order, as reflected by 
the occurrence of numerous helical regions of limited extent. 
These would not necessarily be inconsistent with an over-all 
highly folded configuration. 

Indeed, in the case of poly IC the available evidence is strongly 
suggestive of the existence of such regions of order. The strong 
temperature-dependent hypochromism and the high degree of 
dextrorotation are very analogous to the behavior of other poly- 
nucleotides which have been assigned, on the basis of these 
properties, to the class of incompletely helical systems. On the 
basis of the same arguments (and subject to the same reserva- 
tions), poly IC can be tentatively assigned to this group. 

In the case of poly IU it can be asserted confidently that there 
is no evidence for the occurrence of either long range or short range 
order, at least under the experimental conditions of this investi- 
gation. The absence of a thermal dependence of hypochromism 
and of any appreciable dextrorotation leads almost inescapably 
to this conclusion. It follows that a highly extended configura- 
tion in 0.1 u KCl is unlikely, since the helical structure capable 
of stabilizing such a configuration is absent. Thus, a coiled 
model is more plausible for poly IU. Although in harmony 
with the absence of streaming birefringence in 0.1 u KCl, this 
conclusion must clearly be regarded as tentative, pending more 
complete evidence. 

In view of the disappearance of the thermal dependence of 
absorbancy at pH values alkaline to the hypoxanthine pK, there 
is a definite implication that hypoxanthine-cytosine pairings may 
be the dominant factor in stabilizing the above short helical 
regions, at least for the 1:1 copolymer. With increasing cy- 
tidylic content, these are presumably replaced progressively 
by cytosine-cytosine pairings of the type responsible for the 
stability of the short helical regions of the alkaline form of poly 
C. Hypoxanthine-hypoxanthine pairings seem unlikely to be of 
major importance in view of the unorganized character of poly 
I at ionic strengths of 0.1 (20). 

The nature of the hydrogen bonding which stabilizes the short 
helical zones of poly IC must be left open for the present, as well 
as the question of whether they reflect the intermolecular interac- 
tion of two different strands or the intramolecular interaction of 
a single strand folded back upon itself to form hairpin-like helical 
regions. It is, of course, an attractive working hypothesis to 
identify the cytosine-hypoxanthine hydrogen-bonded pairs with 
those responsible for the stability of the poly I plus poly C 
helical duplex species (9). 


Copolymers of inosinic acid with cytidylic acid and with 
uridylic acid have been prepared. Light scattering and vis- 
cosity show that copolymers of inosinie and cytidylic acids, at 
ionic strengths of the order of 0.1, are of a highly coiled configura- 
tion. The optical rotation and the thermal dependence of 
hypochromism of a copolymer of inosinic and cytidylic acids 
suggest an important degree of helical content. In contrast, the 
copolymer of inosinic and uridylic acids appears to be essentially 
amorphous by the same criteria. 
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It has been reported that the capacity of rabbit bone marrow 
to carry out the synthesis de novo of purine ribonucleotides is 
quite low, and that this tissue requires preformed purine deriva- 
tives supplied by the liver (1, 2). Presumably, the salvage 
enzymes, including nucleoside phosphorylases (3), participate 
in the reutilization of the preformed derivatives. So far, only 
pyrimidine nucleoside phosphorylases of rabbit and himan bone 
marrow have been described (4, 5). It was very probable, then, 
in view of their wide distribution in other tissues (6), that purine 
nucleoside phosphorylases would also be present in bone marrow 
cells. 

This investigation resulted in the isolation of a nucleoside 
phosphorylase that appears to be highly specific for guanosine 
and deoxyguanosine. In this respect, the enzyme is unlike the 
purine nucleoside phosphorylases isolated from liver (7), erythro- 
cytes (8), and brain (9). 


EXPERIMENTAL PROCEDURE 


The enzyme activity was assayed spectrophotometrically by 
measuring the increase in absorption at 290 my resulting from 
the conversion of guanosine (or deoxyguanosine) to guanine. 
For every micromole of guanine formed, the increase in absorp- 
tion was 2.9. All experiments were done in duplicate, and in all 
experiments the test solutions were read against incubated con- 
trols. Unless otherwise specified, the incubation mixture con- 
tained the following (in micromoles) in a final volume of 1.0 ml: 
potassium phosphate buffer at pH 7.0, 100; mercaptoethanol, 5; 
enzyme; and substrate, 1.5. The reaction was started by the 
addition of substrate and the tubes were incubated for 10 minutes 
at 37°. The reaction was stopped by heating the reaction mix- 
ture for 2 minutes in a boiling water bath. The controls were 
incubated without substrate, which was added just after the tubes 
were placed in the boiling water bath. The tubes were cooled 
in an ice bath and to each was added 2 ml of 1 N potassium 
hydroxide. Any precipitate that was present was spun down 
at 10,000 r.p.m. for 10 minutes. 

Under the standard conditions of assay, the formation of 
guanine was a linear function of time for 30 minutes and of pro- 
tein concentration up to an optical density reading of 0.250. A 
unit of enzyme activity is defined as that quantity that catalyzes 
the formation of 1.0 umole of guanine per hour. Specific activity 
is defined as the number of units per mg of protein. Protein was 
determined by the method of Lowry et al. (10). 

In some experiments, the phosphorolysis of uridine, thymidine, 
cytidine, inosine, xanthosine, and adenosine was measured. The 
enzyme assay with these substrates was essentially that described 
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for guanosine phosphorylase. The absorbancy changes for the 
conversion of 1 umole of nucleoside to 1 umole of base were: 
uridine, +3.9; xanthosine, read at 295 my, +3.48; thymidine, 
read at 295 mu, +3.2; adenosine, read at 280 mu, +3.5; inosine, 
at pH 7.2, read at 259 mu, +3.16; and cytidine, at pH 7.2, read 
at 280 my, —4.17. 

In other experiments, the enzyme preparations were tested 
for guanase activity. The procedure was that described for the 
assay of guanosine phosphorylase, except that 1.5 umoles of 
guanine replaced guanosine. The increase in absorption at 290 
my was 3.3 for every micromole of guanine that was deaminated 
to xanthine. 

Enzyme Purification—The buffers used in these procedures 
all contained 5 mu mercaptoethanol. 

Two rabbits were killed by a blow at the base of the head. 
The animals were perfused with ice-cold 0.9% sodium chloride 
solution through the right atrium until the livers were completely 
blanched. All subsequent operations were carried out at 0°. 
The bone marrow was removed from the leg bones and homoge- 
nized with 5 volumes of 0.05 M potassium phosphate buffer at 
pH 7.1. The homogenate (Fraction 1) was centrifuged for 40 
minutes at 105,000 x g. After centrifugation, 99% of the en- 
zyme activity was in the supernatant, Fraction 2 (Table I). 

To Fraction 2, ammonium sulfate (24.5 g per 100 ml) was 
added to bring the concentration to 35% of saturation. The 
precipitate was spun down at 12,000 x g for 20 minutes. To 
the supernatant, ammonium sulfate (21.0 g per 100 ml) was 
added to bring the concentration to 65% of saturation. The 
resulting precipitate was resuspended in 0.05 m potassium phos- 
phate at pH 7.0 (Fraction 3), and contained 57.5% of the enzyme 
activity. 

Fraction 3 was treated with precooled (—30°) acetone in an 
alcohol-water-Dry Ice bath at —3° so that a concentration of 
33% was obtained. After centrifugation at —5° and 12,000 x g 
for 20 minutes, the supernatant was cooled to —10° and acetone 
was again added to a final concentration of 66%. After centrifu- 
gation at —10°, the residue was suspended in 0.05 M Tris at pH 
7.2, and 0.1 volume of calcium phosphate gel was added. After 
centrifugation, 50.1% of the activity was in the supernatant 
(Fraction 4). 

A volume of calcium phosphate gel, 3 times that of Fraction 4, 
containing 21 mg (dry weight) per ml, was centrifuged for 5 
minutes at 5000 x g and the supernatant was discarded. Frac- 
tion 4 was adjusted to pH 6.8 with acetic acid, poured onto the 
calcium phosphate gel, and thoroughly mixed with the gel. 
Usually about 95% of the activity was adsorbed onto the gel. 
The gel was eluted successively with 5-ml aliquots of 0.05 1 
Tris at pH 7.0, 0.03 M potassium phosphate at pH 6.5 (eluate 
Ab, 0.03 M potassium phosphate at pH 6.75 (eluate A;), 0.05 1 


958). 

0). 

ter 

em., 

60). 
60). 

3043 


TABLE I 
Summary of purification 


8 Ratio (guano- 

1 Treatment Volume Activity Protein | 5Pecific sine: deoxy- 

E | activity — 
ml units me units/mg 

1 Homogenate 52.7 1070 18.5 1.1 0.95 

2 | Supernatant 43.0 1054 7.8 3.1 1.1 

3 Ammonium sulfate | 3.8 616 19.0 8.5 

1 Acetone 3.7 515 8.8 18.9 

5 Gel eluates 2.6 450 2.6 67.0 1.04 

6 | Combined DEAE | 1.3 30 0.08 | 292.0 1.1 

| eluates* 


* Of 132 units of Fraction 5 actually used, 120 units were re- 
covered in the DEAE eluates. Of these, only 30 units were re- 
covered after ammonium sulfate precipitation of the DEAE elu- 
ates. 


TABLE II 
Phosphorolysis of other substrates 
The respective substrate, 1.5 ymoles, was added to the standard 
incubation medium. The specific activities of the supernatant, 
gel eluate A, and combined eluates were 3.7, 18.4, and 57, respec- 
tively. 


Substrate | Supernatant Gel eluate A: 1 
% of activity 
Ze 100.0 100.0 100.0 
1.0 0 2.5 
ss 0.9 0 0 - 
r 0 0 0 
˙ 0 0 0 
TABLE III 
Phosphorolysis of uridine 
1 Ratio 
Fracti T Subs Activity Specific ine: 
traction reatment ubstrate ty activity — 
units | units/mg 
1 Supernatant Guanosine 2165 3.2 | 2.7:1 


Uridine 800 | 1.18 
2 Ammonium sulfate Guanosine 1790 9.9 | 3.7:1 


35 to 60% 
Uridine 490 | 2.7 
3 | Supernatant from | Guanosine 0 0 0:1.6 
calcium phos- 
phate gel Uridine 202 1.58 
4 Gel eluate A. Guanosine 660 82.6 83:0 
Uridine 0 0 


potassium phosphate at pH 6.94 (eluate A,), and 0.05 M potas- 
sium phosphate at pH 7.4 (eluate Ay). Most of the activity was 
in the last three eluates (Table I), which were combined. The 
enzyme was precipitated from these eluates with ammonium 
sulfate and resuspended in 0.05 M potassium phosphate at pH 7.0 
(Fraction 5). This fraction was further purified by chromatogra- 
phy on a DEAE-cellulose! column (11). The fractions containing 


1 Obtained from the Brown Company, Berlin, New Hampshire. 
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the highest specific activity were combined and the enzyme 
precipitated with ammonium sulfate and resuspended in phos. 
phate buffer (Fraction 6). The specific activity of Fraction 6 
was 292 and represents a 270-fold purification over the initia] 
homogenate (Table I). 

Under the standard conditions of assay, guanase activity was 
not detected in any of the enzyme fractions and did not interfere 


with the assay of guanosine phosphorylase. 
Properties of the Enzyme 

Substrates—Under the conditions of the standard assay, the 
enzyme appeared to be specific for guanosine and deoxyguano- 
sine. Constant ratios of 1 (guanosine :deoxyguanosine) were 
obtained for all fractions isolated during the purification proce- 
dure (Table I). The supernatant had minimal activity with 
xanthosine, inosine, and thymidine. No _ phosphorolysis of 
cytidine was detected and adenosine was rapidly deaminated. 
Highly purified preparations also showed minimal or no activity 
with xanthosine and inosine (Table II). When the combined 
eluate fraction was allowed to age, the specific activity with 
guanosine decreased 8.2 units but remained constant with 
xanthosine. 

When both guanosine and xanthosine were added to the incu- 
bation medium containing the purified enzyme preparation, 
there was no inhibition of the phosphorolysis of guanosine. 

The crude enzyme preparations also showed considerable 
activity with uridine. During subsequent purification proce- 
dures, the uridine phosphorylase was isolated (Table III). Thus, 
Fraction 3 had no measurable activity with guanosine and Frae- 
tion 4 none with uridine. Dihydrouracil dehydrogenase, assayed 
by measuring the decrease in absorbancy at 340 my due to the 
oxidation of TPNH, was not detected during a 20-minute incuba- 
tion period and did not interfere with the assay of uridine phos- 
phorylase. 

The enzyme preparations were tested for activity in the forma- 
tion of nicotinamide ribonucleoside when incubated with 2 
umoles of ribose 1-phosphate, 2 umoles of nicotinamide, and 10 
umoles of sodium acetate at pH 6.05, in a final volume of 1 ml. 
After 15- to 30-minute incubation periods, aliquots were re- 
moved and tested by the cyanide addition reaction for the appear- 
ance of nicotinamide ribonucleoside (8). In all of the tests, no 
nicotinamide ribonucleoside could be detected. 

PH and Stability—The phosphorolysis of guanosine proceeds 
with maximal velocity over a pH range of 7.0 to 7.4, whereas 
the phosphorolysis of deoxyguanosine was maximal at a pH of 
7.0 (Fig. 1). The enzyme showed no noticeable loss of activity 
after storage for a month at —10°. After 2 months of storage, 
there was loss of activity. 

Inhibitors and Activators—The partially purified enzyme re- 
quires 2-mercaptoethanol for optimal activity. It was com- 
pletely inhibited by p-chloromercuribenzoate at 2 X 10 u. 
Arsenite at a concentration of 10-4 M, and EDTA at a concen- 
tration of 0.003 m, had no effect on the enzyme. Tris buffer 
(0.1 M at pH 7.5) inhibited the enzyme 22%. 

Effect of Substrate Concentration—A Lineweaver-Burk plot 
(12) of the rate of phosphorolysis as a function of guanosine 
concentration is shown in Fig. 2. The K., (13) was 2.16 x 10 
u. A similar plot was obtained with increasing deoxyguanosine 
concentrations. The K., was 2.1 x 10 M. The K., values 
obtained indicate equal affinities for guanosine and deoxy- 
guanosine, and are additional evidence that the same enzyme is 
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Fic. I. Rate of phosphorolysis of guanosine (O0) and 
deoxyguanosine (O. ) as a function of pH. The former was 
determined with a preparation of specifie activity of 17 in the 
presence of 0.1 M sodium acetate and 0.1 M potassium phosphate 
(©) or 0.1 u Tris (6 ). The latter was determined with a 
preparation of specific activity of 27 in the presence of 0.1 M 
potassium phosphate (). 
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Fig. 2. On the left is a plot of data obtained from the rates of 
guanine formation with increasing guanosine concentration. 


On the right is a plot of data obtained from the rates of guanine 
formation with increasing potassium phosphate concentration. 


involved. Fig. 2 also shows the reaction velocity as a function 
of phosphate concentration. The K., was 3.76 X 10 u. There 
was no enzyme activity when phosphate was absent and 0.05 u 
arsenate completely replaced 0.05 u phosphate in the reaction. 

Equilibrium Constant In the presence of 0.47 enzyme unit, 
0.75 umole of guanosine, and 0.75 wmole of potassium phosphate 
at pH 7.0, 0.10 umole of guanine was formed after incubation 
for 40 minutes at 37°. On further incubation, no additional 
guanine was formed. From these figures the equilibrium con- 
stant was calculated to be 0.019. 

Stoichiometry of Reaction—The enzyme preparation was incu- 
bated with guanosine and inorganic phosphate for periods of 20 
to 40 minutes. Aliquots were then removed for the estimation 
of guanine by the standard assay procedure, and inorganic phos- 
phate and acid-labile phosphate by the method of Lowry and 
Lopez (14). For every micromole of guanine formed in the 


reaction, | wmole of inorganic phosphate disappeared and l Amole 
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of acid-labile phosphate appeared (Table [V). When arsenate 
replaced phosphate (Experiment 4), | wmole of reducing sugar 
was formed per micromole of guanine. Reducing sugar was 
determined by the method outlined by Colowick, Kaplan, and 
Ciotti (15). Under the conditions of this assay, neither ribose 
I- phosphate nor guanosine was hydrolyzed, and both gave nega- 
tive reducing sugar tests. 

Chromatography— Ascending chromatograms with Whatman 
No. | filter paper were employed. The solvent used was 5% 
disodium hydrogen phosphate in isoamy! alcohol (16). Aliquots 
of the boiled reaction mixture were spotted on the paper. The 
developed chromatogram was viewed under ultraviolet light. 
Two ultraviolet-absorbing spots with Ry's of 0.45 and 0.64 
appeared, and were comparable to those of guanosine (R, = 
0.64) and guanine (Ry = 0.44). 

Nucleoside Phosphorylase of Other Tissue—Despite the exten- 
sive perfusion of the animals, a few contaminating red blood 
cells were usually included in the bone marrow preparations. 
Therefore, homogenates of red blood cells were tested and showed 
very low uridine and guanosine phosphorylase activities, com- 
pared to bone marrow homogenates (Table V). Intestinal 
mucosa supernatants were more active with the four substrates 
tested than bone marrow supernatants, and liver supernatants 
were less active. 


TaBLe IV 
Stoichiometry of reaction 
Mercaptoethanol was omitted from the reaction mixture. 
Guanosine, 7.5 umoles, and potassium phosphate, 10 moles, pH 
7.0, were added to tubes containing 4.8 units of dialyzed enzyme 
in à volume of 1 ml. The reaction was terminated by boiling 
the reaction mixture for 2 minutes. 


8 Inorxanic Acid labile 
Experiment N Guanine phospha phospha Reduc 
— —— | — 
pmoles 
1 0.53 0.60 | 
2 0.66 0.60 0.60 
3 0.43 0 50 
4 0.70 0.5* 
0.81 0.07 


* Incubation with 0.1 u arsenate. 
t Incubation with 0.1 u phosphate. 


TABLE V 
Nucleoside phosphorylase activity of rabbit tissues 
Homogenates were prepared in 5 volumes of 0.05 Mu phosphate 
and 5 mm 2-mereaptoethanol at pH 7.0. Supernatants were pre- 
pared by centrifuging the homogenates for 30 minutes at 
105,000 X 9. 


Specific actirity, units n, 
Bone marrow homogenates 1.07 | 1.16 | 0.35 | 
Red blood cell hemegenates.. | 0.17 0.13 0.025 
Intestinal mucosa superna- 
5.2* 4.3° | 1.32 0.67 
Bone marrow supernatant ive: 4.3 3.9 1.4 0.27 
Liver supernat ant 3.37% 3.06“ 0.08 0.19 


* Corrected for guanase activity. 
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DISCUSSION 


Rabbit bone marrow cells contain several nucleoside phos- 
phorylases in addition to the thymidine phosphorylase described 
by Friedkin and Roberts (5). Of these enzymes, guanosine 
phosphorylase is the most active. Although the bone marrow 
extracts also show low phosphorylase activity toward inosine 
and xanthosine, the results presented above indicate that this 
activity is probably not associated with guanosine phosphorylase. 

The guanosine phosphorylase of bone marrow differs markedly 
from the nucleoside phosphorylase of rat liver (7, 17), calf liver 
(IS, 19), brain (9), and veast (20) in its lack of activity toward 
inosine. It resembles nicotinamide nucleoside phosphorylase 
of human erythrocytes (8) in its preference for guanosine, but 
does not catalyze the formation of nicotinamide ribonucleoside 
from nicotinamide and ribose |-phosphate. In its specificity for 
the deoxyribonucleoside and ribonucleoside of guanine, it resem- 
bles the calf liver enzyme which was reported to be equally as 
active with inosine as with deoxyhypoxanthosine (21). 

The absolute specificity of the pyrimidine deoxyribonucleoside 
phosphorylase of Escherichia coli for the deoxyribose moiety (22) 
is in sharp contrast to the wider specificity of the bone marrow 
enzyme. It may be, however, that only pyrimidine phos- 
phorylases (23, 24) have this kind of specificity. As vet, it is 
not certain whether the bone marrow phosphorylase that is ac- 
tive with both uridine and deoxyuridine is one enzyme or more. 
This point is under investigation. 

The high activities of guanosine and uridine phosphorylases 
of bone marrow suggest that they may play an important role 
in the utilization by bone marrow of the corresponding preformed 
bases and nucleosides reaching this tissue via the blood. 


— 


SUMMARY 


A guanosine phosphorylase from rabbit bone marrow has been 
purified 270-fold. The enzyme is as active with deoxyguanosine 
as with guanosine, and exhibits equal affinities for the two sub- 
strates (K, values, 2.10 Xx 10-4 mM and 2.16 «x 10 *). With 
both substrates, the enzyme was most active at pH 7.0. The 
activities at arsenate concentrations of 0.05 u and 0.1 u were 
100% and 88% of the activities at comparable phosphate con- 
centrations. Tris buffer and p-chloromercuribenzoate inhibited 
the enzyme, but ethylenediaminetetraacetic acid and arsenite 
had no effect. 

The purified preparations showed minimal or no activity with 
the purine ribonucleosides, adenosine, inosine, and xanthosine. 
Neither xanthosine nor inosine inhibited the phosphorolysis of 
guanosine. No enzymic formation of nicotinamide ribonucleo- 
side from nicotinamide and ribose 1-phosphate was detectable. 

The crude bone marrow preparations also catalyzed the phos- 
phorolysis of uridine and thymidine. The rate of phosphorolysis 
of uridine was one-third that of guanosine and one and one-half 
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times that of thymidine. During subsequent purification proce. 
dures, it was possible to separate the uridine and guanosine 
phosphory lases. 

The phosphorolysis of guanosine, deoxyguanosine, uridine, 
and deoxyuridine by other rabbit tissues was investigated. 
Red blood cell preparations catalyzed very little phosphorolysis 
of the four substrates. Liver preparations showed more activity 
and bone marrow still more. [Intestinal mucosa extracts were 
the most active. 
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A mechanism for the action of beef liver rhodanese (thiosulfate 
cyanide sulfurtransferase) has been proposed by Sérbo (2) on the 
basis of inhibition data. The use of the Hevyrovsky polarograph 
with a dropping Hg electrode has permitted a further study of 
the rhodanese mechanism. The stoichiometry of the reactions 
of crystalline rhodanese with its substrates has been determined, 
and the data are not consistent with the mechanism proposed by 
Sérbo. The results of these studies have demonstrated that 
rhodanese action proceeds by a double displacement mechanism. 
Crystalline beef liver rhodanese has been identified as an en- 
zyme-substrate intermediate. 


EXPERIMENTAL PROCEDURE 


Crystalline rhodanese was prepared as previously described 
(3). The polarographic cell (Fig. 1) was constructed to accom- 
modate 0.1 ml volumes and to allow deaeration with nitrogen. 
The cell resistance determined by the method of Meites (4) was 
8000 ohms. This resistance could cause no significant distortion 
(<0.02 volt) in the range of currents (0 to 2 wa) used in this 
work. A buffer containing sodium phosphate and sodium tetra- 
borate, both at 0.05 mM, pH 8.7, was used as supporting electrolyte. 
Potassium nitrate at 0.1 M was added to systems in which the 
phosphate-borate content had to be decreased. Since each ex- 
periment contained standards for the components involved, it 
was not necessary to rely on diffusion current constants in deter- 
mining the changes of ion concentrations. 

The Sargent model XII polarograph was used in all determina- 
tions in the present study. Dropping Hg electrode capillaries 
were drawn from thermometer tubing. Special care in deaera- 
tion of protein solutions was required to avoid obscuring the 
polarographic wave of the enzyme by the cathodic waves of 
oxygen. 

The Heyrovsky polarograph has been widely used in analytical 
procedures (5, 6) but not in the study of enzyme mechanisms. 
In the present study, determinations involving a crystalline en- 
zyme available in milligram quantities only would not have been 
feasible by other techniques. The high degree of resolution and 
sensitivity of the method suggest that polarography may find a 
more extensive use in this field. 


RESULTS 


The substrate ions 880, „80, „SCN and CN displayed 
anodic diffusion currents with half-wave potentials in good agree- 


* Supported by grants from the National Science Foundation 
and the Dr. Wallace C. and Clara A. Abbott Memorial Fund of 
the University of Chicago. A preliminary report of this work has 
appeared (1). 


ment with reported values (7) (Fig. 2). The half-wave po- 
tentials of these polarographic waves are known to show small 
systematic variations with concentration (7). These variations 
did not prevent good separation of the waves of the substrate 
and product ions in the present study. In addition, native 
crystalline rhodanese was found to display a single well defined 
cathodic current with a half-wave potential of —0.14 volt versus 
the saturated calomel electrode. This cathodic current disap- 
peared on treatment with CN or 80, and also decreased as 
the enzyme was allowed to denature at 25° in buffer alone, ap- 
proaching a value established by the supporting electrolyte. In 
contrast, the cathodic current of the enzyme was maintained at 
full value for comparable periods by keeping the solution at 3° 
or by the addition of 880, to the buffer (Fig. 3). The activity 
of the enzyme paralleled the existence of the cathodic current. 

The reactions of crystalline rhodanese with the ions 880 
SO, „SCN, and (N are summarized in Table I. An experi- 
ment typical of this series is outlined in Table II. 

Quantitation of SCN~ was not possible with the buffer system 
used for 880, 80, and (N as the anodic current con- 
tributed by the buffer in sufficient concentrations obscured the 
anodie current of SCN. Decreasing the buffer concentration 
to 2.5 X 10 M permitted discernment of the SCX wave. As 
the quantitation of CN was not impaired at the reduced buffer 
concentration, a comparison of CN~ utilization and SCN~ syn- 
thesis was made. These data, expressed as increments of dif- 
fusion current, appear in Table III. An adequate set of stand- 
ards for the direct quantitation of SCN could not be obtained 
in this system. However, since the diffusion currents of CN 
and SCN~ in other supporting electrolytes are known to be of 
closely comparable magnitude (e.g. Fig. 2), the data of Table 
III were interpreted to indicate a synthesis of SCN equivalent 
to the disappearance of CN. 


DISCUSSION 
The results presented above establish the following reactions: 
Enzyme + 2880. Enzyme S. + 280 (1) 
Knzyme-S; + 2CN~ Enzyme + 28CN~ (2) 


The reactions of Equations | and 2 constitute a double displace- 
ment mechanism of enzyme catalysis as defined by Koshland (8). 

The results also identify crystalline rhodanese as an enzyme- 
substrate intermediate, Enzyme-S; of Equations 1 and 2, con- 
taining 2 atoms of activated substrate sulfur per molecule. The 
cathodic current of the active enzyme, evidently attributable to 
the two S atoms, disappears when the sulfur is removed from the 
enzyme by treatment with 80, or CN or by heating. These 
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Fic. 1. Cell for polarography of 0.1 ml samples in the range of 
currents to 2 ya. a, the solution to be analyzed; b, Hg reservoir; 
, connecting arm; d. side arm for access of reference electrode; e, 
Beckman saturated calomel reference electrode; f. heavy walled 
capillary cell chamber, 3 mm inside diameter. Access of dropping 
mercury electrode and narrow polyethylene tube for nitrogen is 
from above. 
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by Nakamoto (9) and Westley and Nakamoto! using 880 
and ** 

Sérbo has proposed the following mechanism of rhodanese 
action (2): 


— 8 S—S—S0, 
Eo | + 880. = Eo 
8 —8 
| ex- 
8 
Enzyme + SCN- 


S—SCN 
8 
The basis for this proposal was the inhibition of rhodanese by 


(3) 


+ SO; 


— 


Fic. 2. Polarograms of substrate and product ions. From left to right the polarographic waves are for SCN, SOs = 


880. 
the figure. S. C. E., saturated calomel electrode. 


procedures also lead to irreversible inactivation of rhodanese. 
880 protects the enzyme from these inactivations and also 
maintains the cathodic current, presumably by serving as a 
source of substrate sulfur. In Reaction 1, the presence of 
880. in sufficient concentration to maintain the equilibrium 
of the reaction far to the right favors the preponderance of En- 
zyme-Se, the more stable form of the enzyme. In contrast, the 
presence of excess 80 causes the displacement of Reaction ! 
to the left, favoring the preponderance of the relatively unstable 
free enzyme. Similarly, in Reaction 2 the presence of excess 
CN leads to inactivation by favoring the formation of free en- 
zyme. Thus, the protective effect of 880, and the inactivat- 
ing effects of CX and 80, are explainable in terms of the 
equilibria of Reactions 1 and 2. 

The existence of crystalline rhodanese as the Enzyme-S; form 
of Equations | and 2 has:also been established in tracer studies 


and CN, all at 8 X 10 M. The residual current of the supporting electrolyte (0.1 a KNQO;) appears across the top of 


Nin the absence of 880. . Inhibition by 80, ~ was also 
observed and explained, as was the CN inhibition, in terms of 
attack of the disulfide bond proposed as the active site. Sörbo 
recognized two weaknesses in his proposed mechanism (10): (@) 
hydrocyanolysis of organic sulfenylthiosulfates does not proceed 
with the elimination of 80 ; (6) the presence of the sulfhydryl 
group required in Reaction sequence 3 could not be demon- 
strated. A further criticism may be made in that the mechanism 
proposed by Sérbo predicts irreversible inactivation of crystalline 
enzyme by (N at a definite rate even in the presence of 880 
On the contrary, rhodanese has proved to be fully stable in 
solutions containing excess SSO; ~. In addition, the inactiva- 
tion of the enzyme caused by the presence of CN~ proceeded 
much more rapidly in dilute protein solutions than in concen- 


J. Westley and T. Nakamoto, manuscript in preparation. 
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trated protein solutions, an effect opposite to that predicted 
from Sérbo’s inactivation mechanism. 

Sérbo has also reported data demonstrating that SO, - can 
serve as an alternate S acceptor in the rhodanese reaction (11). 


= 
| oo 
os vs. SCE 


-O25V 


Fic. 3. Polarogram of the cathodic current of rhodanese. 
Wave A, residual current for the buffer, here separated for clarity; 
Wave B, anodic inflection of 880 , 40 mymoles in 0.1 ml; Wave 
C, polarographic wave obtained when 0.35 mg of crystalline 
rhodanese was added to the solution that gave Wave B. Wave C 


crosses Wave Bin the SSO; region. S. C. E., saturated calomel 
electrode. 

TABLE I 
Reactions of crystalline rhodanese with substrate and product ions 

Changes in ion concentration 
Experiment® 
Ions decreased Ions increased 
moles ion / moles rhodanese 

+ rhodanese 80 +1.8¢t SSO; 
880 + rhodanese. . None None 
CN- + rhodanese...... —1.7f CNY SCN (See Table III) 
SCN- + rhodanese..... None None 


* Reaction mixtures contained rhodanese, 9.34 mamoles, and 
substrate and product ions, 80 mamoles, in 0.1 ml volume, pH 8.7, 
— of sodium phosphate and sodium tetraborate, both at 

u. 

t Values represent averages of three experiments for 80 + 
thodanese with mean deviation of 19% for SO;-~ and 10% for 
§80,--, and two experiments for CN- + rhodanese with mean 
deviation of 3% for CN-. 


J. R. Green and J. Westley 


II 
Typical experiment and calculation of results 


Polarographic cell constituents 
A. SO;-~ (80 mamoles) + 
1.85 0.05 
B. SO,. (80 mumoles) + 
rhodanese (9.34 
mymoles) + buffer. 1.5 0.4 
C. SSO;-~ (40 mamoles) 
+ buffer.......... 0.1 0.85 
D. Inactive rhodanese 
(9.34 mamoles) + 
0.3 0.05 
E. Buffer, pH 8.7, 0.05 u 
phosphate-borate. . 0.3 0.05 
F. Change on addition 
of enzyme to S0 
—0.35 +0.35 
Calculation of changes 
in quantities of ions —0.35/1.55 X 80 =| 0.35/0.80 X 40 = 
— 18.0 mymoles 17.5 mamoles 
Changes expressed as 
moles of ion per mole 
of enzyme........... —1.9 +1.9 
Taste III 
Comparison of CN utilization and SC VN synthesis 
Net increments of current 
Experiment® 
cx- | SCN- 
10 
CN- + rhodanessee —0.58 +0.65 
CN- + rhodanese........ —0.60 | +0.80 


* CN-, 80 mamoles, and rhodanese, 9.34 mamoles, in 0.1 ml of 
buffer of sodium phosphate and sodium tetraborate, both at 2.5 X 
10°? u, pH 8.7, in 0.1 M potassium nitrate. 


The equilibrium of Reaction 1 accounts for these results. Thus, 
the role of SO;- as a sulfur acceptor as well as the effects of 
CN-, S0, , and SSO,- on rhodanese stability are accounted 
for by the double displacement mechanism of rhodanese catalysis 
presented in this communication. 

The availability of milligram amounts of the crystalline en- 
zyme containing activated substrate S will facilitate further study 
of the sulfurtransferase reaction. Because of its relatively low 
molecular weight (18,500 per bound substrate S) and the clear 
definition of its interactions with the substrate and product ions, 
rhodanese may also afford an exceptional opportunity for in- 


The mechanism of action of beef liver rhodanese has been 
studied polarographically with a dropping Hg electrode. Crys- 
talline rhodanese has been 


identified as an enzyme-substrate 


ANese 
— 
5 
| 
| 
vestigating the correlation of enzymatic function with structure. 
SUMMARY 
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intermediate containing 2 activated substrate sulfur atoms per 
molecule. The stoichiometry of the reactions of crystalline 
rhodanese with SSO;--, SO;--, SCN-, and CN- has been 
established. The results have demonstrated that rhodanese 
action proceeds by a typical double displacement mechanism. 
The relationship of this mechanism to that previously proposed 
by Sérbo has been discussed. 
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Studies on oxidative phosphorylation with mitochondria pre- 
pared either from liver or heart muscle have been carried out with 
terminal electron acceptors other than oxygen in the hope that 
such studies, on an abbreviated electron transport chain, might 
shed some light on the mechanism of phosphorylation coupled 
to biological oxidations. Slater (2) was one of the first to em- 
ploy exogenous cytochrome c as an electron acceptor. Similarly, 
Lehninger (3) used cytochrome c as acceptor and found a P:O 


- patio approaching 2, indicating two sites of phosphorylation 


between reduced diphosphopyridine nucleotide-linked substrates 
and cytochrome c. Cross et al. (4) and Copenhaver and Lardy 
(5) introduced the technique of using potassium ferricyanide as 
an electron acceptor and observed P: O values of about 1. Press- 
man (6) extended the studies of Copenhaver and Lardy and 
observed a P:O ratio of about 2, using a more direct speetro- 
photometric method for following the reduction of potassium 


ferricyanide. 

Chance and Williams’ (7) detailed spectrophotometric studies 
of the respiratory pigments operational during oxidative phos- 
phorylation showed the influence of phosphate acceptors, not 
only on the rate of oxygen uptake, as described by Lardy and 
Wellman (8), but also on the steady-state levels of the various 
members of the respiratory chain. Such changes as occur in 
oxygen utilization on addition of a phosphate acceptor permit a 
simple and convenient method of determining the P:O values. 
From the direction of change of steady-state concentration of the 
respiratory pigments when going from the quiescent state (State 
4) to the actively respiring state (State 3), Chance and Williams 
(9) established the three sites most probable for phosphorylation 
to occur concomitantly with respiration. 

The present paper describes a simple spectrophotometric 
method for determining the P:O ratio when potassium ferri- 
cyanide is used as terminal electron acceptor. This method, 
like that employed when oxygen is measured polarographically, 
depends on the influence of phosphate acceptor on the rate of 
ferricyanide reduction. The experiments confirm the pre- 
liminary results of Pressman (6) showing P:e ratios of 1, i.e. a 
P:0 ratio of 2, for reduced diphosphopyridine nucleotide-linked 
substrates. The kinetic interpretation of these results as well 
as adjunct inhibitor studies show, in agreement with the conclu- 
sion of Pressman (6), that the principal donor of electrons from 
the respiratory chain to ferricyanide is at a level of cytochrome 

* A preliminary report of this work was presented to the Amer- 
ican Society of Biological Chemists, April 14 to 18, 1957, at Chi- 
cago, Illinois (1). 

t This work was carried out in part during the tenure of a 
United States Public Health Service Senior Fellowship (SF-206). 


c. In addition, the influence of potassium ferricyanide on the 
steady-state concentration of the various members of the respira- 
tory chain has been determined, and these results are discussed 
in the light of the current mechanisms proposed for oxidative 
phosphorylation. 


EXPERIMENTAL PROCEDURE 


Mitochondria were prepared in 0.25 M sucrose from the livers 
of guinea pigs or rats according to the method of Schneider (10). 
These preparations were routinely checked polarographically 
(11) to ascertain that the samples contained a high degree of 
respiratory control. The term respiratory control is defined, 
according to Chance (12), not only as the stimulation of oxygen 
uptake observed when a phosphate acceptor such as ADP is 
added to a medium containing mitochondria and an excess of 
substrate, but also the ability of respiration to decrease upon the 
utilization of the added phosphate acceptor. The isotonic medium 
employed for the experiments was similar to that used by Lardy 
and Wellman (8) i. e. 26 mm Na“, 99 mm K“, 6 mm Mg“, 108 
mu Cl-, 13 mu HPO, and 3 mu H. PO. Spectrophotometric 
recordings were obtained with either the dual monochrometer 
fixed wave length technique or the wave length scanning record- 
ing spectrophotometric technique (13-15). Cytochrome c and 
ADP were purchased from the Sigma Chemical Company. 
Fresh solutions of potassium ferricyanide were prepared daily for 
the experiments described. 

RESULTS 

Reduction of Potassium Ferricyanide—Potassium ferricyanide 
is characterized by a large absorption band in the Soret region 
of the spectrum. The spectral changes observed when potas- 
sium ferricyanide is (a) first added to mitochondria, (6) progres- 
sively reduced, and (c) totally reduced by substrate added to the 
mitochondria are shown in Fig. 1. The large absorption band 
with a maximum at 420 mu was employed in most of the subse- 
quent experiments in order to measure the rate of reduction of 
potassium ferricyanide. The millimolar extinction coefficient 
of this band has been determined as 1 (16). When one follows 
the reduction of ferricyanide at 420 my as a function of time, a 
record of the type shown in Fig. 2 is obtained. In this figure, 
mitochondria are diluted in an isotonic buffer and placed in a 
cuvette; the subsequent addition of potassium ferricyanide causes 
a large increase in absorption at 420 my. This addition is fol- 
lowed by aliquots of potassium cyanide or sodium azide to pre- 
vent the rapid reoxidation of potassium ferrocyanide as well as 
the reaction of the respiratory chain with oxygen. Addition of 
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substrate, in this case sodium glutamate, causes a slow reduction 
of potassium ferricyanide. The subsequent addition of ADP 
increases the rate of reduction about three to five times. On 
utilization of the added ADP, as indicated by the break in the 
change in absorption curve, the rate of reduction of potassium 
ferricyanide again decreases to that observed before ADP addi- 
tion. These cycles of stimulation of reduction may be repeated 
as many as four to five times in a single experiment. As with the 
reduction of oxygen (17), when determined polarographically, 
one may immediately determine an ADP to potassium ferri- 
cyanide or a P:e ratio. The difference in optical density (dashed 
lines) can be converted easily into moles of potassium ferri- 
cyanide reduced and related to the concentration of ADP added. 
The results presented in Fig. 2 show P:e ratios of between 0.9 
and 1.1 when glutamate is used as substrate, ie. a P:O (P:2e) 


mM Extinction Coefficient 


330 360 390 420 450 480 
Wavelength (my) 


Fic. 1. Spectral changes occurring during the reduction of 
ferricyanide. The reaction cuvette contained 0.02 ml of guinea 
pig liver mitochondrial suspension diluted to 2.0 ml with.isotonic 
buffer. For Curve A, 0.01 ml of a 0.1 u K, Fe( CN). solution and 
0.02 ml of 0.2 m KCN were added, and the spectrum was recorded. 
Subsequently, sodium glutamate, to give a final concentration of 
10 mu, was added, and the spectra B to E were recorded at in- 
creasing times. The curves shown represent those changes ob- 
served at (B, ~3.5 minutes; C, ~10 minutes; D, ~15 minutes; 
and E, ~20 minutes). The resultant data were replotted as a 
function of the millimolar extinction coefficient. 


of 1.8 to 2.2. These results have been repeated with 8-hydroxy. 
butyrate as substrate, showing that the pyridine nucleotide. 
linked substrates give P:e values of about 1 in agreement with 
the results of Pressman (6) and considerably higher than the re- 
sults reported by Cross et al. (4) or by Copenhaver and Lardy 
(5). 

The studies with sodium succinate as substrate should be men- 
tioned here, since the values of P:e were difficult to obtain and 
the results were inconsistent. When succinate is employed ag 
substrate, the rate of reduction of potassium ferricyanide is more 
rapid than with any other substrate used. The addition of ADP 
caused at most a 50% increase in the rate of reduction of ferri- 
cyanide (compare above) and did not give a definitive change in 
the rate of reduction indicative of the exhaustion of the added 
ADP; i.e. poor respiratory control of ferricyanide reduction was 
obtained when succinate was employed as substrate. As a conse- 
quence, no reliable calculation of a P:e ratio with succinate as 
substrate could be obtained by this method. 

Rate of Reduction of Ferricyanide—The rate of reduction of 
potassium ferricyanide in the presence of excess ADP shows that 
the reaction is zero order to a concentration of about 25 to 30 
um K, Fe( CN). An estimate of the affinity of the system for 
ferricyanide from this type of kinetic curve indicates that the 
half-maximal rate of reduction occurs at a level of about 10 to 
15 wm K, Fe( C N)., showing a high affinity of the respiratory 
chain for ferricyanide. 

As presented in Fig. 2, potassium cyanide or sodium azide 
was generally added to the reaction medium to insure that ferro- 
cyanide formed during the reaction was not reoxidized and that 
the reaction of cytochrome oxidase with oxygen was inhibited. 
Subsequent studies showed that the presence of sodium azide or 
cyanide did not measurably effect the initial rate of ferricyanide 
reduction at the levels of ferricyanide normally used for an experi- 
ment, i. e. 0.5 mm. Differences were observed, however, when 
the ferricyanide was almost completely reduced; half-maximal 
rates of reduction occurred at levels of about 35 wm K3Fe(CN),. 
Such studies indicate that ferricyanide can successfully compete 
with oxygen and cytochrome oxidase for reducing equivalen 
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Fic. 2. Dependence of K, Fe (CN), reduction on ADP. A guinea pig liver mitochondrial suspension (0.1 ml) was diluted to 3.0 ml 
in isotonic buffer and the changes in optical density at 420 my determined as a function of time. Subsequent additions of K, Fe(C V). 
KCN, sodium glutamate, and ADP are as shown. A second cuvette containing a comparable dilution of mitochondria was em- 
ployed as reference. Temperature of reaction cuvette was 26°. 
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Fic. 3. Effect of varying ADP concentrations on the rate of 
ferricyanide reduction. A series of experiments similar to those 
described in Fig. 2 were performed in the presence of 0.3 mm 
K, Fe (CN). with sodium glutamate as substrate. Various con- 
centrations of ADP were added, and the initial rate of ferricyanide 
reduction was determined. Simultaneous, determination of the 
P:e values indicated an average value of 1.1, which was inde- 
pendent of the ADP concentration employed. 


transported via the cytochrome system. This is best illustrated 
by comparing the maximal rate of ferricyanide reduction as 
determined spectrophotometrically with the rate of oxygen 
utilization as determined in parallel polarographic experiments. 
These showed that ferricyanide is reduced by glutamate in the 
presence of ADP at a rate nearly equal to the rate of oxygen 
uptake measured in the absence of ferricyanide and azide but 
under otherwise identical conditions, i. e. 95 um O: per minute 
compared to 340 um K, Fe( CN), per minute. These results are 
consistent with the recent observation of Chappell' who has 
demonstrated, using a membrane-coated oxygen electrode, the 
inhibition of oxygen uptake by ferricyanide. 

Effect of ADP Concentration—When one determines the in- 
fluence of the ADP concentration on the rate of ferricyanide 
reduction, in a manner similar to that carried out by Chance and 
Williams (7) who use oxygen as terminal electron acceptor, one 
obtains an apparent K. of about 35 um for ADP as illustrated 
in Fig. 3. This value is slightly lower than that observed by 
Chance and Williams, i.e. 56 ua ADP for half-maximal response 
of pyridine nucleotide but 25 ua ADP for half-maximal response 
of respiration. 

Inhibition of Antimycin A and Amytal—The rate of reduction 
of potassium ferricyanide by phosphorylating liver mitochondria 
is more than 90% inhibited by low concentrations of antimycin 
A when either succinate or DPNH-linked dehydrogenase sub- 
strates were employed. This is illustrated in Fig. 4 for a DPNH- 
linked substrate and in Fig. 5 where succinate has been employed 
as substrate. The antimycin A titer, i.e. the concentration of 
antimycin A required to cause a 50% inhibition, is the same 
whether ferricyanide or oxygen is used as terminal electron 
acceptor. This inhibition of ferricyanide reduction by anti- 


J. B. Chappell, personal communication. 


mycin A is a second point of divergence of these results from 
those of Copenhaver and Lardy (5) and is in agreement with the 
observations of Pressman (6) as well as Devlin and Lehninger 
(18). In a similar way, the reduction of potassium ferricyanide 
by DPNH-linked dehydrogenase systems was largely inhibited 
by Amytal. One would conclude from these results as well as 
those of Pressman (6) that potassium ferricyanide at the level 
employed in these experiments must be accepting electrons 
principally from respiratory pigments on the oxygen side of the 
antimycin A-sensitive step of the respiratory chain. 

Effect of Cytochrome c—A more definitive method for showing 
that potassium ferricyanide intercepts reducing equivalents 
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Fig. 4. Inhibition of ferricyanide reduction by antimycin A. 
Rat liver mitochondria (Mm) (5.8 mg of protein) were diluted to 
3.0 ml with isotonic buffer and K;Fe(CN)., KCN, 8-hydroxybu- 
tyrate (60H), ADP, and antimycin A added as indicated. Ferri- 
cyanide reduction was recorded at 420 ma with the split beam 
recording spectrophotometer. A P:e (ADP: K, Fe (CN)) ratio 
of 1.0 is observed. 
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Fid. 5. Effect of cytochrome c on the rate of reduction of K;- 
Fe (CN). Cytochrome c-deficient particles of rat liver mito- 
chondria (SwP) (0.1 mg of protein) were diluted to 3.0 ml in 0.1 
u phosphate buffer, pH 7.4. The rate of reduction of K;Fe(CN)« 
was measured at 433 my on additions of KCN, sodium succinate, 
cytochrome c, and antimycin A as indicated. 
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preferentially from cytochrome c is illustrated in Fig. 5. Mito- 
chondria depleted of their endogenous cytochrome c, saline- 
washed particles (SwP), were prepared as described previously 
(19), and the rate of reduction of K, Fe( CN), by succinate deter- 
mined spectrophotometrically. As can be seen in Fig. 5, the 
addition of a low concentration of cytochrome c causes a greater 
than 4-fold increase in the rate of K, Fe( CN), reduction. For 
these experiments, the reduction of ferricyanide was measured 
at 433 my, an isosbestic point for cytochrome c. This stimula- 
tion of ferricyanide reduction by cytochrome c clearly distin- 
guishes the locus of ferricyanide interaction with the respiratory 
chain to be preferentially at the level of cytochrome c, and less 
effective with cytochrome ci, thus resolving the uncertainty 
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Fic. 6. Effect of ferricyanide on the extent of steady-state 
reduction of endogenous cytochrome c. A guinea pig liver mito- 
chondrial suspension (Mm) (0.2 ml) was diluted to 2.0 ml with 
isotonic buffer, and the changes in absorbancy at 550 ma minus 
540 ma were determined as shown. Sodium glutamate, sodium 
azide, ADP, and potassium ferricyanide were added as indicated. 
Subscript a signifies the steady state in the presence of azide, and 
k signifies the presence of K, Fe (CN). An upward deflection 
indicates the reduction of the cytochrome. 
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Fic. 7. Dependency of the extent of oxidation of reduced cyto- 
chrome c upon the concentration of ferricyanide added to guinea 
pig liver mitochondria. A series of experiments similar to those 
presented in Fig. 6 were carried out with varying concentrations 
of ferricyanide. The data plotted here represent the change in 
absorbancy observed upon the addition of ferricyanide to State 
4a. The magnitude of oxidation was determined from oscillo- 


graph recordings. 
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arising from the spectrophotometric kinetic analyses (see below) 
where it was impossible to clearly distinguish between cyto. 


chromes c and ci. When the cytochrome c-deficient mitochon. ~ 


drial particles are assayed in the absence of added cytochrome c, 
the concentration of K, Fe( CV), that gives half-maximal velocity 
of reduction of ferricyanide is about 200 um, a value considerably 
higher than that observed with the intact phosphorylating chain. 

Oxidation of Cytochromes by Potassium Ferricyanide—The 
results described above have been concerned with measuring the 
reduction of potassium ferricyanide (as determined by the de. 
crease of optical density at 420 my) with dilute preparations of 
mitochondria. Experiments were therefore carried out to deter. 
mine what influence potassium ferricyanide has on the extent of 
steady-state reduction of the various respiratory pigments by 
observing these changes in concentrated preparations of mito. 
chondria. 

When ferricyanide was added to a mitochondrial suspension 
in which the cytochromes were reduced by substrate, it was ob- 
served that a rapid decrease in optical density occurred indica- 
tive of an oxidation of the cytochromes. The results of such an 
experiment are shown in Fig. 6. A low concentration of azide 
has been added to accentuate the changes in steady states ob- 
served upon addition of phosphate acceptor as described by 
Chance and Williams (20). Subsequent additions of ſerri- 
cyanide, either in the presence (State 3.) or the absence (State 
4.) of ADP, cause an oxidation of cytochrome. The terminology 
introduced by Chance and Williams (7) to designate the various 
steady states have been employed but modified by the introduc- 
tion of subscript k to indicate the steady state in the presence 
of potassium ferricyanide and a to indicate the presence of azide. 
The extent of oxidation of the cytochrome can be titrated by 
the addition of varying low concentrations of ferricyanide and 
an estimation of the transient steady state determined with a 
rapid response oscillograph recorder. The results of a series of 
such experiments are plotted in Fig. 7, showing the high affinity 
of the system for ferricyanide, i. e. 22 um ferricyanide is sufficient 
to cause a 50% oxidation of the reduced cytochrome c. This 
value is in close agreement with the K, for ferricyanide as deter- 
mined from the kinetics of ferricyanide reduction measured at 
420 mu. The influence of ferricyanide on the extent of oxidation 


of cytochrome c was independent of the presence of ADP. The 


only difference observed was that at higher ferricyanide concen- 
trations the duration of the new steady state was longer in the 
absence of ADP (State 4,,) than in the presence of ADP (State 
Zar) (cf. Fig. 6). In a similar manner, cytochromes a (605 my) 
and b (564 my) were oxidized by ferricyanide. The concentra- 
tion of ferricyanide required to cause a 50% oxidation of cyto- 
chrome a was higher (60 um) than that required for cytochrome c, 
substantiating the conclusion that cytochrome c is the preferen- 
tial locus of interception of the respiratory chain by ferricyanide. 

Oxidation of Flavoprotein—Measurements of the decrease in 
optical density occurring at 465 mu, when 500 my is employed 
as a reference wave length, are considered indicative of the reduc- 
tion of flavoprotein. The addition of ferricyanide, as shown in 
Fig. 8, caused an increase in optical density indicating the oxida- 
tion of flavoprotein in a manner analogous to that described 
above for the cytochromes. As with the changes in steady state 
of the cytochromes, flavoprotein was oxidized independent of 
the presence of ADP. The duration of the new steady state 
initiated by the addition of ferricyanide, depends, however, on 
the presence of ADP. 
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Fic. 8. The effect of ferricyanide on the extent of steady-state 
reduction of flavoprotein. The experimental procedure was as 
described in Fig. 6 except that the change in absorbancy was 
measured at 465 ma with 500 my as the reference wave length. 
A downward deflection signifies a decrease in absorbancy at 465 
and is considered as the reduction of flavoprotein. Reagents were 
added as indicated. 
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Fic. 9. Effect of ferricyanide on the steady-state reduction of 
endogenous pyridine nucleotide of guinea pig liver mitochondria. 
A mitochondrial suspension (0.1 ml) was diluted to 2.0 ml with 
isotonic buffer, and the absorbancy changes at 340 my were moni- 
tored with 365 my as a reference wave length. Upper curve, 
characteristic changes in absorbancy observed upon addition of 
ADP to glutamate-reduced pyridine nucleotide. Lower curve, 
comparable experiment to which ferricyanide was added in State 
4. The data of the lower curve was replotted correcting for the 
change in absorption due to the added ferricyanide, as determined 
in a control experiment, and is presented as the X——X curve. 
Other conditions of experimentation are as described in Fig. 6. 


Effect on Pyridine Nucleotide Oridation Experiments similar 
to those reported in the previous sections were carried out to 
determine the effect of ferricyanide on the extent of steady-state 
reduction of pyridine nucleotides. These experiments were 
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complicated, however, by the absorption of ferricyanide (cf. Fig. 
1) in the spectral region generally used to measure pyridine 
nucleotide changes. For this reason, the wave length pair of 340 
minus 365 my was chosen to minimize interference by the added 
ferricyanide. In addition, controls were run to assess the spec- 
tral contribution of ferricyanide at these wave lengths. The 
results presented in Fig. 9 demonstrate the spectral changes of 
pyridine nucleotide during the oxidation of glutamate. Also 
shown in Fig. 9 (lower record) is the effect of ferricyanide addi- 
tion. It can be observed that ferricyanide does not cause an 
oxidation of pyridine nucleotide in the absence of ADP in con- 
trast to the results obtained with flavoprotein and cytochromes. 
The increase in absorption observed on adding ferricyanide 
(State 4 to 4,) is due to the spectral contribution of ferricyanide 
at 340 ma. The subsequent addition of ADP causes an oxida- 
tion of the pyridine nucleotide to State 3, and a gradual increase 
in absorption due to the reduction of ferricyanide during the 
subsequent minute to State 3 and then further reduction to State 
4 on the utilization of the ADP added. Included in this record 
is the calculated change in steady state of pyridine nucleotide 
corrected for the contribution of ferricyanide, giving a curve 
similar to that seen in Fig. 9 (upper record). 


The dependency of the rate of oxidation of a substrate by mito- 
chondria in which phosphorylation occurs concomitantly with 
oxidation has been repeatedly demonstrated to require the 
presence of phosphate acceptor notably ADP (8, 12). The 
associated changes in steady state of the cytochromes, flavo- 
proteins, and pyridine nucleotides occurring on the stimulation 
of respiration by ADP permitted Chance and Williams (7) to 
assign three loci for phosphorylation, viz. cytochrome c-cyto- 
chrome a, cytochrome b-cytochrome c, and DPNH-flavoprotein. 
By analogy to studies with inhibitors, Chance and Williams (7) 
proposed a mechanism of phosphorylation as shown in Fig. 10. 
They tentatively identified DPNH ~ I, cytochrome 6“ ~ I, 
and cytochrome c++ ~ I as the Carrier ~ I components. 

Present studies reported in this paper have shown a similar 
dependence on the presence of a phosphate acceptor for the 
reduction of ferricyanide when DPNH-linked substrates are 
employed. Investigation of the influence of ferricyanide addi- 
tions on the steady-state reduction of the cytochromes showed, 
however, that they were oxidized by ferricyanide even in the 
absence of a phosphate acceptor, in contrast to the situation in 
which oxygen is terminal acceptor. The failure of ferricyanide 
to oxidize the endogenous pyridine nucleotide in the absence of 
ADP explains, however, the observation of the retention of 


S +D0PN P+ DPNH~ 
DPNH~! + fp 
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DPNH~I + X — DPNH + 
DPNH T p — DPN +rfp 
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3) + Pi — > XAP +1 
4) +ADP—e> ATP +X 
Fia. 10. Schematic representation of the intermediate reactions 


of oxidative phosphorylation. fp, flavoprotein; rfp, reduced fla- 
voprotein. 
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Fic. 11. Influence of antimycin A on the oxidation of cyto- 
chromes by ferricyanide. Equal samples of rat liver mitochondria 
(17.4 mg of protein) were each diluted to 3.0 ml with isotonic buffer 
and placed in two cuvettes. K; Fe( CN), was added to one cuvette 
(reference) to give a final concentration of 0.66 mm. Potassium 
cyanide (1.2 mm) and sodium glutamate (6.6 mm) were added to 
the other cuvette, and the difference in light absorption was re- 
corded (Curve A). The addition of 20 ul of 0.1 M K;Fe(CN). causes 
an oxidation of the cytochromes as shown in Curve B. A similar 
experiment was carried out with another sample except that 20 
ul of antimycin A (0.2 mg per ml) was added about 2 minutes 
after the addition of glutamate and cyanide. The subsequent 
addition of 20 ul of 0.1 M K; Fe (CN), caused a decrease in light 
absorption to give the spectrum shown in Curve C. Temperature 
of reaction cuvettes was 26°. 


“respiratory control” in the reduction of ferricyanide. The 
inability to demonstrate clearly respiratory control with suc- 
cinate may result from the absence of a direct participation of 
pyridine nucleotide in succinate oxidation under these conditions. 
The observation that reduced cytochrome c and reduced cyto- 
chrome b are oxidized by ferricyanide in the absence of ADP may 
result from the interaction of these “inhibited” forms of reduced 
cytochromes with ferricyanide. The “inhibited” form of re- 
duced pyridine nucleotide is not affected directly by ferricyanide 
but requires the presence of ADP before it can interact with 
flavoprotein, thus retaining the sensitivity of this reaction to 
ADP. Therefore, one is able to simulate a situation in which 
only one carrier, namely DPNH, is present in the proposed 
“inhibited” form. In an attempt to resolve the question of 
whether ferricyanide might be reacting directly with the “in- 
hibited” form of the reduced cytochrome, experiments were 
performed to see if ferricyanide oxidized reduced cytochrome } 
in the presence of antimycin A. As shown by the spectral curves 
presented in Fig. 11, cytochrome b was not oxidized by ferri- 
cyanide when antimycin A was added to the reaction cuvette, 
a result which is in conformity with the observed inhibition of 
ferricyanide reduction by antimycin A. This difference in action 
of ferricyanide on the reduced cytochrome and reduced pyridine 
nucleotide remains obscure but may reside in a preferential effect 
of ferricyanide on the dissociation of the inhibited form of the 
cytochrome permitting its reactivity with the next member of the 
respiratory chain. Experiments illustrating the titration of the 


rate of ferricyanide reduction by ADP show an apparent K. of 
35 um for ADP which is not greatly different from the value 
observed by Chance and Williams (7) with oxygen as acceptor. 
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This indicates that the ADP affinity of the rate-limiting step in 
the reaction of “inhibited” carrier in the phosphorylation reac. 
tions (cf. Fig. 10) is nearly the same whether the reaction in- 
volves DPNH ~ I alone or DPNH ~ I plus the two proposed 
reduced cytochrome ~ I complexes. 

A second point of interest from the present study is the diver- 
gency of the results presented here as well as those of Pressman 
(6) from the results of Cross et al. (4) and Copenhaver and Lardy 
(5). This discrepancy may reside in the concentration of ferri- 
cyanide employed in the reaction medium.? (The manometric 
studies (4, 5) employed about 16 mm ferricyanide, whereas the 
spectrophotometric studies of Pressman (6) as well as those re- 
ported here used 0.3 to 0.9 mm ferricyanide.) Ferricyanide 
undoubtedly can react at a multitude of sites on the respiratory 
chain as evidenced by its routine use in the assay of purified 
succinic dehydrogenase (21). The affinity of these sites vary, 
however, and, as demonstrated here, at low concentrations of 
ferricyanide, i. e. less than 1 mM, it will react most rapidly at the 
level of cytochrome c, permitting one to estimate P to ferri- 
cyanide ratios of 1, i.e. P:O ratio of 2, for DPN-linked substrates. 
The differences in the affinity of various portions of the respira- 
tory chain for ferricyanide have been shown here to be 1 to 1.5 x 
105 ²M for the phosphorylating system, t.e. cytochrome e reac- 
tion and 2 X 10-‘ m for the cytochrome c deficient system, i.e. 
cytochrome ei reaction, compared to a value of 2 X 10-3 M for 
the direct reaction’ of purified succinic dehydrogenase with 
ferricyanide. 


SUMMARY 


1. The dependence of the rate of potassium ferricyanide reduc- 
tion on the presence of a phosphate acceptor (adenosine diphos- 
phate) has been shown with liver mitochondria. This permits 
a rapid and convenient spectrophotometric method of estimating 
P:e ratios. 

2. P:e ratios of 0.9 to 1.1 have been obtained for diphospho- 
pyridine nucleotide-linked substrates. 

3. The affinity of such an abbreviated electron transport sys- 
tem for adenosine diphosphate has been determined at 35 uu. 

4. Studies with the inhibitors antimycin A and Amytal as well 
as with cytochrome c-deficient mitochondrial fragments confirm 
the conclusion of Pressman (6) that the principal locus of inter- 
action of ferricyanide with the cytochrome system is at the level 
of cytochrome c. 

5. Spectrophotometric studies have shown that potassium 
ferricyanide oxidizes the reduced cytochromes and flavoprotein 
independent of the presence of adenosine diphosphate. Reduced 
pyridine nucleotide, however, is not oxidized by ferricyanide 
unless adenosine diphosphate is present. 
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Lipids may play an important role in the maintenance of 
proper spatial configuration between the various members of 
the mitochondrial electron transport chain (1, 2). Greenlees 
and Wainio (3) and Hatefi (4) have shown that phospholipids 
are essential for the activity of cytochrome c oxidase. In its 
present state of purity, this enzyme contains approximately 15% 
phospholipid and may exist as a lipoprotein (5). The substrate, 
cytochrome c, is also known to,combine with phospholipids (6) 
and probably exists in the electron transport particle in a lipid- 
soluble form, possibly as a phospholipid-cytochrome c complex 
(7). 

This study was initiated with the view of determining some 
characteristics of a cytochrome c-phospholipid complex, such as 
might function in the cytochrome c oxidase system (3). The 
effect of deoxycholate on phosphatidylethanolamine and on the 
cytochrome c-phosphatidylethanolamine complex was also stud- 
ied because it has been used as a solubilizing agent for the study 
of the mitochondrial cytochromes. 4 


EXPERIMENTAL PROCEDURE 


Commercial beef heart cytochrome c (Sigma Chemical Com- 
pany) was purified by use of the cation exchange resin IRC-50 
(XE-64). The method was that of Margoliash (8) as modified 
by Rowley (9). The final product was 90% pure as determined 
by spectrophotometric assay. 

Beef heart mitochondria (10) were used as the source of the 
total mitochondrial lipid; the method of Marinetti et al. was 
used (11). The mitochondria were extracted five times with 
20-ml portions of a mixture of CHCl; and CH;OH (4:1, volume 
for volume) for 10 minutes at 40°. The extract was filtered 
through a sintered glass funnel and evaporated to dryness under 
vacuum. The residue was extracted four times with warm 
(40°) CHCl, for 30 minutes and the combined extracts evapo- 
rated to dryness. Phospholipid fractions were obtained from 
the total lipid extract by silicic acid column chromatography 
(12). 

Phosphatidylethanolamine was isolated from egg yolks (13). 
Phosphatidylcholine was isolated from egg yolks (13) and also 
by purification (14) of commercial lecithin (Nutritional Bio- 
chemicals Corporation, 90% pure). Phosphatidyl serine and 
inositol phosphatide were isolated from beef brain by Dr. D. 
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Feldman, with the use of the Folch fractionation procedure (15). 
All lipid preparations were homogenized in water or buffer. 

Phospholipids were identified with the use of silicic acid- im- 
pregnated paper chromatograms and a solvent system of diiso. 
butylketone-acetic acid-water (16). Rhodamine 6-G was used 
as a general stain for lipids (17), ninhydrin for amino-containing 
lipids (17) and phosphomolybdie acid-stannous chloride for 
choline-containing lipids (18). 

Phosphorus was determined by the method of Fiske and 
SubbaRow (19). 

The bile salts used were sodium deoxycholate (Difco Labora- 
tories, Inc., 96% pure), sodium cholate (General Biochemicals, 
Inc.) and sodium dehydrocholate (Bios Laboratories, Ine.) 
Their solubilizing action was studied by adding 1 ml of a solu- 
tion of bile salt in verona] buffer, pH 8.6, to 5 mg of the complex, 
also in 1 ml of buffer, so as to give a final bile salt concentration 
of 0.001 to 1.0%. The solutions were mixed by inversion and al- 
lowed to stand 30 minutes before centrifugation at 105,000 x g. 

Absorption spectra were determined between 400 and 600 ma 
with a Beckman spectrophotometer model DU. 

Equilibrium dialysis studies were carried out by dialyzing 5 
mg of phosphatidylethanolamine against several concentrations 
(0.001 M to 0.01 M) of sodium deoxycholate in Veronal buffer 
(Winthrop Laboratories), pH 8.6, I'/2 = 0.2, for 72 hours at 4°. 
Visking cellophane tubing (2 inch in diameter) was used and the 
bile salt was initially added to the lipid to facilitate equilibra- 
tion. Suitable corrections were made for volume changes 
within the bag. The concentration of sodium deoxycholate 
inside and outside the bag was then determined (9, 20). 

Moving boundary electrophoresis was performed in the Per- 
kin-Elmer Tiselius apparatus, model 38, with a 20 ma current 
and a bath temperature of 0.4°: 1% solutions of the complex 
were dialyzed for 18 to 24 hours against the buffer solution be- 
fore analysis. 

Ultracentrifuge studies using the Spinco model E ultracentn- 
fuge were carried out by L. Hyde at the Marine Biological 
Laboratory, Woods Hole, Massachusetts. One per cent solu- 
tions were dialyzed against Veronal buffer, pH 8.6, before intro- 
duction of the sample into the cells. Runs were made at 59,780 


rpm. 
RESULTS 
Cytochrome c and total mitochondrial lipid combined in dis- 
tilled water and in buffers between pH 2 and 5 to form an in- 
soluble complex containing 40% of the total phosphorus. Floe- 
culation occurred immediately and the complex was readily 
separated by centrifugation at 500 x g. 
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Fractionation of the total lipid extract by silicic acid column 
chromatography revealed that only the fraction which contained 
phosphatidylethanolamine was effective as a complexing agent. 
Analysis of the phospholipid in the complex by paper chromatog- 
raphy revealed that phosphatidylethanolamine was the major 
phospholipid present. To facilitate preparation of the complex, 
phosphatidylethanolamine was added to the protein directly. 
Because some lipid is precipitated by the buffers alone, the com- 
plex was subsequently formed in distilled water at pH 5.0. 
Phosphatidylcholine failed to form a visible complex at any pH 
value, whereas phosphatidylserine was reactive only after acidi- 
fication. 

The combining ratio of the protein and phospholipid was 
calculated by determining the amount of cytochrome c precipi- 
tated by increasing amounts of phosphatidylethanolamine from 
a solution containing excess cytochrome c. From the data in 
Fig. 1, it was calculated that 5.6 mg of the phospholipid were 
bound per milligram of protein. Molecular weights of 700 and 
12,000, respectively, represent a lipid: protein molar ratio of 
95:1. The complex consisted of 84.7% lipid and 15.3% protein. 
Direct analysis of several lyophilized samples and of the super- 
natant flyids of other preparations disclosed a cytochrome c 
content of 14.7 + 0.9%. The stoichiometry of combination 
was demonstrated by a protein content of 15.7 + 1.4% in 13 
samples in which the initial mg ratio of phospholipid to protein 
was increased from 2 to 15. 

The complex was soluble in 2 & HCl, 2 & NaOH, diethyl- 
ether, chloroform:methanol (4:1, volume for volume), and in 
aqueous solutions of the bile salts, sodium deoxycholate, and 
sodium cholate. These agents converted the particulate sus- 
pension to a water clear solution. Once solubilized by bile salts, 
the complex remained in solution despite centrifugation at 
105,000 x 9. Removal of the bile salts by dialysis, however, 
caused reprecipitation of the complex. 

Both ferricytochrome c (K,Fe(CN).) and ferrocytochrome c 
(Na: S0) were capable of complex formation. Furthermore 
the heme iron could be oxidized and reduced by these reagents 
while the complex was present in a particulate suspension. 

The phospholipid in the complex was removed by adding 
warm (60°) 95% ethanol to the precipitate. After evaporation 
to dryness and homogenization in water, the lipid retained its 
ability to reactivate the lipid-poor “Preparation 2-4-1.5” of cyto- 
chrome oxidase (21). Cytochrome c was removed by extracting 
an aqueous suspension of the complex with an equal volume of 
2-pentanone. The protein remaining in the aqueous phase had 
an absorption spectrum, electrophoretic mobility and enzymatic 
activity identical to that of untreated cytochrome c. Extrac- 
tion of the complex with n-heptane after standing for 24 hours 
at 4° released approximately 25% of both lipid and protein into 
the organic layer. This lipid cytochrome c may be of the same 
type as described by Widmer and Crane (22). All of the pro- 
tein was converted to a lipid-soluble form by dissolving the com- 
plex in diethyl ether. 

Fig. 2 illustrates the effect of three bile salts on the complex. 
Complete lipid solubilization with sodium deoxycholate was 
achieved at a bile salt to complex ratio of 1.8. An assumed 
phospholipid content of 85% and a molecular weight of 700, 
corresponds to a molar ratio of sodium deoxycholate to phospho- 
lipid of 4 to 1. For sodium cholate this ratio lies between 4 to 
land 9 to 1. Sodium dehydrocholate had no solubilizing action 
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above that caused by the buffer alone. Lipovitellin, a phospho- 
lipoprotein isolated from egg yolks (23), was acted on in a simi- 
lar manner. Salmine (Nutritional Biochemicals Corporation) 
and heparin (Hynson, Westcott, and Dunning, Inc.) in con- 
SE ee complete solubilization of the 
complex. 

The binding of sodium deoxycholate by phosphatidylethanol- 
amine was studied by equilibrium dialysis. The data, presented 
according to Hughes and Klotz (24), are given in Fig. 3. The y 
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Fic. 1. Precipitation of cytochrome c by phosphatidylethanola- 
mine at pH 5.0 from a solution containing excess cytochrome c. 
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Fic. 2. Phosphorus remaining in a cytochrome c-total mito- 
chondrial lipid complex after treatment with several bile salts 
at pH 8.6: () sodium dehydrocholate, (A) sodium cholate, (O) 
sodium deoxycholate. 
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intercept equals 1/n, in which n is the maximal number of so- 
dium deoxycholate molecules which can be bound per molecule 
of phospholipid. As calculated by the method of least squares, 
1/n equals 0.25; n, therefore, equals 4. This is exactly the same 
as the number of sodium deoxycholate molecules required to 
solubilize one molecule of phosphatidylethanolamine contained 
in the complex. 

The visible absorption spectra of the complex, in the oxidized 
or reduced state, treated with 1% sodium deoxycholate at pH 
7.4, 8.6, or 11 were identical to those of untreated cytochrome 
c at the same pH values. 

Electrophoresis of the complex at pH 8.6, T/2 = 0.2, revealed 
a single, symmetrical, negatively charged component. No 
change in this pattern was observed on the addition of 1% so- 
dium deoxycholate at pH values of 8, 8.6, 10, or 11, provided 
that the excess bile salt was removed by dialysis. At pH 6.0 
cytochrome c and phosphatidylethanolamine did not form a 
visible complex. Electrophoresis of this solution revealed only 
the two components migrating in opposite directions. The 
existence of a soluble complex as a third component was not 
demonstrated. 

Ultracentrifugation of the complex in the presence of sodium 
deoxycholate also yielded one component. Unlike the serum 
lipoproteins, the complex did not float during centrifugation. 


DISCUSSION 


Within the pH range of complex formation phosphatidyl- 
ethanolamine exists as an anion and cytochrome c as a cation. 
Precipitation thus occurs within a small range in the interiso- 
electric region of pH 1.5 to 10.7. The lability of the complex 
to lyophilization and freezing and thawing, as evidenced in a 
decreased ability to react with cytochrome c oxidase (21), indi- 
cates that the phospholipid-protein linkage is not covalent. 


Complexing may involve electrostatic linkages between the 


phosphoric acid and free amino groups in the protein. Because 
cytochrome c does not have 95 sites available for combination 
with phospholipid at pH 5, it is thought that only a few mole- 
cules are bound directly to the protein. Secondary binding 
may then occur through dipole attraction among the phospho- 
lipid molecules themselves. This accumulation continues until 
the particle becomes insoluble and precipitates from solution. 
The water-soluble complex is converted to a particle soluble in 
chloroform-methanol and is, therefore, similar to the proteo- 
lipids. The proteolipids are not, however, dissociated by 
lyophilization (25), as contrasted to the complex. 

Michelazzi thought that the complex between cytochrome c 
and lecithin involved the heme iron (6, 26). The failure of the 
lipids to inhibit cytochrome c oxidase activity (21), the ability 
of cytochrome c to be oxidized and reduced while combined with 
phospholipid, and the absence of any spectral changes indicate 
that heme iron is not involved in complex formation. 

Solubilization of the complex by bile salts seems to involve the 
removal or displacement of the phospholipid from its attach- 
ment to the protein. This action may be competitive in that 
the same binding sites may be involved. Rowley and Wainio 
have shown that cytochrome c does bind sodium deoxycholate 
through its charged groups (27). A direct relationship between 
the binding of sodium deoxycholate by phosphatidylethanola- 
mine and its action as a solubilizing agent has been demon- 
strated. The failure of electrophoresis or ultracentrifugation to 
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detect any disruption of the complex in the presence of the bile 
salt indicates that a new soluble particle, consisting of cyto- 
chrome c, phosphatidylethanolamine, and sodium deoxycholate 
may be formed. 

Complete solubilization by sodium deoxycholate and sodium 
cholate occurred at their respective critical micelle concentra- 
tions, 0.005 m and 0.014 m. The failure of sodium dehydro- 
cholate to act as a solubilizing agent may be due to the lack of 
hydroxyl groups in the steroid nucleus which would deprive the 
molecule of the required polar-nonpolar character and lead to a 
consequent inability to form micelles. 


SUMMARY 


A precipitable complex containing approximately 15% cyto- 
chrome c and 85% phosphatidylethanolamine has been studied. 
Its minimal molecular weight is approximately 78,500, and the 
heme iron does not seem to be the site of attachment of the 
phospholipid to the enzyme. The complex is soluble in acids, al- 
kalies, and in aqueous solutions of the bile salts, sodium deoxy- 
cholate, and sodium cholate. The bile salts may act by dis- 
placing the phospholipid from its attachment to the protein, 
forming a soluble cytochrome c-bile salt-phospholipid complex. 
This view is supported by the presence of a single component 
during electrophoresis and ultracentrifugation after solubiliza- 
tion of the particulate complex. The amount of sodium deoxy- 
cholate required to solubilize the phosphatidylethanolamine con- 
tained in the complex is equal to the maximal number of sodium 
deoxycholate molecules bound by each molecule of phosphatidyl- 
ethanolamine during equilibrium dialysis. Lipid cytochrome e 
may be formed on treatment of the complex with organic sol- 
vents. 
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Bile salts are commonly used in the isolation and purification 
of the lipid-rich respiratory enzymes. Wainio et al. (I, 2) found 
sodium deoxycholate to be particularly effective in the prepara- 
tion of a soluble cytochrome c oxidase. Other workers have 
utilized sodium cholate (3). The use of both of these agents in 
the extraction of an insoluble heart muscle preparation made by 
the method of Keilin and Hartree has resulted in the isolation 
of an enzyme low in lipid and almost without cytochrome oxi- 
dase activity (4). Enzymatic acfivity was restored by the addi- 
tion of various phospholipids. Hatefi (5) has also reported that 
a lipoprotein of mitochondrial origin, consisting of 95% phos- 
pholipid is required for optimal activity of cytochrome c oxidase. 
More recently Igo et al. have shown (6) that a cytochrome c 
oxidase preparation was reactivated by the addition of surface 
active agents and that enzymatic activity could be correlated 
with the phospholipid content of the enzyme. 


EXPERIMENTAL PROCEDURE 


An insoluble heart muscle preparation was made from beef 
heart by the method of Keilin and Hartree (7). Cytochrome c 
oxidase was isolated from this material with the use of sodium 
deoxycholate (8). The “Preparation 2-2” was obtained by the 
addition of 2% sodium deoxycholate to the insoluble prepara- 
tion and of 2% to the residue obtained after centrifugation. 
“Preparation 2-4-1.5” was made by the addition of 2% sodium 
deoxycholate to the insoluble preparation and treatment of the 
residue with 4% sodium cholate on a cellulose column. The 
enzyme was finally eluted with 1.5% sodium deoxycholate (4). 
Both preparations were lyophilized. 

Cytochrome c oxidase activity was determined spectrophoto- 
metrically by measuring the decrease in optical density at 550 
mu after the addition of the enzyme to dithionite-reduced and 
aerated cytochrome c (4). 

The sources of the various phospholipids are given in the pre- 
ceding paper (9). Coenzyme Qo isolated from beef heart was 
obtained from Merck and Company, Inc., through the courtesy 
of Dr. W. Umbreit. Snake venom (Crotalus adamanteus from 
Ross Allen’s Reptile Institute, Silver Springs, Florida) was used 
as the source of phospholipase A. 

Absorption spectra were determined between 400 to 600 mu 
with the use of a Beckman spectrophotometer, model DU. 


* Supported in part by grants from the New Jersey Heart Asso- 
ciation and the National Science Foundation (G9121). 

t From a thesis submitted by M. R. to the Graduate Faculty, 
Rutgers-The State University, June 1960. Present address: 
Department of Pharmacology, School of Medicine, The George 
Washington University, Washington 5, D. C. 


RESULTS 


Reactivation with Phospholipids—In Table I are listed the con- 
centrations of various lipids which produced half-maximal res- 
toration of enzymatic activity with the bile salt-inactivated 
“Preparation 2-4-1.5.“ The maximal velocities are also given. 
Based on the K,, values, phosphatidylethanolamine and inositol 
phosphatide are the most effective lipids. Ambe and Venka- 
taraman (10) found that the latter was most effective when 
added to their preparation. Coenzyme Qio, in concentrations 
up to 0.2 mg, was completely ineffective and did not augment 
the response obtained with the phospholipids. 

Fig. 1 illustrates the effect of these lipids when added to 
“Preparation 2-2” with an initial activity of 1.7 sec~' per mg 
protein per ml. All of the lipids tested were capable of stimu- 
lating enzyme activity. Phosphatidylcholine proved to be most 
effective. Thus, the use of sodium deoxycholate alone to ex- 
tract cytochrome c oxidase from the insoluble heart muscle 
preparation also removes some of the essential phospholipid(s). 

The absorption spectra of solutions containing 0.5 mg of 
either ferrocytochrome c (Na: S:00, or ferricytochrome c (K,Fe- 
(CN)) and 0.25 mg of total mitochondrial lipid, phosphatidyl- 
ethanolamine, phosphatidylcholine, phosphatidylserine, and in- 
ositol phosphatide at pH 6.0 and 7.4 were identical to that of 
ferro- or ferricytochrome c alone. Under these conditions no 
visible complex was formed, but the concentration of the com- 
ponents was sufficient to stimulate cytochrome c oxidase ac- | 
tivity. 

Effect of Bile Salts—The addition of sodium deoxycholate, 
0.15 or 0.60 mg, to the mixture of “Preparation 2-4-1.5” and 
added phospholipids caused a reduction in cytochrome c oxidase 
activity. A Lineweaver-Burk plot of the results at several con- 
centrations of phosphatidylethanolamine (Fig. 2) indicates that 
the bile salt acts as a competitive inhibitor. In another experi- 
ment the concentration of phosphatidylethanolamine was held 
constant at a value sufficient to attain half-maximal velocity 
(50 ug), whereas the sodium deoxycholate was increased from 
0.1 to 0.9 mg. Under these conditions it was found that ap- 
proximately 0.5 mg of sodium deoxycholate was sufficient to 
cause a 50% reduction in reaction velocity. Sodium dehydro- 
cholate, 1.5 mg, had no effect under the same conditions. 

“Preparation 2-2” was also inhibited by added bile salts 
(Fig. 3). The relative effectiveness of these agents and the 
shapes of their inhibition curves closely parallel their action in 
causing the release of phosphorus from the insoluble cytochrome 
c-phospholipid complex (9). The inhibition is reversed if the 
lipids listed in Table I are added either before or after the bile 
salts. A Lineweaver-Burk plot of the velocity constants ob- 
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TaBLe I 
Reactivation of Preparation 2-4-1.5’’ by phospholipids 
The phospholipids, in 0.1 ml H,O, were added to a reaction 
mixture consisting of 1 mg of ferrocytochrome e in 2 ml of 0.15 M 
Na:HPO,- KH. PO,, 0.8 ml H,O, and 10 yg of enzyme protein in 
0.1 ml; final volume = 3.0 ml, final pH = 6.0. 
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Phospholipid Km Vmax 

0.40 
Total mitochondrial lip id 330 4.34 
Phosphatidyleholi ne 190 4.34 
Phosphatidylseri ne 70 4.87 
Phosphatidylethanolamine............ 50 4.44 
Inositol phosphatide.................. 50 5. 17 


8 


ACTIVITY (%) 


RELATIVE 


1 1 i 


0.5 1.0 1.5 
PHOSPHOLIPID (mg) 


Fic. 1. Stimulation of cytochrome c oxidase activity of ‘‘Prep- 
aration 2-2’’ by several phospholipids: (O) total mitochondrial 
lipid, () phosphatidylserine, (A) phosphatidylethanolamine, 
(O) phosphatidylcholine. 


tained when the concentration of phosphatidylethanolamine is 
varied in the presence of a fixed amount of sodium deoxycholate 
revealed that, as with Preparation 2-4-1.5,” the inhibition by 
the bile salt is competitive. Again, 0.5 mg of sodium deoxy- 
cholate was sufficient to reduce the initial activity by 50%. 
Sodium deoxycholate thus appears to exert a similar action on 
both preparations of cytochrome oxidase, indicating that its 
primary site of action may be the phospholipid moiety. 

In order to calculate a molar ratio between the protein in 
“Preparation 2-4-1.5 and phospholipid, it was necessary to 
determine the reaction velocity over a range of concentrations of 
enzyme protein from 3 to 60 ug in the presence of a constant 
amount of cytochrome c (1 mg) and total mitochondrial lipid, 
0.05 or 0.10 mg. Because cytochrome e was present in excess, 
the reaction rate was limited by the amount of phospholipid 
present. Maximal activity was attained at a ratio of 5.5 mg of 
total mitochondrial lipid per mg of enzyme protein. Based on a 
phosphorus content of 2.5%, this ratio corresponds to 3.5 mg of 
phospholipid per mg of enzyme protein. Assumed molecular 
weights of 700 and 75,000 for phospholipid and cytochrome c 


oxidase give a molar ratio of phospholipid to cytochrome c oxi- 
dase of 384:1. Ball and Cooper (11) have reported that each 
enzyme molecule in their succinoxidase preparation was associ- 
ated with 90 phospholipid molecules. 

It should be noted that both cytochrome oxidase preparations 
still contain bile salts remaining from the purification procedure 
(0.28 and 0.36 mg of sodium deoxycholate per mg of dry weight 
for “Preparation 2-4-1.5” and “Preparation 2-2,” respectively). 
It is possible, therefore, that some of the added phospholipid 
was bound to the bile salt molecules and only the remainder was 
involved in the reactivation of enzymatic activity. Reduction 
of this residual bile salt, however, has failed to increase the en- 
zyme activity (4). Thus, the added phospholipid apparently 
does not act to lower the effective concentration of the inhibi- 
tory bile salt. 


| 


3 0 is 
PHOSPHATIOYL ETHANOLAMINE (me)~' 


Fic. 2. A Lineweaver-Burk plot of the effect of sodium deoxy- 
cholate on the reactivation of Preparation 2-4-1.5’”’ with phos- 
phatidylethanolamine: (O) no addition, (A) 0.15 mg of sodium 
deoxycholate, (Q) 0.60 mg of sodium deoxycholate. 


RELATIVE VELOCITY (%) 


2 348 
BILE SALT (me) 


Fic. 3. The effect of added bile salts on the cytochrome e 
oxidase activity of Preparation 2-2: () sodium dehydrocho- 
late, (A) sodium cholate, (O) sodium deoxycholate. The activity 
in the absence of bile salts was 1.6 to 1.8 sec~ per mg protein 


per ml. 
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TABLE II 
Effect of several chemical and physical agents on cyto- 
chrome c oxidase activity of Preparation 2-2 
and Preparation 2-4-1.5"’ 

Salmine and heparin were added directly to the reaction eu- 
vette. Snake venom was incubated with 5 yg of Preparation 
2-27 protein or with the solution of cytochrome c and lipid for 30 
minutes at 37° and was rapidly cooled to 0°. 


Addition Activity 
— mt 

2-2 None 1.82 
0.3 mg salmine 0.09 

3.0 mg heparin 1.66 

None 7.27 

0.2 ug snake venom 7.01 

5.0 ug snake venom 3.73 

10.0 Ag snake venom 2.38 

2-4-1.5 | 1 mg total mitochondrial lipid (TML) 4.34 
TML + 0.03 mg salmine 3.23 

TML + 0.075 mg salmine 0.66 

TML + 0.6 mg heparin 4.12 

TML + 3.0 mg heparin 3.19 

TML + 6.0 mg heparin 1.89 

0.5 mg total mitochondrial lipid (TML) 2.40 

TML + 10 wg snake venom 2.13 

TML + 250 ug snake venom 1.79 

TML + 500 yg snake venom 1.56 

0.2 mg total mitochondrial lipid (TML) 0.81 

TML (lyophilized)* 0.54 

0.2 mg total mitochondrial lipid (TML) 2.15 

TML (frozen and thawed)* 0.97 

The cytochrome c-total mitochondrial lipid complex was 


lyophilized or frozen and thawed before use. 


Action of Other Agents—Because it seems possible that the bile 
salts may be acting on the enzyme by removing the phospho- 
lipid essential for activity, it was desirable to study the action 
of other chemical and physical agents which are known to dis- 
rupt lipoproteins. Salmine, heparin, and snake venom (phos- 
pholipase A) were added to a solution of cytochrome c and total 
mitochondrial lipid which was then tested as a substrate for 
Preparation 2-4-1.5’’; or they were added to Preparation 2-2” 
directly. In addition the solution of cytochrome e and lipid 
was lyophilized, or frozen and thawed. The resulting activities 
are listed in Table II. 

In another experiment the activity of Preparation 2-2” was 
determined manometrically at pH 7.4, with the use of the com- 
plex of cytochrome c and total mitochondrial lipid as a substrate 
in the presence of hydroquinone as a reducing agent. Deoxy- 
cholate (15 mg per vessel) reduced the activity by 80%, whereas 
lyophilization reduced it by 86%. 


DISCUSSION 


The lack of specificity among the several phospholipids tested 
with respect to their ability to reactivate the “Preparation 
2-4-1.5” demonstrates a requirement for some common struc- 
tural unit such as the negatively charged phosphoric acid group 
or the fatty acid chains. The inability of oleic acid, phosphoryl- 
choline, or choline to function as activators (4) indicates that 
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both groups may be essential. The inhibitory effect of added 
sodium deoxycholate has been shown to arise from some interac- 
tion with the cytochrome c oxidase rather than with cytochrome 
c (12). 

It has been shown here that the shape of the enzyme inhibi- 
tion curves and the order of effectiveness of the bile salts closely 
resembles the curves of solubilization as measured by the release 
of phosphorus from the cytochrome c-phosphatidylethanolamine 
complex (9). This suggests that sodium deoxycholate acts as a 
competitive inhibitor of cytochrome c oxidase by displacing the 
phospholipid (s) which are essential for enzymatic activity. Be. 
cause the cytochrome c oxidase activity is decreased when the 
bile salt is added before or after the phospholipid, the sodium 
deoxycholate exhibits a greater affinity for the lipid than does 
cytochrome c. The similarity between the solubilization and 
inhibition curves may also indicate that the phospholipid(s) 
present in Preparation 2-2” bind (s) cytochrome e during the 
reaction, in a manner similar to the binding of the phosphatidyl- 
ethanolamine by cytochrome c during formation of the complex. 

At the pH of the enzyme assay, 6.0, the complex between 
cytochrome c and total mitochondrial lipid, phosphatidylserine 
or phosphatidylethanolamine is soluble. It is precipitated in 
the pH range of 2 to 5, whereas the phosphatidylcholine com- 
plex is soluble at all pH values. This may depend upon the 
amount of secondary accumulation of phospholipids through 
dipole-dipole attraction once the complex is formed. 

The ability of salmine, heparin, snake venom, lyophilization, 
or freezing and thawing to reduce the capacity of a cytochrome 
c-phospholipid complex to reactivate “Preparation 2-4-1.5” in- 
dicates that the presence of such a soluble complex is essential 
for enzymatic activity. We have found that salmine and hepa- 
rin are both capable of solubilizing the complex (9). Smith 
and Conrad (13) have reported that salmine inhibits cytochrome 
c oxidase activity. Phospholipase A may inhibit succinate 
oxidation by cleaving the cytochrome c-phospholipid complex 
within the mitochondrion (14). 


SUMMARY 


The enzymatic activity of a cytochrome c oxidase preparation 
low in lipid was restored, and that of an already active prepara- 
tion increased by several hundred per cent, by the addition of 
purified phospholipids. In each instance, sodium deoxycholate 
acted as a competitive inhibitor with respect to the added lipid. 
Coenzyme Qio (ubiquinone) was without effect in the restora- 
tion or stimulation of activity. 

Treatment of a solution containing cytochrome e and phos- 
pholipid by chemical or physical methods which are known to 
disrupt natural lipoproteins and a particulate cytochrome c-phos- 
pholipid complex caused a reduction in cytochrome c oxidase 
activity. 
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The catalysis, by the enzyme thiaminase, of reversible base- 
exchange reactions between thiamine and aromatic tertiary 
amines was first reported by Fujita et al. (1). Related findings 
with mammalian diphosphopyridine nucleotidases (2) and with 
methionine activation (3) drew attention to the energy-rich 
nature of “onium” (4-6) compounds and suggested that the 
alkylation of thiazole must involve activation of the pyrimidine, 
That the py- 
rimidine might be activated by’ phosphorylation was suggested 
by the observation of Harris and Yavit (7) that in crude ex- 
tracts of bakers’ veast, the phosphate ester of the pyrimidine 
was a better precursor of thiamine than the pyrimidine com- 
pound. In independent studies, Leder (8) and Nose, Ueda, 
and Kawasaki (9), using synthetic substrates, showed that the 
reactants were the pyrophosphate ester of the pyrimidine and 
a phosphorylated thiazole and that the initial reaction prod- 
uct was not thiamine, but a phosphorylated form of thiamine 
subsequently identified (10, 11) as thiamine monophosphate. 
Camiener and Brown also showed (12) that 2-methyl-4-amirio- 
5-hydroxymethy! pyrimidine monophosphate and a second 
pyrimidine derivative identified, on presumptive evidence, as the 
corresponding pyrophosphate ester, were formed enzymatically 
in partially purified yeast preparations from 2-methyl-4amino- 
5-hydroxymethy! pyrimidine and adenosine triphosphate. Evi- 
dence for the sequential formation of these esters by separate 
enzymes has been reported by Lewin and Brown (13). The re- 
sults of these studies may be summarized by the following equa- 
tions: 


Hydroxymethylpyrimidine' + ATP — (1) 
hydroxymethylpyrimidine-P + ADP 


Hydroxymethylpyrimidine-P + ATP — (2) 
hydroxymethylpyrimidine-PP + ADP 


| Thiazole + ATP — thiazole-P + ADP (3) 


Hydroxymethylpyrimidine-PP + thiazole-P = 4 
thiamine-P + PP 0) 


In this paper, the synthesis of the phosphorylated pyrimidines 
and the purification and properties of the enzyme that catalyzes 
reaction (4) are described. The name, thiamine-P pyrophos- 
phorylase, is proposed for this enzyme. 


1The abbreviations used are: hydroxymethylpyrimidine, 2- 
thiazole, 4-methyl- 
5-(6-hydroxyethyl) thiazole; DEAE-cellulose, N, N-diethylamino- 
ethyl cellulose. 


EXPERIMENTAL PROCEDURE 
Methods 


Thiamine and thiamine phosphate were determined fluori- 
metrically by oxidation to the corresponding thiochromes with 
ferricyanide (14) or cyanogen bromide (15), the fluorescence 
generally being measured directly without extraction into n-hex- 
anol or isobutanol. The CNBr procedure was modified as fol- 
lows. A sample containing 0.01 to 0.2 mymole of thiamine in 
0.5 ml was acidified by the addition of 0.025 ml of 2.5 n HCl. 
In enzymatic studies, this stopped the reaction. This was fol- 
lowed in turn, with mixing after each addition, by 0.3 ml of 
CNBr (prepared by decolorizing ice-cold saturated bromine 
water with 10% KCN) and 0.2 ml of 30% sodium hydroxide. 
The fluorescence was measured in a Farrand photofluorometer. 
Stable levels of fluorescence are not obtained by the CNBr pro- 
cedure if samples are acidified with trichloroacetic acid in place 
of hydrochloric acid. 

Thiamine-P could be distinguished from thiamine by extract- 
ing the thiochrome reaction mixture with n-hexanol. Under 
these conditions, thiochrome, but not thiochrome-P, is extracted. 
Phosphate was determined by the method of Fiske and Subba- 
Row (16) and by the sensitive method of Chen (17). For total 
phosphate, ashing was carried out with magnesium nitrate as 
described by Ames and Dubin (18). 


Mawerial 


Thiamine-P and protamine sulfate were obtained from Nutri- 
tional Biochemicals Corporation and thiamine-PP from Schwarz 
BioResearch, Inc. 2-Methyl-4-amino-5-bromomethylpyrimi- 
dine dihydrobromide and 4-methy]-5-(8-hydroxyethyl) thiazole 
were kindly supplied by Merck and Company, Inc. Thiazole-P 
and thiazole-PP were obtained by bisulfite cleavage of the corre- 
sponding thiamine esters (19). 

Hydroxymethylpyrimidine was prepared from the correspond- 
ing bromide dihydrobromide by treating an aqueous solution 
with 3 equivalents of silver nitrate. The silver bromide was re- 
moved by filtration, washed with water, and the combined fil- 
trates were made alkaline with sodium hydroxide. The hy- 
droxymethylpyrimidine was obtained in 80 to 90% yield by 
evaporating to a small volume under reduced pressure. The 
compound has a marked positive temperature solubility coeffi- 
cient and was readily recrystailized from water. 

Hydroxymethylpyrimidine-P and hydroxymethylpyrimidine- 
PP were prepared as follows: Hydroxymethylpyrimidine hydro- 
chloride, 1 g, was added in several small portions to 8 g of pyro- 
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ic acid? at approximately 70°, and the mixture stirred 
at 105-110° for 20 minutes. The syrup was poured into 100 ml 
of rapidly stirred ethanol at —15° followed by the addition of 
300 ml of ether. The flocculant precipitate was collected by 
centrifugation, washed twice with ether and dried over silica 
gel under reduced pressure. The white hygroscopic solid, weigh- 
jng approximately 1.5 g, was dissolved in cold water, adjusted 
to pH 6.5, and poured on to a column (2 X 18 cm) of Dowex 
50-X8 H“, and the pyrimidine compounds were eluted with 
water. Inorganic phosphate and hydroxymethylpyrimidine-PP 
appeared immediately after the hold-up volume. Hydroxy- 
methylpyrimidine-P was eluted after approximately 8 bed-vol- 
umes of water had run through the column and was obtained as 
a white solid weighing 300 mg after evaporating the eluate (600 
ml) toa small volume under reduced pressure.? Hydroxymethyl- 
pyrimidine-P was also prepared by the method of Makino and 
Koike (20). 

The hydroxymethylpyrimidine-PP solution, adjusted to pH 
7.0, was adsorbed on a 3- X 10-cm column of Dowex 1-formate 
and recovered by gradient elution with ammonium formate with 
a mixing volume of 500 ml and approaching 1 M ammonium 
formate. Elution was followed by observing ultraviolet quench- 
ing by spots applied to paper. After most of the ammonium 
formate was removed by lyophilization, the hydroxymethyl- 
pyrimidine-PP was isolated as the barium salt, weighing 340 mg. 

Properties of Pyrimidine Phosphates—The ultraviolet absorp- 
tion spectra of hydroxymethylpyrimidine-P and hydroxymethyl- 
pyrimidine-PP were identical with that of hydroxymethylpy- 
rimidine, each having a single maximum at 246 my in 0.1 N 
HCl. Preparations of both compounds were free of orthophos- 
phate and, on the basis of the molar extinction coefficient of 
approximately 11.2 x 10° cm? per mole, contained the requisite 
molar ratio of organic phosphate (Table I). It is of particular 
interest that the phosphate groups of both pyrimidines are 
readily hydrolyzed by acid. Fig. 1 shows that the rate of hy- 
drolysis of the two phosphate groups of hydroxymethylpyrimi- 
dine-PP by 1 n H,SO, at 100° is almost as rapid as that of the 
acid-labile phosphate groups of ATP. Hydroxymethylpyrimi- 
dine-P is hydrolyzed at a slower rate, but is completely hydro- 
lyzed by 2 & sulfuric or hydrochloric acid at 100° in approxi- 
mately 20 minutes. Hydrolysis is somewhat slower in 1 N acid; 
30 and 77% in 10 and 20 minutes for hydroxymethylpyrimi- 
dine-P and 60 and 90% for hydroxymethylpyrimidine-PP under 
the same conditions. These results are somewhat at variance 
with the report of Camiener and Brown (11), who characterized 
hydroxymethylpyrimidine-P as acid-stable and hydroxymethyl- 
pyrimidine-PP acid-labile with respect to hydrolysis to hydroxy- 
methylpyrimidine by 1 n HCl. Under relatively mild condi- 
tions, 1 n HCl, 37°, the pyrophosphate and phosphate esters 


are slowly hydrolyzed to hydroxymethylpyrimidine. 


Purification of Enzyme 
Assay—The incubation mixture of 0.5 ml contained the follow- 
ing in micromoles: glycine buffer, pH 9.2, 50; MgSQ,, 0.25; 


: Pyrophosphoric acid may be obtained from the City Chemical 

ration, New York City. 

*The recovery of hydroxymethylpyrimidine-P from a cation 
exchange column by elution with water is from an unpublished 
procedure for the synthesis of this pyrimidine compound by Dr. 
A. L. Morrison, Roche Products, Ltd., London. 


I. G. Leder 


TaBLe I 
Properties of pyrimidine compounds 
The molar ratio of phosphate was determined on the basis of a 
molar extinction coefficient of 11.2 X 10% cm* per mole. Hydro- 
lyzable phosphate represents phosphate liberated in 20 minutes by 
2 Nn HCl at 100°. The solvent systems for paper chromatography 
were: Solvent A, 35% formic acid-acetone (1:1); Solvent B, 50% 
acetic acid-acetone (1:1); Solvent C, isobutyrie acid-1 x NH,OH 


(10:6). Chromatograms were run ascending in Solvents A and B 
and descending in Solvent C. 
Solvent system 
Compound 
Total B c 
Rr R R 
Hydroxymethylpyrimidine 0.72 0.73 0.82 
Hydroxymethylpyrimi- 
5 0.99 0.94 0.40 0.45 0.70 
Hydroxymethylpyrimi- 
6 2.0 2.1 0.15 0.23 | 0.51 
| if 1 1 | 
100 * 
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8 75 — 
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Fic. 1. Acid hydrolysis of ATP (O——O) and hydroxymethyl- 
pyrimidine-PP (@——@). Aliquots were removed at intervals 
from tubes immersed in boiling water containing 1.5 umoles of 
ATP or hydroxymethylpyrimidine-PP in 2 ml of 1 * H:SO,. The 
formation of 2 umoles of orthophosphate per mole of compound is 
taken as 100% hydrolysis. 


0.5; thiazole-P, 1.0; and hydroxymethylpy- 
rimidine-PP, 1.0. The reaction was initiated by addition of 
the enzyme suitably diluted in 0.005 m mercaptoethanol. After 
5 minutes at 37°, the reaction was stopped by the addition of 
0.5 ml of 10% trichloroacetic acid, and the thiamine phosphate 
formed was assayed by the ferricyanide thiochrome procedure. 
To a 0.1 ml aliquot was added 0.2 ml of 4 M potassium acetate, 
followed by 0.1 ml of 0.0036 M potassium ferricyanide in 7.0 N 
sodium hydroxide and, after mixing, by 0.1 ml of 0.06% hydro- 
gen peroxide in 5.5 m sodium dihydrogen phosphate, and 0.5 ml 
of water. Thiamine phosphate formation, measured by this 
procedure or by the cyanogen bromide reaction described under 
„Methods,“ was proportional to enzyme concentration. A unit 
of activity is defined as that amount of enzyme catalyzing the 
synthesis of one micromole of thiamine-P at 37° in 5 minutes. 
Protein was determined by the method of Sutherland et al. (21) 
or of Warburg and Christian (22). 
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TABLE II 
Purification of thiamine phosphate pyrophosphorylase 
Step Volume gctivity | activity 


mi amoles/5 min units/mg protein 


Crude extract............... 650 101 0.0021 
Heated extract.............. 827 90 0.0043 
Ammonium sulfate I........ 133 66 0.016 
Prot amine extract........... 5⁴ 39 0. 18 
Ammonium sulfate II 21.5 29 0.35 
DEAE-cellulose............. 12 18 1.1 


Purification—Anheuser-Busch bakers’ yeast, 1.7 kilos, which 
had been frozen in liquid nitrogen, was thawed and allowed to 
stand for 18 to 24 hours at 3°. The mixture was centrifuged and 
the supernatant liquid (crude extract, 650 ml, Table II) was 
diluted with 0.5 volume of water and brought to 55° in a boiling 
water bath. After 2 to 3 minutes at 55°, the suspension was 
quickly cooled to 10° and centrifuged. 

The precipitate was discarded and the supernatant fluid 
(heated extract) adjusted to pH 6.5 with 5 N ammonium hy- 
droxide, and a slight excess of 2.5% protamine sulfate was 
added. Approximately 0.05 the volume of the original extract 
was usually sufficient. The protamine precipitate was dis- 
carded, and the supernatant solution was fractionated with solid 
ammonium sulfate. 

The solution was brought to 50% saturation by the addition 
of 29.1 g of ammonium sulfate per 100 ml, and the precipitate 
was discarded. The supernatant was adjusted to 60% satura- 
tion by the addition of 6 g of ammonium sulfate per 100 ml and 
the precipitate dissolved in water and dialyzed for 18 to 24 hours 
with efficient internal stirring against several changes of 6 to 7 
liters of 0.005 M mercaptoethanol-0.002 m EDTA (ammonium 
sulfate I). All solutions containing EDTA were prepared from 
a 0.2 m stock solution adjusted to pH 7.0. 

The dialyzed enzyme was treated serially with 1 ml portions 
of 2.5% protamine sulfate until less than 5% of the activity re- 
mained in the supernatant. The precipitation of the enzyme by 
protamine was dependent upon the low ionic strength of the 
dialyzed solution. The protamine precipitates were separately 
extracted 3 to 4 times with 5 ml portions of 0.05 m phosphate 
buffer, pH 7.2, containing mercaptoethanol-EDTA as above, 
and the active extracts combined (protamine extract). 

To the protamine sulfate extract, 29.1 g of ammonium sulfate 
per 100 ml of solution (50% saturation) were added and the pre- 
cipitate discarded. The supernatant fluid was brought to 70% 
saturation by the addition of 12.5 g/100 ml and the precipitate 
dissolved in 0.01 m Tris buffer containing 0.005 m mercapto- 
ethanol-0.002 m EDTA. The enzyme was dialyzed against the 
same buffer for 24 hours (ammonium sulfate II). 

DEAE-cellulose Chromatography—The dialyzed enzyme was 
placed on a DEAE-cellulose column (2.8 X 13 em) which had 
been packed under a pressure of 8 pounds per square inch and 
equilibrated with 0.01 m Tris-0.005 m mercaptoethanol buffer, 
pH 7.2. The column was washed with 100 ml of buffer, and the 
enzyme was recovered by gradient elution at the rate of 5 ml per 
minute with increasing concentrations of NaCl. The gradient 
was obtained by allowing 0.5 m NaCl in 0.02 u Tris buffer, pH 
7.2, to drop into a mixing chamber containing 500 ml of the 
same buffer. The enzyme generally appeared after the first 


Enzymatic Synthesis of Thiamine Monophosphate 


Vol. 236, No. 11 


200 ml of eluant in a volume of from 30 to 75 ml. The com. 
bined fractions were brought to 70% saturation by the addition 
of 43.6 g of ammonium sulfate per 100 ml and the precipitate 
dissolved in 0.04 m Tris-0.005 m mercaptoethanol buffer, pH 
7.2 (DEAE). 

Properties of Enzyme—The purified enzyme lost less than 10% 
of its activity when stored for 6 months at —15°, but was com- 
pletely inactivated when kept at room temperature overnight. 
Dilutions prepared with 0.1% serum albumin, 0.005 M cysteine 
or mercaptoethanol are fully active, but large losses are incurred 
when dilutions are made with quartz-distilled water or with 
gelatin solution. 

pH Optimum—Thiamine and its phosphates exhibit very un- 
usual acid-base properties involving a complex series of equilibria 
with zwitterion, pseudo-base and thiol forms the interrelation. 
ship of which has been summarized by Metzler (23). Since the 
average pK of the diprotic transition between thiazolium thia- 
mine and the open ring thiol form is approximately 9.3, it is 
likely that the observed pH optimum of approximately 92 
(Fig. 2), may reflect acid-base equilibria of thiamine phosphate 
rather than of charged groups on the active site of the enzyme. 

Metal Requirements—Various preparations were stimulated 
3- to 6-fold by 1 X 10-* M magnesium. Manganese was ap- 
proximately half as effective and calcium, zinc, and cobalt were 
inactive. 

Specificity—The enzyme is specific for thiazole-P and hydroxy- 
methylpyrimidine-PP. No reaction occurred when thiazole, 
or thiazole-PP replaced thiazole-P or when hydroxymethyl- 
pyrimidine or hydroxymethylpyrimidine-P replaced hydroxy- 
methylpyrimidine-PP. The same results were obtained in the 
presence of ATP, indicating that the corresponding kinases are 
also absent. About half the enzyme preparations of approxi- 
mately the same specific activity contained no detectable in- 
organic pyrophosphatase. Other preparations were variously 
contaminated with pyrophosphatase up to 10% of the thia- 
mine-P pyrophosphorylase activity. 

Stoichiometry—The results of balance studies, presented in 
Table III, are in accord with the reaction expressed in Equation 
4. In Experiments 1 to 3, hydroxymethylpyrimidine-PP and 
PP; were assayed as acid-labile phosphate after having been 
separated by adsorption of the pyrimidine on 10 to 50 mg of 
Norit A essentially as described for the analysis of nucleotides 
by Crane (24). The hydroxymethylpyrimidine-PP, adsorbed 
on charcoal, was hydrolyzed in 1 ml of 2 N HCl at 100° for 20 
minutes. The supernatant was removed, the charcoal was 


> 
> 
— 100 
a 
=> 75 
3 
2 
= 50 
= 
— 
= 2% 
oO 
K 
& 0 1 L 

70 75 80 85 90 95 100 

pH 


Fig. 2. Enzyme activity as a function of pH in glycylglycine 
(A) histidine (O) and glycine (@) buffers. 
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Tasie III 


Balance studies of synthesis and pyrophosphorolysis of thiamine-P 

Each reaction mixture (1.0 ml) contained: glycine buffer, pH 
9.2, 100 moles; MgSO,, 0.5 umole; and mercaptoethanol, 1.0 
pmole; in addition, tubes 1 to 3 contained hydroxymethylpyrimi- 
dine-PP, 1 umole; thiazole-P, 1.0 umole; and enzyme, 0.1 unit. 
Tube 4 contained thiamine-P, 0.4 wmole; PP, 2.5 wmoles; and en- 
zyme, 7 units. Incubations were performed at 37° for 20 minutes 
in Experiments 1 to 3 and for 60 minutes in Experiment 4. Thi- 
amine-P was determined fluorimetrically and the other compo- 
nents as described in the text. 


Experiment 
Substance 
1 2 3 4 

a mole umole pumole umole 
Hydroxymethylpy- 

rimidine-PP....... —0.43 —0.30 +0.21 
Thiamine-P.......... +0.48 +0.35 +0.47 —0.18 
V +0.51 +0.33 +0.41 


washed three times with 0.3 ml of 0.1 X HCl, and the combined 
supernatant and washings were assayed for phosphate. The 
washing procedure is essential for the recovery of adsorbed 
orthophosphate. 

Because of the relatively high level of PP; in Experiment 4, a 
satisfactory estimation of hydroxymethylpyrimidine-PP based 
on labile phosphate was not achieved. However, by adsorbing 
thiamine-P and thiazole-P on a cation exchange resin, hydroxy- 
methylpyrimidine-PP could be determined spectrophotometri- 
cally. The reaction mixture was deproteinized by the addition 
of 0.1 ml of 2.5 M perchloric acid, 0.75 ml of the filtrate was 
added to a column (0.6 X 4.0 em) of Dowex-50W-X8-H*, and 
the column was washed with 0.005 M HCl until 2.5 ml had been 
collected. The absorption spectrum of the column eluate was 
essentially the same as that of a similar solution of hydroxy- 
methylpyrimidine-PP. The amount of hydroxymethylpyrimi- 
dine-PP formed was calculated from the extinction at 246 my 
corrected for the extinction of similarly treated zero time con- 
trols. This correction, due to nonspecific absorption contributed 
by the resin, was less than 5%. 

Effect of Substrates and Inhibition by Pyrophosphate—Kinetic 
studies at very low levels of substrate were facilitated by the 
high sensitivity of the CNBr fluorimetric method for thiamine-P. 
The concentrations of hydroxymethylpyrimidine-PP and of 
thiazole-P decreased by less than 5% during the 5-minute incu- 
bation. Figs. 3 and 4 show the effect of each substrate and of 
8 x 10-5 M PP. on the rate of synthesis of thiamine-P. The 
inhibition by PP; is not competitive with either substrate. In 
similar experiments, increasing the Mg** ion concentration to 
5 X 10-¢ M, approximately 5 times the concentration required 
to saturate the enzyme, did not overcome the inhibition by PP. 
The Michaelis constants, estimated from double reciprocal plots 
(25), were 1 X 10-* M for hydroxymethylpyrimidine-PP and 
7 X 10-* m for thiazole-P. 

Equilibrium The equilibrium of the reaction at pH 9.2 was 
studied in both directions by measuring the change in thiamine-P 
concentration under conditions favoring synthesis or pyrophos- 
phorolysis (Fig. 5). The addition of inorganic pyrophosphatase* 

* Kindly supplied by Dr. R. Hilmoe of this Institute. One unit 
of enzyme will liberate 1 umole of orthophosphate per hour at 37°. 
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after equilibrium had been reached in the forward direction, 
caused the reaction to go to completion and indicated that the 
enzyme was still active. The reverse reaction was studied in 
the presence of a 6-fold excess of PP;. An equilibrium constant 
for Reaction 4 as written, was determined for eight such experi- 
ments; the values ranged from approximately 4.5 to 9 with an 
average of 6. In favoring synthesis, this reaction resembles the 
formation of nicotinic acid mononucleotide and nicotinamide 
mononucleotide by similar pyrophosphate displacement reac- 
tions (26, 27). In contrast, the synthesis of nicotinamide ribo- 
side from ribose-I- phosphate and nicotinamide by phosphate 
displacement strongly favors phosphorolysis (28). 

Enzymatic Assay of Hydrorymethylpyrimidine-PP and Thia- 
zole-P—In the presence of an excess of one substrate, the limit- 
ing component can be quantitatively converted to thiamine-P 
by using an enzyme preparation containing inorganic pyrophos- 
phatase. The thiamine-P is determined fluorimetrically in the 


THIAMINE PHOSPHATE 


MILLIMICROMOLES / S MINUTES 


PYPP-MOLES/LITER® 105 


Fic. 3. The rate of thiamine-P formation as a function of 
hydroxymethylpyrimidine-PP (PYPP) concentration in the 
presence (O) and absence (@) of 8 X 10 m PP. The reaction 
mixture (0.5 ml) contained, in addition to hydroxymethypyrimi- 
dine-PP and PP, thiazole-P, 0.05 umole; glycine buffer, pH 9.2, 
50 umoles; mercaptoethanol, 0.5 umole; MgSO,, 0.5 umole; and 
approximately 2 X 10~‘ units of enzyme. After 5 minutes at 
room temperature, the reaction was stopped by the addition of 
0.025 ml of 2.5 n HCl and assayed for thiamine-P by the CNBr 


procedure. 
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Fic. 4. The rate of thiamine-P formation as a function of 
thiazole-P concentration in the presence (O) and absence (@) of 
10 u PP. The reaction conditions were the same as for 

Fig. 3 except that the reaction mixture contained approximately 
4 units of enzyme and 0.1 umole of hydroxymethylpyrimi- 
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Fic. 5. Reversibility and equilibrium. The reaction mixture 
(1.0 ml) contained MgSO,, 0.1 umole; mercaptoethanol, 0.5 umole; 
glycine buffer, pH 9.2, 100 uzmoles; and approximately 0.1 unit of 
enzyme. In pyrophosphorolysis studies, @ and A contained, 
respectively, 0.074 and 0.044 umole of thiamine-P and 0.46 and 0.26 
umole of PP.. In thiamine phosphate synthesis, A and O con- 
tained 0.085 and 0.043 umole of tHiazole -P and 0.1 and 0.05 umole of 
hydroxymethylpyrimidine-PP. At the arrows, 5 units (4) of highly 
purified inorganic pyrophosphatase were added. Aliquots were 
diluted with 0.125 n HCl, and thiamine-P was determined fluori- 
metrically by the CNBr assay. 


usual manner. The conditions are the same as for Fig. 5 except 
that the incubation mixture contained 0.1 to 0.5 unit of enzymes 
and approximately 2 mumoles of one substrate and 5 mumoles 
of the other. The reaction goes to completion in less than 20 
minutes at 37°. Analytical results agree within 5% with those 
based on phosphate analysis of each substrate. 


DISCUSSION 


The results of this study show that the enzymatic synthesis of 
thiamine requires the participation of phosphorylated forms of 
its two cyclic constituents; the thiazole as a monophosphate and 
the pyrimidine as a pyrophosphate (Fig. 6). The phosphoryla- 
tion of the alcohol group of the thiazole provides a possible bind- 
ing group and an element of structural specificity, but is not 
otherwise noteworthy. Although the pyrophosphorylation of 
the hydroxyl group of the pyrimidine may involve these same 
factors, a more significant aspect of the resulting compound is 
that the pyrophosphorylated carbon is allylic in a manner analo- 
gous to a benzyl derivative. Allylic compounds (29, 30) are 
highly reactive in nucleophilic substitution reactions, because 
both the removal of the leaving group and the bonding to the 


H 
H H 
we 
Hs THIAMINE ~ P 
THIAZOLE - P + PPI 


Fic. 6. The reaction catalyzed by thiamine-P pyrophosphoryl- 
ase. Abbreviation: PYPP, hydroxymethylpyrimidine-PP. 
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nucleophilic reagent are facilitated by resonance. In hydroxy- 
methylpyrimidine-PP, the adjacent amino group would con- 
tribute to the resonance of the allylic structure. The relative 
acid lability of the pyrimidine phosphate groups, in contrast to 
the stability of the phosphate group of thiazole phosphate and 
of thiamine phosphate is an indication of this activation. 

Other examples of allylic activation indicate that this mecha- 
nism may be of some general significance in biosynthetic reac. 
tions. It has been demonstrated (31, 32) that the key isopre- 
noid unit involved in the synthesis of squalene, rubber, and 
higher terpenes is y ,y-dimethylallyl pyrophosphate. A similar 
activation of the hydroxymethyl group of the pteridine, 2-amino- 
4-hydroxy-6-hydroxymethy] dihydropteridine in the biosynthe- 
sis of folic acid is suggested by the work of Jaenicke and Chan 
(33) and Shiota and Disraley (34). 

The enzymatic synthesis of thiamine phosphate, viewed as a 
reversible base exchange with the pyrophosphate anion as a 
conjugate base, is analogous to the sulfite cleavage of thiamine 
and to the action of thiaminase. The observation (35) that 
sulfite catalyzes a similar reaction between thiamine and various 
primary and tertiary amines suggests that the pyrimidy] sulfo- 
nate or a related structure may serve as an intermediate in a 
manner analogous to hydroxymethylpyrimidine-PP. Both 
thiaminase and thiamine-P pyrophosphorylase may act by form- 
ing a pyrimidyl-enzyme complex analogous to the adenosine di- 
phosphate ribose-enzyme intermediate proposed (2) for the 
mechanism of DPNase. Studies with P*-labeled pyrophosphate 
may show that such an intermediate is formed in the mechanism 
of thiamine-P pyrophosphorylase. 

The experiments of Shimazono et al. (36) have provided ele- 
gant evidence in support of the conclusion (37, 38) that thia- 
mine-P is not an intermediate in conversion of thiamine to thia- 
mine-PP. Thus, thiamine-P must first be dephosphorylated 
before it can be converted to its biologically useful form by 
transpyrophosphorylation from ATP. This uncoupling in the 
synthesis of thiamine-PP, by the interposition of two essentially 
irreversible reactions, may be of some advantage in maintaining 
the cellular level of the coenzyme by isolating it from the reversi- 
ble reaction leading to its synthesis. 

SUMMARY 


1. An enzyme that catalyzes the synthesis of thiamine phos- 
phate from its constituent pyrimidine and thiazole moieties has 
been purified approximately 500-fold from bakers’ yeast, and 
some of its properties have been studied. 

2. The enzyme requires Mg“ for optimal activity and is 
specific for the pyrophosphate of the pyrimidine and the mono- 
phosphate of the thiazole. The reaction is freely reversible 
and has an apparent equilibrium constant of approximately 6 
at the pH optimum, 9.2. The relationship of this reaction to 
the cleavage of thiamine by sulfite and by the enzyme thiamin- 
ase has been discussed. 

3. The synthesis of the pyrimidyl monophosphate and pyro- 
phosphate has been described. The allylic structure of these 
compounds and the significance of allylic activation in biosyn- 
thetic reactions have been discussed. 
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Melatonin (N-acetyl-5-methoxytryptamine), the most potent 
melanocyte-contracting substance known, has been demonstrated 
in bovine pineal glands and peripheral nerve of man, monkey, 
and cattle (1,2). Its formation from serotonin, by N-acetylation 
(3) and subsequent O-methylation (4), has been indicated. Ina 
preliminary communication, we provided evidence for 6-hy- 
droxylation as the major metabolic pathway for melatonin (5). 
This report describes the synthesis of melatonin labeled in three 
different positions with C™ or Hs, the physiological disposition 
of administered hormone, and its metabolism in vivo and in 
vitro. 


EXPERIMENTAL PROCEDURE 


Melatonin-2-C'*—Serotonin-2-C™ (5 mg) having a specific 
activity of 3.75 ue per umole (obtained as the creatinine sulfate 
complex from Nuclear-Chicago Corporation), was dissolved in 1 
ml of water in a 15-ml glass-stoppered centrifuge tube. To this 
solution, 0.1 ml of triethylamine and 0.2 ml of acetic anhydride 
were added and the contents shaken. After the solution cooled, 
it was gently warmed on the steam bath for 15 minutes. Paper 
chromatography of the solution in 7% NaCl in 1% acetic acid 
showed the presence of a single compound having the same Rp 
as N ,O-diacetylserotonin. Hydrolysis of the O-acetyl group 
was effected by the addition of excess Na: CO; and warming the 
solution on a steam bath for 15 minutes. Unhydrolyzed N, O- 
diacetylserotonin was removed by extraction into chloroform. 
The aqueous residue was then made acid with 6 * HCl and the 
N-acetylserotonin-2-C™" extracted several times with ethyl 
acetate. The organic phase was evaporated in a vacuum and the 
residue taken up in two 0.5-ml portions of ethanol and distributed 
along a 12-inch starting line on Whatman No. 3MM filter paper. 
After chromatography in 8% NaCl in 1% acetic acid, the radio- 
active area corresponding to N-acetylserotonin (Re, 0.40) was 
eluted with water. Conversion of the N-acetylserotonin-2-C™ 
to melatonin-2-C™ by O-methylation was accomplished with the 
use of 5-hydroxyindole-O-methy] transferase from bovine pineal 
gland (4) and S-adenosylmethionine as follows. Frozen bovine 
pineal glands (Canada Packers Ltd., Toronto, Canada), 12 g, 
were homogenized in 3 volumes of ice-cold isotonic KCl solution 
and centrifuged at 78,000 x g. The clear supernatant solution 
was incubated for 2 hours at 37° with 2 ml of 0.5 mM phosphate 
buffer (pH 7.9), N-acetylserotonin-2-C™ obtained above, and 20 
umoles of S-adenosylmethionine. The melatonin-2-C formed 
was extracted twice into 5 volumes of chloroform, the combined 
organic phases evaporated in a vacuum, and the residue taken up 
in ethanol and applied to a starting line on Whatman No. 3MM 
filter paper. After chromatography in benzene-ethyl acetate- 
water (20:1:20), the single radioactive area (Rp, 0.35 to 0.53) 


corresponding to melatonin was eluted with water. By the use 
of these procedures, 30 to 40% of the serotonin-1-C™ could be 
converted to melatonin-2-C™, 

Melatonin-methory-C'*—N -Acetylserotonin (5 mg) was in- 
cubated with 5-hydroxyindole-O-methy] transferase as described 
above, with the use of 10 wmoles of S-adenosylmethionine- 
methyl-C™ prepared (6) from L-methionine-methyl-C™ (2.29 me 
per mmole obtained from New England Nuclear Corporation). 
The enzymatically formed melatonin methoxy-C™ was extracted 
and purified as described above. 

Melatonin-acetyl-H*—5-Methoxytryptamine (5 mg) was dis- 
solved in 1 ml of ethyl acetate and 0.1 ml of triethylamine was 
added. Two umoles of acetic anhydride-H' (400 ne per umole) 
in 0.02 ml of benzene were added to this mixture. After standing 
for 30 minutes, the solvents were evaporated in a vacuum, the 
residue taken up in 15 ml of chloroform, and the solution washed 
successively with 5 ml of 5% NazCOs, 5 ml of water, 5 ml of 0.1 
HCl, and twice with 5 ml of water. The chloroform was then 
evaporated in a vacuum, the residue taken up in ethanol, and 
the melatonin isolated by chromatography as described above. 

Preparation of Tissues for Estimation of Total Radioactivity and 
Radioactive Melatonin—Tissues were immediately removed and 
homogenized with 3 volumes of 0.1 * HCl. An aliquot was taken 
and radioactive melatonin was measured as described below. 
Another aliquot was freeze-dried and a portion of the dried 
residue was dissolved in 2 ml of Hyamine and 10 ml of phosphor. 
Radioactivity measurements were made in a scintillation spee- 
trometer and internal standards were used for correction of 
quenching. 

Estimation of Radioactive Melatonin — Melatonin present in the 
tissue homogenate was extracted into 3 volumes of chloroform. 
After centrifugation and removal of the aqueous phase by 
aspiration, the chloroform extract was washed once with one- 
third volume of 0.5 m phosphate buffer, at pH 7, and an aliquot 
of the organic phase transferred to a glass vial. The solvent was 
evaporated in a current of warm air and the residue dissolved in 
4 ml of ethanol. Phosphor was added and the solution counted 
in a scintillation spectrometer. About 80% of the melatonin- 
acetyl-H? added to tissues was recovered by this procedure. 
The radioactive material present in biological material and 
extracted by this procedure showed a single peak having the 
same R. values as authentic melatonin after chromatography in 
butanol-acetic acid-water (4:1:1) and benzene-ethyl acetate- 
water (20:1:20). 


RESULTS 


Disappearance of Melatonin in Whole Muuse—Melatonin- 
acetyl-H? (40 myc) was injected into the tail veins of mice (21 to 
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2 g), and the animals were killed at various time intervals. The 
whole mouse, including excreta, was homogenized in 100 ml of 
O4 x perchloric acid in a Waring blendor, and aliquots of the 
homogenate were assayed for melatonin as described above. The 
results shown in Fig. 1 indicate a multiphasic disappearance 
curve for melatonin. In the first 10 minutes, there is a rapid 
decrease in the melatonin (approximating a half-life of 2 min- 
utes). After 40 minutes, the rate of disappearance of the 
melatonin was much slower, corresponding to a half-life of about 
35 minutes. 

Physiological Disposition of Administered Melatonin 
Melatonin-acetyl-H? was injected intravenously into the tail 
veins of ten adult, male Sprague-Dawley rats. Five rats were 
given 200 wg (401 myc) of melatonin-acetyl-H’ and killed after 
minute; five were given 400 wg (812 myc) of melatonin-acetyl- 
H; and killed after 30 minutes. Tissues were removed im- 
mediately and assayed for total radioactivity and unchanged 
melatonin. (Table I). 

Within 1 minute, melatonin was found to be present in all 
tissues examined. The highest concentrations were found in 
the liver and kidney, and the lowest in fat and skin. Melatonin 
was also found in the brain, indicating that there is little hin- 
drance to its crossing the blood brain barrier. After 1 minute, 
unchanged melatonin accounted for 70 to 80% of the radio- 
activity present in each tissue, except for the liver and plasma. 
After 30 minutes, melatonin accounted for only 35 to 50% of the 
total radioactivity in most tissues. In the adrenal gland and 
brain, about two-thirds of the radioactivity was present as 
melatonin, whereas in the liver and plasma it accounted for only 
10 to 20%. The total amount of melatonin was decreased in all 
tissues after 30 minutes, and total radioactivity was increased in 
kidney, intestines, and skin. 

Excretion of Melatonin M etabolites— Melatonin, labeled in one 
of several positions, was injected into the tail veins of male 
Sprague-Dawley rats and the urine and feces were examined 
for radioactive products. Four rats were given melatonin- 
acetyl-H? (10 ye each), two rats melatonin-2-C" (1 ne each), two 
rats melatonin-methoxy-C"™ (1 ye each), and one rat a mixture of 
acetyl-H? and methoxy-C™ melatonin. Urine and feces were 
collected for a period of 48 hours. The total radioactivity found 
in the urine during this time accounted for 60 to 70% of the 
administered melatonin, and about 15% of the administered 
radioactivity was found in the feces. No significant differences 
were found in the total radioactivity of the urine and feces after 
the administration of the various types of labeled melatonin. 

The urinary metabolites were separated and estimated with 
paper chromatography as follows. An aliquot of the urine 
containing about 15,000 ¢.p.m. was applied to a starting line 
on Whatman No. 3MM filter paper. After chromatography in 
isopropanol-5% ammonia (4:2), three radioactive peaks were 
found. The first two radioactive compounds have been iden- 
tified as the glucuronic acid (N., 0.22) and the sulfate (Ny, 0.55) 
conjugates of 6-hydroxymelatonin (N-acetyl-5-methoxy-6- 
hydroxytryptamine) (5). The third radioactive compound 
(Ry, 0.8) has only been partially characterized. Unchanged 
melatonin could not be detected in the urine or feces. 

Strips of the chromatograms containing the various radio- 
active compounds were eluted with water and the eluate evap- 
orated in a current of warm air in glass vials. The residues 
were dissolved in 0.2 ml of water and the radioactivity determined 
after the addition of 4 ml of ethanol and 10 ml of phosphor. 
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PERCENT ADMINISTERED MELATONIN IN WHOLE MOUSE 
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Fic. 1. Disappearance of melatonin-acetyl-H® in the mouse. 
Each mouse was given (40 myc) melatonin-acetyl-H? intrave- 
nously. Each point represents the mean (+ standard deviation) 


of five mice. 


TABLE I 


Tissue distribution of melatonin - acetyl - 

Tissue distribution of total radioactivity and melatonin in the 
rat, 1 minute after intravenous injection of 410 myc of melatonin 
acetyl-H* and 30 minutes after intravenous injection of 802 myc 
of melatonin-acetyl-H*. The results are expressed as myc per g 
of tissue (+ standard deviation). 


Tissue 
Total radio- Melatonin =e | Melatonin 
Liver....... 7.81 .62 + 0. 
Kidney..... 4.70 07 + 0. 
Lung 1.90 .29 + 0. 
Spleen...... 2.71 8 + 0. 
Pelvic fat 0.45 27 + 0. 
Mesenteric 
1.97 + 0.31) 1. 
Adrenals. 3.18 .90 + 0.18 1 
Brain....... 0.80 60 + 0.14 0 
Heart.. 2.890 + 0. 161.85 + 0.28 1.33 + 0. 160.37 + 0.05 
Abdominal 
muscle 0. 70 + 0. 100.52 + 0.05 1.40 + 0.36 0.32 + 0.09 
Small in- 
testine 2.23 & 0. 151.65 + 0.26 6.30 + 3.4 1.28 + 0.50 
. 0.29 + 0. 100. 17 + 0.01 1.54 + 0.620. 30 + 0.10 
Plasma 2.00 + 0.160.99 + 0.07 2.16 + 0.62 0.46 + 0.05 
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Fic. 2. Chromatogram of the radioactive metabolites of mela- 
tonin-acetyl-H’ in urine. Percentages of excreted radioactivity 
of various metabolites are shown at tops of bars. See text for 
identity of radioactive peaks. 


Fig. 2 shows the distribution of radioactivity among the various 
metabolites. Essentially, the same results were obtained after 
the administration of melatonin-2-C', melatonin-methoxy-C", 
and melatonin-acetyl-H*. The major metabolite, accounting 
for 70 to 80% of the radioactivity, was the sulfate conjugate of 
6-hydroxymelatonin, whereas the glucuronic acid conjugate of 
this compound represented only 5% of the administered radio- 
activity. The unidentified metabolite (Ry, 0.8) accounted for 
about 12% of the radioactivity. 

After the administration of melatonin-2-C™, the urine was 
examined for the presence of 5-methoxyindoleacetic acid, a 
compound normally present in the pineal gland (7), by acidifying 
and extracting with 5 volumes of ethyl acetate. The organic 
phase was evaporated in a vacuum, and the residue dissolved in 
ethanol and subjected to chromatography on Whatman No. 1 
paper with n-butanol-acetic acid-water (4:1:1) and isopropanol- 
5% ammonia (4:2). A radioactive compound corresponding in 
Ry values to authentic 5-methoxyindoleacetic acid was found, 
accounting for less than 0.5% of administered radioactivity. 

Metabolism of Melatonin in Vitro—Previous work in this and 
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other laboratories (8, 9) has shown that indole derivatives are 
hydroxylated in position 6 by an enzyme in the microsomes of 
the liver that requires TPNH and oxygen. Incubation of 
melatonin (50 ug) with microsomes and soluble supernatant 
fraction obtained from 50 mg of rat liver, 4 umoles of TPN, 20 
umoles of glucose 6-phosphate, 150 umoles of phosphate buffer 
(pH 7.4), 10 wmoles of MgCl:, and 20 uwmoles of nicotinamide, in 
a final volume of 3 ml at 37° for 1 hour, resulted in the disap- 
pearance of 50% of the melatonin. When the pyridine nucleo- 
tide and glucose 6-phosphate were omitted, no metabolism of 
melatonin was observed. The incubated reaction mixture con- 
tained a metabolite having the same Ry value as 6-hydroxy- 
melatonin (obtained from rat urine after the administration of 
melatonin and subsequent hydrolysis with 8-glucuronidase). 


DISCUSSION 


The absence of melatonin among the radioactive substances 
found in the urine after its intravenous administration demon- 
strated that the circulating hormone is completely metabolized. 
Its rapid rate of metabolism is shown by the disappearance curve 
of melatonin in the whole mouse (Fig. 1). The multiphasie 
disappearance curve indicates that a portion of the administered 
hormone is protected from enzymatic destruction, perhaps by 
binding, or increased solubility in lipid depots, or both. After 1 
minute, the hormone was found in all tissues, including the brain. 
Certain tissues, such as adrenal gland and small intestine, retain 
the hormone after 30 minutes in concentrations exceeding that of 
the plasma. 

The major pathway for metabolism of melatonin is hydroxyla- 
tion on position 6 followed by conjugation, primarily with sulfate 
(70%) and, to a small extent, with glucuronic acid (6%). A 
minor transformation product of melatonin (12%) has only been 
partially characterized. This compound retained the 5 
methoxy-C™ and the H*-acetylethylamine side chain. It did 
not react with Ehrlich’s reagent, which suggests that either the 
indole nucleus was cleaved, or that there was oxidation or 
substitution on position 2 of the indole ring. Since indoles have 
been shown to be oxidized on position 2 (10) or undergo ring 
cleavage (11), melatonin might be metabolized by either of these 
pathways. 
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Fic. 3. Formation and metabolism of melatonin 


5.8.66 


— 
— 


— | = 
— 
— 
] 
0 — — Ya Y 
N 
> ro- | o. 
—— — 
4 
7 


— 
— 


27° F F ZA A5 


November 1961 I. J. Kopin, C. M. B. Pare, J. Axelrod, and H. Weissbuch 3075 


Lerner et al. (7) have found 5-methoxyindoleacetic acid in the 
pineal body. We have shown that less than 0.5% of ad- 
ministered melatonin is converted to 5-methoxyindoleacetic 
acid. It was previously demonstrated that 5-hydroxyindoleacetic 
acid can be O-methylated by hydroxyindole-O-methy] transferase 
(4), an enzyme highly localized in the pineal body. From these 
observations, it would appear that 5-methoxyindoleacetic acid 
arises in the pineal body either by deacetylation of melatonin 
followed by deamination, or by O-methylation of 5-hydroxy- 
indoleacetic acid. 

The formation and metabolism of melatonin are shown in the 
accompanying scheme (Fig. 3). 

The major route of formation of melatonin involves acetylation 
of serotonin by an enzyme in the liver and pineal body that 
requires the presence of acetyl coenzyme A (3). N-Acetylsero- 
tonin is, then, O-methylated to form melatonin by an enzyme 
localized in the pineal gland that requires S-adenosylmethionine 
as the methyl donor (4). Melatonin is mainly metabolized by 
hydroxylation in position 6 by an enzyme in the microsomes of 
the liver that requires a TPNH-generating system. The 
hydroxylated melatonin is then excreted as sulfate and 
glucuronic acid conjugates. 

SUMMARY 

The synthesis of melatonin-2-C™, melatonin-methoxy-C™, and 
melatonin-acetyl-H? is described. 

After the administration of radioactive melatonin to mice, the 
melatonin is rapidly metabolized and a small portion is bound 
and retained. Circulating melatonin is rapidly taken up by all 


Melatonin is completely metabolized in the body; the major 
pathway involves 6-hydroxylation, followed by conjugation 
mainly with sulfate. A minor metabolite (about 12%) that 
retains its methoxy and N-acetyl group has been found in 
the urine. Only traces of administered melatonin form 5- 

An enzyme that hydroxylates melatonin in position 6 has been 
found in the microsomes of the liver. 
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The oxidation of 3-hydroxyanthranilic acid (Reaction 1) is 
catalyzed by an enzyme (1, 2) found in the liver and kidney of 


COOH COOH 
+0; NH: (1) 
NH, ‘ OOH 
H Compound I 


various species (3). Molecular oxygen is incorporated into the 
product (4) and this enzyme has been classified as a phenolytic 
oxygenase by Hayaishi. Requirements for ferrous ions (5) and 
a sulfhydryl compound (6) have been demonstrated. 

The primary oxidation product, Compound I, shows an ab- 
sorption maximum at 360 my and is spontaneously converted to 
quinolinic acid (7), or enzymatically converted in vitro to pico- 
linie acid (8). The structure of Compound 1 has never been 
conclusively established and it seemed likely that a more purified 
enzyme preparation would aid in the elucidation of this struc- 
ture. 

Previous attempts (2, 8, 9) to purify this enzyme have been 
unsuccessful except for the fourfold purification reported by 
Stevens and Henderson (6) and the substantial purification 
reported by Iaccarino, Boeri, and Scandi (10) after the initial 
report of this work (11). 

This paper will describe purification and activation phenom- 
ena which result in a 1800-fold increase in the specific activity of 
the enzyme. . 


EXPERIMENTAL PROCEDURE 


Fresh beef liver was obtained from a local meat market; 
3-hydroxyanthranilic acid was purchased from Hoffmann-La- 
Roche and Company, Ltd., and glutathione and cysteine were ob- 
tained from Nutritional Biochemicals Corporation. The cal- 
cium phosphate gel was prepared by the method of Keilin and 
Hartree (12). Tritium-labeled 3-hydroxyanthranilic acid was 
prepared by the Wilzbach procedure (13), recrystallized to 


* Taken in part from a thesis submitted by R. H. Decker, 
Oklahoma State University, 1961. This work was supported in 
part by grants G-4547 and G-11422 from the National Science 
Foundation and a grant from the National Institutes of Health 
(RG-5766). Presented in part at the Federation of American 
Societies for Experimental Biology Meetings in Chicago, 1960, and 
the Southwest Regional Meeting of the American Chemical 
Society in Oklahoma City, 1960. 

t Present address, Cancer Research Hospital, University of 
Wisconsin Medical School, Madison, Wisconsin. 


constant specific activity, and shown to be pure by paper chro. 
matography. Technical grade Tris from Sigma Chemical Com. 
pany was used. 

Protein was determined by the trichloroacetic acid method of 
Stadtman, Novelli, and Lipmann (14) with 12% trichloroacetic 
acid, and also by the Warburg and Christian spectrophotometric 
method (15). 3-Hydroxyanthranilic acid oxidase activity was 
determined by measuring the rate of increase of optical density 
at 360 my in a Beckman model DU spectrophotometer or Cary 
model 14 recording spectrophotometer either at room tempera- 
ture or at 37°. The reaction mixture, usually containing 03 
umole of ferrous sulfate, 100 wmoles of ammonium sulfate, and 
enzyme, was incubated for 5 minutes in a 2.9 ml volume before 
the addition of 0.1 umole of 3-hydroxyanthranilic acid to the 
cuvette. The rate of reaction was determined from the linear 
portion of the optical density versus time curve. One unit of 
enzyme is the amount which gives an increase in optical density 
of 0.001 per minute under the above conditions. Specific activ- 
ity is the number of units of enzyme per milligram of protein. 

Picolinie acid carboxylase activity was assayed in the same 
reaction mixture by measuring the rate of disappearance of the 
compound absorbing at 360 my and correcting for the spontane- 
ous decay of Compound 1 observed in the absence of enzyme. 
A unit of picolinie acid carboxylase is that amount of enzyme 
which causes a decrease of 0.001 in optical density per minute 
over the control cuvette. 

The amount of tritium-labeled 3-hydroxyanthranilic acid con- 
verted to quinolinie and picolinic acids was determined by count- 
ing the radioactivity after the compounds were isolated by 
chromatography on Dowex 50-X8 (16). Quinolinic acid was 
recrystallized from 50% ethanol, and picolinie acid was purified 
by two sublimations at 100° in a vacuum. Melting points of 
both compounds compared well with those of the authentic 
acids. Tritium was determined by the zinc fusion method of 
Wilzbach, Kaplan, and Brown (17) with use of the Cary model 
31 vibrating reed electrometer. | 


RESULTS 
Activation of Enzyme by Ammonium Sulfate 


Effect of Ammonium Sulfate on Activity—When ammonium 
sulfate fractionation was attempted, there was a substantial 
loss in activity which could not be restored by dialysis or by 
incubation of the individual or recombined fractions with ferrous 
ions and glutathione or by both treatments. In testing the 
possibility that ammonium sulfate might be inhibiting the en- 
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syme, the experimental results shown in Fig. 1 were obtained. 
The enzyme-catalyzed reaction was allowed to proceed normally 
for 2 minutes as is shown in Curve I, then ammonium sulfate 
was added. Because the rate of change in absorbancy was not 
altered, it was concluded that ammonium sulfate did not affect 
the rate of reaction under these conditions. Ammonium sulfate 
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Fic. 1. Effect of ammonium sulfate on 3-hydroxyanthranilic 
acid oxidase activity. The enzyme preparation had been purified 
through the acid-treated stage and 440 ug of protein were present 
in each cuvette. Each cuvette contained in 3.0 ml total volume, 
0.3 mole of FeSO,, 0.1 umole of 3-hydroxyanthranilic acid, and 
105 ymoles of (NH,)2SO,. In Curve 1, the ammonium sulfate was 
added at 4 minutes whereas in Curve 2, ammonium sulfate was 
added at 2 minutes. In Curve 3, ammonium sulfate was added at 
zero time. 3-Hydroxyanthranilic acid was added in all cases at 2 
minutes and FeSO, and enzyme at zero time. With this enzyme 
preparation there was no stimulation by glutathione. 
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Fic. 2. A, Effect of incubation time with ammonium sulfate on 
enzymatic activity. Each reaction cuvette contained in 3.0 ml 
total volume, 0.3 umole of FeSO,, 105 wmoles of (NH,)2SO,, and 
enzyme; the reaction was started by adding 0.1 umole of 3-hy- 
droxyanthranilic acid after the indicated incubation time. B, 
Effect of ammonium sulfate concentration on the activation. 
Each cuvette containing 0.3 wmole of FeSO,, enzyme, and varying 
amounts of (NH,):SO, was incubated for 5 minutes before the 
assay. 
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TABLE I 
Effect of substances on activation 

All reaction mixtures were incubated for 5 minutes before 0.1 
umole of 3-hydroxyanthranilic acid was added to start the reac- 
tion. Each mixture contained 0.3 umole of ferrous sulfate, en- 
zyme, and the indicated addition during incubation at the final 
molar concentration based on 3.0 ml total volume in the cuvette. 
Triton X-100 is a Rohm and Hass nonionic detergent. 


Addition during incubation Concentration | Enzymatic rate 
0.062 
˙ 0.06% 0.202 


has no effect on the extinction coefficient of Compound I at 360 
mu. Curve 2 shows the course of reaction when ammonium 
sulfate and the substrate were added simultaneously. There 
is a slight inhibition, but not nearly enough to account for the 
loss of activity during ammonium sulfate fractionation. In the 
experiment, the results of which are shown in Curve 3, the reac- 
tion components were incubated with ammonium sulfate for 2 
minutes before the addition of substrate with the hope that this 
would produce the inhibition. Rather than an inhibition, a 
marked increase in enzymatic activity was observed. In some 
instances there was as much as a tenfold increase in enzyme ac- 
tivity after incubation of the reaction mixture with ammonium 
sulfate. The possibility that a pH change was responsible for 
this increased activity was ruled out by pH measurements. 

Effect of Incubation Time—Since there is obviously a time 
requirement for the ammonium sulfate activation, an experi- 
ment was performed in which the enzyme, ammonium sulfate, 
and ferrous ions were incubated for various times before the 
addition of substrate. Fig. 2A shows that approximately 5 min- 
utes incubation is required for maximal activation. 

Effect of Ammonium Sulfate Concentration—Fig. 2B shows the 

concentration of ammonium sulfate required for maximal activa- 
tion. With this particular enzyme preparation, the optimal 
ammonium sulfate concentration was 0.035 m. The amount 
required depends upon the particular preparation and its stage 
of purification. However, in the early stages of purification an 
ammonium sulfate activation was noted in most of the prepara- 
tions. 
Effect of Other Substances as Activators—Table I shows the 
effect of salts and the nonionic detergent, Triton X-100,' on en- 
zymatic activity when the substances were incubated with the 
enzyme and ferrous ions. Salts not containing either the am- 
monium or sulfate ions were also effective in activating the en- 
zyme as was the nonionic detergent, Triton X-100. However, 
ammonium sulfate was the most effective compound tested. 

Reaction Sequence during <Activation—Strehler and Comier 
(18) have described a method which they used to study the 
order of interaction of several factors in a multicomponent, bac- 
terial luminescence system. For this approach to give results 
which can be interpreted, two conditions must prevail; namely, 
(a) an ordered sequence of reactions occurs in which the activa- 
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Fic. 3. Reaction sequence during activation of the enzyme. 
The following amounts were used: 0.3 wmole of FeSO,, 105 umoles 
of (NH,)2SO,, enzyme (530 ug of protein), and 0.1 umole of 3- 
hydroxyanthranilic acid. Below is given a summary of the experi- 
mental conditions (E = enzyme). 

The reaction was initiated by addition of substrate. 


Added at zero time Second addition | Curve No. Symbo 
(NH,)2SO, + FeSO, E 1 0—0 
FeSO, + E (NH,)2S0, 2 ＋4 —4 
FeSO, + E 30 0 
(NH.) SO. + E FeSO, + A---A 
KH.) SO. + FeSO, + E 5 |o—o 


tors interact with each other or the enzyme or both, and (b) one 
of the reactions involved occurs at a measurable rate. If these 
two conditions are met, the most active of any sequential addi- 
tion reaction mixture will be obtained when the activators are 
added in the proper order of interaction. Conversely, the addi- 
tion of components in the improper sequence will result in a less 
active enzyme. Fig. 3 shows the data obtained in an experi- 
ment of this type. When the ammonium sulfate and ferrous 
ions were incubated for 3 minutes before addition of substrate, 
a slow reaction rate (Curve 1) was observed. This indicated 
that the formation of a complex ion such as ferrous ammonium 
sulfate is not the required activation reaction. When the fer- 
rous ions and the enzyme were incubated before the addition of 
ammonium sulfate, again a low rate was found (Curve 2). Al- 
though Curve 3 shows that this enzyme preparation has activity 
without added ammonium sulfate, there was stimulation when 
the enzyme was incubated with ammonium sulfate for 5 minutes 
(compare Curves 3 and 5). It would be expected, with complete 
dependence on added ammonium sulfate for activity, that 


Curve 3 would fall below the others. Curve 4 shows that a higher 
rate of Compound I production occurred when the enzyme was 
incubated with the ammonium sulfate before the addition of 
ferrous ions. Although the increase in rate by this order of 
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addition was not great, it was reproducible. Curve 5 shows the 
rate when enzyme, ferrous ions, and ammonium sulfate were 
incubated for 5 minutes. The results of this experiment sug. 
gest the following reaction sequence: 


E, + (NH,):80, = E: — (NH,):80. (2) 
E. (NH,):80, + Fett E. Fe- + (NH,):80, G 


where E: — Fe“ is the active enzyme and Ei is an inactive 
form of the enzyme which must be modified before Fet+ cap 
react to produce the fully active enzyme. 


Activation of Enzyme by Acid 


Activation during Incubation—When ferrous sulfate (2 x 
10 m) was present during the acid treatment of the enzyme, 
an activation occurred. Approximately 5 times greater activity 
was obtained by this incubation than by acid treatment alone. 
This activation by acid and ferrous sulfate could be demon- 
strated at most stages of purification, but this alone was not 
always sufficient for complete activation (see paragraphs below 
dealing with alkali and sulfhydryl activation). Fig. 4A shows 
the effect on enzymatic activity of incubating the enzyme with 
ferrous ions at various pH values. After acid activation in the 
presence of ferrous sulfate, incubation with the ammonium sul- 
fate was no longer required; however, it should be stressed that 
the ammonium sulfate activation is not a pH phenomenon. 
Fig. 4B shows the time requirement; approximately 2 minutes 
gives maximal activation. 

Activation during Purification—During purification of the 
enzyme, treatment with acid was used. Since, after neutraliza- 
tion and centrifugation, a greater number of total units as well 
as an increased specific activity was obtained, it was evident 
that the enzyme had been activated by the acid. Fig. 5 shows 
the results of an experiment designed to determine the optimal 
conditions for acid treatment used in the purification scheme. 
The supernatant solution from a heat-treated homogenate was 


2 

= 10-4 44+ 8 

a 

17 

— 4 

pH TIME IN MINUTES 


Fic. 4. A, Effect of pH on enzyme incubation with 2 X 10x 
FeSO,. Samples of enzyme (100 ug of protein purified through the 
ammonium sulfate fractionation step) in 2.6 ml of glass-distilled 
water were adjusted to various pH values by adding 0.04 * HQ, 
and then, after 5 minutes at room temperature, 0.3 ml of a buffer 
composed of 0.1 M Tris, 0.3 1 (NH.) SO,, and 0.1 M sodium acetate 


was added 30 seconds before the addition of substrate. The final 
pH was 7.7. B, Effect of incubation time on activation by FeS0, 


at pH 3.6. The incubation mixture containing enzyme (100 ag of 
protein) and 2 & 10 M ferrous sulfate in 2.6 ml was adjusted to 
pH 3.6 with 0.04 n HCl and allowed to incubate at room tempers- 
ture for the lengths of time indicated. Then, 0.3 ml of a buffer 
containing 0.1 u Tris, 0.3 M (NH,)sSO,, and 0.1 u sodium acetate 
was added 30 seconds before substrate. 
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Fic. 5. Effect of time on the purification and activation during 
acid treatment. An enzyme preparation which had been purified 
through the heating step was adjusted to pH 3.5 with hydrochloric 
acid. At various time intervals, aliquots were removed, and the 
enzymatic activity and protein content were determined after 
neutralization and centrifugation. Curve 1 shows the protein 
concentrations, and Curve 2 shows the specific activity. The 
single point, A, shows the specific activity before pH adjustment. 


acidified to pH 3.5 by the careful addition of 2 & hydrochloric 
acid. The solution remained at room temperature, and 5-ml 
samples were removed at the times indicated in the figure. The 
sample was neutralized and centrifuged at 8000 x g for 10 min- 
utes; then the activity and the protein content were determined. 
The addition of acid followed by immediate neutralization in- 
creased the specific activity 2-fold. The specific activity reached 
a maximum after 10 minutes (30 minutes in other experiments) 
at this acid pH and then decreased. 


Activation of Enzyme by Heat and Ferrous Sulfate 


When the enzyme solution was heated at 55° for 5 minutes in 
the presence of 2 X 10M FeSQ,, the enzymatic activity was 
markedly increased, and if tested shortly after heating, there 
was no improvement on incubation with ferrous sulfate. These 
results are shown in Fig. 6. From 7- to 35-fold activation and 
purification resulted from this treatment. Over a period of 5 
days, the heat-treated enzyme lost its increased activity and 
became no more active than before heating. It could be reacti- 
vated by repeating the heat treatment in the presence of ferrous 
sulfate. 


Activation of Enzyme by Base 


After purification through all the steps (see details later) cer- 
tain ammonium sulfate-fractionated preparations lost all activ- 
ity. Various attempts to reactivate these preparations failed 
until one was adjusted to pH 10 and then neutralized before the 
incubation. Again it was noted that an increase in total units 
was obtained after the alkali treatment; this suggested that an 
activation had occurred. Attempts to reactivate such prepara- 
tions with acid were unsuccessful. Thus, the acidic and basic 
Fig. 7 shows the results of an experiment in which aliquots of 
an enzyme preparation were adjusted to the indicated pH values 
and left at 4° for 5 hours before assay. All assays and incuba- 
tions were performed at pH 7.0. Maximal activity was noted 
in the sample brought to pH 10 where a 5-fold increase in activ- 


R. H. Decker, H. H. Kang, F. R. Leach, and L. M. Henderson 


ity occurred. The half-life of the enzyme at pH 10 was approxi- 
mately 3 days. 


Purification and P Lies of E 

Purification Procedure All steps were performed in a cold 
room at 3° unless otherwise specified. Fresh beef liver was 
homogenized in 5 volumes of deionized water (weight per vol- 
ume) for 1 minute in a Waring Blendor. The homogenate was 
filtered through two layers of cheesecloth, and centrifuged in 
the No. 30 rotor of the Spinco model L ultracentrifuge at 78,000 
i (average) for 30 minutes. These steps may be performed 
at room temperature without loss of activity. The supernatant 
solution was heated in 100-ml portions with stirring at 55° for 
5 minutes in a stainless steel beaker and then cooled in an ice 
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Fic. 6. Activation by heating the enzyme in the presence of 
2 X 10°* u FeSO,. Each cuvette contained 0.1 ml of enzyme, 
2 X 10~* uw FeSO,, and 2.7 ml of 0.01 u, pH 7.0 Tris buffer and was 
incubated 5 minutes before addition of 0.1 umole of 3-hydroxy- 
anthranilic acid. The curves are from traces of a Cary recording 
spectrophotometer. Curve 1, the enzyme was heated at 55° for 
5 minutes with 2 X 10~* m FeSO,; Curve 2, the enzyme was heated 
at 55° for 5 minutes; and Curve 3, the activity before heating. 
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Fic. 7. Alkaline activation of the enzyme. Samples of an 
step were adjusted to the indicated pH values. After 5 hours’ 
storage at 4° followed by neutralization, aliquots containing 175 
ug of protein were tested for enzymatic activity. 
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bath. Denatured protein was removed by centrifuging for 15 
minutes at 27,000 x g (maximum at bottom of tube in 4.25- 
inch head of a Servall SS-4 centrifuge). The resulting superna- 
tant solution was adjusted to pH 3.5 with 2 N hydrochloric acid 
which was added slowly with stirring. The acidified solution 
remained at room temperature for 30 minutes. After careful 
neutralization with 2 N sodium hydroxide, the mixture was cen- 
trifuged at 27,000 x g for 15 minutes. The supernatant solu- 
tion was treated with one-tenth of its volume of calcium phos- 
phate gel, pH 7.3 (26 mg per ml), for 30 minutes with constant 
stirring. Centrifugation at 27,000 x g for 15 minutes sedi- 
mented the gel, which was discarded. A saturated solution of 
ammonium sulfate was prepared at 3° and adjusted to pH 8.3 
with ammonium hydroxide. The pH was measured on a 10- 
fold diluted sample of the solution. This saturated alkaline 
ammonium sulfate solution was added slowly with constant 
stirring to the enzyme-containing solution until 50% saturation 
was reached. After 15 minutes more stirring, the solution was 
centrifuged at 27,000 X g for 10 minutes and the precipitate was 
discarded. More saturated ammonium sulfate solution was 
added slowly with constant stirring during 15 more minutes and 
the mixture was centrifuged as described above. The precipi- 
tate was dissolved in one-fourth the original volume of glass- 
distilled water. 

A summary of the purification obtained during a representa- 


tive sequence is shown in Table II. There is an 1800-fold increase 


in the specific activity of the enzyme with an 830% yield. 
These figures reflect both a purification and an activation, and 
there is no way to separate the two processes because several of 
the treatments result in both purification and activation. 

Stability of Enzyme—After purification of the enzyme through 
the ammonium sulfate fractionation stage, enzymatic activity 
was rapidly lost when the solutions were stored at 3°. At 
carlier stages of purification, the enzyme was reasonably stable 
for a period of several days at 3°. Table III shows data ob- 
tained during a storage experiment. When stored frozen at 
—15° in 0.01 u Tris buffer, pH 7.0, there was no loss of enzy- 
matic activity in 4 days with ammonium sulfate-fractionated en- 
zyme. 

Dialysis of Enzyme—Further attempts at purification were 
hampered by inactivation during dialysis. After a number of 


TABLE II 
Summary of purification of 3-hydroryanthranilic acid oridase 


Fraction Volume Protein — — Recovery 
activity 
ml me % 
Homogenate......... 870 | 60,900 17.4 1 100 
Supernatant solution 600 | 9,000 137 8 117 
Heat-treated super- 
natant solution 510 | 4,340 414 24 169 
Acid-treated super- 
natant solution 400 1.720 | 2,850 164 462 
Calcium phosphate 
gel supernatant so- 
D 420 1,050 4,000 230 396 
(NH,)2SO, fraction, 
0.50 to 0.60 satura- 
C 100 270 32,000 1840 830 
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TaBLe III 
Storage conditions for enzyme 
Aliquots of an enzyme purified through the calcium phosphate 


gel stage. N; represents storage under nitrogen and cysteine 
was present at a concentration of 10 * . 


Additions Temperature Time 
control 
*. Ar 
3 0 100 
T 3 24 59 
Ser 3 24 85 
Na, cysteine................. | 3 96 78 
| | 114 
V 4215 | 96 | 103 


trials, the following procedure was established as the one which 
gave complete recovery of activity after an 18-hour dialysis, 
The dialysis bag was washed first with 0.6% Versene (ethylene. 
diaminetetraacetate) then with glass-distilled water, and finally 
with an aqueous solution of ferrous sulfate (8 wg per ml). Dialy- 
sis of the enzyme was performed at 3° with constant stirring 
against a solution which contained 8 ug per ml of FeSO,. This 
procedure resulted in 100 + 30% recovery in this step. 

Purity of Enzyme—Starch gel electrophoresis, diethylamino- 
ethyl cellulose column chromatography, and ultracentrifugal 
sedimentation studies all showed that the preparation was not 
homogenous. In all stages of purification before the ammonium 
sulfate fraction there was an enzyme impurity which metabolized 
Compound I. This was demonstrated by removing the protein 
from a reaction mixture with alcohol and comparing the spon- 
taneous rate of disappearance of Compound I and the rate of 
disappearance in a duplicate reaction mixture containing the 
crude oxidase. This disappearance of Compound I could be 
inhibited by 2 x 10 u cyanide or 0.035 mM ammonium sulfate. 
Results of a radioisotopic study to determine the nature of the 
product of this decomposition of Compound I are shown in 
Table IV. Tritium-labled 3-hydroxyanthranilic acid was oxi- 
dized to Compound I by an enzyme preparation purified through 
the acid step and which contained the Compound I-metaboliz- 
ing enzyme. The results indicated that the product of the 
enzymatic degradation of Compound I is picolinie acid. The 
enzyme, picolinic acid carboxylase (5, 15), was precipitated by 
50% ammonium sulfate and was, therefore, removed from the 
3-hydroxyanthranilic acid oxidase preparation which had been 
fractionated with ammonium sulfate. Tests for other enzyme 
impurities were not performed. 

Properties of Enzyme—In the study on this enzyme by Stevens 
and Henderson (6) it was noted that 1.5 X 10 M concentrations 
of the substrate inhibited the reaction; however, with the prepa- 
rations used in this study there is no inhibition at 4 x 10° 
substrate concentration. Determination of K, by the Line- 
weaver-Burk (19) plot shows the K, value of 3-hydroxyanthra- 
nilic acid to be 2.1 X 10 M whereas the apparent K,. for fer- 
rous sulfate is 2 Xx 10-5 M. 

Optimal pH Value for Enzyme Reaction—The pH optimum 
curve for the enzyme reaction after a 5-minute incubation at 
pH 3.6 is shown in Fig. 8A. The buffer was composed of 0.01 
m Tris, 0.03 M (NH,)2SO,, and 0.01 m sodium acetate and was 
adjusted to the required pH values with HCl or NaOH. 
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Sulfhydryl Requirement—p-Chloromercuribenzoate has been 
shown (7) to inhibit the oxidation of 3-hydroxyanthranilic acid. 
When the time sequence of inhibitor and substrate addition was 
studied, the results shown in Fig. 8B were obtained. Curve 1 
is the control in which there is no p-chloromercuribenzoate pres- 
ent whereas Curve 3 shows the rate obtained when p-chloromer- 
curibenzoate was added 15 seconds before the substrate; there 
was 68°% inhibition. However, when 3-hydroxyanthranilic acid 
was added, either at the same time or 15 seconds before the 
inhibitor, only 25% inhibition occurred (Curve 2). Thus, the 
substrate is able to protect the enzyme from p-chloromercuri- 
benzoate inhibition. 

The presence of 1 X 10 M glutathione during incubation 
usually resulted in only a slight activation. When the alkaline 
ammonium sulfate-fractionated enzyme solution was stored in 
1 X 10M glutathione in the frozen state, there was an increase 
in enzymatic activity. The enzyme became twice as active 
after 3 days’ storage and 5 times as active after either 10 days 
or 2 months. All of these activities are compared to the original 
activity of the ammonium sulfate-fractionated enzyme. When 
the same enzyme fraction was stored without glutathione, there 
was a complete loss of activity which could not be reversed by 
incubation with glutathione. However, the enzyme activity 
could be fully restored by incubation in an ammonium sulfate- 
containing solution. Thus, when 0.05 ml of inactivated enzyme, 
0.1 ml of 3 X 10M FeSO,, and 0.1 ml of 6 X 10 M gluta- 
thione were incubated for 5 minutes with 0.5 ml of 1 M ammo- 
nium sulfate solution and Tris buffer was added just before the 
substrate, the observed enzyme activity was as great as that of 
the freshly prepared enzyme solution. & greater activation was 
achieved when the concentration of glutathione was increased. 


DISCUSSION 


It is not surprising that so many previous attempts to purify 
3-hydroxyanthranilic acid oxidase have failed, since there are so 
many factors which are involved in the conversion and mainte- 
nance of the enzyme in its most active form. Furthermore, 
there are many specific conditions which result in an activation 
of the enzyme. 

Evidence presented in this paper suggests that there is a 
definite order in which certain of the activators interact with 
the enzyme to establish the maximal enzymatic activity. The 
heterogeneity of the factors, one of which must function in the 
activation of the enzyme by ferrous ions, requires further ex- 
planation to obtain a unified basis for their action. Tanford 
et al. (20) have shown that changes in pH, particularly acidifica- 
tion, bring about a change in the configuration of bovine serum 
albumin which results in the reversible expansion of the mole- 
cule. The concept of an effect of solvent and surface-active sub- 
stances on enzyme activity through a configurational modifica- 
tion has recently been strengthened by the observations of 
Ravel, Sund, and Shive (21) who showed that the sulfate ion 
was able to protect and to reactivate carbamyl phosphate syn- 
thetase. Hofstee (22) studied the kinetics of metal activation 
of hydrolysis of n-fatty acid esters of m-hydroxybenzoic acid by 
serum cholinesterase, and concluded that the metal facilitates 
the approach of the substrate to the enzyme. All of the factors 
mentioned above could be placed in the Linderstrém-Lang and 
Schellman classification (23) of unfolding caused by changes in 
temperature and solvent. 


Taste IV 
Demonstration of picolinic acid carborylase in beef liver 

Duplicate reaction mixtures containing in 75 ml total volume, 
2 wmoles of tritium-labeled 3-hydroxyanthranilic acid, 6 moles 
of ferrous sulfate, and an excess of an enzyme preparation purified 
through the acid step were allowed to react until the substrate 
had disappeared as determined fluorometrically. Four volumes 
of cold ethanol were added to the control mixture. The other re- 
action mixture was allowed to incubate for 15 more minutes and 
then the 4 volumes of ethanol were added. Denatured protein 
was removed by centrifugation at 10,000 Xx g for 10 minutes at 
—15°. Both supernatant solutions were heated at 80° for 5 min- 
utes to convert any unchanged Compound I to quinolinie acid, 
and 100 mg each of picolinie and quinolinie acids were added as 
carrier. These acids were isolated by Dowex 50 chromatography 
(15), purified as described in the experimental section, and the 
radioactivity was determined. 
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Fig. 8. A, Effect of pH on 3-hydroxyanthranilie acid oxidase 
activity. Asample of the ammonium sulfate-fractionated enzyme 
solution was incubated for 5 minutes at pH 3.6 and then adjusted 
to the indicated pH values with a buffer mixture composed of 0.01 
u Tris, 0.03 u (NH,)2SO,, and 0.01 u sodium acetate which had 
previously been adjusted with HCl and NaOH as needed. B, 
Effect of sequence of addition of p-chloromercuribenzoate and 
substrate on enzymatic activity. In all cases an ammonium sul- 
fate-fractionated enzyme preparation containing 120 ug of protein 
was incubated in pH 7.0, 0.01 u Tris buffer which was 10M in 
FeSO,, and 0.03 u in (NH,)2SO, for 5 minutes at room temperature. 
After 5 minutes of incubation p-chloromercuribenzoate and 3- 
hydroxyanthranilic acid, 5 X 10 M and 1.3 X 10 M, respectively, 
in the final concentration were added in sequence of 15 seconds 
apart. Curve 1, 3-hydroxyanthranilic acid alone; Curve 2, 3- 
hydroxyanthranilic acid 15 seconds before p-chloromercuri- 
benzoate; and Curve J, p-chloromercuribenzoate 15 seconds before 
3-hydroxyant hranilie acid. 


Grisolia and Joyce (24) have shown that incubation of malie 
dehydrogenase with reduced diphosphopyridine nucleotide, Tris, 
and ammonium sulfate markedly increased the activity of most 
of their enzyme preparations. Through optical rotation studies 
they showed that malic dehydrogenase is a highly coiled protein, 
that the above mentioned substances change the optical rotation 
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